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ABSTRACT OF DISSERTATION

SOLVENT MOTION NEAR PHOSPHOLIPID INTERFACES

The solvation dynamics near lipid/water interfaces has been determined via
ultrafast time-resolved emission spectra (TRES). The lipid interfaces consisted of reverse
micelles or vesicles formed with phosphatidylcholine (lecithin). These measurements
represent the first determination of solvent motion on a subpicosecond timescale at a lipid
interface. Because free water relaxes on a subpicosecond timescale, these measurements
provide the most complete picture to date of the solvent motion at a lipid interface.

Using the fluorescent probe Coumarin 343 (C343), solvation dynamics within the
aqueous interior of cyclohexane/lecithin/water reverse micelles was measured as a
function of hydration. Small additions of water to these reverse micelles produce a
viscous gel, otherwise known as organogels or “living polymers”. A single relaxation
component is observed at the w = 4.8 hydration level with a response time much longer
than the response of free water. At hydration levels of w > 5.8, three relaxation times are
observed indicating the existence of three water types that change in response to
increasing hydration.

To probe other lipid interfaces, a fluorescently-labled lipid (CLPE) was
synthesized by covalently attaching C343 to the phosphatidylethanolamine (PE)

headgroup. CLPE proved to be a viable solvation dynamics probe, reproducing the

il
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dynamics that were previously observed with C343 in w = 6.4 cyclohexane/lecithin/water
reverse micelles.

Solvent motion within the aqueous interior of reverse micelles as a function of
micelle morphology is also investigated. Spherical reverse micelles formed in benzene
are compared to worm-like reverse micelles formed in cyclohexane at the same hydration
level. The results demonstrate that the spherical reverse micelles display significantly
faster relaxation. It is proposed that spherical reverse micelles allow for the formation of
a defined water core that is a prerequisite for free-water type relaxation.

Finally, the solvation dynamics at a vesicle interface is determined with and
without 33 mol% cholesterol present. Surprisingly, the dynamics measured at a vesicle
interface are very similar to the dynamics measured within w = 6.4
cyclohexane/lecithin/water reverse micelles. Cholesterol shows little influence on the
types of relaxation at the interface, but does reduce the overall solvent response
indicating cholesterol tightens the interface.

Dale M. Willard
Chemistry Department
Colorado State University

Fort Collins, CO 80523
Summer, 2000
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“In daylights — In sunsets,

In midnights — In cups of coffee,
In inches — In miles,

In laughter - In strife.

In five hundred twenty-five thousand six hundred minutes,
How do you measure a year in the life?

How about love?
Measure in love.”

-Seasons of Love
From the musical, “Rent”
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Chapter 1

Introduction to Solvation Dynamics at Lecithin
Interfaces

Welcome to the world of lipid membrane chemistry. Unlock your mind and come
along for a journey. You may laugh and you may cry, but you will be surprised at the
fascinating chemistry about to be presented. The following chapter introduces the
fundamental themes, tcchniques, and experimental apparatus that unify the subsequent

chapters.

1.1. Lecithin Interfaces

Most of the fundamental biochemical functions in cells involve membranes at
some point[1]. Cellular tasks performed by membranes include providing the barrier that
encloses cellular compartments, actively passing ions or molecules inside and out of
compartments, transmitting information through conformational changes induced in
membrane components, housing enzymes that catalyze transmembrane reactions, and
providing a substrate for membrane-bound reactions. Essentially, membranes consist of
lipid bilayers composed of two oppositely aligned phospholipid layers with polar head
groups facing towards the polar exterior/interior and nonpolar lipid chains facing inward

toward the opposite layer. Living membranes are very complex, composed of various

1
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lipid types and lipid solvated sterols and proteins. Lipids generally add structure while
proteins are largely responsibie for function. The structural and dynamical properties of
membranes are fundamentally linked to the function of the membrane proteins, and hence
the overall function of the membrane.

In order to understand the role of lipids in living membranes, researchers typically
find that simplified membranes are more easily interrogated. Model membranes
consisting of simple one-component or few-component phospholipid aggregates have
played a seminal role in the study of membranes[2]. Such a simplistic approach is
deemed absolutely necessary in order to take full advantage of modemn physical
experimental techniques including, magnetic resonance spectroscopy (NMR and ESR),
differential-scanning calorimetry, micromechanics, scattering, and diffraction
techniques[2]. Figure 1.1 displays the structures of the most commonly used
phospholipids. These lipid molecules vary in many ways, for example, the nature of the
polar headgroup, the number of and degree of saturation in the hydrophobic tails, the
rigidity of the entire or parts of the molecule, to name a few. One of the major
differences that is important for the research reported here is the nature of the polar
headgroup. The headgroup is generally either zwitterionic, as is the case for,
phosphatidylcholine (PC) and phosphatidylethanolamine (PE), or anionic, such as
phosphatidylserine (PS).

One of the most important features of lipid molecules found in membranes is their
amphiphilicity. These lipid molecules possess well-defined and separated hydrophobic
tails and hydrophilic headgroups. This allows the molecules to aggregate and delineate

polar and nonpolar regions thereby defining boundaries. When lipids are dispersed in
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O Phosphatidylethanolamine (PE)

0 Phosphatidyiglycerol (PG)

Figure 1.1. Chemical structures of common phospholipids.
Although not shown, alkyl chain lengths and degree of
unsaturation also vary among phospholipids. Phosphatidyl-
choline is the most common component of natural
membranes.
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different solvents, various phases are possible. Some examples of the possible phases
include reverse micelles, normal micelles, hexagonal inverted phases, cubic continuous
phases, lamellar phases as well as vesicles or liposomes[3]. While some of these phases
may seem quite artificial, they are hypothesized to be important in membrane processes
such as membrane fusion[4]. In addition to serving as membrane models, lipid
aggregates are important to various other applications including, vessels for drug
delivery[5], stabilizing biological or organic reactants in synthetic chemistry[6], and as
size-controlling microreactors to form solid nanoparticles.

Phospholipids will form different structural phases within a given morphological
structure. At different temperatures, membranes can exist in different phases, with each
phase showing different order and alkyl chain fluidity[7]. At biological temperatures, the
most commonly observed phase transition is the gel to liquid-crystal transition. The gel-
state represents a relatively tightly ordered state while the liquid-crystal state is found at
higher temperatures with individual molecules possessing higher freedom of movement.
The liquid-crystalline state is the more biologically relevant phase and is the only state
our research has investigated. Various factors determine a particular membrane’s phase
transition temperature. Different phospholipids show different transition temperatures.
Unsaturation in phospholipid alkyl chains tends to lower the transition temperature. In
addition, lipid membrane solutes, such as cholesterol, also affect the transition
temperature.

One of the most common lipid sources for model membrane preparation, and the
source used for all studies in this text, is lecithin. Lecithin is commercially available

(Avanti Polar Lipids & Sigma Aldrich) as a purified product from a variety of biological
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sources, such as egg yolk, heart, brain, soybean, etc. Compositions of the lecithin depend
on the source. Egg lecithin, the lipid used for the studies reported here, is not a single
compound, but contains a mixture of phosphatidylcholines consisting of about 31%
saturated fatty acid having a chain length of 16 carbons, 16% saturated fatty acid with 18
carbons, about 48% also with 18 carbons but having at least 1-2 points of unsaturation,
and the rest a variety of other fatty acid constituents[8]. Lecithin forms a variety of
morphological structures depending on the environment. We have explored three of
them: wormlike reverse micelles, spherical reverse micelles, and vesicles (see Figure
1.2). Because we are primarily interested in headgroup/water interactions, we make
comparisons to other studies using phosphatidylcholines but not necessarily egg lecithin.
Much is known about the structure of water in the proximity of amphiphiles and
their aggregates{9]. Water in these structures is quite different from bulk water. For
example, the interaction between neighboring water molecules is less than half that in the
bulk, the density of the water is about twice the bulk density, and dielectric relaxation
measurements show that the viscosity of bound water is 3 times greater than bulk[9].
Because the lipid-water interaction is so strong and ubiquitous, it affects the structural,
dynamic and thermodynamic properties of the interface. A comparison of the solvent
motions that are most important for solvation dynamics, rotation and translation, show
that motion of interfacial water moves more slowly than the bulk water by at least 1.2
times, and sometimes as much as 4 times[9]. Interfacial water often reveals significant
reduction in hydrogen bonding through the display of free OH motions[10). In addition,
and perhaps somewhat surprisingly, the same interfaces also reveal increased amounts of

"ice-like" water at the surface[10].
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Figure 1.2. Pertinent lecithin aggregate structures: (A) worm-
like reverse micelles, (B) spherical reverse micelles, (C) and
liposomes. Reverse micelles entrap a small amount of water
within a nonpolar organic continuous phase with the
phospholipids delineating the boundary. Linosomes are spherical
with aqueous solution inside and outside and a phospholipid
bilayer forming the boundary.
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The structure of solvents plays a large role in their dynamics. Therefore, it is
expected that water dynamics will differ for water residing at a membrane surface. There
are reports of various experimental measures of water at biological interfaces. Most of
the experimental information about water dynamics comes from nuclear magnetic
resonance (NMR) measurements. Unfortunately, the time resolution of the experiments
cannot probe water motion unless it is significantly slowed down. A related recent
review on the dynamics of water-protein interactions[ 1 1] reported that the water
dynamics at protein surfaces were essentially as fast as bulk water. However, the
technique used was not capable of measuring ultrafast motion of water hence was
incapable of distinguishing water interacting with the interface unless its dynamical
response was slowed by orders of magnitude. Dynamical properties of various
phosphatidylcholine lipid-water interfaces have also been studied via spectroscopy of
fluorescent probe molecules[12]. These measurements revealed relaxation times for the
lipid-water interfaces ranging from 0.6 to 6 ns and showed that variation in the nonpolar
parts of the lipid molecules had no effect on the dynamics. Again, the time-resolution of

the technique limited the scope of the study.

1.I1I. Polar Selvation Dynamics

Polar solvation dynamics is the measure of the polar solvent response to an
instantaneous change in solute charge distribution. It is highly relevant to fast chemical
reactions in solution such as electron transfer since the rate may be limited by the speed
with which the surrounding medium can respond[13, 14]. Solvation dynamics have been

well studied through experiments, analytical theories and computer modeling[15). Until
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the advent of ultrafast lasers, experiments were limited to highly viscous fluids and
glasses. In the past decade, measurements on quickly responding systems, such as
acetonitrile and water, have become tenable{16-31]. Time-resolved fluorescence{16, 32,
33], time-resolved optical Kerr effect[23, 34], and photon-echoes[25, 35] have been used
to measure the dynamic response of solvent molecules to an instantaneous electric
perturbation. Of these methods, time-resolved fluorescence[32, 36] techniques are the
oldest thus have more parallels in theory and modeling than do the other more recent
techniques. We focus on this technique here.

Time-resolved fluorescence techniques experimentally measure polar solvation
dynamics by following the dynamic Stokes shift in fluorescence displayed by a probe
molecule[13, 14, 18, 32, 36-41]. Rigid molecular probes ensure that the measured shift
in the fluorescence reflects solvation without contributions from solute internal degrees
of freedom. Researchers have used time-correlated single photon counting (TCSPC) and
fluorescence upconversion (FU) to time-resolve the fluorescence Stokes shift measuring

the solvation time, (ts), for a wide variety of solvents[13, 14, 17, 18, 32, 33, 36-42]. Data

from these experiments are usually analyzed by reconstructing the time-resolved
emission spectrum (TRES) over the time period that the dynamic Stokes shift is
observed[14, 15, 40, 43]. By marking the shift in the peak of the emission one can obtain

an experimental measure of the time-correlation function

W)= )

=0 w)

(1.1)

where v(t), v(0) and v(c) are the peak of the TRES at time t, zero and infinity,
respectively. C(1) describes the temporal evolution of the solvation free energy in
response to a solvent perturbation. The time-correlation function is typically fit with a
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sum of exponential decays with each time component corresponding to a particular mode
of solvent relaxation. In some situations Avmax values are reported along with the C(t)
function. Avmax = v(0) - v(0), where vmex refers to the frequency of the fluorescence peak
at maximum intensity. Avmax represents the total energy associated with solvent
reorganization. Highly organized as well as most nonpolar environments show little
response to a solute perturbation and therefore display low energy responses. Avpmex
values quantify the degree of solute solvation.

The theory of solvation dynamics in bulk solution is well developed[14, 15, 43].
Continuum models form the basis for statistical models to generate C(7); the most basic
form is the dielectric continuum model. Of the several existing models[15], the simplest

is the Debye case. Here C(1) is given by:

C(1)= exp- (}L) 12)

I

. . . £ .
where 7, is the longitudinal relaxation time, 7, =—* 7, ; £, and ¢_ are the static and
€

infinite frequency dielectric constants and r,, is the Debye relaxation time. While this
treatment is a convenient starting point, it falls short because the observed solvation time,
(7s) is not well approximated by r,, that is, zs > 7, and C(?) is not well characterized by a
single exponential decay. In general, there exist two components to the solvation
dynamics: an ultrafast, sub 100 fs inertial component and siower diffusive
components[44]. Solvation dynamics of water have been measured[17] and show a large
(>50%) sub 50 fs inertial component. Two additional diffusive components comprise the

dynamics, with time constants of 120 and 880 fs.
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Computer simulations are a relatively new and very powerful part of solvation
dynamics research{24, 33, 39, 45-58]. Two basic molecular dynamics techniques exist:
equilibrium molecular dynamics in the presence of a solute generate the initial conditions
and linear response formalism to relate fluctuations observed at equilibrium to solvation
response. Generally, the result of molecular dynamics simulations is that most of the
solvation response is generated in 2 small number of molecules in direct contact with the
solute. Unfortunately, molecular dynamics calculations are typically limited to a few
hundred picoseconds due to computational time limits. As a result, it is difficult to make
direct comparisons with the experimental resuits to date. However, in subsequent
chapters, we will compare our experimental results with various simulations that model
lipid interface dynamics because they provide the best insight into ultafast solvent
motion.

While the large fraction of past studies has concentrated on dynamics in bulk
solutions, a few recent studies have probed solvation dynamics in restricted
environments. Yanagimachi et al.[59] measured the dynamics of 1-butanol at a sapphire
surface while Bessho et al.[60] studied the fluorescence decays of 1,8-anilino-8-
naphthalenesulfonic acid at the water-heptane interface. In both these studies, the polar
solvent response observed was slower at the interface than in bulk. Sarkar et al. have
probed microemulsion systems with oil-in-water micelles{61] and water-in-oil reverse
micelles[62]. Their experiments revealed additional long time, nanosecond components
to the water dynamics. In addition, water solvation dynamics in zeolites measured by
coumarin 480 has been attributed to the motion of the mabile sodium ions and/or the

motion of the probe molecules and is similar to ionic solvation dynamics significantly
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slower than bulk water[63]. While the observed dynamics in all these studies were
attributed to solvation dynamics, the time resolution was >50 ps, hence the normal
ultrafast water response would not be observable. However, Vajda et al. have measured
the dynamics of water solvation within cyclodextrin cavities using subpicosecond
resolution{64]. At short times, < 0.2 ps, the solvation dynamics in the cyclodextrin cavity
is similar to that in bulk water. At longer times, > 0.2 ps, the solvation dynamics in the
cyclodextrin cavity is observed to be significantly slower compared to bulk water
displaying additional long time components to the relaxation. These were attributed to
probe molecule motion in and out of the cavity as well as water molecules constrained by
binding to the cyclodextrin[64, 65]. Pierce and Boxer{66] and Chattoraj and Boxer{67]
attempted to measure dynamics of water motion in a protein matrix. However, results
from the observed relaxation were not interpretable due to the high degree of
heterogeneity in the system.

Relative to the more common bulk solvent measurements, investigating solvation
dynamics in heterogeneous systems is more complicated. As we will discuss in
subsequent chapters, solvated probes need to be localized within the regions of interest.
Heterogeneous systems provide a variety of positions a probe molecule may reside. If
probes reside in a distribution of environments, not only will the data contain noise from
unwanted environments but also the dynamics will be more difficult to interpret. In this
thesis, we will spend a significant amount of intellectual energy ensuring that our probe

molecule resides at the lipid/water interface.

11
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LIIL. Goals and Significance

While there is an enormous amount of information about the structure of
lipid/water interfaces, comparatively little is known about the dynamics at the interface.
Many NMR as well as a few solvation dynamics studies have measured dynamics at lipid
interfaces. However, the time resolution of these studies is never less than 50ps. Water
is obviously an integral part of the lipid interface, yet because bulk water relaxes on a
subpicosecond timescale, the ultrafast response remains undetected by previous studies
unless the water is slowed by orders of magnitude. Therefore, we must employ a
analytical method that has subpicosecond time resolution in order to obtain the full
picture of solvent motion ai a lipid interface. In the following chapters, we present
solvation dynamics results obtained at various lecithin interfaces using TRES. Because
we employ a ultrafast laser system, these measurements are able to observe bulk water
relaxation, and therefore, represent the first picture of fast solvent motion at phospholipid
interfaces.

Because our probe molecule was easily confined within this particular system, we
initially interrogated the aqueous interior of worm-like reverse micelles (see Chapter 2).
After covalently attaching our probe molecule to a phospholipid headgroup (see Chapter
3), we were then able to interrogate the lipid/water interface of spherical reverse micelles
(see Chapter 4), and liposomes (see Chapter S). We attempt to address several
unanswered questions concerning lipid interfaces. First, to what degree do the dynamics
at a lipid interface differ from dynamics in bulk water? As we discussed previously,

studies suggest that the structure of water at membrane surfaces differs significantly from
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the bulk. We attempt to find to what degree the lipid interface restricts solvent motion.
Second, we attempt to determine what effects aggregate morphology has on the observed
dynamics. Although all interfaces will be formed by lecithin aggregates, we expected to
observe very different dynamics depending on the shape of interface. Would worm-like
reverse micelles show different dynamics than spherical reverse micelles? In addition,
would reverse micelles show more restricted motion than the more planar liposome
interfaces? Finally, we wished to correlate the dynamics we observe with interface
structure. For reverse micelles, we observed the dynamics as a function of reverse
micelle hydration. We attempted to find if greater hydrated lipids would show faster
dynamics. For liposomes, we observed the dynamics with and without cholesterol
incorporated into the lipid bilayer. Both lipid hydration and cholesterol have been shown
to alter the lipid chain structure.

The ultimate goal of our research is to better understand biochemical processes
occurring at membrane interfaces. Any process near a lipid interface will require solvent
reorganization in order to occur. With our results, other studies will have a greater ability
to accurately model the process. A large fraction of cellular processes, such as electron,
ion, and molecular transport, enzymatic reactions, and electron transfer reactions occur at
membrane interfaces. The solvent mobility is known to enhance the rates of these
processes in bulk solution, especially electron transfer reactions[68, 69]. Therefore, the
motion of water in and at a lipid interface will undoubtedly play a role when the

processes span a living membrane.

13

Reproduced with permission of the copyright owner. Further reproduction prohibited without permission.



LIV. Fluorescence Upconversion Spectroscopy

The femtosecond fluorescence-upconversion spectrometer used to collect time-
resolved fluorescence signals (see Figure 1.3) is similar to the apparatus designed by
Fleming and coworkers[57]. The excitation source is a modelocked Ti:sapphire laser
(NJA-3, Clark) pumped by all lines of an Ar* laser (Innova 310, Coherent) at 6.5 W.
The Ti:sapphire laser produces output pulses with 80 fs duration (FWHM assuming sech?
pulse shape) at a 100 MHz repetition rate and with energies of 5-6 nJ/pulse. The
spectrum of the pulses is centered at about 810+10 nm depending on the laser alignment.
Divergence of the output is corrected using a 1.5-m focal length lens (fused silica) and a
telescope consisting of a 15-cm negative lens and a 20-cm positive lens (both AR-
coated). The resulting collimated beam has a diameter of 2-5 mm. The collimated beam
is then frequency doubled in a 1-mm barium-borate crystal (BBO, Type I, INRAD).
Frequency doubled pulses measure about 480 + 50 pJ/pulse. The frequency-doubled
pulses are separated from the fundamental using a dielectric beamsplitter (CVI). These
puises are sent through an optical delay line equipped with a motorized delay stage
(Parker-Daedl delay stage, American Precision step motor), passed through a A/2 plate
(400-nm center wavelength, Meadowlark Optics), and focused by a 10-cm lens into a 1-
mm quartz flowing sample cell. A small cone of the forward fluorescence is collected
and focused with an ellipsoidal rhodium reflector (Melles Griot) into a nonlinear crystal
(BBO, Type L, 0.5-mm thick, Casix). The fluorescence is upconverted with the residual
fundamental pulses that have been passed through a A/2 plate (780-nm center

wavelength, Meadowlark Optics) and focused onto the BBO upconversion crystal with a
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10-cm lens. Initial solvation dynamics measurements (see Chapter 2) were made with the
excitation and gate beams having parallel polarization with respect to each other. All
subsequent solvation dynamics measurements are made with the excitation beam at
magic angle (54.7°) with respect to the gate beam. Magic angle polarization eliminates
any rotational relaxation of the probe molecule that may obscure solvation dynamics
measurements{70]. The upconverted light was collimated by a 10-cm lens (2” diameter,
fused silica), isolated from the gate and fundamental beams using an iris, and dispersed
by a Brewster prism (fused-silica, CVI). The upconverted beam is then focused with a
12.8-cm lens (fused silica) through a UV transmitting filter (340 nm, Opto-Sigma) into a
0.33-m single monochromator (HR320, ISA) equipped with a 2400 g/mm grating blazed
at 400 nm. The bandwidth of the fluorescence detected at a single wavelength is on the
order of 8 nm. The overall instrument response was determined from the cross
correlation of the excitation and gate pulses in the BBO crystal, typically measuring 180
* 50 fs (FWHM, assuming a Gaussian line shape). Pulse duration and pulse energy are
variable quantities that depend on the specific alignment of the Ti:sapphire laser. The
upconverted photons are detected using a photomultiplier tube (PMT, R1527P,
Hamamatsu) in a cooled housing (TE177RF, Products for Research). The signal is then
amplified using two video amplifiers (CLC100, Comlinear Corporation) in series, and
digitized by a two channel photon counter (SR400, Stanford Research Systems). A
personal computer using LabVIEW (National Instruments) routines collects the photon
counter signals as a function of optical delay between the excitation and gate pulses.

Fluorescence-upconversion measurements are obtained by counting for 1 second at each
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delay. Each transient is the average of 3 to 16 scans, depending on the signal to noise
ratio.

For all fluorescence-upconversion measurements, samples (~10 mL volumes) are
circulated with a peristaltic pump (Masterflex, Model 7553-70) fitted with PTFE tubing
to ensure the integrity of the samples. Samples are typically submerged in a water bath
reservoir kept at 21.5+0.5°C. Samples typically have an absorbance of 0.12-0.8 at 400

nm, as measured in a 1-mm quartz cuvette.

1.V. Data Analysis

The spectral reconstruction method is employed to determine the time-correlation
functions C(1) for the various environments{14, 15]. The time-resolved fluorescence-
upconversion transients are fit to multiexponential functions. The longest transient scans
are fit with a long time offset that corresponds to the fluorescence lifetime of the probe.
We determined fluorescence lifetimes by time-correlation single-photon counting
(TCSPC) measurements using either one of two home-built instruments. The first
instrument had excitation pulses centered at 315 nm[71] (Prof. Kelley Laboratory), while
the second instrument had excitation pulses centered at 425 nm (Biochemistry
Laboratory), with both instruments having 50-100 ps (fwhm) response time. Only a
single fluorescence lifetime per sample was measured. However, because the
fluorescence lifetime is expected to be proportional to the v of the emitted light, the
offset used to fit individual wavelength transients is adjusted accordingly[72, 73]. For
the shortest scans, 2ps, the instrument response must be accounted for because

components of the solvent response occur on a time scale similar to the laser pulse
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duration. This was accomplished using an iterative reconvolution analysis program. A
Gaussian function fit to the cross-correlation signal of the pump and gate pulses was used
as the instrument response function. The resulting deconvolved functions for given
fluorescence wavelengths were normalized at long time delay (typically 500 ps) to the
corresponding steady-state fluorescence-emission spectrum. The time-resolved
fluorescence transients obtained over shorter periods of time were normalized to
reconstructed fluorescence spectra obtained from the next longest transient set.

We then construct the TRES from the normalized fits of the fluorescence-
upconversion signals. The resulting spectra are parameterized in terms of the peak
maximum (12) ), spectral width (4v?) ), and a factor to account for the asymmetry of the
line shape (p) by fitting the spectra to log-normal line shapes{74). The time correlation
function, C(1) (see eqn 1.1), is calculated with the peak maximum at various gate delays
v1); v0) is the peak of the reconstructed fluorescence-emission spectrum at 0-fs delay
and V) is the peak of the steady-state fluorescence emission spectrum. C(7) is fit with a
multiexponential decay function. The number of exponential components used to fit C(z)
is determined by the ? value of the fit. In other words, if an additional exponential
decay is used to fit C(?) but no significant decrease in x° results, the additional decay is

not included.

1.VIL. Solvation Dynamics Probes

The requirements of a probe molecule used for solvation dynamics experiments
are multifold. First, the molecule must possess a small or no dipole moment in the
electronic ground state and a much larger dipole in the excited state. In this way we can

18
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experimentally “turm on” a new electronic configuration instantaneously and watch the
water respond to it. Second, the probe molecule must be quite rigid to avoid
complications of intramolecular relaxation in the measured dynamics. Third, while not
imperative, it is advantageous for us to use a molecule that matches the wavelength
characteristics of our laser system well so that we avoid pumping the dye into nearby
excited electronic states that would complicate the measured dynamics.

Coumarin molecules have been used very successfully in experimental solvation
dynamics measurements for the past decade[15]. They easily fulfill all of the
prerequisites listed above. In addition, there are a wide variety of different
substitutions on the basic probe that make it possible to probe different chemical systems.
For the initial solvation dynamics studies, we made use of the anionic coumarin probe,
Coumarin 343 (C343). The structure of the neutral molecule is shown below in Figure
1.4. C343 is particularly advantageous to our research because it is soluble in water and
insoluble in alkane solvents. As will be discussed in Chapter 2, this made it possible for
us to specifically probe the polar phase within reverse micelles. Most important for us is

o the fact that the C343 carboxylic acid group is
not associated with the electronic transitions of
the molecule. Therefore, changes in this group

do not significantly affect the spectroscopy of

the molecule. As described in Chapter 3, we

Figure 1.4. Structure of successfully formed a covalent bond between
Coumarin 343 (C343)

the C343 carboxylic acid carbonyl and a

phospholipid amine.
19
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1.VIl. Determining Probe Location

Because we wish to probe a specific region in an inhomogeneous system, namely
the lipid/water interface, we spend considerable effort assuring that our solvation
dynamics probe resides at the interface. In the subsequent chapters, we utilize steady-
state spectroscopy and time-resolved fluorescence anisotropy of the probe molecule in
order to identify its position within the system of interest.

An ideal solvation dynamics probe should exhibit a solvent dependence of the
fluorescence Stokes shift[14]. In other words, in polar solvents the fluorescence
spectrum of a solvated probe should shift to longer wavelengths because the solvent has a
greater capacity to stabilize an excited probe molecule via reorganization[14, 15].
Although not as important, the absorption spectra should show similar polarity
dependence. Previous studies have shown that C343 dissolved in various solvents
displays the expected spectral shifting as a function of solvent polarity[42, 69, 75, 76].
We have also shown that C343 dissolved in AOT reverse micelles shows a continuous
spectral shift to longer wavelengths as hydration is increased, indicating the probe
responds to the increased micelle polarity as the water content increases[77]. We
conclude that C343 is within the aqueous interior of the AOT reverse micelles. Ina
similar fashion, we will use the polarity dependence of C343 to indicate its position in
other systems. Absorption spectra are recorded with a Cary 2400 UV-vis-NIR
spectrophotometer. Fluorescence spectra are collected with a home-built

fluorometer{78].
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Time-dependent anisotropy measures rotation of solvated probes by detecting the
depolarization of emitted light as a function of time{1]. The key to the depolarization
technique is that the probability of light absorption and of emission is directional. Light
polarized along a given axis will preferentially excite molecules oriented with their
transition dipole moment along the same axis. Assuming the electronic excitation is a
linear transition, light emitted by a molecule will be polarized in the same direction as the
dipole moment. Therefore, rotating molecules that are excited along a given axis will
emit light along that same axis at early times but will show depolarized emission at late

times as rotational motion randomizes the distribution. The emitted light is monitored by

using polarizers to quantify the intensity of the components parallel (I;;) and

perpendicular (I.) to the original direction of polarization. The values Iy and I, are used

to obtain the anisotropy, r:

_ 1; (’)"[;(’)
L 0)+21,()

r(t) (1.3)

Assuming no molecular rotation occurs, the initial value of r has a maximum of 0.4. If
the excitation and emission dipoles are not colinear, polarization of emitted light will be
scrambled, resulting in an initial r value smaller than 0.4. The anisotropy is measured as
a function of time, resulting in a decay curve that is subsequently fit with multi-
exponential decays. Each time component determined from the fit represents a rotational
mode of relaxation. Fluorescence probes dissolved in bulk solvents typically display
single exponential decays with a time component of tens to hundreds of picoseconds.

In subsequent chapters, we measure the anisotropy of the probe molecule in

various systems. We find that in some situations a fraction of the probe molecules are
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solvated in bulk solvents away from the lipid/water interface. In these situations, the
anisotropy is biexponential with a <100ps component and a nanosecond component. The
longer time component represents the probes that are embedded in the lipid interface and
unable to freely rotate much faster than the interface rotates collectively. The faster
component represents the freely rotating probes dissolved in the bulk solvent. By
comparing the amplitudes associated with each time component, we can determine what
fraction of probes resides detached from the interface.

In some situations, however, all probes may reside in one type of environment but
still show muiti-component rotational relaxation. This occurs in heterogeneous
environments such as lipid membranes where probes may experience greater rotational
friction along one axis more than another axis. This is true in general when probe
molecules are either anchored in some fashion to the lipid/water interface or are
embedded in the lipid membrane and have an extended asymmetrical shape. For
example, the lipid probe TMA-DPH is oblong shaped and has a positively charged
ammonium group at one end that effectively anchors it to the headgroup region.
Therefore, rotational relaxation of TMA-DPH shows a component corresponding to a
wobbling motion along the longitudinal bilayer axis that never decays to zero because it
is unable to randomize along the lateral bilayer axis[79].

Others have measured the time dependent anisotropy of covalently attached lipid
probes within membranes. They have used the wobble component to indicate surface
structure{80]. The amplitude of the wobble has been interpreted as the degree to which
the fluorophore samples a conical region. The associated time component is the rate at

which the fluorophore samples the possible configurations within the cone. Several
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models exist that determine the wobble cone angle based on the measured amplitudes.
We use the wobble in a cone model presented in Lakowicz[70]:

fo/to = [1/2 (3 cos? (8.) - 1)F (1.4)
where 1. represents the long time amplitude, ro represents the initial amplitude at time
zero, and €. represents the wobble cone angle.

Time-resolved anisotropy measurements are made with the same upconversion
apparatus as the solvation dynamics experiments. Because the gate pulses only
upconvert photons with similar polarization, the upconversion crystal essentially acts as a
polarization detector. In other words, if the excitation and gate beams are set with
parallel polarization, immediately after excitation, the emitted light maintains the same
polarization and is therefore upconverted by the gate pulse of similar polarization.
However, in time, the polarization of the emitted light will become scrambled and

because of this fewer fluorescence photons will have polarization similar to the gate
polarization and the upconversion intensity will decrease. Therefore, we determine Ij by
measuring the fluorescence upconversion intensity in time with the polarizations of the
excitation and gate beams parallel and I, with beams perpendicular. Typical transients

are taken over 100 ps.

1.VIII. Sample Characterization

A commonly used instrument we use to characterize reverse micelles and
liposomes is Dynamic Light Scattering (DLS, DynaPro-801MS-MSTC40, Protein

Solutions). The instrument correlates scattered light in time to measure the velocity of
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dissolved particles. Using the Stokes-Einstein equation velocities are translated into
particle sizes. The instrument includes software packages that determine the

polydispersity as well as the corresponding particle sizes of a given sample.
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Chapter 2

Dynamics of Polar Solvation in
Lecithin/Water/Cyclohexane Reverse Micelles

2.1. Introduction

When surfactants are dispersed in nonpolar solvents, reverse (or inverted) micelles
can form spontaneously[1]. If water is present, the inverted portion of the micelle can
swell, creating dispersed water droplets delineated by the layer of surrounding surfactant
molecules[z]. The polar end of the surfactant, or head group, points into the aqueous
pool, while the hydrophobic alkyl chains are directed into the continuous organic phase.
These aqueous pools are thermodynamically stable, and their sizes and shapes can often be
controlled{3]. The micellar matrix can be controlled by adjusting variables such as water
content, surfactant concentration, and temperature. Reverse micelles can deliver polar
solutes to nonpolar solutes present in the organic phase allowing cosolvation of both polar
and nonpolar reactants in a single macroscopic phase[4]. Molecules trapped in the reverse

micelles have shown enhanced behavior. For example, pharmaceuticals have displayed
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enhanced structural and conformational stability and slow diffusivity, and certain enzymes
manifest enhanced activity at certain hydration levels[5].

Reverse micelles have been used as biological membrane models to aid in
understanding membrane chemistry[2]. Biomembranes are composed, in part, of lipid
bilayers that consist of two sheets of aggregated lipids arranged so that the polar head
groups face out into the aqueous environment while the hydrophobic alkyl chains face into
one another. Reverse micelles, therefore, represent a simplified lipid membrane containing
only one water/lipid interface. At the same time, some features of the interfaces bear
resemblance to biological membranes. For instance, water solubilized in reverse micelles
has restricted mobility, a depressed freezing point, and lacks the normal hydrogen-bonded
structure present in bulk water{6]. Because interfacial interactions should be similar for
both reverse micelles and lipid bilayers, studies of one system are frequently compared to
studies of the other[7].

The water solubilized within reverse micelles influences micelle radius, shape, and
polar head group packing[2]. As a result, micelle properties are often characterized using

Wwo,

__E.I_ZQ]_ 2.1

®o = [surfactam)

the ratio of the water concentration to the surfactant concentration. The lipid interface
influences the water sequestered in the micellar interior. A variety of methods have been
used to interrogate this perturbed water structure{8]. Vibrational and NMR spectroscopy
have revealed distinct water environments based on their proximity to the surfactant

interface. Finer[9] formally proposed that water shells are sequentially filled as hydration
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of lipid bilayers increases. Each shell contains a water type that becomes progressively
more bulk-like as hydration increases. The first water type is considered to be strongly
bound to the surfactant head group, while the final type is considered to be bulk-like.
Although details vary, several studies have proposed the existence of three water types in
various reverse micellar systems[6, 10].

Two very different surfactants commonly used in the formation of reverse micelles,
Aerosol OT (AOT) and lecithin, have been used in this study. The chemical structures of
each are displayed in Figure 2.1. AOT is a synthetic anionic surfactant that forms
spherical micelles and can solubilize large amounts of water, as high as wy = 608, 11].

On the other hand, lecithin is a naturally occurring phospholipid that can be purified from
cellular membranes. Figure 1 shows the phosphatidyicholine which is the main component
of lecithin. Unlike AOT, lecithin has a zwitterionic head group.

Lecithin reverse micelles in many nonpolar solvents possess the unusual property
of forming cylindrical tubes when small amounts of water are added to the microemulsion.
At a constant surfactant concentration with increasing water loading, these tubular reverse
micelles extend into worm-like structures crossing one another and forming a transient
entangled network[12, 13]. Macroscopically, the system appears as a viscous gel, often
termed an organogel[14]. The gel is thermostable, thermoreversible, and isotropic[13]. If
viscosity of a lecithin/organic solvent sample is measured vs. water addition, a maximum
viscosity is reached at a given hydration level, sometimes called the percolation threshold.
Further hydration results in a gradual decrease in viscosity until a phase separation point is

reached{13]. While organogels may be formed in many organic solvents, cyclohexane
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Figure 2.1. Chemical structures of the two surfactants
and solvation dynamics fluorescent probe molecule used
in this chapter.
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allows greater hydration of the lecithin micelles before phase separation occurs than either
linear or branched alkanes([4].

Lecithin organogels have recently attracted attention for several reasons. Because
lecithin is a natural phospholipid, it can be used in biological applications. In this role, it
can be used to deliver pharmaceuticals and cosmetics and is preferable to bioincompatible
surfactants such as AOT[2]. Direct comparison between lecithin reverse micelles and lipid
bilayers can be drawn since the water-head group interactions should be very similar[15].
Furthermore, the role of molecular structure in macroscopic gel formation remains a
particularly challenging question{2, 16]. Current theory juxtaposes the static properties of
the transient network to semidilute solutions of flexible polymers[17, 18], hence the term
“living polymers”. However, details of the microscopic interactions of the cylindrical
micelles remain a point of contention[16, 19].

The role of water in organogel formation is not well understood. Indeed, lecithin
hydration has been studied via a variety of techniques. It is well known that the structure
of water at phospholipid interfaces differs significantly from bulk water. In addition, the
dynamics of water also differ from bulk water. Several studies have investigated the
dynamical nature of the water/lecithin interface. For example, using ZH-NMR, several
groups have probed the mobility of water at phosphatidylcholine bilayer surfaces[20, 21].
Whaley Hodges et al. investigated the relaxation of water in aqueous
palmitoyloleoylphosphatidyicholine vesicles using proton NMR with nitroxide spin
labels[22]. Enders and Nimtz[23] and Klosgen et al.[24] probed the dielectric relaxation
of lecithin bilayers at microwave frequencies. Dynamical properties of various

phosphatidyicholine lipid-water interfaces have also been studied via spectroscopy of
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fluorescent probe molecules[25]. The major finding of all these studies is that water
movbility is reduced at the lipid interface but increases with increasing hydration. However,
none of these techniques is capable of measuring the ultrafast motion of water hence they
are incapable of distinguishing water interacting with the interface unless its dynamical
response is slowed by orders of magnitude. In addition, water mobility seems to have
little correlation with the percolation threshold.

Of particular relevance to these studies are recent investigations into solvation
dynamics in AOT reverse micelles. We have used ultrafast time-resolved fluorescence
techniques to probe the motion of water and formamide in AOT reverse micelles[26-28].
These experiments show that the water inside the reverse micelles is significantly
immobilized compared to the bulk solvents. Mittleman et al.[29] have probed the
dielectric properties of water in Aerosol OT reverse micelles using subpicosecond
terahertz spectroscopy. Both the timescale and amplitude of the relaxation they observed
had significantly smaller amplitude than bulk water and was attributed to reduced long-
range collective behavior resulting from the small water pool in the reverse micelles.

In this chapter, we report the first uitrafast measurements of the aqueous solvation
dynamics in lecithin reverse micelles using the fluorescence upconversion technique. By
comparing the dynamics within reverse micelles comprised of surfactants of different
molecular structures, that is lecithin and AOT, we probe the surfactant interactions that
dictate the dynamics of the solubilized water. In addition, we probe the dynamics of
lecithin reverse micelles as a function of hydration. The dynamics are correlated with
present knowledge of water structure in micelles based primarily on FTIR and NMR

techniques. We also explore the relation between the aqueous dynamics and lecithin
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organogel formation. Finally, we compare our results for water dynamics within lecithin

reverse micelles to studies of aqueous structure and dynamics near phospholipid bilayers.

2.11. Experimental

2.I1.A. Sample Preparation

Lyophilized egg phosphatidylcholine (lecithin) was purchased from Avanti Polar
Lipids, Inc. A typical lecithin structure is shown in Figure 2.1. Samples were stored at -
10°C prior to use and were used without further purification. Lecithin samples were
always prepared from newly opened bottles to minimize water adsorption. Using the
method of standard additions, |H-NMR analysis (Bruker AM+500 MHz Spectrometer)
revealed 1.8 + 0.2 mol H>O per mol lecithin. Aerosol-OT (AOT, sodium bis-(2-
ethylhexyl)sulfosuccinate, Aldrich) was dried over molecular sieves (Grade 522 SA,
Mallinckrodt) in diethyl ether, filtered, and stored as a precipitate under nitrogen gas.
Analysis by Karl-Fisher titration showed the dried AOT contained 0.037 + 0.002 mol H,O
per mol AOT. All reported wy values for both lecithin and AOT samples include this
intrinsic water, that is, a wg = 0 value refers to completely dry surfactant. Lecithin
micelles were prepared with cyclohexane (spectrophotometric grade, 99+%, Acros), while
AOT micelles were prepared with isooctane (2,2,4-trimethylpentane, HPLC grade,
Aldrich). Cyclohexane and isooctane were used without further purification. Added water
was of high purity (Milli-Q filtered, 18.2MSYcm? resistivity).

Coumarin 343 (C343, Exciton, Inc.) was used as the fluorescent probe molecule.

We use C343, in particular, because it is more readily solvated in aqueous environments
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than other dyes. The aqueous solubility of C343 was enhanced via the sodium salt, shown
in Figure 2.1, prepared by titrating an aqueous solution of C343 with sodium hydroxide to
pH =7, evaporating the excess water, and storing under nitrogen. When placed in either a
pure cyclohexane or water/cyclohexane biphasic solution, the sodium salt form of C343
showed no detectable UV/vis absorbance or fluorescence in cyclohexane.

Reverse micellar samples were prepared as follows: lecithin was weighed into 10
ml of cyclohexane to make 5% (w/v) solutions. Assuming a lecithin density of 0.95
g/cm3,[30] this corresponds to a volume fraction of ca. ¢ = 0.047[31]. Water was added
with a microliter syringe (Hamilton) to make a wp = 3.8 solution. Next, excess C343
sodium salt was added to the prepared solutions. Samples were briefly sonicated, and
then shaken for at least 12 hours. Samples were then heated to 35°C and subsequently
filtered through 0.1 pm syringe filters (PTFE, Whatman). Differing quantities of water
were added to the samples with the microliter syringe to create the final samples. Samples
were again shaken for at least 12 hours before use. The AOT wyp =5 sample was prepared
in a similar fashion except the AOT was weighed into isooctane to create 10% (w/v)
solutions, corresponding to a volume fraction of ca. ¢ = 0.10{27].
2.I1.B. Sample Characterization

Samples exhibited absorbances between 0.22 and 0.35 at 410 nm, measured in a 1
mm quartz cell. While the absorbance of the C343 dye in the samples dropped as much as
46% during the course of upconversion measurements, no shift of the absorbance or
fluorescence spectra was observed indicating that the chromophore of the dye was

unchanged.
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Using £c343 = 1.99x10* L/mol-cm([32] and Nagg = 3000 as the average micellar
aggregation number of wyp = 4.8 lecithin micelles,[33] we estimate that there are seven
C343 molecules per micelle. This would correspond to an aqueous concentration of about
3 mM within the micellar interior. At this concentration, it is conceivable that C343 could
aggregate. However, there are no reports of coumarin aggregation in the literature.
Moreover, absorption spectra for C343 sodium salt in bulk water over a concentration
range from 0.025 mM to 2.5 mM revealed no evidence of aggregating species. Therefore,
we believe C343 exists as monomers in the micelles.

Because dryness, purity, and temperature are variables that can influence the point
at which gel formation is seen from researcher to researcher, we performed viscosity
measurements on the different lecithin samples for comparison. Viscosity measurements
were made with a home-built viscometer. Depending on the sample’s viscosity, stainless
steel or glass balls were timed as they dropped down a glass tube filled with a given
sample. Time measurements were converted to viscosity by calibrating the apparatus with
solvents of known viscosity[34]. At 25°C, steel balls were calibrated with glycerol, while
glass balls were calibrated with cyclohexane. Sample measurements were performed at
21.5°C. The viscosity of the different samples we analyzed were as follows: wg=4.8
measured 0.1 cP, wg = 5.8 measured 5000 cP, and wy = 6.8 measured 20,000 cP. In
comparison, lecithin in isooctane is reported to produce an organogel with a viscosity of
106 cP[35] while the viscosity of pure cyclohexane is 0.09 cP[34]. These measurements
clearly show that macroscopically the samples change from a very fluid like state at wy =

4.8 to a viscous gel state at wg = 6.8.
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When placed on a glass slide and observed through a Zeiss Axiophot compound
microscope fitted with cross polarizers, samples showed no birefringence. The isotropic
nature of these reverse micelles is in accord with previous characterizations[13, 36).

2.111. Analysis & Results

Before presenting solvation dynamics results, we first ascertained that C343 would
perform as a viable reverse micelle probe. For several reasons we conclude C343 is within
the reverse micelle aqueous interior. First, we have shown that C343 sodium salt has
negligible solubility in cyclohexane. Therefore, we can conclude any solvated C343 is
associated with the reverse micelles. Figure 2.2 reports the absorption and emission of
C343 in the lecithin micelles as a function of hydration in comparison to C343 solvated in
bulk water. As seen with AOT, the absorption and emission both shift to longer
wavelengths with increasing hydration. Because the emission spectrum shifts with
hydration, we conclude that C343 probes the aqueous interior of the lecithin reverse
micelles and is, therefore, sensitive to the aqueous dynamics within them. In addition, no
isosbestic point is observed in either the absorption or the emission spectra, suggesting
that different populations of C343 do not exist inside and outside the aqueous interior.
Finally, time-resolved anisotropy measurements revealed that C343 has a single rotational
relaxation of several nanoseconds at the wo, = 5.8 hydration level. If C343 was solvated in
the aqueous interior, we would expect a less than 100 ps time component as we have seen
with AOT reverse micelles at elevated hydrations[27]. Therefore, we conclude that C343
is probably solvated within the lipid headgroups, in contact with the aqueous interior but

not freely rotating within it.
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The solvation dynamics for water in wp = 4.8, wy = 5.8, and wy = 6.8 lecithin in
cyclohexane reverse micelles and wyp = 5 AOT in isooctane reverse micelles are reported
here. We obtained single-wavelength fluorescence transients over a wavelength range
from roughly 440 nm to 530 nm in 10 nm increments. These decays were acquired over
various time periods, that is, 2 ps and 477 ps. The time step size was adjusted to total
approximately 250 time steps per scan. Thirty-three ps scans were alsc acquired for
selected wavelengths of wp = 6.8 lecithin and wp = 5 AOT micelles in order to resolve
dynamics on the 2 - 15 ps timescale. Figure 2.3 shows 2 ps fluorescence transients at
selected wavelengths for each micellar sample. The responses for wy = 4 8 lecithin
micelles are flat, revealing no solvent relaxation processes over this time period. In
contrast, the transients for the AOT sample, and to a lesser extent the wp = 5.8 and wp =
6.8 lecithin samples, show significant relaxation on this time scale.

Figure 2.4 shows the C(t) points fit with multiexponential decays for
cyclohexane/lecithin/water reverse micelles at three hydration levels: wyp=4.8, 5.8, and
6.8. The insets display the corresponding TRES from which C(t) was determined. Table
2.1 summarizes the numerical results of the fits displayed in Figure 2.4. For comparison,
Table 2.1 also displays the spectral response of C343 in bulk water that we have

previously obtained[27].
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Table 2.1. Multiexponential fits of the time correlation functions, C(t), for Coumarin 343

solubilized in various aqueous environments”.

Sample® a 7 (ps) a; - (ps) a3 3 (pS)
Bulk water® 03+0.3 0.2+0.1 07+03 | 06+0.X - -
AOT w, = 5° 0.19 £ 0.03 0.3+0.1 | 0.19+0.03 6+2 0.63+0.02 | 130+ 10
Lecithin wo=4.8° | 1.00 £ 0.01 2197 - - - -
Lecithin wo=5.8° | 0.100+0003 | 042+003 | 0.17+003 | 17+7 | 0.74 £0.07 | 340 + 100
Lecithinwo=6.8° | 0132001 | 057+007 | 025+001 | 14+1 | 062+002 | 320+40

*C(1) = D_a exp(~t /1,). *Uncertainties refer to standard error associated with each
paramete'r obtained from a single multiexponential fit of the time correlation function.
“Results taken from ref [27]. “Longest relaxations were not fully complete by 477 ps. The
amplitudes have been normalized by taking this into account.

The results from the solvation dynamics experiments show a number of interesting
features. First, as the hydration of the lecithin micelles increases, the number of distinct
decay components increases. For wy = 4.8 lecithin micelles, there exists only a single
relaxation. In contrast, both wp = 5.8 and wy = 6.8 lecithin micelles display three
components to the decay. Second, while the amplitudes for each decay component
change with hydration, the time-constants remain largely constant. Third, the relative
relaxation for similarly hydrated lecithin and AOT micelles reveal significant departure
from each other. Finally, all micellar samples show additional relaxation components with
longer time-constants that are not present in bulk water. Each of these points is discussed

and interpreted in detail in the following section.

2.1V. Discussion

2.IV.A. Lecithin Hydration

While a variety of techniques have been used to correlate microscopic structure

with macroscopic viscosity associated with organogel! formation, several questions remain
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unanswered[37]. The experiments reported here present a unique perspective on the
mechanism of the organogel formation. However, while we employ a unique technique,
we make several direct comparisons to the current view of organogel structure and
dynamics. Before comparing our results to previous studies, we review the most
applicable points.

Many studies have attempted to correlate properties of phospholipid components
with the onset of organogel formation. While the choline moiety of the head group shows
insignificant changes upon hydration[38], the properties of the phosphate groups, carbonyl
groups, and alkyl chains have shown progressive trends correlating with organogel
formation. The phosphate atom NMR linewidth has been shown to reach a maximum at
the percolation threshold[37, 38]. Similarly, the frequency of the P=0 stretching
vibration, measured using FTIR, shifts to lower energies until the percolation threshold is
reached and then levels off[19, 39]. These findings have been interpreted as the phosphate
moiety becoming increasingly hydrogen bonded with increased hydration that culminates
in a decrease in local motion at the percolation point. In contrast, the carbonyl moiety
seems to only show water interactions at elevated hydration levels. Like P=0, the
frequency of the C=0 stretching vibration also shifts to lower energies, but only at
hydration levels higher than the percolation threshold[39]. The lipid chain C-H symmetric
and antisymmetric stretching vibrations display evidence of increased lateral packing order
with increasing hydration. However, the increasing order shows no correlation with gel
formation[40].

Previous studies have explored the behavior of water at the various hydration

stages leading to organogel formation using NMR and FTIR techniques[37, 38, 40, 41].
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While these studies reveal the expected trend that water becomes less restricted with
increasing hydration, they do not correlate with organogel formation. These studies
suggest that the first 1-2 water molecules added to the system become strongly
coordinated to the phosphate moiety. Further hydration, even past the percolation
threshold, results in the aqueous environment becoming progressively more bulk-like in
nature. While there is evidence for the existence of three water types in the spherical non-
organogel forming lecithin/benzene reverse micelles[10], studies of lecithin/cyclohexane
reverse micelles detect only two types, strongly bound and free. In contrast, by
accounting for solvated monomers, Maitra et al.[41] find that for micelles between wy =
4.8 to 6.8, the hydration range we have studied, half the water population is bound and the
other half free. From these studies it is clear that (1) two water types are detected for the
entire hydration level we have probed, and (2) the water structure shows no correlation
with the onset of organogel formation.

While there are several microscopic trends that coincide with the formation of the
organogel, there is little proof for tubular micelle crossover or branch points that should
be prevalent at the percolation threshold{16, 19]. According to the organogel model
proposed by Schurtenberger et al. [35, 42}, upon increasing hydration, the mean length of
the worm-like micelles should reach a threshold value at which a transient network is
formed and the system undergoes a macroscopic phase transition to the gel-like form. It is
hypothesized that at the percolation threshold, worm-like micelles pass through each
other, creating structural anomalies at crossover points not seen at lower hydration levels.
These crossover points should be evident in the motion of the CH; groups of the lipid

tails. However, Arcoleo et al. argue that no discontinuity in the CH; region of the FTIR
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spectrum is observed and question whether crossover points are the source of the
increased viscosity of the lecithin system{16]. We note that microscopic anomalies have
been seen at the percolation threshold in a series of papers by Kumar et al. [43-46].
However, since their organogel was described as anisotropic while our organogel and all
others reported in this chapter have been shown to be isotropic, direct comparisons are
not warranted.

In comparison to the current structural view of organogel formation, our results
reveal some interesting points. From our dynamical results, we find that faster relaxation
processes appear sequentially with increasing hydration in the same manner different water
types appear structurally from FTIR and NMR techniques. We therefore attribute the
different time constants to different water types and the relative amplitudes of the
components to the amount of each water type. While previous studies have detected only
strongly bound and free water in water/lecithin/cyclohexane reverse micelles, our results
clearly show the existence of three distinct water types. We attribute the three relaxation
times to strongly bound, bound, and free states. The single 220 ps relaxation that we
observe for wy = 4.8 is attributed to very slow, hindered water relaxation. In contrast,
diffusive relaxation in bulk water occurs on the 0.2 and 0.6 ps time scales (See Table 2.1).
Since this 200 ps relaxation is so much slower than free water, it is unlikely to be due
exclusively to water motion. Furthermore, because there are 4.8 water molecules per head
group, it is just as unlikely that the observed dynamics arise exclusively from head group
motion. Rather, the observed dynamics most likely reflect coupled motion of the water
and head group. We therefore assign the water populations with relaxation time

components longer than 200 ps to strongly bound water. At hydration levels above wy =
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4.8, we observe additional relaxation components. For the wy = 5.8 and wyp = 6.8 micelles,
we see two additional relaxation processes with time constants of about 15 ps and 0.5 ps.
We attribute the 15 ps population to bound water because it displays intermediate
relaxation between strongly bound and free water. We attribute the 0.5 ps population to
free water since the relaxation time is similar to bulk water (See Table 2.1).

Although the relative amplitudes can be thought of as indicating ratios of the
different water populations, they do not necessarily reflect the acrual ratios at a given
hydration level for a number of reasons. First, the presence of the probe molecule
perturbs the environment. This is significant because our results are compared to FTIR
and NMR techniques that do not require a probe molecule. Furthermore, some solutes
present in the micellar interior have been shown to redistribute water organization[15].
However, C343 and related coumarins are not reported to have specific interactions with
water[47]. Therefore, while the probe may perturb the aqueous environment to some
degree, it is unlikely that this perturbation approaches that of the lecithin head group.
Second, the position of the individual probe molecules within the micelles is not well
defined; most likely, the molecules span a distribution of locations with preference near the
interface. Time-resolved fluorescence anisotropy measurements of C343 in AOT reverse
micelles shows that the probe is preferentially located at the lipid interface[27]. While
time constants are not influenced, it is probable that the spatial location of the probe
molecules in the lecithin micelles influences the relative relaxation amplitudes. However,
it is unlikely that the spatial distribution varies over the hydration range we have studied.
Therefore, we are justified in comparing the relative amplitudes from one hydration level

to the next. In Table 2.1, we see that the populations of both bound and free water
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increase while the relative population of the strongly bound water decreases as hydration
goes from wg = 5.8 t0 6.8. As we would expect, the dynamics of the micellar interior
become less restricted and more bulk-like in nature as hydration increases.

It is possible C343 interacts with components of the surfactant head groups such

as the Na* counterion in AOT or the cationic quaternary ammonium on lecithin. Such
interactions could conceivably account for relaxations that proceed in the picosecond
regime. We have observed a 100 ps relaxation component for C343 in 1 M aqueous

Na,S04[27]. If the 15 ps component appearing at wp > 5.8 is due to such interaction,

then it should be manifest at every hydration level decreasing in amplitude as the hydration
increases. To the contrary, the 15 ps component appears only above wy = 4.8 and grows
with increasing hydration. One could also argue that the 200 ps component observed
anises exclusively from dye-headgroup interactions. Again this seems unlikely because
that would preclude any aqueous dynamics in micelles containing 4.8 water molecules per
headgroup.

The three distinct water types seen in these studies are not only a noteworthy
finding in comparison to organogel hydration studies, but also with respect to reverse
micellar and lipid bilayer studies in general. The relaxation times reported here associated
with strongly bound, bound, and free water vary little with changing hydration, while their
relative populations do. This provides strong evidence that distinct water types exist and
remain invariant as micelle hydration level changes. This is an important finding because
there has been considerable debate over whether distinct water types actually exist since

the model was formally introduced by Finer{9] in 1973. Several studies have interpreted
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results to conclude that the water properties evolve smoothly, or at least quasi-
continuously, as hydration of a lipid bilayer[21, 23, 48, 49] or reverse micelles[7, 50]
increases. If there truly is a quasi-continuous water organization, our data would show
gradual shifting of relaxation times as hydration is increased. However, we see the same
relaxation times at all hydration levels with only relative amplitudes changing.

The hydration levels at which the different water types appear in our studies
disagree with previous lecithin organogel studies. We find that all water is strongly bound
in the wy = 4.8 micelles. Furthermore, while we do observe free water in wg = 5.8 and wg
= 6.8 micelles, it represents a relatively small population. Based on the relative amplitude
of the free water signal, we estimate that the free water population in the wy = 6.8 micelles
is, at most, one water per head group. Since the addition of the first few water molecules
induces the tubular micelle structure, previous researchers have assumed these water
molecules are incorporated into the lipid head group[35, 36, 51-53). However, FTIR and
NMR studies, suggest that all further water addition is bulk-like in nature. Clearly, our
results reveal the aqueous interior of the lecithin organogel contains much less free water
than has previously been predicted. As will be discussed in the next section, we believe
this arises due to the lipid head groups sequestering water to a greater extent than
predicted from static studies.

We find that at least 4.8 water molecules per head group are strongly bound, while
predictions state that only 1 - 2 water molecules are strongly bound. While it is possible
that the first 1 - 2 water molecules are more strongly coordinated than the subsequent 3 -
4 water molecules comprising wp = 4.8, the time correlation function shows no evidence
that part of the water is substantially more immobilized than the rest. Furthermore, the
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200 ps relaxation observed is very slow for aqueous motion indicating that all water at wg
= 4 8 is strongly bound. The apparent discrepancy between previous work indicating 1 - 2
strongly bound water molecules per lecithin headgroup and the work reported here most
likely stems from the fact that structure and dynamics are not equivalent[28]. A
significant water population may appear bulk-like in FTIR and NMR studies but at the
same time have hindered solvation dynamics due to its position, for example, intercalated
between lipid head groups. We have observed a similar effect for formamide sequestered
in AOT reverse micelles [28]. In this case, the static structure indicated by FTIR studies
reveals essentially bulk-like characteristics while dynamical measurements show that the
solvent is completely immobilized. In addition, the lack of agreement can be attributed to
the sensitivities of the detection method. FTIR analysis involves deconvolution of the
different water types from a single peak[10]. If relative populations are small, as our
results suggest for both bound and free water, analysis becomes difficult. Dielectric
studies suffer a similar drawback requiring deconvolution of a small perturbation from a
single spectroscopic anomaly[19, 23]. Proton and deuterium NMR identify different types
by deconvolving the separate time constants from a single T relaxation study[54]. If
different types have similar time constants, deconvolution becomes challenging.

Moreover, if exchange between different types occurs on a timescale faster than the
experiment, a single weighted average relaxation will be observed. The time-resolved
fluorescence experiments reported here follow motion on a much faster timescale than
diffusional exchange processes. Therefore, water populations are essentially frozen on the
timescale of the experiment. Also, the technique is sensitive to motion of small

populations as long as the relaxation is significantly different from others.
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Finally, like previous studies, we find no evidence for crossover point anomalies as
the percolation threshold is approached. It is likely that our wy = 6.8 micelles are not quite
at the percolation threshold. We anticipate our samples would reach maximum viscosity
at about wg = 8. Therefore these results only show the aqueous dynamics as hydration
approaches the percolation threshold. As can be seen in Table 2.1, less restricted water
types appear with increasing hydration in a very predictable way with relaxation times
remaining constant while the relative amplitudes change. The formation of crossover
points at higher hydration levels should result in new and shifting relaxation processes.

We see no evidence for this and conclude that macroscopic rheological properties have no
apparent correlation with aqueous dynamics in agreement with others[37, 38, 40, 41].

2.IV.B. Lecithin vs. AOT Hydration

Comparison of relaxation in AOT and lecithin micelles shows that water in AOT
reverse micelles approaches bulk-like dynamics at significantly lower hydration levels than
lecithin reverse micelles. Our previous work has shown a growing population of free
water with increasing hydration of AOT micelles[27]. Although the degree of hydration
possible in AOT micelles is significantly greater than lecithin, we observed the same
general trend of increasing bulk-like dynamics with hydration. However, the first
appearance of free water in lecithin micelles appears as a faint relaxation at wp = 5.8, while
in AOT micelles we detect a significant free water relaxation at wop = 5. As Table 2.1
indicates, even the dynamics of the wy = 6.8 lecithin micelles are slower than the dynamics

of wg =5 AOT micelles.
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The relative increased water mobility in the AOT micelles over the lecithin micelles
is, at first glance, counterintuitive. AOT should perturb the water strongly from ion-
dipole interactions with the SO3- and Na* head group ions. In comparison, interactions
with the phosphate and choline moieties of the zwitterionic lecithin head group should
present a much softer ion-dipole interaction. FTIR and NMR studies suggest that the
AOT head group should require a greater hydration to stabilize lipid-lipid interactions than
the lecithin head group. Studies of AOT have concluded that 3 - 4 water molecules are
strongly bound to the sulfate moiety[55-57]. In contrast, lecithin studies have found only
1 - 2 water molecules strongly bound to the phosphate moiety[37, 38, 40, 41].

To explain the discrepancy between our results and what would be expected, we
propose that, at least at low hydration levels, lecithin does not form well defined core
water pools to the same extent AOT does. For AOT, the first few water molecules bind
to the sulfonate and sodium ions[56, 57]. FTIR studies have shown that the AOT
carbonyl groups show no shifting attributed to water interactions as hydration
increases{56, 57]. After the first few water molecules pack around the sulfonate,
additional water molecules become localized in core water pools rather than interacting
with the AOT carbonyl groups or between the alkyl chains. Conversely for lecithin

micelles, we propose that, at low hydration levels (wy < 4.8), water associates with the

phosphate group and becomes sequestered in the head group region, unable to coalesce

into core pools. Like the suifonate group of AOT, the phosphate group is the initial site

of hydration. However, the lecithin head group occupies significantly more volume than

the AOT head group (see Figure 2.1). Therefore, water added once the phosphate group

is hydrated can still hydrate the head group without coalescing to form core pools. Using
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FTIR, Maitra et al.[41] have shown that with increasing hydration, the frequency of the
P=0 stretching vibration shifts up to hydration levels of about wp=4 - 5. Further
evidence suggesting that the hydration of the lecithin head group is more extensive than
AOT comes from the behavior of the ester groups. Unlike AOT,[56, 57] Maitra et al. also
find that the C=0 frequency shifts above hydration levels wp = 4, suggesting that the
carbonyl moieties interact with the water.

Geometrical arguments based on small-angle neutron scattering (SANS) and
dynamic light scattering (DLS) also suggest that lecithin lacks a defined water core at low
hydration levels, while AOT does not. Drawing from SANS data of wo = 1 AOT micelles,
Kotlarchyk et al. [58] find the micelle dimensions allow for the existence of a water core
of one water molecule per head group. Additionally, Gorski et al. [59, 60], also
interpreting SANS data, have found that AOT micelles in benzene and decane have
spherical radii that are larger than would be expected based on accepted volumes of water
and AOT molecules. They show that only at substantial hydration levels (wg > 20) do the
measured and predicted radii agree. DLS data show the spherical radius of AOT micelles
increases linearly with increasing hydration, even below wy = 5; the micellar radii increase
from 15 A at wyp =0 to ca. 100 A at wp = 50{11, 31]. These results show AOT micelles
have a substantial aqueous core. In direct contrast, dimensions of lecithin reverse micelles
suggest a lack of available space to form a defined aqueous core. SANS dataofwy=1-3
lecithin micelles in isooctane has shown that the cross-sectional radius is constant over this
hydration range (ca. 30 A). This led Schurtenberger et al. [13] to suggest that added

water distributes radially throughout a very extended head group region. SANS data of
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lecithin in cyclohexane at higher hydration levels (wg > 6) revealed similar evidence that
there is considerable penetration of the water molecules into the interfacial region,
although a defined water core did seem evident at these hydration levels[61]. Wachtel et
al. [36] have used DLS to investigate lecithin in cyclohexane reverse micelles. Assuming a
uniform cylindrical reverse micelle shape, their data showed modest cross-sectional radius
increases fromwyp =1 towg =5.4 (ca. 110%)[36]. [While Wachtel et al. report hydration
levels excluding the intrinsic one water molecule per lecithin molecule, we add this to the

w, value listed here to make direct comparison with our work possible.] To further

illustrate, assuming the water molecular volume is about 30 A3, 1.7 lecithin molecules per
angstrom align along the micellar contour[61], and 1 water molecule per lecithin becomes
bound to the phosphate moiety of the head group, we estimate the radius of Wachtel’s
cylindrical micelles{36] would increase 340% at the wy = 5.4 hydration level if the
remaining 4.4 water molecules formed an aqueous core instead of incorporating into the
head groups.

In addition to experimental evidence, there is also a theoretical basis supporting the
interpretation that a significant population of water exists radially distributed in the head
group without forming a bulk-like core pool. It has been established that lecithin micelles
are transformed from spherical micelles to long cylindrical aggregates with small additions
of water[13, 35]. According to the theory of lipid packing parameters developed by
Israelachvili et al. [3, 62] in order for micelles to transform from spherical to cylindrical
the phospholipid head group area must increase or the chain volume must decrease.

Because water addition initiates the transformation, we can assume that the head group
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area increases due to water incorporation. If lecithin forms planar sheets, such as lipid
bilayers, even greater head group hydration should be detected than in reverse micelles.
While FTIR and NMR studies of lecithin reverse micelles find 1 - 2 bound water
molecules, similar studies of lecithin in lipid bilayers suggest at least 6 and as many as 11
water molecules per head group are incorporated into the head group{9, 63, 64]. Also,
simulations of lipid bilayers conclude that significant water populations become trapped
within the head group region[65, 66]. Koga et al. have argued this point suggesting that
head group surface area of lecithin in small micelles in isooctane increases from 30 A2 to

61-74 A2 when compared to the head group area of bilayer vesicles[67]. Because lipid
morphology seems to control hydration, this analysis suggests that water incorporation
into the lecithin head group region is thermodynamically driven by lipid chain interactions
rather than specific water-head group interactions. In contrast, AOT reverse micelles
show no morphological changes, remaining spherical at all hydration levels below wy =
60[11]. We argue that there is no thermodynamic driving force to incorporate water into
the head group past 3 - 4 strongly bound water molecules. Therefore as would be
expected, AOT shows only modest head group surface area increases as hydration
increases[68].

While there is ample evidence, there is no definitive proof that the lecithin head
group is hydrated to a greater extent than the AOT head group. However, our results
coupled with the supporting evidence make a strong case. We find that even though the
AOT head group should have stronger water interactions than the lecithin, the water

dynamics in AOT micelles become more bulk-like at lower hydration levels. Therefore,
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the extent that surfactant head groups perturb interfacial water depends not only on
specific water-head group interactions, but also on the interfacial interactions as a whole.
In the case of lecithin, we suggest a greater population of water is perturbed because lipid
chain interactions encourage increased hydration. This conclusion is not very surprising if
we consider that previous studies have already concluded that the hydration capacities of
phospholipids depend on the state of their lipid chains[63]. Whether the 4.8 strongly
bound water molecules per head group are actually immobilized with specific head group
interactions remains unanswered. It may be that the strongly bound water actually has
loose head group interactions. But, because the water is incorporated between head
groups, the water is effectively hidden from the probe molecule. In any case, we conclude
a solvated molecule will experience no solvation dynamics faster than 200 ps in a wp = 4.8
lecithin micelle. We also conclude that while techniques assessing the structural aspects of
water intercalated into the head group region, i.e. FTIR and NMR, reveal only minor
perturbations, our dynamical measurements show water motion is significantly impacted.
2.IV.C. Implications

While many studies have probed the dynamics of water at lecithin interfaces in lipid
bilayers, the results reported here are unique in that we probe the interface in reverse
micelles. Unfortunately, there are no experiments with which we can compare our
dynamics results directly. However, there are a plethora of computer simulations
predicting the structure and dynamical behavior of water at a variety of lecithin interfaces.
The bulk of these studies have focused on the structure of the model membrane, bilayer or

lamellar interfaces[69-71]. A handful of reports discuss the dynamics of water at bilayer
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or lamellar interfaces. We are unaware of any simulations, structure or dynamics, of
lecithin reversed micellar organogels. Again, the morphology difference between our
micelles and the calculated lipid bilayers makes direct comparison of the results reported
here with the computer simulations unclear. However, because the same water head
group interactions persist, we can still mark the predicted trends to learn whether our
observations are supported by the predictions.

The major finding of the computer simulations is similar to the predictions one
would make from structural studies, that is, the water molecules bound to the surfactant
interface suffer significant reduction in their mobility[72-75]. However, many details
differ from our findings. For example, both Klose et al.[74] and Damodaran et al.[72, 73]
have predicted two hydration shells for water near phosphatidyicholine and
phosphatidylethanolamine bilayers on the basis of calculated radial distribution functions.
The dynamics of the water in each shell differs from bulk water. However, Damodaran et
al. predict the water orientational correlation time, which is longer than measured
solvation dynamics[76], are ~12 ps for “bound” water and ~4 ps for “bulk” water. Klose
et al. predict motion on the picosecond timescale due to an oscillation of water molecules
about the preferred hydration site. The times reported for bound water in these
simulations are significantly faster than motion we observe. However, the structure
predicted in both these simulations entails two hydration shells, bound and free, differing
from our interpretation of strongly bound, bound and free water. Raghavan et al.[75]
have modeled reorientation times for water between phosphatidylethanolamine bilayers
including no “bound” water. While their reorientation times are slightly slower for water

molecules close to the bilayer surface, they are faster than bulk water in the middle of the
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bilayers. In molecular dynamics simulations of dimyristoylphosphatidyicholine
monolayers, Alper et al.[77, 78] have predicted three hydration shells about the lipid head
groups. They predict that the motion of the hydrating, or bound, water is about ten times
slower than bulk water. Often direct comparison between experiment and simulation is
difficult or impossible because simulations cannot run long enough to model the observed
dynamics. In our case, the timescale for our experiment is short enough to preclude this
problem so it should be possible for structural molecular dynamics simulations to
propagate dynamical information about the water motion for a direct comparison with our
results. We find that, while these simulations do predict the general trends that motion of
water near interfaces is reduced, the simulations do not seem to either agree on the
timescale of bound water motion or predict the reorientation times even close to those that
we observe. There exist several reasons for this discrepancy. First, lecithin is a mixture of
a variety of phospholipid molecules with differing hydrophobic regions. Therefore, the
mixture that we use may preclude direct comparison. Second, the morphology of our
systems ranges from small quasispherical droplets to long tubular chains. All the
simulations look at planar interfaces. So, while there exists hydrating water in both
systems, the curvature of the micellar interface may impact the water dynamics. Finally,
we note that our experiments might preclude observation of water that is sequestered in a
cavity located some distance from the probe molecule. That is, our experiments might not
reveal mobile water hidden deep within the alkyl chains.

One important application of lecithin reverse micelles is in the study of enzyme
activity. There have been many studies done following the activity of enzymes

sequestered in the interior of reverse micelles. These studies have shown that the enzymes
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show activity in these synthetic environments{79-81]. Interestingly, some enzymes
display maximal activity at a relatively low water hydration level, with activity dropping
for increasing hydration levels. For example, in the case of trypsin and a-chymotrypsin in
lecithin reverse micelles, the optimal hydration level for maximal enzyme activity was
found between wg = 7 and 10. Perhaps even more importantly, some enzymes display
enhanced activity over the native state[82]. Hence, the reverse micellar organogels
studied here could serve as excellent alternative environments for biocatalysis. Ina
theoretical study, Bru et al. suggest that bound water may be important to activate
catalytic activity of enzymes in reverse micelles[83]. Luisi et al. have hypothesized that 1-
2 molecules of the water available in a reverse micellar lecithin organogel are tightly bound
to the phosphate moiety[84]. We find that at least 4.8 water molecules are involved in
head group hydration. Clearly, to understand the observed super-activity of enzymes in
micellar environments and tailor systems for biocatalysis, requires an improved

understanding of water dynamics in these reverse micellar systems.

2.V. Conclusions

This chapter reports the first ultrafast aqueous dynamics measured near a
phospholipid interface. By comparing the dynamics of sequential hydration levels, our
results provide a unique perspective of the water structure and mobility within the lecithin
organogel. Dynamics reveal three distinct water types that appear with increasing
hydration. We show that the dynamics are much more restricted than has previously been

predicted by FTIR and NMR spectroscopic investigations. More specifically, we find no
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free water at the wy = 4.8 hydration level and not more than one free water molecule per
lecithin molecule at the wyp = 6.8 hydration level. We also see no evidence for crossover or
branch points in the measured aqueous dynamics, even though the sample exists
macroscopically as a viscous gel. We find that lecithin perturbs the water core to a much
greater extent than similar AOT reverse micelles. We explain these findings by proposing
that lecithin, unlike AOT, sequesters water to a much greater degree than has previously
been predicted.

Although we examined the dynamics within reverse micelles, our results also have
significance for understanding the aqueous structure and dynamics near other lipid
interfaces. For example, we have related the water that is incorporated into the head
groups to the water that others have concluded as trapped within the phospholipid
interface. Comparison of our dynamical results to dynamics determined by computer
simulations at lipid surfaces show that while the trends observed agree, the timescales we
measure for water motion are substantially longer than what the simulations predict. We
hope that our dynamical results of motion within reverse micelles can be used as a first
approximation to predicting dynamics near a lipid interface.
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Chapter 3

Synthesis of Coumarin Labeled
Phosphatidylethanolamine

3.1. Introduction

Our goal for all the studies reported here was to determine solvation dynamics
near lecithin interfaces. As we discussed in Chapter 1, a variety of structures can be
formed using phospholipids. Unfortunately, due to its solubility C343 is only effective as
a reverse micelle probe with a saturated hydrocarbon solvent as the continuous phase.
Lecithin reverse micelles made in these solvents have worm-like morphology (see
Chapter 2). Only in these systems can we be confident C343 is at or near the lipid/water
interface because of C343’s low solubility in saturated hydrocarbon solvents. We wished
to interrogate spherical reverse micelles. However, lecithin only forms micelles with this
morphology when the continuous organic phase is chloroform, methylene chloride,
carbon tetrachloride, or benzene[1]. C343 has significant solubility in all of these
solvents. As will be discussed in Chapter 4, time-resolved anisotropy of C343 in
benzene/lecithin/water reverse micelles revealed 63% of C343 molecules was solvated in

the continuous organic phase. We also wished to interrogate vesicle interfaces. Again,
EA
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as will be discussed in Chapter S, time-resolved anisotropy of C343 revealed 74% of
C343 molecules was solvated in the aqueous continuous phase.

To probe lecithin interfaces other than worm-like reverse micelles, we needed to
find a probe molecule that would be confined to the lipid/water interface. We determined
that one way to accomplish this would be to covalently attach a probe molecule to a
phospholipid headgroup. The dye-labeled lipid could then be added to other lipid
aggregates such as reverse micelles and vesicles in dilute amounts. Unlike C343 that
most likely occupied a distribution of positions within reverse micelles, a dye labeled
lipid would have a much better defined location simplifying interpretation of the results.
Most importantly, a dye-labeled lipid would allow us to interrogate any lipid aggregate,
for example spherical reverse micelles and vesicles. Although unrealized to this point,
we also envisioned the possibility of synthesizing hydrophilic peptide spacers between
the phospholipid headgroup and dye. In effect, we could observe the solvent motion as a
function of distance from a lipid interface. Petrossian et al. have already shown how a
fluorescent dye may be covalently attached to a phosphatidylethanolamine by variable
length peptide spacers([2].

Fluorescent probes are commonly attached to lipid headgroups for a variety of
reasons[3]. Probes are usually attached through a primary amine of a phospholipid
headgroup, typically phosphatidylethanolamine (PE). Various dye-labeled lipids are
commercially available through Avanti Polar Lipids, Inc. and Molecular Probes, Inc.
Molecular Probes offers several succinimide derivatives of selected dyes that can be
readily attached to a PE of choice. Dye-labeled headgroups are used in a variety of

applications in cellular research such as[4]: visualizing spatial relationships of lipid
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populations by resonance energy transfer microscopy, lateral diffusion in membranes
using fluorescence recovery after photobleaching measurements, cell-surface pH
indicators, and detecting cell surface binding of antibodies. To our knowledge, we know
of only one solvation dynamics experiment that has utilized a fluorescently labeled lipid
to probe membrane interfaces[S].

Unfortunately, we were unable to locate a commercially available dye-labeled
lipid that met our experimental requirements. However, we found that covalently
attaching C343 to a PE would be a relatively simple synthesis. Because C343 was
already our probe molecule of choice, it obviously met our experimental requirements.
More importantly, C343 contains a carboxylic acid substituent that could easily be
coupled to a PE headgroup amine via peptide bond formation.

Although covalently attaching C343 to PE would seem to meet our experimental
requirements, we had several concerns that we needed to address once the synthesis was
completed. First, derivatizing C343 could alter the electronic structure, reducing the
dye’s effectiveness as a solvation dynamics probe. Derivatizing the C343’s carboxylic
acid could alter the electronic structure. We could find that the derivatized C343 had a
shifted absorption spectra relative to C343, possibly reducing our ability to excite the
probe with our laser system. Also, the substantial dipole change that occurs when C343
is electronically excited from its ground state to its first excited state (see Chapter 1) may
be reduced or eliminated for the derivatized C343. Second, the derivatization could
enhance the intramolecular vibrational relaxation (IVR). As discussed in Chapter 1, we
assume the IVR occurs on a much shorter timescale than we measure in solvation

dynamics experiments. Structurally rigid fluorescent dyes are typically employed to
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ensure IVR is not a factor in solvation dynamics measurements. Adding a non-rigid
phospholipid to the structure of C343 could reduce the fluorescence quantum yield and/or
add longer time ['VR that could be misinterpreted as solvent relaxation. Third, we were
concerned the reduced polarity of the C343-PE final product structure would alter its
effectiveness as a lipid/water interface probe. We found C343 to be a less than ideal
probe for a lipid interface. Ideally, the probe molecule would extend into the polar
headgroup/water interface. C343 is significantly soluble in aqueous solutions but the
solubility is primarily derived from the carboxylic acid substituent. Replacing the
carboxylic acid with an amide bond could reduce its water solubility. Therefore, the
C343 may bury itself within the headgroup region. The C343-PE final product would
also lack the ammonium positive charge that is present in PE. We were concerned that
the reduced polarity of the headgroup and dye could result in a population of the C343-
labeled lipids that would either not align with other phospholipids correctly or not
aggregate at all.

There are many strategies for coupling a carboxylic acid to a primary amine. In
the typical synthesis, the final product is synthesized in two steps. The first step involves
reacting the carboxylic acid with an activating reagent that converts one of the carbonyl
oxygens into a better leaving group. At this point the converted carboxylic acid starting
material is termed the activated complex. The second step is N-acylation and involves
nucleophilic attack by the primary amine at the activated complex carbonyl followed by
departure of the leaving group. The final product is an amide. The overall reaction

consumes a water molecule.
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There are many different activating reagents that may be employed. To optimize
the yield, we attempted to activate C343 with three different reagents that are readily
available and commonly used in amide syntheses: triphenylphosphine/2,2’-dipyridyl
disulfide (TPP/DPDS), 1,1’ -carbonyldiimidazole (CDI), and 1-[3-
(dimethylamino)propyl}-3-ethylcarboiimide hydrochloride (EDCI). In addition, we also
attempted to couple C343 to two different primary amine containing compounds: PE and
4-chloroaniline. Of course, C343-labeled phosphatidylethanolamine (CLPE) was the
target synthesis. But first, we coupled C343 to chloroaniline as a model synthesis. The
model synthesis served as a practice coupling that was relatively easy to perform and
allowed us to determine what effects an amide coupling of C343 had on its spectroscopy.

Figure 3.1 displays the relevant structures and mechanisms for all three activating
agents. The presumed mechanisms have been taken from reference [6]. Notice that the
EDCI activation requires a base to deprotonate the carboxylic acid in the initiation step,
while the TPP/DPDS and CDI activations do not. Also, if PE is left in its zwitterionic
form, the ammonium substituent will be unable to nucleophilically attack the activated
C343. Therefore, when PE is added an equivalent of b§se is needed to promote the
acylation of PE due to its zwitterionic character.

This chapter describes the methods we used to synthesize CLPE and C343-
chloroaniline. We compare and contrast the effectiveness of the different reagents in
activating C343. Also, we discuss the various methods we used to identify the final
products as CLPE and C343-chloroaniline. We determine the effect N-acylation of C343

has on the electronic structure of the fluorophore for both CLPE and C343-chloroaniline.
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Finally, we incorporate CLPE into lecithin reverse micelles to evaluate its effectiveness

as a solvation dynamics probe at lipid/water interfaces.

3.11. Experimental Methods

3.]I1.A. Raw Materials

Solvents were used as received except when used in the reaction. Reaction
solvents were distilled over calcium hydride to remove water impurities. The following
solvents were employed: chloroform (Fisher, ACS certified), methylene chloride (Fisher,
ACS certified), methanol (Fisher, ACS certified), acetic acid (Aldrich, 99.8+%), and 1,2-
dichloroethane (Fisher, ACS certified). Water used in the synthesis as well as in reverse
micelle preparation was of high purity (Milli-Q filtered, 18.2MQ/cm’ resistivity).
Deuterated solvents for NMR analysis were obtained from Cambridge Isotope
Laboratories, Inc.

Starting materials were used as received. Coumarin 343 (C343, Exciton, Inc.)
was our fluorescent probe molecule. We coupled C343 to both 4-chloroaniline
(chloroaniline, Aldrich, 99+%) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (PE,
Avanti Polor Lipids, Inc., 99+%, lyophilized powder). PE contains two cis double bonds
at the ninth carbon position of both chains (see Figure 3.1). We chose this particular
phosphoethanolamine because the double bonds tend to reduce the gel to liquid-
crystalline phase transition of lipid membranes. As discussed in Chapter 1, we chose to
use lipids with transition temperatures below room temperature so that we would
determine dynamics near lipid aggregates that are in the biologically relevant liquid-

crystalline phase.
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We activated the C343 with the following activating agents: Triphenylphosphine
(TPP, Aldrich, 99%), 2,2’-dipyridyl disulfide (DPDS, Aldrithiol-2, Aldrich, 98%), 1,1°-
carbonyldiimidazole (CDI, Aldrich), and 1-[3-(dimethylamino)propyl]-3-
ethylcarboiimide hydrochloride (EDCI, Aldrich, 98+%). All were used as received. CDI
is especially prone to degradation. 'H-NMR of several year old bottles found that almost
50% had degraded to imidazole. While all the activating agents degrade over time, their
degradation products are inert when added to the reaction vessel. However, in order to
obtain a good yield, care should be taken to ensure reagents have not decomposed.

We used both triethylamine (TEA, Fisher, HPLC grade) and 4-
(dimethylamino)pyridine (DMAP, Aldrich, 99+%) as the organic solvent base. Either
can be used with the same success. We found DMAP easier to use because it exists as a
solid at room temperature and can be easily weighed. TEA is a liquid at room
temperature and should be distilled and placed over molecular sieves to avoid
atmospheric water contamination.

Reverse micelles were prepared with lyophilized egg yolk L-a-lecithin-
phosphotidylcholine (lecithin, Avanti Polar Lipids, Inc.). Reverse micelles were
dissolved in cyclohexane (Acros, spectrophotometric grade, 99+%).

3.11.B. Physical Measurements

The synthetic final products were identified by a variety of methods. Elemental
analysis for carbon, hydrogen, nitrogen, and phosphorous was performed by M-H-W
Laboratories (P.O. Box 15149, Phoenix, AZ 85060). We attempted elemental analysis
of sodium and phosphorous using an inductively coupled plasma-atomic emission

spectrometer (ICP-AES, Perkin-Elmer P400 spectrometer). 'H and '>C Nuclear magnetic
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resonance (NMR) analyses were performed on either a Varian Mercury-Inova 300 MHz
or a Varian Inova 300 MHz spectrometer. The instruments are identical except only the
Varian Inova allows for temperature variation experiments. Fourier transform infrared
(FTIR) were taken on one of two spectrometers: Nicolet Magna-IR 760 spectrometer or
Nicolet-SPC-FTIR. Positive-ion fast atom bombardment (FAB+) mass spectra were
obtained on a Fisons VG AutoSpec, calibrated with PPG. Electrospray mass spectra
were obtained on a Fisons VG Quattro-SQ. Absorption spectra, emission spectra, time-
resolved anisotropy, and TRES spectra were performed on instrumentation described in
Chapter 1.

3.I1.C. Miscellaneous Tools

Plates used for thin layer chromatography (TLC) were coated with silica gel 60
F2s4 (EM Separations Technology, 250 um layer thickness). Chromatography columns
were packed with silica gel (Silicycle, 230-400 mesh). Solvents were removed with a
rotary evaporator (Buchi Rotavapor R-1214) with a vacuum created by water aspiration.
UV lamps were used to illuminate TLC plates. Short wavelength lamps were effective at
identifying aromatic compounds such as TPP, DPDS, chloroaniline, and CDI, while long
wavelength lamps identified any C343 or C343-derivatised compound.

TLC stains were very useful in identifying PE and CLPE. Avanti technical
support suggested a phosphorous stain{7] and ninhydrin reagent[8] to stain phosphorous
and amine containing compounds, respectively. Directions for the preparation of these
stains may be found at the Avanti web site (http://www avantilipids.com) or within the
references above. We should note that the phosphate stain is a relatively weak stain and

requires a spot of significant phosphate concentration to be observed.
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3.I1.D. Procedures

€343 Activation
Whether we were coupling PE or chloroaniline to C343, the first step of the

reaction sequence involved activation of the C343 carboxylic acid. The goal of this step
is to replace the carboxylic hydroxyl group with a more electron-withdrawing group that
will open the carbonyl to nucleophilic attack. Only after the activation of C343 is
complete, do we add the amine-containing nucleophile. We activated C343 with three
different reagents: TPP/DPDS, CDI, and EDCI.

The activation step must proceed under anhydrous conditions because water will
tend to act as a nucleophile and convert the activated C343 back to the original C343,
consuming the activating reagents in the process. To ensure anhydrous conditions,
glassware was oven dried immediately prior to use, solvents were freshly distilled, and
solid reagents were placed in the reaction vessel under nitrogen before being dissolved in
organic solvent. The organic solvent employed must not react with the reagents and be
able to solvate the reagents. Unfortunately, C343 is not highly soluble in many organic
solvents. We originally used 1,2-dichloroethane but found C343 was most readily
solvated in methylene chloride.

TPP/DPDS. C343 was combined with TPP and DPDS in molar equivalents.
However, to ensure all of the PE or chloroaniline to be added in the subsequent step is
reacted, we found the C343/TPP/DPDS reagents should be at least twice the molar
equivalent of PE or chloroaniline. For example, we typically reacted 100 mg (0.13
mmol) of PE. Therefore, in the activation step, we combined ca. 80 mg of C343 (0.28

mmol) with 60 mg (0.27 mmol) of DPDS and 70 mg (0.27 mmol) of TPP. These
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reagents were added to a 25 ml round bottom flask and dissolved in ca. 5 ml of organic
solvent. The reaction was stirred at room temperature and kept under nitrogen.

We followed the activation of C343 by TLC analysis. This was accomplished by
dipping capillaries through large gauge syringe needle while maintaining a low positive
nitrogen pressure inside the reaction vessel. Spotted TLC piates were eluted with a 9:1
methylene chloride:methanol solvent system. C343 has a Ry value of ca. 0.6 in this
solvent system. Activated C343 usually appeared with a R¢ value of ca. 0.8 and became
slightly more intense as the activation progressed. Both spots were most easily viewed
with a long wavelength UV lamp. When the plate was illuminated with a short
wavelength UV lamp, several spots separate from the activated C343 and C343 spots
could be readily seen between R¢=0.7 to 0.9. These corresponded to TPP and DPDS.
The activated C343 spot became very intense within a few minutes of combining the
reagents. The activation was usually allowed to progress at least 30 minutes, even
though, the activated spot would only show a minor gain in intensity. The C343 spot was
never more intense than the activated C343 spot.

CDI. Because unreacted CDI can polymerize PE, the C343, CDI, and PE or
chloroaniline were reacted in molar equivalents. For example, we combined 40 mg (0.14
mmol) of C343 with 22 mg (0.14 mmol) of CDI that would later be combined with 100
mg PE (0.13 mmol) after the activation step. These reagents were added to a 25 ml round
bottom flask and dissolved in ca. 5 ml of organic solvent. The reaction was stirred at
room temperature and kept under nitrogen.

The activation was followed with TLC in a similar manner as described above for

TPP/DPDS. Activated C343 appeared as two yellow spots with R¢= 0.8 and 0.85. We
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believe the two spots correspond to C343-imidazole and (C343),C;0s anhydride that are
both reactive to nucleophilic attack. Imidazole which formed as the reaction progressed,
appeared as a faint, diffuse spot with a short wavelength UV lamp and had a Rr=0.1.
Much like TPP/DPDS activation, the activated C343 appears soon after reagents are
combined and only intensifies slightly with time. The C343 spot remains more intense
than the activated C343 spots even after the reaction is allowed to proceed overnight. We
allowed the activation to proceed at least 1 hr.

EDCI. EDCI was investigated as an activating agent but it was found to not
perform as well as TPP/DPDS and CDI in activating C343 and will not be discussed
further.

N-acylation of Activated C343

Once C343 was activated, we could then add PE or chloroaniline to complete the
synthesis of CLPE or C343-chloroaniline. It is important to note that we did not add PE
or chloroaniline at the beginning of the activation step because the activating agents can
possibly react with PE or chloroaniline. Therefore, only after the activating reagents
have reacted with C343 do we begin the second step. Because water can still act as a
nucleophile and deactivate the activated C343, this step must also be run in anhydrous
conditions. Therefore, PE or chloroaniline were transferred to the reaction flask within a
glove bag filled with nitrogen gas. We also considered the water that is inherent in any
phospholipid sample. We originally dried PE over molecular sieves in diethyl ether but
found the drying was unnecessary. The small amount of inherent water did not seem to
lower the percent yield and dehydrated PE showed reduced solubility in the organic

solvent making the transfer to the reaction vessel difficult. Unlike chloroaniline, PE was
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added with an equivalent amount of base. For PE to nucleophilically attack the carbonyl,
the amine must be in its neutral state. Therefore, we added 17 mg DMAP (0.14 mmol)
with 100 mg PE (0.13 mmol) to the reaction vessel, while in the model reaction, we
added 17 mg chloroaniline (0.13 mmol) with no base. All these reagents are solids and
were typically transferred by dissolving in methylene chloride.

As was the case with the activation step, the progression of the N-acylation was
followed with TLC. While chloroaniline may be visualized with a short wavelength UV
lamp, PE must be visualized on the TLC plate with ninhydrin and phosphorous stains.
Ninhydrin stains primary and, to a lesser extent, secondary amines as light pink. The
phosphorous stain reacts with phosphorous containing components and appears
blue/black with heating. Because C343-chloroaniline is nonpolar, we used 100%
methylene chloride as the TLC solvent system for the model system. The C343-
chloroaniline spot is yellow with a Rf= 0.5 and only appears after the addition of
chloroaniline. Chloroaniline has a Rr= 0.4 and seemed to react to quickly to be
visualized during the reaction. CLPE is fairly polar because of the charged phosphate
group and the zwitterionic PE is even more polar. We found only a relatively polar
solvent system of 90:9:1 methylene chloride:methanol:acetic acid can remove CLPE and
PE from the baseline. Including acetic acid in the solvent system tends to sharpen acidic
components and helped increase the Rrof CLPE. Because of this C343 and activated
C343 tighten to almost one spot that has a Ry= 0.7. The PE spot appears bright pink after
staining with ninhydrin and appears blue after staining with the phosphorous stain. The
PE spot appears as a small streak from the baseline with a Rr=0.1. The CLPE spot is

yellow with a Rf = 0.35 and appears only after the addition of PE. CLPE does not stain
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with ninhydrin but does appear black when heated with the phosphorous stain.
Completion of the N-acylation step was indicated by the disappearance of the
chloroaniline or PE spot. For the TPP/DPDS activation, the disappearance would occur
within a few minutes of PE or chloroaniline addition. For the CDI activation, the PE or
chloroaniline spots never completely disappeared, but did grow faint within one hour.
All N-acylations were allowed to proceed for at least one hour.
Reaction Quench

The reaction was quenched by transferring the contents of the reaction flask to a
125 ml separatory funnel containing ca. 10 ml of saturated sodium bicarbonate solution.
The transfer was aided by sequential flask washes of methanol and chloroform.
Approximately 10 ml methanol and 20 ml chloroform were added to the separatory
funnel. Once the reactants come in contact with water, the reaction should be quenched.
As discussed above, water should act as a nucleophile and convert all activated C343
back to C343. In addition, all activating agents are converted to their nonreactive forms.
For example, CDI is converted to imidazole and carbon dioxide. The reaction was
quenched with a sodium bicarbonate solution to reduce emulsification and to provide a
sodium counterion for CLPE.

The organic portion was washed in the separatory funnel with three sequential 10
ml additions of sodium bicarbonate solution. CLPE preferentially partitions into the
organic phase. TLC analysis of the aqueous phase revealed a significant concentration of
C343 but no CLPE. The washed organic phase was transferred to a 100 ml round bottom
flask. The transfer was aided by washing the funnel with chloroform. The emulsion

layer that contains a significant amount of sodium bicarbonate and water was also
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transferred to the round bottom flask. Using a rotary evaporator, the organic solvent was
evaporated at room temperature. We removed residual water by placing the sample
under vacuum overnight. The sample would appear dry the next day. While trace
amounts of water are inconsequential, removing residual water is important because the
water can degrade the silica column used in the next step.
Purification

The final product was purified from all other reagents and starting materials by
flash chromatography. Silica gel was packed into a one-inch diameter column to a height
of about 8 inches. The mobile phase for the model synthesis was 100% methylene
chloride, while the CLPE synthesis used 92:7:1 methylene chloride:methanol:acetic acid.
Because both CLPE and C343-chloroaniline are yellow/orange colored molecules, they
produce a clearly visible colored band as they elute down the column. C343-
chloroaniline is substantially more nonpolar than C343 and the other reagents, therefore,
it is the first to elute off the column and can be collected with high purity. For CLPE, the
C343 elutes off the column first followed by CLPE that elutes off fairly slowly in about
200 ml of mobile phase. Approximately 5 ml fractions were collected into individual test
tubes. The fractions were then recombined into a 100 m! round bottom flask. The
mobile phase solvent was evaporated with a rotary evaporator. Then, the flask placed
under vacuum for further drying.

Even after being placed under vacuum for several days, the CLPE remained
gummy/waxy. We found that repeated solvation and evaporation of CLPE with a
methylene chloride/methanol mixture would produce a flaky “dry” product. We believe

acetic acid is slow to evaporate and this procedure facilitates its evaporation. For reasons
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unknown, the flaky-dry product would be produced whenever a solvation/evaporation
cycle ended with a boiling explosion of the last portion of solvent.
Preparation of Lecithin Reverse Micelles Containing CLPE

Once we synthesized CLPE, we needed to prove that CLPE would align correctly
within a lipid interface and that the attachment of PE to C343 would not influence the
measured solvation dynamics. We knew from Chapter 2 that C343 resides near the
lecithin headgroup interface within cyclohexane/lecithin/water reverse micelles in much
the same manner as we would expect CLPE to reside if prepared in the same system. By
preparing these reverse micelles with CLPE instead of C343, we should observe similar
spectroscopic properties as we had observed with C343, i.e. the static absorption and
emission should show hydration dependent spectra and the measured solvation dynamics
should be similar.

Materials, concentrations, and methods for preparing the
cyclohexane/lecithin/water reverse micelles were similar to those outlined in Chapter 2.
The major difference was the incorporation of CLPE into the lecithin. For CLPE to be
homogeneously distributed within the reverse micelles, both the lecithin and CLPE
needed to be dissolved in the same solvent and then dried before being dispersed into
cyclohexane. Because CLPE most readily solvates in a 9:1 methylene chloride:methanol
solvent, we co-dispersed 500 mg lecithin and 2 mg CLPE in this solvent system.
Originally, we attempted evaporating the organic solvent by placing the mixture under
vacuum overnight. We found that complete dryness was never met with this method
because the reverse micelles never appeared gelatinous at higher hydration levels (see

Chapter 2). Instead, the unevaporated methylene chloride/methanol was removed by
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three cycles of cyclohexane addition and vacuum evaporation. About 10 ml of
cyclohexane was used to dissolve the lipids each cycle and the evaporation would last 1
to 2 hours. The last evaporation was usually done overnight. With this method, the
reverse micelles showed the expected viscosity as a function of hydration. After
dispersing CLPE into the lecithin, the reverse micelles were prepared as described in
Chapter 2 by dissolving in 10 ml of cyclohexane, adding the required amount of water,
shaking on a mechanical shaker overnight, and filtering through a 0.1 um syringe filter
(PTFE, Whatman). We found that placing circulated samples in a nitrogen environment
could reduce CLPE oxidation. Therefore, samples used in upconversion experiments
were placed in a vacuum tight sample holder. Samples were subjected to three freeze-
pump-thaw cycles before being placed under nitrogen. These cycles did not disturb the
sample viscostiy, and therefore the worm-like reverse micelle structure as well.

Because the methodology for preparation of the reverse micelles was different
from those prepared with C343 in Chapter 2, we needed to find the amount of inherent
water to expect by this method. In Chapter 2, we found 1.8 molecules of water per
molecule of lipid within a freshly opened bottle of lyophilized lecithin. We could expect
that some of this inherent water would be evaporated off by the methodology described
above. As expected, 'H-NMR analysis revealed only 0.4 inherent water molecules per
lipid. The water peak has a chemical shift of about 4.2 ppm and can be discerned from
lecithin peaks by either the method of standard water additions or by adjusting the NMR

probe temperature.

87

Reproduced with permission of the copyright owner. Further reproduction prohibited without permission.



3.I11. Results and Discussion

3.1IL.A. Model Synthesis

We found that C343 can be coupled to chloroaniline with either TPP/DPDS or
CDI as the coupling reagents. With both reagents, we found the reaction to proceed as
expected by TLC analysis. In both cases, we observed an activated C343 spot appear in
the activation step with a Ry value greater than C343. We expect a greater Rrbecause the
carboxylic acid substituent of C343 is replaced with less polar substituent when activated.
Most certainly, C343’s carboxylic acid substituent has a large interaction with the polar
silica immobile phase which therefore has a large influence on the R¢ value. Again in
both methods, we observe the final product spot appears only after chloroaniline addition.
As expected, a yellow spot appears with a greater R¢ value than all the other starting
materials and with the same value regardless of the method of preparation. This is
because C343-chloroaniline has weak polar interactions with the silica immobile phase
while the amine of aniline and the carboxylic acid of C343 has strong polar interactions.
The distinctive yellow color of C343 allows us to easily trace its derivatives as the
reaction progresses. As we discuss below, derivatizing C343 at the carboxylic acid
position does not alter its spectroscopy. Therefore a yellow spot is always indicative of a
C343 derivative. With either method of preparation, the C343-chloroaniline final product
appeared fluffy, yet grainy, with a uniform yellow/orange hue.

The main goal of attempting to attach C343 to chloroaniline by TPP/DPDS and
CDI was to practice the synthesis with an inexpensive starting material (i.e., chloroaniline

vs. PE). In light of this, the yields were not considered important and therefore not
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determined. However, we believe it is likely one can expect a greater percent yield when
TPP/DPDS is used as the activating agent. This is because by TLC analysis, we found
that the chloroaniline spot would completely disappear after addition to C343 activated
with TPP/DPDS. To the contrary, when chloroaniline was added to C343 activated with
CDI, the chloroaniline spot never disappeared. As will be discussed further below, we
believe TPP/DPDS allows for a greater percent yield because the activating reagents can
be combined at a larger molar equivalent than chloroaniline. This was not the case for
CDI activation where all reagents and starting materials must be combined in molar
equivalents.

We were encouraged by the synthesis of C343-chloroaniline because
chloroaniline was not expected to be a strong nucleophile. Due to the electron
withdrawing character of the chlorine substituent, the nitrogen of chloroaniline is
predicted to be deactivated relative to aniline. Because PE’s amine is not deactivated, we
expected the basic form of PE to be a better nucleophile than chloroaniline.

'H-NMR spectra confirmed that the final product’s proton structure is the same
whether it was made with either TPP/DPDS or CDI. We obtained spectra for both
products synthesized with TPP/DPDS and CDI (see Figure 3.2 and 3.3). Both spectra
were taken with the final product dissolved in CDCl; at 25°C. In Figure 3.2, the CHCI;
proton appears at 7.27 ppm and is not resolved from the final product’s protons at a
similar chemical shift. The final product shows peaks in both spectra that are consistent

with C343-chloroaniline: & 10.96 (s, 1 H), 6 8.65 (s, 1 H), 5 7.65 (m, 2 H), 8 7.27 (m, 2

H), § 7.02 (s, 1 H), 5 3.33 (m, 4 H), 5 2.89 (m, 2 H), 5 2.77 (m, 2 H),  1.98 (m, 4 H). In
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both spectra, methylene chloride unevaporated after purification appears as a
contaminant, § 5.27. Water also contaminates the samples with a peak at 6 1.54. Two
other unidentified peaks appear in the CDI spectrum at 8 1.24 and 6 0.85. They do not
integrate to integers and are assumed to be greasy contaminants.

We compare the NMR spectrum of the final product to spectra of C343 and
chloroaniline to conclude the final product is C343-chloroaniline. The 'H-NMR
spectrum for C343 dissolved in 9:1 CDCl3:CD30D at 25°C is displayed as Figure 3.4: &
847(s,1H),57.08(s, 1 H),53.41 (m, 4 H), 52.88 (m, 2 H), 5 2.78 (m, 2 H),  2.02 (m,
4 H). The solvent peaks CHCI3 (& 7.37), CH30H (& 3.90), and TMS (& 0.00) also
appear. Notice that the acidic proton of C343 does not appear in the spectrum,
presumably because it has exchanged with the CD;0D solvent. In another spectrum of
C343 without methanol we found the acidic proton at § 12.45. A previously published
spectrum of chloroaniline shows peaks at 8 7.05 (m, 2H), 6 6.45 (m, 2 H), and & 3.58 (m,
2H)[9]. Clearly, the main protons of C343 and chloroaniline appear in the spectrum of
the final product. In addition, the acidic proton of C343 (5 12.45) and the amine protons
of chloroaniline (5 3.58) disappear in the final product’s spectrum, while a new proton at
0 10.96 appears corresponding to the amide proton of the final product.

To further prove the final product is C343-chloroaniline, FT-IR (Nicolet Magna-
IR 760 spectrometer) spectra of the final product and C343 were taken (Appendix 3.III).
The spectra reveal that the final product is distinctly different from C343. However,
appearance and disappearance of specific bands as proof of the final product’s structure is
difficult. For C343, we detect a low intensity broad peak at 3432 cm™ that we assign as a

carboxylic acid vibration. This peak does not seem to be present in the final product, as
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expected. Further assignments are difficult. We only obtained FT-IR spectra for C343-
chloroaniline prepared with TPP/DPDS.

We analyzed the steady-state spectroscopy of C343-chloroaniline and found there
is little difference between the C343 and C343-chloroaniline. Figure 3.5 displays the
absorption and emission of C343-chloroaniline in comparison to C343. We conclude that
N-acylation of C343 has little effect on the first electronic excited state. We expected
that this would be the case because the first excited state of C343 is assumed to be a
charge transfer state that involves the promotion of a nitrogen lone pair electron to the
ring carbonyl. Because the carboxylic acid substituent is not directly bound to the
nitrogen or carbonyl nor does it alter the conjugation between them, the caboxylic acid
substituent may influence but not alter the charge transfer state. The fact that several
coumarin dyes are commercially available that are derivatives of C343 at the carboxylic
acid position confirms these assumptions, for example, coumarin 153 (-CF3), coumarin
334 (-COCH:;), coumarin 314 (-CO:C;Hs), and coumarin 102 (-CH3;). Also, we find that
while the C343 absorption and emission spectra display pH dependent shifts associated
with protonation and deprotonation of the carboxylate moiety, the spectral shape,
absorption cross section and fluorescence quantum yield remain constant.

In summary, we have shown with the model synthesis that C343 may be N-
acylated, even with a relatively weak nucleophile. Furthermore, we have shown C343
may be activated with either TPP/DPDS or CDI and still produce the same final product.
We cite the similar behavior of the final product by TLC analysis and the similarity of
'H-NMR spectra as evidence that the final product is the same for either synthesis. In

addition, we find that derivatizing the carboxylic acid of C343 does not alter the first
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excited state spectroscopy. This is an important conclusion because our goal of using
CLPE as a lecithin interface probe, relies on the spectroscopy of C343.
3.1I11.B. Target CLPE Synthesis

As with the model synthesis, we were able to synthesize CLPE with either
TPP/DPDS or CDI as the activating agents. While we wanted to determine what method
would allow for the greatest yield, we also found additional value in synthesizing CLPE
by different pathways. As we will present below, positive identification of the final
product as CLPE proved difficult. Being able to produce the same final product by two
different methods gave us confidence we were synthesizing CLPE at a time when we
lacked definitive proof. Recently, we have obtained 'H-NMR and mass spectrometry
data for the final product prepared by TPP/DPDS activation that conclusively identifies it
as CLPE. We will present further data that supports the identification of CLPE but does
not conclusively identify it. The evidence we synthesized CLPE with CDI as the
activating agent is more circumstantial.

As was seen with the model synthesis, the reaction progressed as expected when
either TPP/DPDS or CDI was used to activate C343. How the reaction progresses during
the activation step is discussed for the model synthesis above. By TLC analysis, we
found the final product spot to appear only after the addition of PE, with both spots
having much smaller R¢ values than all other reagents. We expected both PE and CLPE
to have small R¢ values because of the charged phosphate group. PE has a relatively
small R¢ value even though the lipid is composed of two-eighteen carbon length alkyl
chains. We expect CLPE to be less polar than PE with a charged ammonium substituent

being replaced by a peptide bond with C343. However, because CLPE still contains a
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charged phosphate, we expect the R¢ value to be relatively small but yet larger than PE.
As detailed in the experimental, we use a relatively polar mobile phase to remove PE and
CLPE from the TLC base line. Even with this solvent system, PE has a R¢ value no
greater than 0.1, while CLPE is a broader spot with R value from 0.3 to 0.4. According
to the technical support team at Avanti, the CLPE R¢ value we observe is in line with
their dye labeled lipids that have similar structures.

We find evidence the final product spot corresponds to CLPE not only by the R¢
value, but also by the staining behavior. PE is easily visualized with the ninhydrin stain,
while CLPE shows no reaction with ninhydrin. This is to be expected because ninhydrin
reacts most vigorously with primary amines and only faintly with secondary. CLPE isa
secondary amine but appears as a bright yellow spot that most certainly covers any faint
pink stain that may occur from reaction with ninhydrin. When the spots are sprayed with
the phosphate stain, both spots become stained. This is expected because, unlike the
amine, the phosphate substituent of PE should remain unaffected by the covalent
attachment of C343. The phosphate stain turns the PE spot dark blue but the CLPE spot
black. Phosphates usually stain dark blue like PE, but because CLPE is a yellow dye, the
addition of the two dyes produce a black spot.

According to TLC and staining behavior, the final product behaves the same way
we expect CLPE to behave. First, whether C343 was activated with TPP/DPDS or CDI,
we observed exactly the same Ry value and staining properties of the final product spot.
In addition, especially for the CDI synthesis, the staining behavior is what we would
expect for CLPE. Spot assignment is complicated for the TPP/DPDS synthesis because

TPP contains a phosphate that stains blue with the phosphate stain. CDI does not contain
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a phosphate group and therefore shows no reaction with the phosphate stain. Because we
observed a second phosphate stained spot on top of the PE spot for the CDI synthesis, we
conclude the spot corresponds to a compound that must be a derivative of PE. In
addition, the spot was yellow indicating the compound was also a derivative of C343.
Also the final product spot is unreactive with Ninhydrin stain, indicating the primary
amine of PE has reacted. Therefore, unless a completely unexpected reaction was taking
place, these results certainly suggested the final product spot was CLPE.

For both TPP/DPDS and CDI syntheses, the purified final product appeared flaky
with brown and orange specks. The TPP/DPDS synthesis gave the higher percent yield
of 98%. We have reservations in quoting this percent yield. As will be discussed below,
elemental analysis of the sample suggests the sample is impure, most likely the result of
unevaporated solvent. In addition, we are uncertain as to what the counterion of CLPE is.
For the percent yield presented above, we assumed sodium is the counterion. The CDI
synthesis gave a 57% yield. We will discuss why CDI gave a lower percent yield below.

We found that the activation of C343 was the most important step for obtaining
the highest yield of CLPE. Several obstacles arose that seemed to limit the activation of
C343 and therefore the yield. First, we found it difficult to dissolve C343 in organic
solvents at high concentrations. We found C343 to dissolve to the greatest extent in
methylene chloride. However, even with methylene chloride as the solvent, C343 never
seemed to completely dissolve during the activation step. We did find that as the reaction
progressed, especially after PE addition, the amount of unsolvated C343 would decrease.
We also found that C343 is relatively difficult to activate. When we observed the

activation of C343 by TLC, we found that the activated C343 spot was never more
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intense than the C343 spot. We believe that the carbonyl of the ring system’s ester
stabilizes the carboxylate proton and makes C343 less susceptible to attack by the
activating agents. X-ray crystallography of solid C343 indicates that the carboxylate
proton does indeed reside near the ring system carbonyl[10].

In order to obtain the greatest yield, we attempted to activate C343 with several
agents: TPP/DPDS, CDI, and EDCI. As a separate experiment, we combined the three
different activating agents into three separate containers with molar equivalents of C343.
We then watched by TLC analysis which agent produced the brightest activated C343
spot. For all three, we found that the activated spot was never more intense than the
C343 spot. TPP/DPDS and CDI gave similar intensities but both seemed more effective
than EDCI. Because of this result, we decided not to attempt a CLPE synthesis with
EDCI as the activating agent. These results suggest that TPP/DPDS and CDI activate
C343 to the same extent. However, we found that the synthesis of CLPE using
TPP/DPDS gave a much greater yield. We believe the reason for the greater yield is
from the molar equivalents used in each synthesis. According to Avanti technical
support, CDI, when in excess, can polymerize phospholipids. Therefore, CDI, C343, and
PE need to be combined in molar equivalents. We did not find this to be the case for
TPP/DPDS. We did not observed a reaction between TPP, DPDS, and PE when C343
was not present. This allowed us to combine TPP, DPDS, and C343 at twice the molar
equivalent as PE and therefore drive the equilibrium of the reaction towards products.

We have found evidence that the CLPE we collect is not completely pure.
Elemental analysis performed by M-H-W Laboratories found: Calculated for

NaCs7HgoPN2Oy;: C, 66.25%; H, 8.78%; P, 3.00%; N, 2.71%. Found: C, 62.06%; H,
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8.58%; P, 2.51%; N, 2.48%. Obviously, the CLPE is contaminated. Although the
contamination is not significant to our experiments, we believe CLPE may be
contaminated to a small extent by unpurified C343, CLPE degradation, the counterion is
something other than sodium, or unevaporated solvent.

We are particularly concerned about C343 contamination. The point of
synthesizing CLPE is so we can assume that all the collected fluorescence is emitted by
CLPE localized at the water/lipid interface. If CLPE is contaminated with C343, a
percentage of the collected fluorescence would be from C343 dissolved in an
environment removed from the interface. We will address this concern further in
Chapters 4 and S. TLC analysis of CLPE does show a small C343 spot. However, we
believe the amount is too small to be a concem because this spot appears by sight as no
more than 5% of the CLPE spot. In addition, as we will discuss below, NMR spectra of
CLPE show no indication of C343 contamination. Contamination greater than a 10%,
and probably greater than a 5%, would be expected to appear in the spectra. While we
did not quantify the amount of residual C343 in the CLPE sample, the analysis should be
relatively straightforward by high-pressure liquid chromatography (HPLC). Because
CLPE is not readily dissolved, we must borrow equipment from other laboratories, and a
new column would be relatively expensive, we have been reluctant to attempt the
analysis. However, it should be possible to perform using a normal phase column and
HPLC equipment with a detector capable of measuring 425nm absorption. We note that
C343 can not account for the contamination measured by elemental analysis. The percent
mass of carbon, hydrogen, and nitrogen for C343 is as follows: C, 67.35%; H, 5.30%; N,

4.91%. While based on TLC analyis it is obvious some C343 contaminates CLPE, the
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addition of C343 to a CLPE sample cannot produce the elemental analysis results. The
small amount of C343 contamination should not affect the solvation dynamics
experiments we perform in subsequent chapters.

TLC analysis of CLPE has also revealed evidence of CLPE degradation. When a
methylene chloride:methanol:acetic acid 90:9:1 solvent system was used to elute CLPE,
we observed a brown streak that followed the CLPE spot from the baseline. Two-
dimensional TLC analysis with the same solvent both directions, revealed a triangular
swath of light brown product with the CLPE spot at the apex. This result suggests that
CLPE degrades as it elutes along the plate. Although difficult to identify positively, we
believe the brown streak is related to the presence of acetic acid. Without acetic acid in
the solvent system, CLPE elutes as a streak from the baseline. However, purification
without acetic acid would be difficult. Other solvent systems may perform more
effectively although, to this point, we have found none. We do not find this degradation
product to be a significant concern. First, the degradation product appears very faint on
the TLC plate and therefore should be only a minor contaminant. More importantly, the
degradation product is not fluorescent and therefore would not contribute to the solvation
dynamics we will ultimately measure. We note that this degradation product could
account for the elemental analysis results if the product corresponds to an oxidized
derivative of CLPE. Oxygen would lower the measured percent carbon, hydrogen,
nitrogen, and phosphorous without being detected itself.

Also, we may be in error for assuming sodium ion is the counterion of CLPE. We
have assumed that washing the reaction with sodium bicarbonate in the reaction quench

step allowed sodium to serve as the counterion. It may be possible the counterion is
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actually a proton or another unforeseen positive ion. Although unlikely, a higher
molecular weight counterion without high-mass percentages of carbon and hydrogen
could account for the elemental analysis results. Thus we attempted to determine sodium
and phosphorous mass percentages of the CLPE sample with [CP-AES. We analyzed for
phosphorous because the ICP-AES instrument is more accurate than the techniques used
by M-H-W Laboratories. Unfortunately, our results were inconclusive because we found
it difficult to digest CLPE with nitric acid. Analysis determined: Calc.: Na, 2.23%,; P,
3.00%. Found: Na, 0.53%; P, 0.84%. While we believe these results are in error, they
do indicate that the CLPE sample contains a significant amount of sodium and therefore
constitutes at least a percentage of the sample. Since this analysis was done, we have
found an equal molar ratio of nitric acid and perchloric acid fully digests CLPE.
Although the CLPE sample most likely contains some amount of C343, shows
some degradation, and may contain counterions other than sodium, we believe
unevaporated solvent is probably the largest contributor to the unpredicted elemental
analysis results. Any of the individual solvents employed in the purification step, that is,
methylene chloride, methanol, and acetic acid, could account for the elemental analysis
results if they remained in the sample. Specifically, including elemental chlorine or
oxygen to the sample would raise the overall weight of the sample and reduce the
percentage of carbon, hydrogen, nitrogen, and phosphorous. For example aithough 'H-
NMR suggests unlikely, we calculate that if 16% by mass of the CLPE sample were
acetic acid, then the elemental analysis would show: C, 62.0%; H, 8.45%; P, 2.52%; N,
2.28%. No matter what the source of contamination is, we do not find it a significant

concern as long as the impurity level is small. Typical lecithin samples require 2 mg of
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CLPE for a 10 ml sample. A 15% by mass impurity would correspond to 30 ppm. At
this concentration, the effect would be undetectable in a lecithin interface prepared at a
concentration of about 50 mM phospholipids.

'H-NMR and mass spectroscopy positively identified the final product as CLPE.
We first present NMR data followed by mass spectroscopy data. Initial '"H-NMR of the
final product displayed broad peaks with many of the single proton peaks completely
missing. To sharpen peak widths, we attempted to solvate CLPE in several deuterated
solvents including chioroform, methylene chloride, toluene, and pyridine with little
success. In addition, we attempted taking the spectrum at elevated temperatures.
Toluene has an elevated boiling point and is commonly used for variable temperature
NMR. We obtained the spectrum of the final product in toluene at 75°C but found very
little change of the peak widths. In the end, we determined that the final product was not
dissolved at a high enough concentration. These solvents were effective in solvating up
to about 10 - 20 mg of final product per milliliter. By using a 9:1 deuterated-methylene
chloride:methanol solvent system, we could dissolve greater than 50 mg of final product
per milliliter. As a result, spectra resolution greatly improved. Unfortunately as
discussed below, deuterated-methanol exchanges with acidic protons of the final product
obscuring the identification.

Figure 3.6 displays the 'H-NMR spectrum of the final product in 9:1
CD,Cl:CDsO0D at 25°C. Of the many spectra of the final product we have obtained, this
spectrum most clearly displays all the proton peaks associated with CLPE. The spectrum

contains no solvent or TMS peaks to reference. Instead, we have referenced the § 7.04
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peak to the corresponding peak of another final product spectrum that was referenced
with TMS (see Appendix 3.I). We find peaks at: 3 9.20 (s, 1 H), 6 8.51 (s, 1 H), 6 7.04
(s,1H),6535(m,4H),56520(m, 1 H),54.32(m, 1 H),54.00(m, S H), §3.68 (m, 2
H), 8336 (m 4H),52.77(m 4H),5226(m 4H),5195(m, 12H),5 1.58(m, 4 H),
1.29 (m, 40 H), 8 0.92 (m, 6 H). We could not obtain a spectrum that displayed sharp
enough peaks to use splitting as a diagnostic tool. Instead, we rely on chemical shift and
integration to assign peaks. We believe the § 4.00 peak includes exchanged CD;OH
protons. The CH;Cl, peak is probably too weak to see compared to the final product
protons; if it is present, it would be included in the & 5.36 peak.

To assist in the assignment of the final product, we will first list the proton peaks
for the starting materials. The 'H-NMR peaks for C343 were previously listed in the
model synthesis section above (see Figure 3.4). Figure 3.7 displays the 'H-NMR
spectrum of PE in CDCl; at 25°C. The spectrum was referenced to the chemical shift of

TMS (8 0.00). The 78 protons of PE are accounted for as follows: § 8.52 (m, 3 H), 8

539(m,4H),56524(m, 1 H),5440(m, 1 H),6§4.02(m, SH),53.18(m, 2 H), §2.32
(m,4H),52.02(m, 8 H),51.64 (m, 4 H),3 121 (m, 40 H), 091 (m, 6 H). The small
peak at 7.27ppm is CHCls.

Table 3.1 lists all 15 protons of C343 and 78 protons of PE as they are assigned to
the 84 protons of the final product. Some peaks correspond to protons that do not have
the same chemical shift in both starting material and product. Those peaks are marked

with a question mark and discussed sequentially below.
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Table 3.1. Comparison of 1H-NMR peaks of CLPE and the corresponding PE

and C343 peaks.
Peak PE C343 Final Product
1 510.95 (1 H) ?
2 ? ? 59.19(1 H)
3 58.52 (3 H) ?
4 5846(1H) | 684901 H)
5 5706 (1H) | 67.02(1H)
6 | 8534@H) 5532 (4 H)
7 | §5.21(1H) 55.17 (1 H)
8 54.39 (1 H) 5431 (1 H)
9 | 54.02(5H) 5 4.00 (S H)
10 ? ? 53.66 (2 H)
11 5340(4H) | 5332(4H)
12 | 83.15CH) ?
13 5285(@H) | 52744 H)
14 | 5229@H) 5223 (4H)
15 | 52.01(8H) | 5201 (4H) | §1.97(12H)
16 | 5§1.59(4H) 51.52 (4 H)
17 | 51.28 (40 H) 5 1.25 (40 H)
18 | 50.88(6 H) 5 0.86 (6 H)

Peak 1 corresponds to a C343 proton that has no corresponding peak in the final
product’s spectrum. As we did in the model synthesis 'H-NMR analysis, we assign this
proton to the carboxylic acid proton. Therefore, this proton should not appear in the
CLPE spectrum. Indeed, the proton does not appear in final product’s spectrum.
However, this can not be considered proof of the final product’s identification because
the proton is unlikely to appear when the analyte is dissolved in deuterated-methanol
because proton exchange is expected to occur.

Peak 3 corresponds to three protons that are found as a broad peak in PE’s
spectrum. We assign these to the three ammonium protons. Again, these protons would
not appear in the CLPE spectrum and do not appear in the final product’s spectrum.

Instead, CLPE should display a new proton corresponding to a single proton attached to
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the peptide bond amine. We believe this proton is peak 2. We find that peak 2 does not
integrate to 1 proton. This is to be expected because a secondary amine proton would
exchange with the deuterated-methanol solvent. In fact, unless '"H-NMR spectra are
taken within minutes of dissolving the final product, we do not observe this peak
supporting its identification as the amide proton. Again, that the three protons associated
with peak 3 do not appear in the final product’s spectrum is not proof of identification
because proton exchange may occur.

Peak 12 corresponds to two protons present in PE’s spectrum that do not appear in
the final product. We assign these two protons to the alkyl protons one carbon removed
from the ammonium group. In the spectrum of CLPE we should observe these two
protons further down field because they would experience less shielding due to the
peptide bond formed one position removed from their position. We find that peak 10
corresponds well to these two shifted protons.

Therefore, we find that the final product’s 'H-NMR spectrum is in good
agreement with the spectrum that we would expect for CLPE. Also, the final product
spectrum suggests that contamination by C343 is not significant. If C343 were a
significant contaminant, we would expect the peaks associated with this chemical moiety
to integrate to larger intensities relative to the PE peaks. Instead, these peaks integrate
slightly smaller than expected. As a general rule, 'H-NMR spectra have 10% error and
therefore we can only conclude C343 contamination is not significant.

Figure 3.6 displays CLPE’s spectrum synthesized by TPP/DPDS activation. We
also obtained the 'H-NMR spectrum of CLPE synthesized by CDI activation. Figure 3.8

displays this spectrum taken at 25°C in CD;Cl,:CD;OD 9:1 solvent. Notice the spectrum
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shows the characteristic peaks similar to what we see in Figure 3.6, even though the
integrated peaks are not diagnostic. Unfortunately, we did not isolate enough product to
obtain a diagnostic spectrum. The TPP/DPDS synthesized CLPE displays a spectrum
similar to the spectrum in Figure 3.8 when analyzed at lower concentrations. Based on
this NMR spectrum along with the final product’s behavior by TLC analysis we find that
both TPP/DPDS and CDI synthesized CLPE. We did not feel a need to conclusively
identify the CDI final product because we were satisfied with the alternative TPP/DPDS
synthesis.

Obtaining a mass spectrometry (MS) spectrum of the final product positively
identifying it as CLPE was challenging. Several attempts were initially made with
positive and negative electrospray and FAB+, which revealed mass fragments no larger
than 300 a.m.u. Phospholipids in general are difficult to obtain mass spectra of because
they fragment easily. According to Avanti technical support, they will often scrape the
phospholipid analyte from a TLC plate, dissolve the scrapings in an electrospray solvent,
and then analyze with negative electrospray MS. They rarely perform MS on dye-labeled
phospholipids because solvation problems can clog their instrument. CLPE was not only
readily fragmented but also did not readily solvate in electrospray solvents. After much
perserverance we finally achieved success with FAB+ with a CLPE sample synthesized
with TPP/DPDS: m/z calc. 1011.6439, obs. 1011.6437 (CLPEe2H", 100%); calc.
1033.626, obs. 1033.629 (CLPEeH eNa“, 6.8%).

In addition to NMR and MS, we have attempted other methods to identify CLPE
as the final product with less than conclusive results. We attempted to measure the time-

resolved anisotropy of the final product in a solution of 9:1 methylene chloride:methanol.
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We found C343 to show a single rotational relaxation of 50 ps in this solvent solution.
As expected, we found the rotational relaxation to be much slower for CLPE because of
the larger molecular weight. Unfortunately, the anisotropy data is too noisy to allow us
to determine if the data is best fit with a single long time component or a short and long
component. If there is a short 50 ps component, the data could suggest C343 is a
significant impurity. We find the data to be inconclusive.

We also attempted to use C-NMR to identify CLPE. Appendix 3-II display the
BC-NMR spectra of CLPE, C343, and PE solvated in 9:1 CD,Cl,:CDsOD or CDCl; at
25°C. As can be seen by comparison of the spectra, the finger print bands of both C343
and PE appear in the CLPE spectrum. Unfortunately, a couple of the peaks in the CLPE
spectrum do not have corresponding peaks in the C343 or PE spectra, i.e. 20.59 ppm,
33.22ppm, and 107.8ppm. In addition, we have trouble accounting for all 57 carbon
nuclei. We count 54 clearly distinguishable nuclei. To complicate interpretation,
Silverstein indicates there will be only a small chemical shift for the carbons near the
peptide bond of CLPE. Since the coupling of C343 to PE involves net change of carbons,
we find that it may not be possible to use *C-NMR to distinguish between a CLPE
sample and a sample of PE and C343. Therefore, we find the data support CLPE being
the final product but the evidence is too weak to draw conclusions.

Finally, we have obtained FT-IR spectra of the final product. Appendix 3.1I1
displays the spectra for CLPE, C343, and PE (Nicolet-SPC-FTIR). Analytes were
dissolved in methylene chloride and spotted onto sodium chloride cells. Two vibrational
bands indicate CLPE is the final product. First, the 3330cm™ vibration present in the

CLPE spectrum is assigned to a secondary amide bond[11]. The vibration is not present
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in either the C343 or PE spectra. Second, the 2133cm™ peak present in the PE spectrum
is assigned to the ammonium ion overtone that should disappear if the amine‘becomes
substituted[11]. Indeed the peak does not appear in the CLPE spectrum. We find further
assignments difficult. Many characteristic carboxylic and amine vibrations appear in the
500-1800cm™ region. However, CLPE’s spectrum contains too many bands in this
region to be diagnostic.

Thus, while several of the diagnostic tools used to analyze and identify the CLPE
final product provide only qualitative information, all these data at least point to the
successful synthesis and purification of CLPE. More importantly, we find that '"H-NMR

and MS conclusively prove the identity of CLPE.

3.1III.C. CLPE as a Probe of Lecithin Headgroup/Water Interfaces.

After we were confident we had synthesized CLPE, we checked the viability of
CLPE as a lecithin interface probe. First, we wished to prove CLPE aligned correctly
with other phospholipids with the coumarin labeled headgroup packed within the
headgroup interface. Second, we needed to prove the spectroscopy of CLPE is similar to
C343. Specifically, CLPE needs to absorb at a similar wavelength and fluoresce with
significant intensity. In addition, we needed to find that CLPE shows polarity dependent
spectroscopy. Finally, we needed to confirm that CLPE would detect the same solvation
dynamics observed with C343.

We would like to compare the absorption and emission of CLPE with C343 to
find if the derivatisation of C343 affects the spectroscopy. Unfortunately, the tendency
of CLPE to aggregate seems to limit this possibility. Unlike C343 and C343-

chloroaniline, CLPE contains a lipid group biologically designed to aggregate. Figure
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3.9 displays the absorption spectrum of CLPE in 9:1 methylene chloride:methanol. We
believe the double peaked spectrum arises from aggregation. Therefore, we found the
best way to compare CLPE with C343 is to compare their absorption and emission within
cyclohexane/lecithin/water reverse micelles. As we discussed in Chapter 2, we believe
C343 is solvated in-between lipid headgroups within the reverse micelles. We expect the
C343 substituent of CLPE to be solvated in a similar position. We might observe slight
differences arising from their slightly different locations. However, assuming CLPE
orients correctly with the C343 substituent within the headgroup region, we expect C343
and CLPE to have similar absorption and emission.

Figure 3.10 displays steady-state absorption and emission of C343 and CLPE in
cyclohexane/lecithin/water reverse micelles. Clearly, the spectra are very similar.
Because the absorption spectrum of CLPE is very similar to C343, which we have
previously determined resides inside the reverse micelles (see Chapter 2), we believe that
the CLPE fluorophore resides in the same environment. Second, the CLPE absorption
spectrum displays a single peak that is only slightly narrower than C343 in the same
environment. We would expect significant broadening or additional peaks identifying the
differing environments if a percentage of the CLPE molecules were aligned counter to
the pervading lecithin orientation. The parent fluorophore, C343, shows strong spectral
dependence on solvent allowing its location in a heterogeneous sample to be
determined[12-14]. The similarities in both the emission and absorption spectra indicate
that the CLPE fluorophore is inside the micelles.

Figure 3.11 shows the absorption and emission of CLPE in

cyclohexane/lecithin/water reverse micelles as a function of hydration. In Chapter 2, we
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observed red-shifting with increasing hydration for the C343 absorption and emission
spectra in the same reverse micelles. The CLPE emission spectra show similar hydration
dependent spectral shifting. In fact, the overall shift observed for CLPE from w = 2.4 to
w = 6.4 is very similar to what we observed for C343. Again, this result is strong
evidence CLPE is correctly aligned within the lecithin interface. If a percentage of CLPE
molecules were incorrectly aligned, we would expect a corresponding proportion of the
emission spectra to be insensitive to the hydration level. It also indicates that the CLPE
resides in a similar environment as the C343. Figure 3.11 also shows that unlike the
emission spectrum, the absorption spectrum of CLPE shows little hydration dependence.
We are unsure as to why this is occurring. As we will refer to in subsequent chapters,
this seems to be a general property of CLPE.

The most crucial test for CLPE’s viability as a solvation dynamics probe was
whether its spectral response accurately reflects solvent motion. In standard solvation
dynamics probes, the intramolecular reorganization is small relative to the solvent
reorganization and occurs on a time scale faster than we detect. However, it is possible
that covalent attachment of the nonrigid PE to the fluorophore could introduce longer
intramolecular vibrational relaxation pathways. To assess this issue and its effectiveness
as a probe of solvation dynamics, we reproduced solvation dynamics measurements of
cyclohexane/lecithin/water reverse micelles obtained with C343 (see Chapter 2) with
CLPE as the probe. Table 3.2 lists results from these experiments. If the CLPE resided
in a slightly different position or location within the micelles, we would expect some

discrepancy between the dynamics observed with CLPE vs. C343. However, as shown in
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Table 3.2, the results are remarkably similar. These results prove CLPE aligns correctly

within the reverse micelle and detects the same dynamics as C343.

Table 3.2. Measured solvation dynamics components in cyclohexane/lecithin/water
reverse micelles as a function of probe and hydration. C(t) = JZ. a;*exp(-t/t;).

Environment a T)/fs az T2/ps_ a; 1y/ps
C343inw= 0.100 + 420 + 30 0.17 + 17+7 0.74 + 340 + 100
5.8 reverse 0.003 0.03 0.07

micelles

CLPEinw= 0.1110.01 620+10 | 0.2240.01 | 11+1 0.6810.01 210+10
6.4 reverse

micelles

C343inw= 0.13+001 | 570+70 0.25 + 14+1 0.62 + 320+ 40
6.8 reverse 0.01 0.02

micelles

In addition to time-resolved fluorescence Stokes shift measurements to assess the
solvation dynamics, we also compared results from time-resolved fluorescence
anisotropy of CLPE within cyclohexane/lecithin/water w = 6.4 reverse micelles with
related measurements for C343. Like C343 (see Chapter 2), CLPE has only one ~2 ns
rotational relaxation component. From these results, we conclude that C343 and CLPE
reside in very similar rotationally restricted environments.

In summary, we have synthesized C343-chloroaniline and CLPE via peptide bond
formation. We have shown either of these products can be synthesized by activating the
C343 with either TPP/DPDS or CDI, although TPP/DPDS is preferred. N-acylation of
the C343 carboxylic acid shows little if any change in the spectral characteristics of the
C343 chromophore. Most importantly, we determined CLPE is a viable solvation

dynamics probe of lecithin interfaces. Not only does CLPE correctly align within lipid
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aggregates so that the C343 substituent is solvated at the lipid/water interface, but also

detects the same dynamics observed with the underivatised C343 probe.
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Appendix 3-1

A. 'H-NMR of CLPE prepared with TPP/DPDS.
Product was dissolved in 9:1 CD,Cl,:CD;OD.
Spectrum was referenced to tetramethylsilane
(TMS) at 0.00ppm. The 7.02ppm proton from this
spectrum was used to normalize Figure 3.6.
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Appendix 3-11

A. PC-NMR of CLPE dissolved in 9:1
CD2C12CD3OD

B. PC-NMR of PE dissolved in CDCls.

C. BC-NMR of C343 dissolved in 9:1
CDzClzCD:,OD
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Appendix 3-111

A. FT-IR spectrum of CLPE (Nicolet-5SPC-FTIR).

B. FT-IR spectra of C343 (Nicolet-5PC-FTIR).

C. FT-IR spectra of PE (Nicolet-5PC-FTIR).

D. FT-IR spectra of C343-chloroaniline (Nicolet
Magna-IR 760).

E. FT-IR spectra of C343 (Nicolet Magna-IR 760).
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Chapter 4

Morphology as a Determinant of Solvation Dynamics
Within Aqueous Reverse Micelles

4.1. Introduction

As was introduced in Chapter 2, reverse micelles are important systems for
membrane interface research and can solubilize inorganic and organic solutes to increase
solute stabilization or catalytic activity. Lecithin reverse micelles were initially prepared
in simple solvents such as benzene and carbon tetrachloride[1-6]. Only serendipitously
did researchers find that lecithin organogels are produced in various saturated alkyl
solvents[7, 8]. Since their discovery, organogels have been the subject many studies and
have proved at least as important as the earlier studies of isolated reverse micelles (see
Chapter 2).

In contrast to lecithin reverse micelles prepared in cyclohexane that form
extended tubular structures with increasing hydration (see Chapter 2), researchers have
found lecithin reverse micelles prepared in benzene form spherical aggregates that retain
their spherical form with increasing hydration[4, 9]. Unlike cyclohexane reverse

micelles, the viscosity of the lecithin in benzene solution increases only minimally with
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increasing hydration{4]. Benzene reverse micelles form aggregates of about 80
monomers of lecithin{4, 9, 10]. The number of monomers per micelle remains relatively
constant as hydration is increased[9]. In contrast, the aggregation number for lecithin
reverse micelles prepared in cyclohexane increases dramatically with increasing
hydration up to the percolation threshold (see Chapter 2). The ternary phase diagrams for
both cyclohexane and benzene reverse micelles have been obtained by Shervani et
al.[11]. Reverse micelles can be observed at much higher water concentrations when
prepared in benzene as compared to cyclohexane.

In both reverse micelle systems, distinct water types are predicted to exist as the
hydration of the aqueous interior is increased[3, 12, 13]. As in Chapter 2, we define
hydration levels with w values. As we will discuss, vibrational and NMR spectroscopy
have shown that water interacts with the lipid headgroup in a similar fashion for both
systems[2, 3, 6, 12, 14-17]. All dynamical studies have shown water mobility is
significantly slower in reverse micelles and increases with increasing hydration[18-23].

Although most of the recent research concerning lecithin reverse micelles has
centered on understanding the properties and structure of the organogel, both spherical
and wormlike reverse micelles are used to model membranes and solubilize
macromolecules as a means for partial immobilization of enzymes{9]. We have found
that few examples exist that contrast the properties of the two different reverse micellar
systems[12, 24]. Most studies assume both spherical and wormlike reverse micelles are
equivalent mimics of lipid/water interfaces[8].

In this chapter, we propose that the reverse micelle morphology can produce a

dramatic effect on the structures and dynamics of the aqueous interior. In Chapter 2, we
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observed large differences between the dynamics observed within isooctane/AOT/water
reverse micelles and cyclohexane/lecithin/water reverse micelles[25, 26]. We argued that
because lecithin has a propensity to form more linear geometries, water is sequestered to
a larger degree, changing the expected water structure and dynamics. We believe the
same argument applies to benzene and cyclohexane reverse micelles because benzene
micelles remain spherical at all hydration levels. Therefore, we expect morphology to
play a role in the structure and dynamics within the reverse micelle interior. Wachtel et
al.[9] have shown that differences between the behavior of lecithin in benzene and
cyclohexane exist. They found B-D-glucopyranoside precipitated upon addition of water
in cyclohexane reverse micelles but not benzene. Differences in the structures and
dynamics between the two reverse micelles could explain differences in reverse micelle
solubilization properties and catalytic activity. In addition, because lipid morphology
plays a role in lipid function[27], we may be able to help explain how lipid structure and
dynamics relate to lipid function.

In this chapter, we determine the solvation dynamics of benzene/lecithin/water
reverse micelles as a function of hydration and compare the results with the previously
obtained dynamics of cyclohexane/lecithin/water reverse micelles from Chapter 2. We
expect morphology to play a similar role as we presented in Chapter 2 for the difference
between AOT and lecithin reverse micelles. Unfortunately, the benzene reverse micelle
system proved to be a difficult system to analyze. As we will discuss, we have concemns
that defined reverse micelle aggregates do not form in benzene at low hydrations.
Therefore our comparison between benzene and cyclohexane reverse micelles will be

limited to reverse micelles at elevated hydrations.
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4.I1. Experimental

4.II.A. Raw Materials

Lyophilized egg phosphatidylcholine (lecithin) was purchased from Avanti Polar
Lipids, Inc. Samples were stored at —10°C and were used without further purification.
Lecithin samples were always prepared from newly opened bottles. CLPE was used as
the fluorescent probe (see Chapter 3 for preparation). CLPE was stored in a desiccator
under vacuum. For comparison, we also prepared reverse micelles with C343 (Exciton,
Inc., used without further purification). Benzene was used without further purification
(Fisher, ACS certified). Added water was of high purity (Milli-Q filtered, 18.2 MQ/cm’
resistivity).
4.I1.B. Reverse Micelle Preparation

Approximately 2 mg of CLPE was dispersed in 500 mg of lecithin. This
corresponds to 340:1 molar ratio of lecithin:CLPE. In order to homogeneously disperse
the CLPE amongst the lecithin, the two components were co-solvated in 1:1 methylene
chloride:methanol followed by repeated evaporation and dispersion into benzene. This
procedure is described in detail in Chapter 3 for CLPE/lecithin/cyciohexane reverse
micelles. For comparison, reverse micelles were prepared with C343 instead of CLPE.
These samples were prepared with the exact same procedure as CLPE even though C343
does not need to be dispersed within the lecithin. The repeated evaporation decreases the
amount of inherent water included in lecithin. 'H-NMR analysis of the CLPE/lecithin
after the evaporation and dispersion cycles revealed 0.4 + 0.1 mol water per mol lecithin.

All reverse micelles were prepared by dissolving the lipids in 10 ml of benzene, adding
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the required amount of water, shaking overnight, and filtering through 0.1 um syringe
filters (PTFE, Whatman). We found that placing circulated samples under nitrogen
reduced CLPE oxidation. Therefore, all samples used in upconversion experiments were
placed in a vacuum tight sample holder. Samples were subjected to three freeze-pump-
thaw cycles before being placed under nitrogen.
4.IL.C. Particle Size Analysis

We performed particle size analysis of the reverse micelles using the dynamic
light scattering instrument. We found the error in the measured radii was larger than the
size difference among the different hydrated reverse micelles that were analyzed. Table
4.1 displays the results. We find that our reverse micelles have a radius of approximately
2.8 nm. Wachtel et al. found the their w = 1 reverse micelies to have a radius of 1.5
nm[9]. Assuming the water molecular volume is about 30 A’ and the reverse micelle
aggregation number is 80, Wachtel would measure w = 6 reverse micelles to have a
radius of 2.9 nm. Therefore, we find that our reverse micelles agree with previous

characterizations.

Table 4.1. Dynamic light scattering measurements of benzene/lecithin/water reverse

micelles.

Reverse Micelle Sample Particle Size/nm
w=24 2.5+05
w=44 28+08

w=§ 28+04
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4.I1.D. Fluorescence Upconversion Analysis

Analysis procedures were described in Chapter 1. Briefly, three different time
length transients were taken at each wavelength, namely, 2 ps, 33 ps, and 500 ps. Using
TCSPC, we found the lifetime of CLPE within the reverse micelles to be 2.5 ns at 480
nm while we found C343 in pure benzene to be 4.4 ns at 480 nm. Fluorescence transients

were fit taking these lifetimes into account (see Chapter 1).

4.111. Results and Discussion

4.IILLA. C343 as a Probe of the Reverse Micelle Interior

Before synthesizing CLPE, we first prepared w = S benzene/lecithin/water reverse
micelles with C343 to determine the extent to which it would reside within the aqueous
interior. C343 proved to be an effective probe of the reverse micelle interior of
cyclohexane/lecithin/water reverse micelles (see Chapter 2). Unlike cyclohexane,
however, C343 has a significant solubility in benzene. In general, coumarins are very
soluble in benzene because of their characteristic conjugated ring system.

Anisotropy revealed that C343, to a large extent, is not incorporated into the
reverse micelles. Time-resolved anisotropy revealed C343 in this micelle sample
rotationally relaxes with two components, a long 2.5 ns component and a shorter 35 ps
component. Table 4.2 lists anisotropy results obtained for benzene samples. Because the
faster time component of C343 dissolved in the reverse micelles is almost exactly the
same as C343 in pure benzene, we conclude the faster component arises from C343
dissolved in benzene unassociated with the reverse micelles. Based on the corresponding

amplitudes, we find that approximately 75% of the C343 molecules are freely dissolved
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in the benzene continuous phase. (We assume that C343 has the same lifetime whether

dissolved in benzene or incorporated into the reverse micelles.)

Table 4.2. Anisotropy of C343 and CLPE in different environments.

Sample' a3 T a; T2 0.
C343 in Pure Benzene 100% 38.5 + 0.6 ps - - -
C343inw=5

Benzene/Lecithin/Water 720+0.5%|353+05ps [280+03% | 25ns* | -
Reverse Micelles

CLPE inw=24
Benzene/Lecithin/Water 175+0.5% | 62+7ps |825+05% | 25ns | 14°
Reverse Micelles

CLPEinw=44
Benzene/Lecithin/Water 196+08%| 59+6ps |[804+08% | 2.5ns* | 15°
Reverse Micelles

CLPEinw=64
Benzene/Lecithin/Water 18+2% | 90+20ps | 82+2% | 25ns* | 15°
Reverse Micelles

"Amplitudes have been normalized for easy comparison. Actual amplitudes ranged from
0.36 to 0.4 when added together.
*Long time components were beyond the measured timescale of the experiment. Fits to
data held this component constant.

Static spectroscopy also indicates that very few of the C343 molecules are
incorporated inside the reverse micelles. Figure 4.1 shows the absorption and emission
spectra of C343 dissolved in benzene/lecithin/water reverse micelles as a function of
micelle hydration. Because only about 25% of the C343 molecules are incorporated into
the reverse micelles, micelle hydration to has little influence on the absorption and
emission of C343. These results confirm our expectation that C343 would not be a viable
probe for benzene reverse micelles. In addition, they verify our ability to recognize the

environmental position of the solvated probe.
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4.111.B. CLPE as a Probe of the Reverse Micelle Interior

We probed benzene/lecithin/water reverse micelles as a function of hydration,
similar to the analysis of cyclohexane/lecithin/water reverse micelles in Chapter 2. Table
4.3 summarizes the solvation dynamics we observe for benzene reverse micelles as a
function of hydration. The most striking trend displayed in Table 4.3 is the fast 100 - 200
fs component as a function of hydration. At the w = 2.4 hydration, this component
accounts for 40% of the solvent relaxation. We contrast this with Chapter 2 results that
found at the w = 4.8 hydration level, cyclohexane reverse micelles show no relaxation
faster than 200 ps. At the same time, the fast component for benzene reverse micelles
does not grow in amplitude with hydration as we observed with cyclohexane reverse
micelles. Instead the amplitude dips in value at the w = 4 4 hydration level before

increasing again at w = 6.4 hydration level.

Table 4.3. Measured solvation dynamics components in benzene/lecithin/water reverse
micelles as a function of hydration. C(t) = 3 a;*exp(-t/t;).

Sample a T/fs az T2/ps a3 T3/ps
Coumarin
153 in Pure 037 234 0.60 1.89 0.03 25
Benzene'
w=24 038+001 | 145+5 | 021+001 | 8+1 | 041 +£001 | 240 +20
w=44 029+002 | 100+10} 0.18+002 { 10+2 | 0.53+002 | 190+ 10
w=64 060+£001 | 85+3 0.16+001 { 5+1 [ 024 +0.01 | 160+20

TObtained from ref. [28].

The results are not easily interpreted and may indicate that CLPE does not probe

the reverse micelle interior at low hydration. The work of Maitra et al.[12] showed

benzene/lecithin/water reverse micelles at low hydration have a considerable number of

lecithin monomers present. They have found that only at hydration levels above w = 8 do
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the nonaggregated monomers disappear. Therefore, it is possible a significant fraction of
CLPE molecules are dissolved in the reverse micelle system as free-floating monomers or
submicellar aggregates. We expect CLPE to have a greater propensity to be solvated as
submicellar aggregates than do lecithin monomers because the charged ammonium
headgroup moiety has been replaced with a benzene soluble dye molecule. Therefore,
submicellar aggregates may need to be even a greater consideration for us than for Maitra
et al.

The existence of solvated submicellar aggregates at low hydration does not
present a significant problem in cyclohexane reverse micelles. Capitani et al.[24] used
'H-NMR analysis of lecithin in cyclohexane with little water present and found
significant aggregation. The same analysis was performed on a comparable lecithin in
benzene system and they found little aggregation. In addition, work by Hayashi et al_[29]
found the critical micelle concentration (CMC) of dipalmitoylphosphatidylcholine
(DPPC, alipid very similar to lecithin) to be two orders of magnitude greater in benzene
than in cyclohexane. Clearly, the monomer effect is more significant for benzene reverse
micelles. However, we stress that studies find that solvated monomers are less of a
concern as the hydration of lecithin increases or the lecithin concentration increases
above the CMC[4, 12].

For comparison in Table 4.3, we have included the solvation response of benzene
determined by Maroncelli et al.[28] using Coumarin 153 as the solvated probe. (We have
also measured the benzene response in our laboratory with similar resuits.) The benzene
response is characterized by a significant fast component that occurs over a 230 fs

timescale. It is possible that the fast component we observe in benzene reverse micelles
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anises from benzene and not fast aqueous dynamics inside the reverse micelles. At the
same time, it is difficult to rationalize a 40% fast relaxation component arising from the
interior of a w = 2.4 reverse micelle. However, if CLPE is solvated as submicellar
aggregates, there is certainly an equilibrium between submicellar and micellar
incorporated states because the solvation dynamics change with increasing hydration of
the reverse micelle sample.

If CLPE exists as submicellar aggregates at low hydrations, this could explain the
amplitude of the fast relaxation component as a function of hydration. Specifically, at the
low hydration level, w = 2.4, a significant fraction of CLPE molecules would exist as
submicellar aggregates and the fast component would correspond to the fast response of
benzene. At a higher hydration level, w = 4.4, CLPE becomes significantly incorporated
within the reverse micelles and the benzene response drops off. However, at this
hydration level, it may be possible that the reverse micelle interior begins to show fast
relaxation on this timescale. If the hydration level is increased further, w = 6.4, CLPE is
fully incorporated into the reverse micelles but the fast relaxation becomes more
significant within the micelle interior.

We also report static spectroscopy, fluorescence quenching, and time-resolved
anisotropy measurements of CLPE in benzene reverse micelles. They all lend little
support or refute of the theory that CLPE dissolves as submicellar aggregates at low
hydration. Static spectroscopy results suggest that CLPE is incorporated into the reverse
micelles with no indication CLPE resides in more than one environmental location.
Figure 4.2 displays the absorption and emission spectra of CLPE in

benzene/lecithin/water reverse micelles as a function of hydration. For comparison,
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benzene/lecithin/water reverse micelles as a function
of hydration and C343 in pure benzene.
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Figure 4.2 also displays the absorption and emission of C343 dissolved in pure benzene.
First, we find that the absorption and emission bandwidths associated with CLPE are
broader than C343 in pure benzene indicating CLPE resides in a more heterogeneous
environment. We also find that the CLPE spectra are shifted relative to C343 in pure
benzene. This suggests CLPE is incorporated into an environment different from pure
benzene. Itis possible the attachment of PE to C343 has changed the electronic structure
of C343 and therefore a direct comparison between the spectroscopy of C343 and CLPE
is unwarranted. However, we have shown in Chapter 3 that the spectroscopy of C343
remains largely intact after covalent attachment of PE (see Figure 3.10).

If we compare the absorption and emission spectra of CLPE as a function of
hydration, we find little evidence for CLPE residing in more than one environmental
location. In Figure 4.2b we find that the emission spectra shifts continuously to red
wavelengths as hydration increases. First, this indicates CLPE is sensitive to the micelle
water loading and is therefore incorporated within the aqueous interior. However, CLPE
may still be only partially incorporated into the reverse micelle interior and still display
this trend. Following this possibility, if a fraction of CLPE were not incorporated within
the micelle, we would expect to see a portion of the emission spectrum that was
insensitive to hydration. Clearly, the emission spectrum shifts continuously with
hydration and does not reveal the presence of a hydration independent CLPE population.
In Figure 4.2a we find that the absorption spectra display little hydration dependence.
We have already presented in Chapter 3 that the absorption spectrum of CLPE in

cyclohexane reverse micelles has little response to hydration (see Figure 3.11a).
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We also measured the absorption of CLPE in benzene. Figure 4.3 displays the
absorption of CLPE in pure benzene along with C343 in pure benzene, CLPE inw =24
benzene reverse micelles, and CLPE in w = 6.4 cyclohexane reverse micelles. The most
obvious characteristic of CLPE in pure benzene is the large bandwidth associated with
the absorption. This suggests CLPE is self-aggregating which we would expect. We
have already presented evidence for this in Chapter 3 (see Figure 3.9). Most important is
that the peak is shifted relative to CLPE in w = 2.4 benzene reverse micelles. If CLPE
existed in this aggregate state at the w = 2.4 hydration level, we would expect a small
hump or broad background in the spectrum corresponding to the dissolved submicellar
aggregates. We do not observe such a hump. However, because the spectrum is so
broad, the fraction of CLPE molecules in the submicellar aggregate state may be to low
to be detected in the absorption spectrum. Also, Figure 4.3 shows that the absorption of
CLPE in benzene reverse micelles is shifted significantly relative to CLPE in
cyclohexane reverse micelles. We have found that the CLPE absorption maximum is
about 425 nm for cyclohexane reverse micelles (Chapter 3) and vesicle interfaces
(Chapter 5), as well as C343 in cyclohexane reverse micelles (Chapter 2). Therefore,
CLPE’s absorption maximum in benzene reverse micelles being 432 nm is an exception
to the rule.

Another method we used to determine the location of CLPE in the benzene
reverse micelles was fluorescence quenching. The goal was to extinguish CLPE’s
emission with a quencher only soluble in either the aqueous interior of the reverse
micelles or the organic continuous phase. The degree of quenching would indicate the

fraction of CLPE molecules located inside and outside the reverse micelles. Prior to
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quenching CLPE, we measured quenching of C343. If quenching was observed, we then
attempted to quench CLPE in reverse micelles. Quenchers used were: 1-bromobenzene,
1-chlorobenzene, potassium iodide (KI), fluorescein, and manganese dichloride (MnCl>).
Only KI and MnCl; quenched C343 in bulk water. However, absorption and emission
spectra indicated some interaction of C343 with all the quenchers. Despite their
effectiveness in bulk water, KI and MnCl; did not quench fluorescence within lecithin
reverse micelles regardless of the probe. We did observe quenching of C343 by 0.5M KI
in AOT reverse micelles. Thus, results from these experiments were inconclusive.

As a final test in locating the position of CLPE in benzene micelles, we performed
time-resolved anisotropy measurements as a function of hydration. The results are
displayed in Table 4.2. At all hydration levels, we observe a fast rotational relaxation of
about 60 ps and a slow relaxation that we have held constant at 2.5 ns. (2.5 ns proved to
be a convenient time component to approximate the collective rotational diffusion time of
benzene reverse micelles.) As discussed in Chapter 1, the appearance of two time
components may be the result of one of two situations: 1) the emission may arise from
two different sources, or 2) a single source residing in an inhomogeneous environment
may display two modes of rotational relaxation, that is, fast wobbling motion and
rotational diffusion of the collective micelle aggregate. One could argue that C343 is an
impurity in the synthesized CLPE. In fact, as we discussed in Chapter 3, C343 is indeed
an impurity. However, we believe no more than 5-10% mol/mol of the CLPE sample is
C343. Thus free C343 can not account for an anisotropy component that accounts for
20% of the relaxation. More importantly, the rotational relaxation is too slow to

correspond to C343 in benzene (see Table 4.2). Also, it is possible that a fraction of the
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CLPE submicellar aggregates are dissolved in the organic continuous phase and therefore
are the source of the 60 ps component. We find this highly unlikely by comparing the
time components. CLPE is more than three times the molecular weight of C343 and
probably greater than this if it exists as submicellar aggregates. Therefore, we would
expect the rotational relaxation to be greater than 100 ps.

We conclude the fast anisotropy component refers to a wobble motion of CLPE in
an aggregated state. Because there is a possibility submicellar aggregates of CLPE have
rotational relaxation longer than the resolution of our measurements (>1 ns) we find the
data to neither support nor refute the presence of submicellar aggregates. As presented in
Chapter 1, we can convert the amplitude of the wobbling motion into a corresponding
cone angle of motion. We have used equation 1.4 to determine the cone angles presented
in Table 4.2. We compare cone angles to suggest the structure of the interface; greater
cone angles indicate a less restricted interface. According to Table 4.2, hydration has
little effect on the structure of the lipid/water interface within benzene reverse micelles.
This finding contradicts previous studies by others. Using *'P-NMR, the phosphorous
moiety within the lecithin headgroup shows increased mobility with increasing hydration
of benzene/lecithin/water reverse micelles[2, 3].

In light of the inconclusive nature of the benzene reverse micelles as a function of
hydration we hesitate to interpret solvation dynamics results in terms of an increasing
spherical cavity. While static spectroscopy, quenching measurements, or anisotropy
measurements can not confirm or refute it, we find it possible that at low hydration levels
CLPE may not be incorporated into organized spherical micelles. Therefore we choose

to not compare the dynamics we observe within the micelles as a function of hydration.
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Instead, we compare benzene reverse micelles with cyclohexane reverse micelles at the w
= 6.4 hydration level. At this hydration level, benzene reverse micelles should be well
formed organized aggregates[12]. In addition, the reverse micelles are prepared at
concentrations fifty times above the CMC[30, 31]. We are confident the dynamics we
measure within these reverse micelles represent motion within fully organized reverse
micellar aggregates.

4.1I11.C. Comparison of Benzene and Cyclohexane w = 6.4 Reverse

Micelles

In Chapter 2, we showed that cyclohexane reverse micelles bind a greater amount
of water than was predicted by IR and NMR techniques. We contended that at least 4.8
water molecules per headgroup became incorporated into the headgroup region. These
results were contrasted with AOT spherical reverse micelles that indicate that much less
water becomes incorporated into the headgroup region. While the different surfactant
headgroups of AOT and lecithin certainly play a role in determining the amount of water
that binds to the headgroup, we contend that the differing morphology, of the spherical
vs. wormlike reverse micelles, also plays a role. More specifically, we argue that lecithin
must sequester water into the headgroup region to form wormlike tubular micelles. We
expected to find the amount of bound water to reflect IR and NMR predictions in
benzene reverse micelles like we found for AOT in Chapter 2. These reverse micelles are
spherical, therefore, they sequester water into the headgroup region only because of
specific headgroup water interactions which IR and NMR are most sensitive to (see
Chapter 2). As opposed to AOT, this experiment directly tests our hypothesis because

the surfactants were identical, only the organic continuous phase and morphology varied.
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In addition to morphology effecting water pool structure, we also believe the
morphology is related to the micelle structure as a whole. We theorize that the formation
of wormlike tublular micelles in cyclohexane are driven by the propensity of the lecithin
alkyl chains to exclude organic solvent and form more linear geometries. The opposite is
thought to be true for benzene reverse micelles with benzene acting as a cosurfactant,
thus facilitating the spherical structure[12]. If benzene acts as a cosurfactant, then one
would expect the benzene intercalation between lecithin molecules to lead to reduced
order of the alkyl tails. This interpretation is supported by IR spectral studies. Cavallaro
et al. have probed cyclohexane reverse micelles using IR spectroscopy(32]. They
assessed the lateral packing order of the alkyl chains by comparing the C-H stretching
modes at 2855 and 2930 cm™’, corresponding to methylene symmetric and asymmetric
stretching modes. They argue that a decrease in the ratio 4930/4 2555 indicates increased
packing order. This is borne out in their studies comparing reverse micelles with varying
hydration where they show that packing order increases at higher hydration levels. In
contrast, the same kind of analysis for IR data of benzene reverse micelles[16] shows a
higher ratio for the same hydration level. This indicates that the alkyl tails in the
benzene/lecithin/water reverse micelles are less organized than in cyclohexane. This
would undoubtedly impact the organization of the headgroups as well and could lead to
less strongly bound water at the benzene interface because the interfacial order is
reduced.

We observe a significant difference in the time-resolved anisotropy of CLPE in
benzene and cyclohexane reverse micelles. Anisotropy measurements in cyclohexane

were discussed in Chapter 3. There, we found no subnanosecond rotational relaxation,
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indicating CLPE is rotationally restricted within the wormlike micelles. In contrast,
Table 4.2 reveals that CLPE in benzene micelles shows a wobbling component and
samples a conical angle of about 15°. Therefore, supporting our theory that benzene
reverse micelles are more disordered aggregates than cyclohexane reverse micelles, we
find that the lipid/water interface within benzene reverse micelles is significantly less
ordered than the cyclohexane reverse micelles. We expect the reduced interfacial order
to influence the solvation dynamics as well.

Table 4.4 displays the solvation dynamics measured in w = 6.4 benzene and
cyclohexane reverse micelles. Both amplitudes and time constants show that solvent
motion in benzene reverse micelles is substantially faster than in cyclohexane. Figure 4.4
shows the time correlation function for benzene and cyclohexane reverse micelles
demonstrating this difference. In addition to the dynamics, Table 4.4 also lists the overall
shift in fluorescence peak maximum, indicated by Avm.,. We find that benzene reverse
micelles have a greater Avmax. All these measurements show that CLPE detects a more

disorganized lipid/water interface within benzene reverse micelles.

Table 4.4. Measured solvation dynamics components in w = 6.4 benzene/lecithin/water
and cyclohexane/lecithin/water reverse micelles. C(t) = 3; a;*exp(-t/t;).

Sample a /s 8 _4/ps a ty/ps Avg/om™!

CLPE in
Benzene
w=64 0.60+0.01 85+3 0.16 £ 001 5+1 {024+001 | 160+20 858
Reverse
Micelles

CLPE in

Cyclohexane
w=64 0.11+£001 | 620+10 | 022+001 | 111 | 0681001 | 210+10 625
Reverse
Micelles
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Figure 4.4. Time correlation function determined for
w = 6.4 benzene and cyclohexane reverse micelles.
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The differences we observe between benzene and cyclohexane reverse micelles
are surprising based on previous studies by other workers using primarily NMR and IR
spectroscopies. These studies measured properties of a particular group within the
reverse micelle interior and observed how the given property changed with hydration. In
general, these studies find that whether the reverse micelle is prepared in benzene or
cyclohexane, the groups behave similarly. For example, *'P-NMR studies in both
benzene(2, 3] and cyclohexane{ 14, 15] find that phosphorous mobility steadily increases
with hydration. Likewise, IR spectra of headgroup P=0 and C=O0 stretching frequencies
show increased water interaction with increasing hydration for both benzene and
cyclohexane reverse micelles[6, 14, 16, 17]. Also, OH stretching of water behaves
similarly with increasing hydration for both systems[12, 16]. We note that some of the
papers cited above do show differences once the hydration of the cyclohexane reverse
micelles reaches the percolation threshold (see Chapter 2). However, at the w = 6.4
hydration level the reverse micelles are below the percolation threshold and therefore
these studies predict similar behavior for the different reverse micelles.

As we discussed in Chapter 2, some workers have used NMR and IR studies to
denote and quantify different water types within the reverse micelle interior, namely,
strongly bound, bound, and free. If we estimate the proportion of free water within w =
6.4 benzene and cyclohexane reverse micelles based on our dynamical results, we find IR
and NMR predictions to match what we find in benzene reverse micelles more closely
than cyclohexane reverse micelles. Based on results presented in Chapter 2, we estimate
that only about 1 water molecule per headgroup in cyclohexane reverse micellies can be

labeled free water at the w = 6.4 hydration level. Conversely, solvation dynamics results
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for benzene reverse micelles indicate 60% of the solvent relaxation is subpicosecond or
“free” in response. As only an estimate, these results suggest that about 3 - 4 water
molecules per headgroup are free water. We can most easily compare our estimates with
the findings by Maitra et al.[12] They estimated the fraction of bound and free waters for
benzene and cyclohexane reverse micelles in the same paper and found there are
approximately equal numbers of the two water types in both reverse micelles at the w =
6.4 hydration level. Boicelli et al. found the same result but only for benzene reverse
micelles[13]. We should also mention that various older studies concluded free water
does not appear to be present in benzene reverse micelles until hydration levels exceed w
=8 - 10[2, 5, 6]. Our results suggest that this is not the case.

As part of our theory presented in Chapter 2, we concluded that the formation of a
core water pool within the reverse micelle is a prerequisite for the appearance of free
water type relaxation. We propose that the spherical nature of the benzene reverse
micelles facilitates core water pool formation where cyclohexane reverse micelles do not.
This hypothesis is strongly supported by recent calculations by Faeder and Ladanyi who
have simulated the water in a model AOT reverse micelle[33]. They observe a bulklike
water pool forming for w =S. In reverse micelles formed with the nonionic surfactants
Triton X-100 and Brij-30, the solvation dynamics are significantly faster in the system
that forms spherical droplets(34]. This may indicate the formation of a spherical water

pool in the micellar interior with bulklike ultrafast water relaxation.
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4.IV. Conclusions

We have synthesized a lipophilic probe molecule that has allowed us the
investigate the solvation dynamics of water in benzene/lecithin/water reverse micelles.
Unfortunately, the possible presence of unincorporated CLPE submicellar aggregates at
low hydration levels keeps us from analyzing benzene reverse micelle dynamics as a
function of hydration. However, by comparing the reverse micelles with elevated
hydration levels, we find that in the benzene based reverse micelles, the solvation
dynamics are significantly faster than in the cyclohexane gel at the same hydration level.
We attribute these results to a combination of morphology in the benzene reverse
micelles that supports water pool formation and to a reduced amount of order in the

micellar interface that arises from the spherical nature of the micelles.
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Chapter §

Solvent Motion at Lecithin Vesicle Interfaces

5.1. Introduction

Most of the fundamental biochemical functions in cells involve membranes at
some point[1]. Cellular tasks performed by membranes include providing the barrier that
encloses cellular compartments, actively passing ions or molecules inside and out of
compartments, transmitting information through conformational changes induced in
membrane components, housing enzymes that catalyze transmembrane reactions, and
providing a substrate for membrane-bound reactions. Essentially, membranes consist of
lipid bilayers composed of two oppositely aligned phospholipid layers with polar
headgroups facing towards the polar exterior/interior and nonpolar lipid chains facing
inward towards the opposite layer. Living membranes can be very complex, composed
of various phospholipid types and lipid solvated sterols and proteins. To understand
cellular functions, we need to understand membrane properties such as motion, structure,
and organization.

In particular, the chemical composition and physical properties of the headgroup
domain are important to membrane function. Water/headgroup interactions have been
shown to be influential in such cellular activities as vesicle fusion[2]. The lipid interface
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is also believed to be an important barrier in the passive transport of small molecules and
ions across the membrane[3]. In addition, phospholipid surfaces have been shown to
catalyze protein activation{4]. To understand these cellular activities, we need to
understand how the headgroup region is organized, both in physical composition and
time evolution. We need to know what dynamics occur at the interface and how those
dynamics are a function of the various water and headgroup interactions that are present.
In order to understand the cellular function of living membranes, researchers
typically find that simplified model membranes are more easily interrogated than real
biological samples. Model membranes consisting of simple one-component or few-
component phospholipid bilayers have played a seminal role in the study of membranes.
Such a simplistic approach is deemed absolutely necessary in order to take full advantage
of modern physical experimental techniques including, magnetic resonance spectroscopy
(NMR and ESR), differential-scanning calorimetry, micromechanics, and scattering and
diffraction techniques[5]. One of the reasons we previously interrogated reverse micelles
composed of phospholipids was to determine dynamics that would be theoretically
similar to dynamics present at membrane interfaces (see chapters 2 & 4). In theory,
reverse micelles represent a simple membrane composed of a single water/lipid interface.
However, reverse micelles restrict a small water pool instead of bordering into bulk
water. Also, because lipid chains align in bilayers for vesicles while they align into an
organic phase in reverse micelles, lipid-chain interactions might influence
water/headgroup properties in different ways for the two systems. Therefore, a more
realistic representation of a living membrane would be a liposome. Liposomes are

spherically shaped vesicles composed of lipid bilayers with an aqueous buffer inside and
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out. We will be using the terms liposomes and vesicles interchangeably. Unilamellar
liposomes can be prepared, representing the simplest yet structurally similar cellular
membrane mimic[6].

Various studies using model membranes have shown that the lipid interface
represents a structurally restricted environment relative to the properties observed in bulk
water. There is considerable evidence that water forms strong associations with various
polar moieties of lipid headgroups. Polar headgroups of phospholipids interact through
an extensive network of hydrogen, ionic, and covalent bonds. Inter- or intra-molecular
hydrogen bonds can occur between the hydroxyl, phosphate, amino, ester C=0, and
carboxylic acid groups{7]. The molecular dynamics simulation performed by
Pasenkiewicz-Gierula et al. revealed that 70% of a lipid membrane composed of
dimyristoylphoshatidylcholine (DMPC) molecules are linked by water bridges via
hydrogen bonds(8].

As the work by Pasenkiewicz-Gierula et al. seems to suggest, water participates in
the structure and organization of lipid bilayers. Studies have shown the ordering of
model membranes is strongly dependent on water concentration. It has been observed for
PC bilayers that the orientational order of lipid solvated probes is significantly reduced
by an increase of water content[9, 10]. Molecular dynamics simulations have also shown
that significant artifacts in orientational polarization and potential profiles associated with
the headgroup domain result when simulations include varying amounts of water{11].

Much of our understanding of the lipid/water interface comes from research
surrounding the hydration forces of lipids[12]. These are forces that dominate the

interaction of all phospholipid membranes as they approach within 1-2 nm of each other.
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Bilayers are covered with a layer of polar groups that must hold onto the solvent into
which they would otherwise dissolve. The tenacity of holding this water is part of a
natural tension in amphiphilic aggregates, a balance between the high energy of a
hydrocarbon/water interface and the energy lowering adsorption of solvent. Essentially,
it costs energy to remove the water, and therefore, two approaching lipid surfaces tend to
repel each other. This force is usually referred to as the ‘hydration force’ because it was
initially ascribed to the ordering of water molecules[11]. However, another possible
source of the repulsion is direct interaction of the surfaces by protrusion of flexible
groups. Some simulations suggest that the force is a result of both solvent and steric
interactions but separating the contributions is extremely difficult[11, 13]. Thisis
because lipid composition tends to alter both the degree of water polarization and the
dynamic protrusion of the lipid interface.

Studies surrounding the hydration force of lipids reveal that water forms a variety
of lipid associations and the polarization of water, induced by the bilayer, extends several
nanometers into the bulk water solution. As hypothesized for DMPC bilayers[14], water
can occupy three different situations while interacting with membranes: it can be i)
tightly bound to the polar headgroups at the interface, ii) trapped in the intermembrane
space where it swells the system, and iii) free from the membrane phase, when it is
present in excess and macroscopically separated from the hydrated membrane
system[15]. ’H-NMR studies have shown as few as 5 and as many as 16 waters per lipid
can be strongly bound and indicate as many as 23 waters per iipid can be ‘associated’
with the bilayer{16, 17]. Simulations performed by Perera et al. found the perturbed

water interface to have a width of 1.22 nm, indicating two layers of perturbed water
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molecules line the membrane surface[18]. However, whether water can be broken down
into more than two tvpes, strongly bound and free, as we have postulated in chapter 2,
remains controversial{19].

On top of determining the organization and dynamics at bilayer interfaces, we
would also like to understand under what conditions the interface changes and to what
degree. Cholesterol is the main sterol of animal organisms and plays a central role in
modulating chemical and physical properties of membrane bilayers in eukaryotic
cells[20]. The structure of cholesterol along with other pertinent structures is shown in
Figure 5.1. A large number of studies of cholesterol/phospholipid bilayer model
membranes have been carried out, using a wide range of physicochemical techniques[21-
24].

These studies have found cholesterol to have a dramatic effect on the ordering of
lipid phases. Briefly, cholesterol incorporation into bilayers has four effects: first, it
broadens and eventually eliminates the cooperative gel to liquid-crystalline phase
transition of phospholipid bilayers; second, it decreases the area per molecule of the
liquid-crystalline state; third, it increases the orientational order of the hydrocarbon
chains of liquid-crystalline bilayers; and fourth, it decreases the passive permeability of
phospholipid bilayers above their gel to liquid-crystalline phase transition
temperatures[25]. Because cholesterol tends to order lipid bilayers, it appears that an
important role of cholesterol is to make the membrane insensitive to changes in the
external environment, such as high hydrostatic pressure{26]. Essentially, cholesterol

seals and orders bilayers in the liquid-crystalline phase.
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HO Cholesterol

Phosphatidylcholine (Lecithin)

Figure S.1. Chemical structures of cholesterol, our
probe molecule (CLPE), and the phospholipid used to
prepare vesicle bilayers (lecithin).
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Although we currently know a considerable amount about the overall effect of
cholesterol on phospholipid bilayer phase transitions, our understanding of phospholipid-
cholesterol interactions at the molecular level, especially at the polar headgroup
interfacial region, is incomplete[25]. We do know that the presence of cholesterol results
in a red shift in the fluorescence of 1-(4-trimethyammonium-phenyl)-6-phenyl-1,3,5-
hexatriene (TMA-DPH) and 2-dimethylamino-6-lauroylnaphthalene (Laurdan){27, 28].
The red shift is interpreted as an indication that cholesterol dehydrates the probe
environment. Both probes are thought to sit alongside lipid chains but in a region
between the headgroups and lipid chains. In addition to spectroscopic experiments,
several simulations have predicted the behavior of cholesterol. Robinson et al. reported
that cholesterol has two preferred locations: the cholesterol hydroxyl group either
interacts with the DMPC carbonyls deep within the bilayer or it interacts with the
headgroups and water closer to the interface[29]. Other simulations have also found that
cholesterol tends to position itself deep within the bilayer so that only the hydroxyl group
is in contact with the headgroup domain. Because of this cholesterol acts as a spacer
between headgroups[30, 31]. Whether the spacing results in greater headgroup mobility
remains controversial. To what extent the headgroup/water structure is changed by the
presence of cholesterol remains unclear.

In this chapter, we report on lipid interface solvation dynamics for two different
vesicle systems. First, we measure the ultrafast motion at a lecithin vesicle interface.
This represents the first time ultrafast motion has been measured at a lipid bilayer
interface. We should note that two other papers by Datta et al.[19] and Hof et al.[32] also

measured solvation dynamics associated with lipid vesicles. However, neither group was
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able to detect motion on a timescale below 50 ps. In addition, neither group specifically
interrogated the headgroup domain as our work does. We compare the dynamics we
observe with bulk water dynamics to understand to what degree the lipid interface is a
restricted environment. In addition, we compare the lipid vesicle motion to the motion
we measured previously in reverse micelles (see chapter 2). The comparison indicates
how well a reverse micelle interface serves as a bilayer interface mimic. Second, we
measure the motion of lecithin vesicle interfaces with 33 mol percent cholesterol
incorporated within the bilayer. We compare the observed motion to dynamics at the
vesicle interface in the absence of cholesterol to determine the effect cholesterol has on
headgroup domain dynamics. By comparing these results to NMR and molecular

dynamic studies, we postulate on the organization of the headgroup region.

S.11. Experimental

S.II.A. Sample Preparation

Lyophilized egg phosphatidyicholine (lecithin) was purchased from Avanti Polar
Lipids, Inc. Samples were stored at —70 °C prior to use and were used without further
purification. CLPE was synthesized according to methods outlined in Chapter 3. CLPE
was stored in a vacuum desicator. Cholesterol (5-cholester-3B-ol, 99+%, Sigma) was
stored at —10 °C prior to use and used without further purification. Phosphate buffered
saline (PBS) solution[33] was prepared by adding 2.56g sodium dihydrogen phosphate
and 22 48g disodium hydrogen phosphate heptahydrate into approximately 500ml of
water (Milli-Q filtered, 18.2MQ/cm? resistivity) and the pH was adjusted to 7.2-7.4 with

a pH poteniometer. Then, 87.66g sodium chloride was added before finally bringing the
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total volume to 1.0L with additional water. Final solutions were diluted 10:1 in water
before use.

Liposomes were prepared according to the procedures outlined by New([6].
Lecithin vesicles were prepared by weighing 166 mg egg PC into a cuvette, while 111 mg
egg PC and 28 mg cholesterol were weighed for cholesterol vesicles. The cholesterol
vesicles were prepared with a 2:1 lipid:cholesterol mole ratio that proved to be near the
saturation limit for these vesicles. 2 mg of CLPE was added to each of the samples.
Amounts correspond to a 75:1 molar ratio of lipid:labeled lipid. To allow complete
dispersion of the CLPE with the egg PC, cuvette contents were dissolved in 1:1
chloroform:methanol solvent mixture. Organic solvent was then removed by blowing
nitrogen gas over the sample. Further drying was accomplished by placing the cuvettes
in a vacuum desicator overnight. Dry lipids were dispersed in 10 ml of PBS solution.
The PBS solution was first purged of oxygen gas by lightly bubbling nitrogen gas
through the solution immediately before addition.

If phospholipids are dispersed into aqueous solution with minor shaking,
multilamellar vesicles are formed. However, our research required unilamellar vesicles
to ensure we were probing water/headgroup dynamics. One way this is accomplished is
by forming vesicles with diameters smaller than several hundred nanometers. New{6]
outlines various procedures for preparing small unilamellar vesicles (SUV).

We initially attempted to prepare SUV’s utilizing a lipid extruder (Prof. Graham,
CSU, Physiology Department; The Extruder, Lipex Biomembranes, Inc.). Aqueous lipid
dispersions were squeezed through polycarbonate 100nm filters with pressurized nitrogen

gas. Filtered dispersions produced vesicles of about 90nm in diameter with little loss of
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lipid material on the polycarbonate membrane. Unfortunately, at the lipid concentrations
we wished to work at (approx. 25 mg/ml), the vesicle solution appeared milky white even
with repeated filtration of up to 30 times. Only at lipid concentrations of 1 mg/ml did the
filtered vesicles show only minor cloudiness. At this lipid concentration, the lipid:CLPE
molar ratio would be about 7:1 assuming 0.2 mg/ml of CLPE is the required
concentration to produce a measurable upconversion signal. New[6] recommends that
fluorescently labeled lipids should remain at molar ratio above 50:1 to prevent
fluorescence exciton perturbations.

In order to keep lipid concentrations high enough to stay above the 50:1 molar
ratio but still produce a clear solution, we decided to form smaller vesicles. Even smaller
SUV's can be formed by probe sonication (Prof. Tamkun, CSU, Physiology Department;
Branson Sonifier 450). In this method, a titanium metal tip is positioned within an extra
thick glass cuvette holding a few milliliters of aqueous dispersed lipids. Vesicles were
sonicated at approximately 2.5 kHz for 1 hour until solutions became transparent.
Cuvettes were placed in ice baths during the sonication. To collect titanium metal
particies that dislodge from the probe tip during sonication, samples were centrifuged at
15 kHz for 15 min. (Prof. Ishii, CSU, Physiology Department; Sorvall RC-5 Superspeed
Refrigerated Centrifuge). Samples appeared very transparent. Dynamic light scattering
measured the lecithin vesicles to have a radius of 30(+15)nm while the cholesterol
vesicles measured 30(+14)nm.

S.I1.B. Experimental Apparatus, Data Analysis, and Methods

Static absorbance, static fluorescence, time-resolved anisotropy, dynamic light

scattering, fluorescence lifetime, and fluorescence upconversion apparatus have been
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described in Chapter 1. For time-resolved anisotropy and fluorescence upconversion
experiments, samples were circulated with a peristaltic pump fitted with PTFE tubing. In
addition, the sample reservoir was submerged in a water bath kept at 22 + 1 °C. At room
temperature, lecithin remains in the liquid-crystalline phase. Before being placed in front
of the laser, samples were placed in an airtight reservoir under nitrogen gas.

Data analysis has been described in Chapter 1. Briefly, single wavelength
fluorescence transients from a wavelength range of 435 nm to 525 nm were obtained in
10 nm increments. Transients were obtained over several time periods, in particular 2,
30, and 500 ps.

Problems resulted from exposing vesicles to laser excitation for long periods of
time. Normally all the transients from a single sample are taken in one 24 hour period.
Unfortunately, after a few hours of laser exposure, the fluorescence spectrum displayed
permanent blue shifting. Blue shifting occurred with both lecithin and cholesterol vesicle
samples. Control samples left unexposed to laser light showed no shifting over a 24 hour
period. The amount of shifting appeared to be proportional to laser exposure time.
Absorbance spectra indicated little, if any, shifting with exposure.

Avanti technical support pointed out that lipids tend to degrade in one of two
possible spots. Either by hydrolysis of the ester bonds or breakdown of double bonds in
unsaturated lipid chains. To test if the laser was breaking down double bonds, we
prepared vesicles composed of DMPC which is a phospholipid consisting of completely
saturated lipid chains. DMPC vesicles were left circulating in front of the laser beam
overnight. Static fluorescence before and after exposure revealed the spectra of CLPE

did indeed shift several nanometers in this time period. We concluded the blue shifting
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was a result of ester hydrolysis. Unfortunately, the problem is not easily corrected
because water cannot be removed from our system.

We found taking transients from a series of vesicle samples could mitigate sample
degradation. We measured a 30 ps transient at 528 nm fluorescence at the beginning and
end of laser exposure. We compared both beginning and ending transients of a given
sample and transients of different samples to ensure that data was reproducible. Most
samples were exposed to laser light for no more than three hours. We never observed a
significant change in the compared transients. In addition, steady-state fluorescence
spectra were taken before and after exposure and compared in a similar fashion as the
transients. Blue shifting always occurred over the three-hour exposure but never more
than two nanometers. The variability of the fluorescence spectra from sample to sample

was also on the order of 1-2 nm.

S.III. Results

Figure 5.2 shows the absorption spectra of CLPE in both vesicle samples.
CLPE’s frequency peak maximum is only slightly blue shifted by the presence of
cholesterol, that is 425 vs. 425.5 nm. The blue edge shoulder that is more prevalent in
the choleserol vesicles is apparently associated with lecithin molecules. This shoulder
appears in both vesicle and reverse micelle lecithin samples with or without
chromophores present. Over a twenty-four hour period, vesicle samples become cloudier
and the blue edge shoulder will show roughly a 50% increase in intensity. However,
because spectral characteristics of the probe molecule remain unchanged and data was

always taken within a few hours of preparation, the effect has not been a concern. The
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Figure 5.2.Absorption of CLPE incorporated
into lecithin vesicles with and without 33 mol%

cholesterol.
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shoulder is more prevalent in the cholesterol spectrum only because the spectra have been
normalized.

Figure 5.3 displays the emission spectra for CLPE in both vesicle systems. We
also display the CLPE emission spectrum inside cyclohexane/lecithin/water w = 6.4
reverse micelles (see Chapter 3) and C343 in pH 9 bulk water (see Chapter 2). The
corresponding emission peak maximum for each sample is as follows: 493nm,
C343/water; 484nm, CLPE/cholesterol vesicles; 48 1nm, CLPE/lecithin vesicles; and
474nm CLPE/reverse micelles. CLPE’s emission spectrum when incorporated into
reverse micelles is blue shifted significantly from its spectrum in vesicles. Concentrating
on the emission from the two vesicle samples, we also observe that the presence of
cholesterol red shifts CLPE’s spectrum. Notice, however, the red shift is mostly the
result of a smaller frequency bandwidth of the cholesterol sample. For comparison, we
display the emission spectrum of C343 in bulk water which is significantly red shifted
from any of the heterogeneous environments. Unfortunately, the emission spectrum of
CLPE in bulk water can not be acquired because of its extremely low solubility. The
emission spectrum of C343 should be similar to CLPE because, as we showed in Chapter
3, they give rise to similar emission spectra when placed in cyclohexane/lecithin/water w
= 6.4 reverse micelles.

To determine the motional freedom of the probe molecules, we also measured
time-dependent anisotropy. Table 5.1 lists the rotational relaxation components for
CLPE in both vesicle samples. In addition, Table S.1 displays the rotational relaxation
for C343 in bulk water and also in lecithin vesicles. In order to determine the degree to

which C343 would become incorporated into the vesicles, we measured the anisotropy of
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Figure 5.3. Emission spectra of C343 in bulk water,
CLPE in w = 6.4 cyclohexane/lecithin/water reverse
micelles, CLPE incorporated into lecithin vesicles, and
CLPE incorporated into lecithin vesicles containing 33
mol percent cholesterol.
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C343 in lecithin vesicles. If C343 was significantly incorporated, the results could
possibly provide a comparison with the CLPE solvation dynamics results. The C343
vesicles were prepared in the same manner as the CLPE vesicles. From Table 5.1, we
find that C343 shows a single rotational relaxation component. All the other samples
listed in Table 5.1, show two components. We will discuss the origin of these

components below.

Table 5.1. Time-dependent fluorescence anisotropy of C343 and CLPE in various
environments. Anisotropy measurements were fit with single- or bi-exponential decays:

r(t) = a;*exp(-t/t;) + a;*exp(V/12).

Environment a; T/ ps az T2/ ns
C343 in Bulk Water' 037+004 | 83+8 - -
C343 in Lecithin Vesicles 0.29 + 0.04 70+8 | 0.10+£0.04 2+6
CLPE in Lecithin Vesicles 0.04 + 0.01 37+9 | 0324001 | 1.9+0.5
CLPE in Cholesterol Vesicles 004+001 | 40+16 | 034+001 | 2.7+1.6

"Taken from ref. [34]

Figure 5.4 displays the separate wavelength transients used to construct TRES for
each vesicle sample. The transients were normalized at 500 ps to the emission spectra
displayed in Figure 5.3. Solvation dynamics were measured through the time-correlation
function (eqn 1.1). The time-correlation function was fit with a multi-exponential
function. The fit parameters are displayed for both vesicle systems in Table 5.2. For
comparison we also display the solvation dynamics observed with CLPE incorporated
into cyclohexane/lecithin/water w = 6.4 reverse micelles (Chapter 3) and C343 in pH =9
bulk water. In addition to the solvation dynamics, Table 5.2 also displays the overall

change in fluorescence peak maximum (Avmay).
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Figure 5.4. Time-resolved emission spectra (TRES) for

lecithin vesicles (A) and lecithin vesicles with 33 mol
percent cholesterol (B).
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Table 5.2. Multi-exponential fits of the time correlation functions, C(t), for C343 and

CLPE solubilized in various aqueous environments. C(t) = 3, a; exp(-t/t
avironments a T /ps a; T2/ ps a T/ ps AV""';‘
e
IC343 in Bulk Water' 03+03 0.2+0.1 0.7+03 {06+0.1 - - 965
ICLPE in Reverse 0.11+001; 062+001 ]022+001} I1£1 |068+001]210£10 625
Micelles
ICLPE in Lecithin 0.16 £0.01| 0.65+008 {0.23+001; 11+1 10.61+£001 21020 623
Vesicles
ICLPE in Cholesterol 0.22+0.01( 024+002 [0.18+£002; 9+1 [(060+004 330150 374
'Vesicles

"Obtained from ref. [35].

The resuits presented in Table 5.2 show a number of interesting features. First,
we find significant relaxation occurring on the subpicosecond timescale at vesicle
interfaces with and without cholesterol. We will draw comparisons to bulk water
relaxation that also occurs on the subpicosecond timescale, as displayed in Table 5.2 for
C343 in bulk water. Second, the dynamics and overall shift observed for lecithin vesicles
and reverse micelles are essentially the same. Third, cholesterol does influence the
dynamics observed at a lecithin vesicle interface. Table 5.2 shows that the first time
component becomes faster while the last time component becomes slower. More

dramatically, the overall frequency shift is decreased for cholesterol vesicles.

5.1V. Discussion

5.IV.A. Probe Environment

Assuming the steady-state spectroscopy of CLPE is polarity sensitive, we
expected to observe several trends in the absorption and emission of CLPE in the
different lipid/water environments. In reverse micelle systems, we could increase the

hydration of the reverse micelle and follow the steady-state spectroscopy of CLPE to
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indicate its position. For vesicle systems, hydration is not a variable. Instead, we
compare the vesicle interface spectroscopy to other lecithin interfaces we have probed.
We expected the steady-state spectroscopy of CLPE to indicate the vesicle interface was
more polar than reverse micelle interfaces but less polar than bulk water. To surmise
these expectations we have presumed the amount of water in a particular environment is
proportional to the polarity. Various reverse micelle and lipid bilayer studies have found
lipids are not fully hydrated until levels reach at least w > 9[16, 36, 37]. Therefore,
because the reverse micelles we have probed have not reached this hydration level and by
definition vesicle interfaces are fully hydrated, we expected vesicle interfaces to be more
polar. Of course by the same reasoning, we expected neither the reverse micelles nor the
vesicle interfaces to be as polar as bulk water. We also expected to find the polarity of
the vesicle interface to decrease in the presence of cholesterol. Previous studies have
found that cholesterol tends to dehydrate the lipid interface, thus decreasing the polarity
and producing a blue shift in a probe’s spectra relative to an interface with no
cholesterol[28, 38].

Contrary to our expectation, we found the absorption spectra of CLPE in different
environments to remain, to a large extent, unchanged with changing polarity. We have
observed this in Chapters 3 & 4. In Chapter 4, increasing the hydration of benzene
reverse micelles had little effect on the absorption spectra. In Chapter 3, although
slightly more sensitive, the same trend was seen in cyclohexane reverse micelles. Figure
5.2 shows the absorption spectra for CLPE in lecithin and cholesterol vesicles. If we
were to also display the absorption spectrum of C343 in bulk water and CLPE inw = 6.4

cyclohexane reverse micelles as was done in Figure 5.3, there would be little difference
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between the four spectra. As illustrated in Figure 5.2, CLPE’s spectrum shifts only 0.5
nm with the presence of cholesterol, but more importantly, the bandwidth narrows.
Because the shift is too small to be considered significant and CLPE’s absorption
spectrum has proved insensitive to polarity changes in previous experiments, we draw no
conclusions from the differences in the absorption peak maximum. Instead, we focus on
the difference in bandwidth of the two spectra that we will discuss below.

Unlike its absorption peak, CLPE’s emission peak maximum has proved to be
very sensitive to solvent polarity. In Chapters 3 & 4, CLPE displayed a hydration
dependent emission peak maximum for both cyclohexane and benzene reverse micelles.
Figure 5.3 shows that the CLPE emission peak maximum in the vesicle samples blue
shifts from C343 in bulk water. Therefore, as expected, the vesicle interfaces represent a
less polar environment than bulk water. Figure 5.3 also shows that the CLPE emission
peak maximum in vesicle systems red shifts from that observed in w = 6 4 cyclohexane
reverse micelles. Again, we expect this shift. Because the emission peak maximum for
the vesicle systems lies between the peaks observed in bulk water and reverse micelles,
we feel confident CLPE is positioned where it was designed to reside, at the lipid/water
interface.

Comparing lecithin vesicles with and without cholesterol, Figure 5.3 reveals that
the emission peak maximum for cholesterol vesicles red shifts relative to lecithin
vesicles. This shift indicates that the cholesterol vesicle surface is more polar than the
lecithin vesicle surface. As stated above, this is neither what we expect nor what others
have measured. Instead of comparing emission peak maximum for the two vesicle

systems, we pay more attention to the bandwidth. Because the bandwidth represents the
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variety of polar environments the population of probe molecules sample as a whole, the
decreased bandwidth indicates there are fewer accessible environments for CLPE in
cholesterol vesicles. Notice from Figure 5.3 that most of the red shift that occurs for
CLPE in cholesterol vesicies results from a decreased bandwidth on the blue edge. We
conclude cholesterol does not increase the headgroup region polarity, but rather, reduces
the range of polar configurations CLPE may occupy at the cholesterol vesicle interface.
Also notice that cholesterol reduces the bandwidth in the absorption spectrum displayed
in Figure 5.2. As we will discuss below, cholesterol seems to tighten a lipid interface that
would likely reduce possible probe configurations and possibly eliminate some
configurations, i.e. more polar configurations, preferentially. In this way, cholesterol can
have little effect on the interface polarity, while at the same time, inducing a red shift in
the absorption spectrum.

In addition to steady-state absorption and emission of CLPE in vesicles, we also
measured the time-dependent anisotropy. The primary goal was to confirm that the
CLPE is localized within the vesicles. We have designed our probes to reside within the
headgroup interface region. We are confident CLPE does not misalign within the lipid
bilayer and probe the hydrophobic interior because the charged phosphate group of CLPE
should keep the headgroup aligned toward the aqueous exterior. Moreover, emission
spectra suggest we are probing a relatively polar environment, as discussed above.
Therefore, we anticipate two possible situations: 1) CLPE is correctly aligned at the
interface, or 2) CLPE is free floating as an aqueous-solvated monomer.

Lecithin vesicles prepared with C343 as the probe molecule nicely illustrate how

time-dependent anisotropy may be used to determine probe location. We initially
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attempted to determine the degree to which C343 is incorporated into vesicle interfaces
with the hope that CLPE would not be essential to determine vesicle interface dynamics.
We found C343 is resides in both the continuous aqueous solution and within the vesicle
bilayer structure. For C343 residing in the aqueous solution, we expect to see a rotational
relaxation component of about 83 ps (Table 5.1). For C343 residing in the vesicle
structure, we expect to see rotational relaxation that occurs on a much longer timescale,
similar to the rotation time of a vesicle. Indeed Table 5.1 shows that C343 shows two
rotation relaxation components corresponding to free and lipid solvated C343.
Comparing amplitudes and assuming C343 has similar emission intensity in both
environments, we find approximately 26% of the C343 probes are incorporated into the
vesicle structure.

From Table 5.1, we see that the anisotropy of CLPE in lecithin vesicles with and
without cholesterol reveals two relaxation components. In both vesicle samples, the
amplitudes indicate 11% of the rotational relaxation is accounted by a fast 40ps
component. As discussed in Chapter 1, the fast component could arise, either from a
fraction of CLPE molecules that are unincorporated into the vesicles or from
heterogeneous rotational relaxation even thought the entire population of CLPE
molecules is incorporated into the vesicles.

It is highly unlikely that CLPE is not incorporated. The 40 picosecond component is
faster than the rotation of the bare C343 aqueous solvated probe; Table 5.1 shows C343
rotates at less than half the rate with a 83 ps component in bulk water. Unincorporated
CLPE should rotate more slowly than C343 not two times faster. It is also unlikely that

CLPE is either impure or degrading during preparation or analysis. If the sample
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included free C343 from either contamination or breakdown of CLPE, 40ps is still too
fast to correspond to rotational motion of C343. In addition, the breakdown of CLPE into
fluorescent components smaller than C343 while still maintaining similar spectral
properties is inconceivable. Also, laser exposure seems to have no effect on anisotropy
measurements. While CLPE in lecithin vesicle samples that were exposed to laser light
showed fluorescence shifting in the steady-state spectrum, there was no change in time-
dependent anisotropy at the beginning to the end of the 20 hour period. Therefore, these
data indicate CLPE aligns correctly and incorporates into vesicle bilayers and the fast
anisotropy relaxation component corresponds to a wobbling motion. We use the
wobbling motion to indicate lipid/water interface structure. Using equation 1.4 and the
resuits from Table 5.1, we find that CLPE wobbles in a cone angle of 11° in lecithin
vesicles both with and without cholesterol.

Based on the measured wobble of CLPE, we conclude that cholesterol has no
ordering effect on the probe. As will be discussed further, this finding seems to be in
conflict with steady-state fluorescence (discussed above) and solvation dynamics results
(discussed below) that suggest cholesterol constricts the interface. In addition, others
have found using fluorescently labeled lipids like CLPE that cholesterol disorders the
interface, producing a broader cone angle for probe wobbling[38].

We state a final few notes concerning time resolved anisotropy of CLPE. We
have measured the time resolved anisotropy of CLPE in w = 6.4 cyclohexane reverse
micelles and observed no fast rotational relaxation that may be attributed to a wobbling
motion (see Chapter 3). Similarly, C343 in the same micelles shows no rotational

relaxation faster than several nanoseconds. In contrast, CLPE in w = 6.4 benzene reverse
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micelles shows significant wobbling motion corresponding to motion restricted to a cone
angle of about 15° (see Chapter 4). Therefore, the anisotropy data indicates that the
structure of lecithin vesicle interfaces is less ordered than within w = 6.4 cyclohexane
reverse micelles but more ordered than w = 6.4 benzene reverse micelles. As will be
discussed, vesicle interfaces and the cyclohexane reverse micelle interiors display very
similar solvation dynamics. Finally, we measured the time-resolved anisotropy of CLPE
incorporated into vesicles prepared with DMPC. As mentioned above, we prepared
vesicles with DMPC in order to determine lipid hydrolysis. As expected, the results
indicated a 40 ps wobble component that accounted for 12% of the relaxation similar to
lecithin vesicles. Therfore, lipid chain saturation has no measurable effect on the
anisotropy of CLPE.

S.IV.B. Solvation Dynamics at a Lecithin Vesicle Interface

We expect a lecithin vesicle interface to show restricted motion relative to what is
observed in bulk water. As a general rule, dynamics should slow with increasing
molecular weight and increasing solvent association. While it is clear that dynamics are
slower at lipid interfaces, we aim to learn what specific motions that can occur at the
interface and to what degree they proceed. These experiments present a unique
perspective to these unknowns because they represent the first ultafast detection of
solvation dynamics specifically within the headgroup domain of a lipid bilayer.

First, we compare the overall solvent and solvent motion of bulk water vs. the
vesicle interface. Table 5.2 lists Avg,, for C343 in bulk water and CLPE in lecithin
vesicles. We find that in response to CLPE’s excitation, the lecithin vesicle interface has

a smaller Avpax value than bulk water. This indicates the headgroup region does not
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reorient to the same extent as bulk water. Therefore, as we would expect, the vesicle
interface represents a restricted environment relative to bulk water.

Focusing on the measured solvation dynamics, we expect to see the restricting
influence of the lipid interface. We know, for example, that the properties of water
molecules in the vicinity of a biomolecule differ appreciably from those of bulk water{39,
40]. In a molecular dynamics study, Shinoda et al. found that rotational diffusion of
water slows down an order of magnitude when it surrounds either the phosphate or
choline headgroup moieties{41]. We find three time components for solvent relaxation at
a vesicle interface (Table 5.2). Knowing that water relaxes on a subpicosecond
timescale, we can assign the fastest component to free water. Therefore, because we
measure 84% of the solvent relaxation to be slower than free water, the solvent motion at
a vesicle interface is much more restricted than bulk water motion.

Finding the headgroup domain largely depleted of free water is not very
surprising based on experimental and molecular dynamics studies. For example, H-
NMR experiments reveal a minimum of 11-16 water molecules/lipid is needed to form a
primary hydration shell around a phosphatidylcholine headgroup[16]. In a simulation,
Perera et al.[13] similarly found 15.5 waters/lipid in the first headgroup solvation shell,
showing strong headgroup interactions. If we assume that the solvent response to
CLPE’s excitation is limited to only a few water layers distance for the excited probe,
then it is not surprising we observe little free water type relaxation.

While relaxation components quoted in Table 5.2 refer to ultrapure bulk water,
the vesicle samples were prepared in PBS solution. The ionic strength of the buffered

solution should show a negligible effect on solvation dynamics. Even at elevated ion
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concentrations, ~1M, relaxation is only slightly longer than pure water{35]. PBS solution
is about 0.1M in the sodium chloride concentration. Thus, our assumption that the PBS
solvation dynamics response is the same as pure water is warranted.

There are several possibilities as to where the free water detected by CLPE
resides. Essmann and Berkowitz[42] have proposed the hydration force of lipid bilayers
could orient water as far as a couple of water layers into solution, corresponding to about
12 A. If this perturbed water layer shows reduced motion, the free water component must
reside beyond it, outside the headgroup domain. Another possibility is that trapped water
exists within the headgroup domain with no strong interactions. For example, a
simulation by Perera et al. found DPPC sequesters about 4 waters/lipid between
headgroups that are not directly associated with headgroup moieties[13]. A third
possibility is that lipid membrane undulations force a percentage of the probe molecules
to protrude momentarily out into a less structured aqueous environment. This would
expose probe to bulk-like water. For example, in a 10 ns simulation, Essmann and
Berkowitz found the nitrogen atoms of the headgroup move, on average, up to 5 A into
the water phase[42]. The actual scenario is probably a combination of these possibilities.

While it seems certain that water near or incorporated into the lipid interface are
strongly perturbed, direct assignment of the relaxation components to water types is
unfeasible. At the lecithin vesicle interface, we observe two time components of 11 and
240 ps that are too slow to be related to free water (Table 5.2). Bound water most
certainly comprises part of these components, but distinguishing water dynamics from
concerted water/headgroup dynamics is impossible. Unlike reverse micelles discussed in

Chapter 2, we can not observe vesicle interface dynamics as a function of hydration. We
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believe that the longer 240 ps component corresponds to headgroup motion. Simulations
have shown that diffusive headgroup motion occurs on the picosecond to nanosecond
timescale[41, 43]. In addition, Pasenkiewicz-Gierula et al. found that headgroup-
headgroup associations formed via charged pairs and water bridges have lifetimes in the
picosecond to nanosecond timescale[44]. These studies suggest that headgroups could
react to a probe perturbation on a 240 ps timescale. Whether strongly bound water
associated with headgroups is a component of this motion, still remains unclear. We
have seen a similar time component within cyclohexane reverse micelles in Chapter 2
and attributed it to strongly bound water/lipid headgroup motion. If motion within
reverse micelles is similar to motion at vesicle interfaces, then the 240 ps component is
likely due to strongly bound water relaxation.

The 11 ps component at the lecithin vesicle interface is most likely due to water
type relaxation because it is to be too fast to correspond to headgroup motion. We
present three possible models for the origin for the component. First, this component
could correspond to strongly bound water and longer components, as previously
discussed, are headgroup motions. In this model, we assume two types of water exist,
strongly bound and free. In a simulation by Shinoda et al., water hydrated at the
headgroup shows rotational relaxation in the 10 — 20 ps range[41]. If solvent relaxation
operates at vesicle interfaces the same way as we observed with cyclohexane reverse
micelles, then this scenario is unlikely. In Chapter 2, we found that for cyclohexane
reverse micelles at the w = 4.8 hydration level, all water is strongly bound and relaxes
with a greater than 200 ps component. Therefore, a second model follows the findings of

Chapter 2 and assumes three types of water exist, that is strongly bound, bound, and free.
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The 11ps component would correspond to bound water. We offer no definitive evidence,
but find the components are strikingly similar to the components we observed within
cyclohexane reverse micelles. We will expand on the comparison between dynamics at
the vesicle interface with those measured within cyclohexane reverse micelles below.
The final model has been proposed by Nandi and Bagchi[45]. They proposed that a two-
state water model might be sufficient for describing dielectric relaxation with multiple
relaxation components. They argue that strongly bound water exchanging with free
water could allow for separate relaxation components. In this model, we assume the
longest time component is strongly bound water and the 11 ps component arises from the
exchange of strongly bound water with free water. There is ample evidence to suggest
that water within the headgroup domain exchanges on a timescale that would account for
the 11 ps component we observe. In a simulation by Shinoda et al., water within the
headgroup solvent shell had a residence time of several picoseconds[41}. Similarly,
Alper et al. found the residence time to be 10 - 20ps[46].

While the longest time component we observed at the lecithin vesicle interface
was 240 ps, there is evidence to suggest that longer time components exist. Qur
experiments sampled fluorescence to 500 ps, making relaxation components longer than
this beyond our observation. Solvation dynamics studies by others indicate 600 ps to 10
ns relaxation components exist in vesicle systems[19, 32]. Even if we extended our
measurements to observe longer solvent responses, we could not directly compare our
observations because these studies did not directly probe the headgroup domain. Datta et
al. imply the nanosecond time components they observe might correspond to the

relaxation of strongly bound water. If this is the case, the 240 ps component we observe
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would be the result of either water exchange dynamics or a type of headgroup relaxation
motion unrelated to bound water. Obviously, further solvation dynamic experiments and

simulations are needed to resolve the origins of the observed dynamics.

S.IV.C. Comparison of Solvent Motion at a Vesicle Interface with

Motion within Cyclohexane Reverse Micelles

In Chapter 2, we suggested that the dynamics we observed within lecithin reverse
micelles indicate the dynamics that would be observed at a lipid bilayer. Others have
determined that water/headgroup interactions are similar for both reverse micelles and
bilayers[47, 48]. Thus comparison of the two systems is warranted.

While water/headgroup interactions are similar for both lecithin reverse micelles
and vesicles, the lecithin aggregates have significant structural differences that could
impact dynamics. Vesicles are comprised of lipid bilayers with bulk water both inside
and out. We expect the lipid chains in reverse micelles would be much more
disorganized compared to bilayers. While lipid chains in reverse micelles interact with
organic solvent molecules, lipid chains in vesicles participate in lipid/lipid interactions.
Thus, there should be differences in lipid chain interaction that result in differences at the
water/headgroup interface, as we observed in Chapter 4.

More importantly, we expect differences in dynamics because lecithin headgroups
are hydrated to a greater extent in vesicles than in reverse micelles. To reiterate the
argument made earlier, various reverse micelle and lipid bilayer studies have found lipids
are not fully hydrated until levels reach at least w > 9[16, 36, 37]. Because the reverse
micelles we have probed have not reached this hydration level and by definition vesicle

interfaces are fully hydrated, we expect a thicker lipid/water interface for vesicles. As
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presented above, we find this to be the reason CLPE’s fluorescence spectrum shifts
further to the red in vesicles than in reverse micelles. Therefore, because vesicle
interfaces are hydrated to a greater extent, we would expect greater water relaxation.

Surprisingly, the dynamics we observe at a vesicle interface were almost exactly
the same as the dynamics we observed within cyclohexane/lecithin/water w = 6.4 reverse
micelles (Table 5.2). Not only are the dynamics very similar, but Avms is also almost
exactly the same. Clearly, lecithin reverse micelles at elevated hydrations represent very
good dynamical mimics of lecithin vesicle interfaces.

As we have discussed above, it seems certain based on the results of others that a
vesicle interface perturbs a greater amount of water than what is contained inaw = 6.4
reverse micelle[16-18, 46, 49]. Vesicles produce a hydration layer that extends at least a
nanometer into the bordering bulk solution[13]. Obviously, reverse micelles do not
possess the capacity to produce a similar layer. Yet, the dynamics and the Avmax
associated with the dynamics are the same with or without this extended hydration layer.
This suggests that the structure and motion of the nearest neighbor solvent shell primarily
determines the observed dynamics. If the dynamical solvation sphere of CLPE is limited
to chemical moieties within ~1nm in diameter, the environment will appear the same
whether within a reverse micelle or at a vesicle interface. Additionally, the lecitkin
interface may shield the hydration layers from perturbing forces and effectively reduce
the solvation sphere of molecules such as CLPE. In other words, the hydration force
between the headgroups and bordering bulk water may be so great that the electronic
reconfiguration induced by CLPE may be a small perturbation on the system in

comparison. This would explain why we observe a shift in CLPE’s fluorescence yet no
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change in dynamics when we compare lecithin reverse micelles with vesicles. More
specifically we find that the polarity is a function of long range interfacial order and

potential, while the dynamics are a function of a confined sphere.

5.1V.D. Solvation Dynamics at a Lecithin Vesicle Interface with 33

mol% Cholesterol

As discussed in the introduction, addition of cholesterol to lipids in the liquid-
crystalline phase results in reduced permeability, an increase in molecular order,
condensation of the lipid molecules, and a small increase in membrane thickness[29].
These effects are believed to arise from the rigidity of the cholesterol ring system causing
gauche to trans isomerizations in surrounding lipid chains to become less probable.
Many studies have found that the increased order of the lipid chains results in
dehydration of the lipid bilayer[15, 20, 28]. However, these studies have probed the
bilayer with the boundary defined as the hydrocarbon/water interface (see Figure 5.5).

Our interest lies in the effect of cholesterol on the headgroup domain that is much
less clear than the effect cholesterol has on the membrane structure as a whole.
Cholesterol as a predominately hydrophobic molecule that lies buried within the lipid
bilayer (see Figure 5.5). It is interesting to note that cholesterol by itseif has a low
aqueous solubility, but it can be incorporated into phospholipid membranes in very high
concentrations, that is 1:1 ratios in many model membranes(6]. Despite its nonpolar
character, the hydroxyl group of cholesterol is able to form a hydrogen bond that keeps
the molecule anchored to the headgroup region. A simulation by Robinson et al. found

cholesterol to be relatively mobile in its headgroup associations with the hydroxyl
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Figure 5.5. Structure and location of cholesterol in a
phosphatidylcholine lipid bilayer.
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residing in two primary positions: deep in the membrane adjacent to the lipid carbonyls
or nearer to the surface and interacting with the headgroups or water molecules[29].
Vanderkooi revealed that the minimal energy structure involves a hydrogen bond
between the cholesterol hydroxyl group and the PC carbonyl group[50]. These findings
and others{11, 30, 31] suggest that cholesterol molecules prefer to have their hydoxyl
oxygens near the hydrocarbon/water interface and therefore leave spatial gaps in the
bilayer surface, as depicted in Figure 5.5.

The effect of the cholesterol positioning on the conformations and interactions of
PC headgroups remains controversial. Two different simulations by Gabdoulline et
al.[31] and Tu et al.[30] have presented very different pictures. Gabdoulline found the
cholesterol spacing effect to cause greater headgroup freedom. Furthermore, they found
an increased propensity for the headgroups to point down toward the bilayer,
significantly reducing the electrostatic potential across the bilayer surface. They offered
no experimental findings to support their results. The simulation by Tu et al. predicted
very different headgroup behavior. They found the bilayer/water interface to be more
abrupt in the presence of cholesterol with the phosphate-to-nitrogen section of the
headgroup nearly lying flat along the interface. The flat orientation leads to a greater
orientational polarization of the water molecules throughout the system. They find the
addition of cholesterol increases the electrostatic potential across the bilayer surfacé. Tu
et al. compare their results to X-ray diffraction measurements on egg PC/cholesterol
monolayers that found the magnitude of the dipole potential increased from 415 mV in

pure egg PC to 446 mV in 1:1 egg PC:cholesterol monolayers[51). Tu et al. suggest the
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differences between the two simulations might be an artifact of the excessively
condensed bilayer produced by the simulation protocal employed by Gabdoulline et al.

Somewhat surprisingly, we find similar solvation dynamics with or without out
cholesterol incorporation. As with lecithin vesicles, for vesicles with cholesterol we
observe a fast 240 fs component attributed to free water, an intermediate 9 ps component
attributed to bound and/or exchanging water, and a long 330 ps component attributed to a
headgroup motion possibly coupled to strongly bound water. Observing the three
components is not very surprising because cholesterol is not expected to alter headgroup
interactions. In other words, because we expect cholesterol to be removed from the
headgroup region, water will still be incorporated within the headgroup domain and the
headgroups will still maintain similar interactions with the water and each other. Several
studies have found that only the hydroxy! group of cholesterol has any significant
interaction within the headgroup region and the hydrogen bonding interaction should be
similar to the water/headgroup interactions already present(9, 14, 29]. However, because
cholesterol is expected to alter the way headgroups conform within the region, we do
expect time components and amplitudes to change to some degree.

While not very dramatic, we do observe a few noteworthy changes in the
observed dynamics when cholesterol is incorporated (see Table 5.2). First, the long
component corresponding to headgroup motion becomes longer suggesting a more
constricted headgroup. Second, the free water component is somewhat larger in
amplitude and faster relative to lecithin vesicles without cholesterol. The larger
amplitude indicates a greater proportion of free water contributes to the solvation

response. The larger free water response could be the result of the greater free space
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provided by the presence of cholesterol, increased lipid undulations exposing CLPE to a
greater extent than without cholesterol, or CLPE residing on average in a more exposed
polar environment. We also find the free water relaxing with a faster time component
indicating less structured water. However, we draw conclusions with caution. The fast
dynamics we observe occur at the same time a large growth in intensity occurs (see
Figure 5.2), which may be obscuring our certainty in this time component. Finally, we
find the amplitude of the intermediate component decreases, but yet, the time component
remains essentially unchanged. This most likely indicates the proportion of free water
has increased, therefore, reducing the proportion of the bound or exchanging water
component. More interestingly, because the time component remains constant, we find
that either the properties of the bound water remain the same or, if this component
represents an exchange process, the rate of exchange is not aitered. Clearly, we need a
simulation that specifically follows water motion and headgroup interactions to sort out
the motions we are observing.

The most dramatic change we observe by adding cholesterol to lecithin vesicles is
the large reduction in Avmax (see Table 5.2). This indicates the cholesterol interface is
significantly more confined. However, at the same time, we observe very similar
solvation dynamics. In other words, because cholesterol remains buried away from the
headgroup domain and therefore does not alter dipole/dipole type interface interactions,
we observe similar dynamics with or without cholesterol present. However, because the
interface seems to constrict with the incorporation of cholesterol, the dynamics we

observe do not proceed to the same degree as an interface without cholesterol.
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Clearly, we find our measurements to correlate better with the simulation by Tu et
al. A tightened, more abrupt, interface would certainly explain the reduced Aveax.
Moreover, it would also explain the decreased bandwidths within cholesterol vesicles we
observe for CLPE’s absorption and emission spectra. Also, observing the solvation
dynamics long time component increasing upon cholesterol incorporation points to more
order headgroups. We can also envision a tighter interface reducing the amount of
strongly bound and bound water sites, thus increasing the relative proportion of free
water relaxation. Tu et al. also found that the constricted interface leads to a greater
headgroup potential. This increased potential could explain why the emission of CLPE
red shifts slightly when cholesterol is incorporated into vesicles. It is possible the
increased potential restricts CLPE to more polar configurations. As discussed in the
previous section, the increased potential might lead to a reduced solvation response, thus
contributing to the reduced Avmax but at the same time leaving the dynamics relatively
unaltered.

If we take our results as experimental validation of the simulation by Tu et al_,
these resuits indicate that cholesterol facilitates decreased permeation of small ions and
solutes across a lipid bilayer in two ways. First, as previous studies have shown,
cholesterol constricts lipid chains, dehydrating the bilayer interior. In addition, our work
and the simulation by Tu et al. suggest the constricted headgroup region also becomes a
barrier because of the increased potential and also the decreased Avmax that indicates the

headgroup region is less able to solvate a traversing solute.

194

Reproduced with permission of the copyright owner. Further reproduction prohibited without permission.



5.V. Conclusions

In hindsight, we find several different procedures that could improve the present
experiment. First, we have been concerned with the degradation of the vesicles with
exposure to laser light. As mentioned in the experimental section, we observed a blue
shifting of CLPE’s emission spectrum and the growth of a short wavelength peak in the
absorption spectrum with laser exposure. It is possible lecithin degradation could be
occurring during the probe sonication procedure. New recommends that this procedure
be carried out in a deoxygenated atmosphere{6]. Unfortunately, we did not have the
facilities to accomplish this suggestion. At some point, we would like to duplicate these
results and know that the vesicle sample was structurally intact throughout the
measurements.

Future experiments could be done to help validate these findings. Unlike what we
found with CLPE, other researchers have observed headgroup labeled probes to show
reduced anisotropy and blue shifting in the emission spectrum when cholesterol is
incorporated into the bilayer{38, 52]. Ideally, we would like to duplicate our solvation
dynamics results using these molecules as our probes. Unfortunately, these probes
absorb at wavelengths shorter than the doubled output of a Ti:sapphire laser. However, it
might be possible to use a tripled output of a Ti:sapphire laser for excitation. The results
could then be compared to the present results, possibly justifying the current conclusions.

We would also like to determine solvation dynamics at a vesicle interface as a
function of vesicle diameter. Hof et al. has already performed these experiments and has

observed faster dynamics in the less ordered smaller vesicles[32]. These experiments
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used probes that reside deeper than the hydrocarbon/water interface. We would like to
observe if vesicle curvature effects the headgroup dynamics. The vesicles prepared in the
current experiment were relatively small vesicles measuring only about 58nm in
diameter. At this diameter, the dynamics inside the vesicles are most likely different than
outside. Therefore, measuring the dynamics for large vesicles, i.e. greater than 200nm in
diameter, could provide interesting results. Unfortunately, larger vesicles increase laser
scatter that can make measurement difficult. Preparation for the proposed experiments
would entail developing methods for vesicle preparation that would balance scatter with
lipid and probe concentration.

In summary, we have measured the solvation dynamics at lecithin vesicle
interfaces. As expected, relative to bulk water, we find that the vesicle interface is less
polar, has a smaller overall dynamic response, and shows longer multi-component
relaxation. The dynamic response at the vesicle interface consists of three components:

a fast subpicosecond component attributed to free water, an 11 ps component attributed to
loosely bound water and/or water exchanging between free and bound states, and a 240
ps component attributed to headgroup motion possibly coupled to strongly bound water.
Surprisingly, we find the solvation dynamics at a lecithin vesicle interface to be
essentially the same as those seen within w = 6.4 cyclohexane reverse micelles. We
conclude the solvation shell that responds to electronic excitation of our probe, CLPE, is
relatively small. In addition, we propose that the solvation response around the probe is
reduced because of the strong electrostatic potential that exists across the
headgroup/water interface. Also, we have measured the dynamics at a lecithin vesicle

interface with 33 mol% cholesterol incorporation. We find the dynamics to have similar
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components as those seen for the lecithin interface. Differences between the two
interfaces include a slower headgroup type motion and a faster and greater proportion of
free water relaxation. Most dramatically, we find the overall dynamic response of the
cholesterol interface to be greatly reduced. We conclude cholesterol incorporation results

in a tighter interface as has been presented in a simulation by Tu et al.[30]
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Chapter 6

Concluding Remarks

Our goal was to measure solvation dynamics near phospholipid interfaces. More
specifically, we intended to determine to what degree dynamics are restricted relative to
bulk water. In all samples examined, we found that motion was significantly reduced
near a lipid interface relative to bulk water. Responses were reduced both from the
presence of longer time components and from smaller overall solvent response indicated
by smaller Avmax values. Biologists and biochemists tend to view lipid interfaces as
barriers for migration of solutes. We find that the interface represents a unique
environment with dynamical properties distinct from properties in bulk solution.
Therefore, the interface is more than just a barrier, possibly facilitating chemistry in its
unique dynamical environment that would otherwise be unable to proceed in bulk
solution.

These experiments represent the first ultrafast detection of solvent motion near
phospholipid interfaces and can therefore reveal the presence of free water type
relaxation near a lipid interface for the first time. Our results indicate that, in general,
free water type relaxation is not a major response at lipid interfaces. As we found in
cyclohexane/lecithin/water reverse micelles, free water relaxation can be totally absent at

low hydration levels. Only in spherical reverse micelles prepared in benzene and at

203

Reproduced with permission of the copyright owner. Further reproduction prohibited without permission.



elevated hydration levels did we observe free water relaxation that was a source of over
half of the overall solvent response. In general, we observed solvent responses that were
dominated by relaxation greater than tens of picoseconds. While we expected a reduced
presence of free water, these experiments were the first to determine the degree to which
this occurred.

As expected, we found as the hydration of the interface increased, the faster
relaxation components accounted for a greater proortion of the solvent response. In
theory, the lipids act as a dynamical barrier that restricts motion. The headgroups contain
highly polar moieties that tend to form strong associations with water molecules and
surrounding headgroups. These associations should act to reduce motion of lipids and
water together as a whole. However, water associations should become saturated after
several water molecules per headgroup have associated. Therefore, additional water
molecules residing near an interface should show reduced headgroup associations and
faster relaxation.

Whether water molecules partition into distinct water types near an interface
remains controversial. As we presented in Chapter 2, we found evidence that distinct
water types do exist with each type displaying distinct relaxtional motion. These water
types were labeled strongly bound, bound, and free water. We were able to observe the
distinct water types because we were able to observe the dynamics as a function of
reverse micelle hydration.

Surprisingly, we observe similar relaxation components for all the interface
samples we examined. In general, we find a subpicosecond component referred to as free

water relaxation, an approxiamately 10 ps component, and an approximately 250 ps
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component. These components vary to some extent from interface to interface.
However, the greatest variation arises from the relative amplitudes associated with each
component. These results are surprising because they suggest that modes of solvent
relaxation are relatively constant from interface to interface. We are tempted to conclude
that the distinct water classes we observed within cyclohexane/lecithin/water reverse
micelles are prevalent at all lecithin interfaces. Unfortunately, the spherical reverse
micelles and the vesicle samples did not allow us to observe dynamics as a function of
hydration. Because of this we are unable to conclude that the separate time components
correspond to distinct classes as we did for the cyclohexane/lecithin/water reverse
micelles. However, these results may be indicating distinct water types do exist near all
lecithin interfaces. It would be interesting to find if other interfaces comprised of
different lipids behave similarly.

Even though similar dynamical components appear for all interfaces studied, we
found that dynamics are sensitive to lipid structure and organization. The most dramatic
example is the comparison of spherical reverse micelles prepared in benzene with the
worm-like reverse micelles prepared in cyclohexane. The interiors of the two reverse
micelles should consist of the same chemical components, namely, lecithin and water.
Possibly because of the same chemical cormnponents, we observe the same types of
relaxation in each reverse micelle. However, the relative amplitudes of each component
are dramatically different between the two reverse micelles. We argue that this indicates
dependence on reverse micelle structure. Another example of lipid structure affecting
dynamics would be the effect of cholesterol incorporation into lecithin vesicles. In this

case, cholesterol again has little effect on the different components, however,
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dramatically reduces the overall solvent response. Again we observe the same possible
modes of relaxation, but, their overall presence is reduced.

As a final comment, comparison of the dynamics observed with
cyclohexane/lecihtin/water reverse micelles with those observed at a lecithin vesicle
interface suggest that the solvation dynamics we measure may be limited to only a few
solvent shells. If this is true, this would imply that processes occurring at lipid interfaces
are also only sensitive to solvent motion within the first few surrounding solvent shells.
This could prove to be an important finding for accurate modeling of lipid interface
processes.

We end with a few final thoughts as to how these results could be built upon in
future research. First, because of the limitations of our experimental setup, the dynamics
we measured were limited to window of time between approximately 100 fs to 500 ps.
Dynamics certainly occur on shorter and longer timescales. Inertial solvent motions
typically occur on the sub-hundred femtosecond timescale in bulk solvents. By
shortening the pulse width of the laser system, these experiments could be extended to
include these motions. Understanding lipid inertial motion could prove to be very
interesting because others have shown inertial motion accounts for a significant
proportion of a solvent’s overall response. It is also possible to extend the experiments to
longer timescales by using TCSPC to measure TRES. Experiments by others have
measured nanosecond dynamics within lipid bilayers using fluorescent probes. In
addition, it may be possible to measure microsecond dynamics using phosphorescent
probes. Being able to directly compare the results of our experiments with the

experiments by others would be advantagous.
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Second, an interesting set of experiments would be to attempt phospholipids other
than lecithin. Biological membranes are composed of a variety of different
phospholipids. We have chosen lecithin primarily for convenience. However, a variety
of lipids are readily available that may induce dynamics different than observed for
lecithin. Additionally, new types of water with different modes of relaxation are
possible. In contrast to the zwitterionic lecithin headgroup, phospholipids may be
purchased that are anionic or cationic headgroup functionality.

Third, while we have interrogated reverse micelles and vesicles, a variety of other
lipid structures are possible. For example, lipid hexagonal and cubic phases are possible
structures that would be interesting to interrogate. Unlike reverse micelles and vesicles,
these structures are anisotropic, showing long range order. In addition, many of these
structures are temperature dependent. Following the dynamics as a function of
temperature could reveal how these structures evolve from one structure to another as
temperature is changed.

Finally, we would like to reproduce the results presented in this work with other
probes. As we have presented earlier, solvation dynamics experiments should be
independent of the probe molecule used. Reproduction with a different probe would
validate these results. In addition, probes with different fuctionality could be designed to
better interrogate specific interfacial regions. For example, a probe molecule with greater
hydrophilicity than C343 would have a greater propensity to extend out into the aqueous
phase, probing regions separated from the lipid interface. It may also be possible to
synthesize spacer groups that extend the probe into the aqueous phase at incremental

distances.
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The ultimate goal is to better model living processes. Because the systems we
have interrogated represent model systems, an enormous amount of research still remains
if we are ever going to be able to fully understand much more complex biological

systems. We hope that this research will spawn further research to meet this goal.
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