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ABSTRACT 

TOOLS FOR CHARACTERIZING AND MONITORING NATURAL SOURCE ZONE 

DEPLETION 

Although natural source zone depletion (NSZD) has gained acceptance by practitioners 

as a remediation technology for mid- to late-stage sites containing light non-aqueous phase 

liquids (LNAPL), challenges remain for broader regulatory adoption of NSZD as the sole 

remedy. Adoption of NSZD as a remedy requires verifying that it is occurring. NSZD can be an 

efficient and cost-effective solution for LNAPL zones, but acceptance of this bioremediation 

technology relies on a multiple-lines-of-evidence approach that requires a solid understanding of 

baseline conditions and effective monitoring. Emerging use of in situ oxidation-reduction 

potential (ORP) sensors shows promise to resolve spatial and temporal redox dynamics during 

NSZD processes. Further, next generation sequencing (NGS) of present and active microbial 

communities can provide insights regarding subsurface biogeochemistry, associated elemental 

cycling utilized in electron transport (e.g., N, Mn, Fe, S), and the potential for biodegradation.  

Microbially-mediated hydrocarbon degradation is well documented. However, how these 

microbial processes occur in complex subsurface petroleum impacted systems remains unclear, 

and this knowledge is needed to guide technologies to enhance biodegradation effectively. 

Analysis of RNA derived from soils impacted by petroleum liquids allows for analysis of active 

microbial communities, and a deeper understanding of the dynamic biochemistry occurring 

during site remediation. However, RNA analysis in soils impacted with petroleum liquids is 

challenging due to: 1) RNA being inherently unstable, and 2) petroleum impacted soils 

containing problematic levels of polymerase chain reaction (PCR) inhibitors (e.g., aqueous phase 
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metals and humic acids) that must be removed to yield high-purity RNA for downstream 

analysis.   

Herein, a new RNA purification method that allows for extracting RNA from petroleum-

impacted soils was developed and successfully implemented to discriminate between active 

(RNA) and present (DNA) microbes in soils containing LNAPL. A key modification involved 

reformulation of the sample pretreatment solution by replacing water as the diluent with a 

commercially available RNA preservation solution consisting of LifeGuardTM (Qiagen) Methods 

were developed and demonstrated using cryogenically preserved soils from three former 

petroleum refineries. Results showed the new soil washing approach had no adverse effects on 

RNA recovery but did improve RNA quality by removing PCR inhibitors, which in turn allows 

for characterization of active microbial communities present in petroleum impacted soils. 

To optimally employ NSZD and enhanced NSZD (ENSZD) at sites impacted by LNAPL, 

monitoring strategies are required. Emerging use of subsurface Soil redox sensors shows promise 

for tracking redox evolution, which reflects ongoing biogeochemical processes. However, further 

understanding of how soil redox dynamics relate to subsurface microbial activity and LNAPL 

biodegradation pathways is needed. 

 In this work, soil redox sensors and DNA and RNA sequencing-based microbiome 

analysis were combined to elucidate NSZD and ENSZD (biostimulation via periodic sulfate 

addition and air sparging) processes in columns containing LNAPL impacted soils from a former 

petroleum refinery. Herein, microbial activity was directly correlated to continuous soil-ORP 

readings. Results show expected relationships between continuous soil redox and active 

microbial communities. Continuous data revealed spatial and temporal detail that informed 

interpretation of the hydrocarbon biodegradation data. Redox increases were transient for sulfate 
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addition, and DNA and RNA sequencing revealed how hydrocarbon concentration and 

composition impacted microbiome structure and naphthalene biodegradation. When alkanes 

were present, naphthalene degradation was not observed, likely because naphthalene degraders 

were outcompeted. Further, the results of the sulfate addition experiment indicated a direct 

correlation of Desulfovibrio spp. with naphthalene biodegradation and showed that Smithella 

spp. were enriched in sulfate enhanced soils containing alkanes. Periodic air sparging did not 

result in fully aerobic conditions suggesting observed increased rates of biodegradation could be 

explained by stimulating alternative anaerobic metabolisms that were more energetically 

favorable compared to baseline/control conditions (e.g., iron reduction due to air oxidizing 

reduced iron). 

Methods developed and emerging continuous monitoring tools that were tested in lab soil 

columns were also applied to a mid- and late-stage LNAPL site. Herein, a case study is presented 

that advances integration of multiple nascent technologies for characterizing mid- and late-stage 

LNAPL sites including: 1) cryogenic coring, 2) multiple level internet of things (IoT) soil redox 

and temperature sensors in soil, and 3) application of RNA- and DNA-based molecular 

biological tools (MBTs) for site characterization. The integration of the data sets produced by 

these tools allowed for progress of NSZD to be evaluated in parallel under LNAPL site-relevant 

biogeochemical conditions. Collectively, the research presented in this dissertation support 

combining cryogenic coring sampling, continuous redox and temperature sensing and 

microbiome analysis to provide insights beyond those possible with each monitoring tool alone.  

The synergy achieved between microbiome characterization and soil continuous sensing 

illustrates how the integration of new characterization tools can provide insight into complex 

biogeochemical systems. Further understanding of these technologies will lead to improved 
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predictions on remediation outcomes. The modern tools tested for middle- and late-stage LNAPL 

sites offer opportunities to more effectively and efficiently manage legacy LNAPL sites. 
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CHAPTER 1. INTRODUCTION AND BACKGROUND 

1.1. Petroleum in Soils and Groundwater 

The world relies on petroleum for ground, air, and sea transportation, manufactured 

goods, such as plastics, and for powering and heating industrial and domestic sectors of society. 

While petroleum has facilitated, and continues to facilitate, human progress, its exploitation, 

processing, and distribution can result in environmental spills. Inadvertent petroleum 

hydrocarbon (PHC) releases to soil-groundwater systems can result in zones containing light 

non-aqueous phase liquids (LNAPL). The focus of this research is advancing remediation 

approaches that rely on biodegradation of LNAPLs in the subsurface. 

1.2. Petroleum Subsurface Fate  

PHCs in soils and shallow groundwater are a ubiquitous problem and can pose a threat to 

human health and the environment (Sale et al., 2018). Upon being released to the subsurface, 

LNAPL migrates downward through the pore space into the vadose zone and to the top of the 

capillary fringe due to gravity (Chapple et al., 1998). Typically, LNAPL will laterally expand as 

it sheens on the groundwater surface (Bruce & Biagi, 1997), and water table fluctuations will 

cause smearing allowing for LNAPL expansion in the vertical direction, as well. These vertical 

fluctuations can cause LNAPL entrapment in vadose zone pore spaces (Newell et al., 1995).  

Lighter hydrocarbons also can partition from the free phase liquids to the vapor phase and 

migrate through the vadose zone, where they can be biodegraded or escape to the surface 

depending on the existing vadose zone biogeochemical conditions.  Further, dissolution of 

LNAPL in the pore water leads to the formation of dissolved-phase PHC plumes that can be 

attenuated via natural processes. The monitoring of these attenuation processes are referred to as 
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monitored natural attenuation (MNA) (Wiedemeier et al., 1999). MNA is a well-established 

remedial technology for PHC plumes. Similarly, LNAPL source depletion processes are referred 

to as NSZD (ITRC, 2018). Although dissolution, sorption and volatilization contribute to NSZD, 

LNAPL biodegradation is the key depletion process (Garg et al., 2017; Sihota et al., 2011).  

 

Figure 1.1. Schematic representation of a shallow LNAPL impacted subsurface (ITRC, 2018). 

1.3. LNAPL Biodegradation  

NSZD biodegradation pathways are, in large part, dictated by electron acceptor 

availability. NSZD can occur via aerobic and anaerobic biodegradation. Anaerobic LNAPL 

biodegradation is commonly mediated by nitrate, manganese, iron, sulfur, thiosulfate, and sulfate 

(Garg et al., 2017; Meckenstock et al., 2015; Taggart et al., 2021). Absent these electron 

acceptors, biodegradation of LNAPLs occurs mainly through syntrophic interactions that involve 

fermentation and methanogenesis (Morris et al., 2013; Rotaru et al., 2016). Syntropy has been 

defined as a “tightly coupled mutualistic interaction” between at least two organisms to 

overcome thermodynamic and kinetic constraints (Sieber et al., 2012). Depending on the 

pathway, biodegradation of LNAPL can result in the production of hydrogen, carbon dioxide, 

methane, volatile fatty acids (e.g., acetate and formate), sulfide, and reduced and oxidized 

species of elements (e.g., manganese and iron) cycled during biologically mediated electron 

transport processes (Riser-Roberts, 2020). Understanding key biological processes underpinning 
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NSZD can lead to insights regarding LNAPL depletion in subsurface environments and can 

potentially be applied to remediation enhancements. 

1.4. Molecular Biology Tools (MBTs) 

MBTs can be applied to site characterization to provide evidence of microbially-mediated 

LNAPL depletion pathways (Löffler & Edwards, 2006; Taggart et al., 2021; Taggart & Key, 

2023). Modern environmental MBTs rely on the detection of genes (DNA) or the detection of 

expressed genes (RNA and proteins) to evaluate biodegradation. Next generation sequencing 

(NGS) of present (DNA) and active (RNA) microbial communities can provide insights 

regarding subsurface biogeochemistry, associated cycling of elements utilized in electron 

transport (e.g., N, Mn, Fe, S), and help elucidate biodegradation pathways and ways to optimize 

these pathways. Quantitative polymerase chain reaction (qPCR) and reverse transcription qPCR 

(RT-qPCR) can quantify genes and transcripts, respectively. The detection of genes and 

transcripts associated with a given function can provide more direct evidence of the occurrence 

of a known biodegradation process. For example, the detection of alkB transcripts indicates 

active aerobic biodegradation of alkanes. Microbial ecology data are usually integrated with 

geochemical data to deduce biodegradation pathways in the subsurface and can inform on how to 

best measure degradation in the environment. For example, identifying sulfate reducers in the 

environment can lead to measuring sulfate concentration changes over time or space to establish 

a sulfate-dependent hydrocarbon degradation rate (Wiedemeier et al., 1999). Similarly, 

measurements of carbon dioxide and methane efflux are used to measure biodegradation rates.  

1.5. Measuring Biodegradation  

NSZD loss rates can be on the order of 10,000 to 100,000 of liters per hectare per year at 

middle and late-stage sites (McCoy et al., 2015). NSZD rates commonly exceed depletion rates 
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that can be achieved with active remedies (McCoy et al., 2015). However released LNAPL 

volumes are commonly large enough that LNAPL can persist for extended periods of time 

(Huntley & Beckett, 2002).  

The importance of methanogenesis in the long-term evolution of hydrocarbon source 

zones has been acknowledged by researchers, field practitioners, and regulators alike (Garg et 

al., 2017; Irianni Renno et al., 2016; Sihota et al., 2011). However, characterizing NSZD and 

documenting evidence of degradation under field conditions remains challenging given 

uncertainties associated with subsurface heterogeneities. Under methanogenic conditions 

degradation rates are slow and the complexity and diversity of syntrophic methanogenic 

pathways further complicates characterization (Cavaliere et al., 2017). Further, as hydrocarbon 

sites evolve, key depletion processes might shift. An evolving conceptual site model (CSM) can 

thus help to adequately monitor NZSD progress (Lari et al., 2019). Being able to monitor in situ 

progress of hydrocarbon biodegradation is central to developing evolving CSMs that will aid in 

the modern management of PHCs in soil and groundwater. 

Methods for monitoring NSZD rates include measuring gas fluxes associated with NSZD 

processes (e.g., via the gradient method (Johnson et al., 2006), the chamber method (Sihota et al., 

2012), or the trap method (McCoy et al.,2015). More recently, multiple level temperature sensors 

were applied to measuring heat generated through NSZD (Karimi Askarani et al., 2018). The 

exothermic reaction of aerobic methane oxidation (i.e., methanotrophy) generates quantifiable 

levels of heat that can be used to calculate NSZD rates (Karimi Askarani et al., 2018; Karimi 

Askarani et al., 2024). 

 Complimentary to continuous temperature sensing and rate determination based on 

oxidation of methane produced by anaerobic PHC degradation is a newly developed technology 
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that allows for collecting continuous biogeochemical ORP (Burge et al., 2018; Sale et al., 2021). 

Sale et al., (2021) present in their work a comprehensive and synergistic dataset that shows how 

continuous ORP data can serve as an indication of a subsurface geochemical environment. 

Further, they show how, when coupled with other subsurface biogeochemical data, ORP data can 

potentially lead to the elucidation of governing LNAPL biodegradation processes.  

1.6. Research Objectives 

There is a critical need to develop bioremediation technologies including NSZD to 

address LNAPL source zones. Although NSZD has been accepted by field practitioners as an 

efficient remediation technology, regulatory approval has been lagging mainly because of 

challenges associated with consistently demonstrating its occurrence (Davis et al., 2023). The 

research presented herein focuses on expanding available tools (e.g., development of an RNA 

purification protocol from LNAPL impacted soils) and on demonstration of the merits of 

synergistic implementation of recently developed continuous monitoring tools (e.g., soil redox 

sensors, cryogenic sample preservation, and microbiome analysis) under laboratory and field 

conditions. 

The objectives of the work presented herein are to: 

1. Develop an RNA purification method suitable for samples containing petroleum 

liquids. Demonstrate the new RNA purification method’s utility to better resolve 

processes governing the longevity of LNAPL source zones. 
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2. Couple our understanding of microbial community structure and redox, measured 

by ORP sensors in soil, to further our ability to predict hydrocarbon remediation 

outcomes based on these parameters. 

3. Explore the application of recently developed assessment technologies to an 

LNAPL site to demonstrate how the integration of these technologies can 

facilitate the construction of a CSM that supports NSZD. 

4. Show how better characterization and NSZD progress monitoring at mid- and 

late-stage LNAPL sites can, via “a multiple line of evidence approach”, support 

NSZD as a primary remedy. 

Benefits of achieving these objectives include: 

1. Better protection of human health and the environment. 

2. Reduced societal costs for managing subsurface releases of petroleum hydrocarbons. 

3. Increased understanding regarding LNAPL biodegradation. 

4. A better understanding of validity and utility of continuous soil redox sensors. 

1.7. Guide to Content 

New microbial tools and sensor technologies for NSZD and ENSZD would be effective 

and widely adopted if there were a sound interpretation of the monitored parameters. The latter 

in turn requires a clear understanding of biogeochemical processes and how process shifts may 

affect the monitored parameters. First, the work presented herein addresses the potential of 

microbial tools focusing on biodegradation process resolution via the development of a new 
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RNA extraction method for LNAPL impacted soils. Our new method relies on a soil washing 

approach that has no adverse effects on RNA recovery and improves RNA quality by removing 

PCR inhibitors (e.g., XYZ), which in turn allows for characterization of active microbial 

communities present in petroleum impacted soils. Measuring active microorganisms in LNAPL 

impacted soils in combination with collection and interpretation of other geochemical data 

provides valuable insights regarding key biodegradation processes. In addition, this dissertation 

presents laboratory soil column experiments that explored relationships between characterized 

microbial ecology and continuous sensor-based soil ORP measurements. In addition to 

examining these relationships under baseline methanogenic conditions, the experiment was used 

to study the effects of two different hydrocarbon biodegradation enhancements (pulsed sulfate 

addition and pulsed air sparging) under representative environmental conditions. Lastly, this 

research implements emerging NSZD monitoring technologies (cryogenic coring and continuous 

sensing of soil redox and temperature) to the characterization and monitoring of NSZD at a 

hydrocarbon-impacted field site. Central to adopting NSZD as a remedy is verifying that NSZD 

is occurring. As with MNA of dissolved phase hydrocarbons in plumes, multiple lines of 

evidence can be used to demonstrate and document occurrence and rates of NSZD. Thus, 

dynamic, high-resolution characterization of LNAPL zones provides a basis for more sustainable 

remedies for LNAPLs. This case study shows how continuous monitoring at appropriate spatial 

and temporal scales coupled with a robust biogeochemical characterization can help advance 

remedies for management of LNAPL impacted sites.  

1.8. Publication Status 

Chapter 2. Advanced methods for RNA recovery from petroleum impacted soils was 

published in MethodsX in 2021 (an Elsevier peer-reviewed Journal) (Irianni-Renno et al., 2021). 
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Coauthors are Thomas C. Sale and Susan K. De Long.  Chapter 3. Evaluating Natural Source 

Zone Depletion (NSZD) and enhanced NSZD in Laboratory Columns Via Soil Redox 

Continuous Sensing and Microbiome Characterization was submitted for publication to the 

Journal of Hazardous Materials and is currently undergoing the peer review process. Coauthors 

are Jorge L. Rico, Trent A. Key and Susan K. De Long. Chapter 4. Implementing an Expanded 

Toolbox for Characterization and Monitoring of NSZD at a mid-to-late-stage LNAPL Release 

Site is undergoing an internal review process with ExxonMobil and is intended to be submitted 

for publication to Science of the Total Environment (STOTEN), after completion of my Ph.D. 

Likely co-authors include Jorge Rico, Calista Campbell, Kayvan Karimi Askarani, Trent A. Key, 

Tom C. Sale and Susan K. De Long. 
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CHAPTER 2. ADVANCED METHODS FOR RNA RECOVERY FROM PETROLEUM 

IMPACTED SOILS 

2.1. Chapter Synopsis 

Microbially-mediated hydrocarbon degradation is well documented. However, how these 

microbial processes occur in complex subsurface petroleum impacted systems remains unclear, 

and this knowledge is needed to guide technologies to enhance microbial degradation effectively. 

Analysis of RNA derived from soils impacted by petroleum liquids would allow for analysis of 

active microbial communities, and a deeper understanding of the dynamic biochemistry 

occurring during site remediation. However, RNA analysis in soils impacted with petroleum 

liquids is challenging due to: A) RNA being inherently unstable, and B) petroleum impacted 

soils containing problematic levels of polymerase chain reaction (PCR) inhibitors that must be 

removed to yield high-purity RNA for downstream analysis. A previously published soil wash 

pretreatment step and a commercially available DNA extraction kit protocol were combined and 

modified to be able to purify RNA from soils containing petroleum liquids.  

• A key modification involved reformulation of the pretreatment solution by replacing 

water as the diluent with a commercially available RNA preservation solution.  

• Methods were developed and demonstrated using cryogenically preserved soils from 

three former petroleum refineries. Results showed the new soil washing approach had no 

adverse effects on RNA recovery and did improve RNA quality by PCR inhibitor 

removal, which in turn allows for characterization of active microbial communities 

present in petroleum impacted soils. 
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• In summary, our method for extracting RNA from petroleum-impacted soils provides a 

promising new tool for resolving metabolic processes at sites as they progress toward 

restoration via natural and/or engineered remediation. 

2.2. Introduction 

Broad realization has come to the fact that soils, comingled at a pore-scale with 

nonwetting petroleum liquids, are populated by microbes that can transform petroleum into CO2. 

Surprisingly, rates of depletion of petroleum liquids via microbially-mediated processes 

commonly rival and/or exceed depletion rates achieved with engineering remedies (Garg et al., 

2017; Sale et al., 2018) These processes of converting petroleum liquids in soil-groundwater 

systems are referred to as natural source zone depletion (NSZD) per ITRC (2009).  

NSZD has been well-demonstrated through various lines of evidence, including 

quantification of CO2 efflux through the vadose zone using a gas gradient method (Lundegard et 

al., 2006), the dynamic chamber method (Sihota et al., 2013), and CO2 traps (McCoy et al., 

2015). Also, and perhaps more definitively, NSZD has been demonstrated by quantification of 

the heat generated from biotic oxidation of petroleum hydrocarbons in soil groundwater (Karimi 

Askarani et al., 2018; Karimi Askarani et al., 2020). Biotic oxidation of petroleum hydrocarbons, 

like oxidation of organic composts, produces CO2 and heat. 

 While the fact that NSZD happens is clear, the microbially-mediated biochemistry of 

NSZD, and how it might be enhanced, is not clear. A promising approach to better resolving the 

biochemistry of NSZD is characterization of microbial communities in soils impacted with 

petroleum liquids (Irianni-Renno et al., 2016; Lovely et al., 1993; Zeman et al., 2014). However, 

most hydrocarbon source zone research has characterized systems at the DNA level (Garg et al., 

2017; Irianni-Renno 2016), only providing information on microbe presence. Since presence or 
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absence of a genetic sequence does not reflect active (biodegrading) or even viable microbes, 

DNA-based analysis might paint an incomplete picture of processes driving hydrocarbon 

biodegradation at the time of sampling. In contrast, assessing a microbial community at the RNA 

level provides more direct information regarding active organisms at impacted sites. Herein, 

methods are advanced for RNA purification, quantification of gene expression, and sequencing 

in support of resolving the active (RNA-based) vs. the historical (DNA-based), metabolic 

processes driving NSZD. The challenge for RNA-based characterization of microbial ecology is 

the molecular instability of RNA, and petroleum-impacted sites present a unique challenge in 

this regard. Given instability, preservation during purification of RNA is critical. With respect to 

RNA preservation at contaminant-impacted field sites, cryogenic collection of soil samples is 

promising (Kiaalhosseini et al., 2016; Olson et al., 2017). The primary challenge with resolving 

active microbial ecologies in soils impacted by petroleum liquids is extraction and purification of 

high-quality RNA. Herein, a novel sample pretreatment procedure is advanced (“Step 2”, 

Methods section) for removing polymerase chain reaction (PCR) inhibitors from soils containing 

petroleum liquids, while preserving the integrity. 

Techniques are demonstrated using soil cores collected from three former petroleum 

refineries (Sites). The benefits of the new pretreatment wash method are demonstrated with 

samples from Site 1, spiked with E. coli as a source of RNA. Improved RNA quality and lack of 

inhibitors is further demonstrated with samples from Site 2. Lastly, samples from Site 3 are used 

to illuminate that subsurface microbial communities are dynamic, as evidenced by differences 

between the microbial phylotypes that were active at the time of sampling (RNA) and the 

microbial phylotypes that were present (DNA). Microbial data combined with other Site 3 

characterization (unpublished data) provided evidence for a transition from historical 
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anaerobically-mediated NSZD to an emerging, more aerobic, NSZD at the leading edge of a 

subsurface petroleum pool. Overall, documented RNA methods combined with DNA data 

provide a promising new tool for resolving the dynamic biochemistry of sites as they progress 

toward restoration via natural and engineered remedies.  

2.3. Research Objectives 

The objectives of this chapter are to 1) develop an RNA purification method suitable for 

samples containing petroleum liquids and 2) demonstrate its utility to better resolve processes 

governing the longevity of LNAPL source zones. 

2.4. Methods 

The following describes our RNA extraction methods and demonstrative applications of 

our methods using soil core from three former refineries. In order to continue with downstream 

PCR based analysis, recovered RNA is transcribed to stable cDNA (a DNA copy of the 

recovered RNA), and cDNA is used to resolve RNA-based microbial communities. 

 2.4.1. RNA Extraction Procedures  

Figure 2.1 provides an overview of our extraction workflow and subsequent analyses. 

The following outlines key steps in RNA isolation from soil matrices impacted by petroleum 

hydrocarbons.  
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Figure 2.1. Flow chart summary of RNA processes. Sample processes are summarized, from 
sample collection to RNA purification, followed by cDNA synthesis and PCR based analyses. 

The novel aspect of our method (Step 2) involves a modification of a previously 

published sample pretreatment wash (Kraan et al., 2010) used to purify DNA from petroleum 

liquid impacted soils. Our methods include washing samples with sodium chloride, disodium-

EDTA, TritonX-100, dehydrated skimmed milk and polydeoxinocinic-deoxycytidilic-acid 
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(pdIdc) to remove PCR inhibitors (e.g., XYZ). Disodium-EDTA chelates metals, such as iron, so 

metals do not precipitate out of solution (Zaitoun et al., 1997). Iron is found at sites impacted by 

petroleum liquids and interferes with PCR-based reactions. Low concentrations of a mild 

detergent, such as TritonX-100, will not lyse cells but promotes petroleum desorption, allowing 

petroleum liquids to float at the top of the wash solution (Sui et al., 2010). Dehydrated skimmed 

milk, in high salinity environments, binds biological macromolecules such as lipids and sugars 

(Livney, 2010). Organic molecules and chelated metals in solution are removed from the soil 

mix via discarding the supernatant in each washing step, after centrifugation. Polydeoxinocinic-

deoxycytidilic-acid (pdIdc) is a nucleic acid surrogate and may interact with RNAses. Further, 

our modification consists of replacing deionized (DI) water as the wash solution diluent with 

LifeGuardTM solution (Qiagen, Germantown, MD), to protect RNA from degradation during 

inhibitor removal wash steps. In addition to preserving nucleic acid integrity, by inactivating 

RNASes, LifeGuardTM solution prevents new microbial growth (Qiagen, Germantown, MD). 

Referenced solutions C1-C6 are proprietary components of the PowerSoil PowerlyzerTM DNA 

isolation kit (Qiagen, Germantown, MD). 

 2.4.1.1. Sample Collection and Preservation 

Attributes of soil sample collection sites and soil sample collection methods are presented 

in Table 2.1. All samples were shipped for analysis to Colorado State University (CSU).  
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Table 2.1. Site attributes and sampling method 

 

 2.4.1.2. Sample Pre-treatment 

A) Five-gram frozen soil samples were removed from the freezer and placed in 50ml 

centrifuge tubes. B) 80 ng of dehydrated skimmed milk (VWR, Radnor PA.), 10 µg of pdIdc 

(Sigma-Aldrich, St. Louis, MO), and 1 ml of LifeGuardTM Soil Preservation Solution (Qiagen, 

Germantown, MD) were added to each sample. PdIdc and milk casein, present in the added 

dehydrated skimmed milk, act as adsorption competitors for nucleic acids. C) The soil mixtures 

were vortexed with a Gennie-II vortex (Qiagen, German, MD) for one minute and were 

incubated on ice for an additional minute. D) Next, pretreated soil samples were washed three 

times with three different solutions (described below). E) Between washes the samples were 

vortexed for 2 min, centrifuged at 13,000 rpm for 3 min in a Sorvall Legend XTRTM centrifuge 



16 

 

(Thermoscientific, Ashville, NC), and the supernatant discarded. F) During the first wash step, 

the reagents added to the mixture were: 8 ml of LifeguardTM preservation solution, 500 µl of 50 

mM trisHCl (pH=8.3) (Sigma-Aldrich), 400 µl of 200 mM NaCl (VWR), 100 µl of 5 mM 

Na2EDTA (Sigma-Aldrich), and 5 µl of Triton X-100 (5% V/V) (Sigma-Aldrich). G) During the 

second wash step the following was added to the mixture: 9 ml of LifeGuardTM Soil Preservation 

Solution followed by the addition of 500 µl of 50 mM tris-HCl (pH=8.3), 400 µl of 200 mM 

NaCl, and 100 µl of 5 mM Na2 EDTA. H) The third washing solution contained 9.4 ml of 

LifeGuardTM Soil Preservation Solution, 500 µl of 50 mM tris-HCl (pH=8.3), and 100 µl of 5 

mM Na2 EDTA. After centrifugation and supernatant discard, the remaining soil solutions were 

ready for RNA extraction. 

 2.4.1.3. RNA Extraction 

RNA was extracted using the PowerSoil PowerlyzerTM DNA isolation kit (Qiagen, 

Germantown, MD), via an alternative protocol with modifications adapted to isolate and purify 

RNA. In detail, A) approximately 0.5 g of pretreated sample (or untreated for controls) were 

added to a dry bead tube from the commercial kit (compared to the manufacturer recommended 

0.25 g.) B) Next the following were added to each sample: 500 μl of the kit Bead Solution 

including 200 μl phenol:chloroform:isoamyl alcohol (pH 7-8) (Amresco, Solon, OH), and 60 μl 

of Solution C1. The addition of 200 μl phenol: chloroform: isoamyl alcohol (pH 7- 8) was a 

modification recommendation by the manufacturer (MoBio) and is not included as part of the 

protocol provided with the commercial kit. C) The tubes were then vigorously shaken in a 

PowerlyzerTM (Qiagen, Germantown, MD.), according to the kit’s provided protocol. D) After 1 

minute of full-speed (13,000 rpm) centrifugation, solution C2 (200 μl) and solution C3 (100 μl) 

were added to the supernatant. E) Each mixture was incubated for 5 minutes at 4 °C and then 
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centrifuged again for 1 minute. F) The supernatant (approximately 650 μl) was removed to a new 

centrifuge tube and combined with 650 ul of solution C4. G) The resulting lysate preparation was 

vortexed vigorously for 5 seconds. H) Next, 650 μl of the vortexed solution were added to the 

kit’s purification columns in new centrifuge tubes. I) After sample binding to the columns, the 

columns were washed with 650 μl of 100% ethanol followed by a wash with 500 μl of Solution 

C5. J) The columns were then dried by centrifugation (2 minutes at 13,000 rpm), prior to being 

transferred to a clean centrifuge tube. 

 2.4.1.4. RNA Recovery and DNA Removal 

A) RNA elution was performed with 50 μl of Solution C6. B) The purified RNA was 

treated (according to protocol provided by manufacturer) with AMBION DNA-FreeTM DNase 

(Life Technologies, Grand Island, NY) to remove co-extracted DNA prior to C) RNA 

quantification via optical density at 260 nm with a NanoDrop (Thermoscientific, USA). 

 2.4.1.5. RNA Transcription to cDNA 

RNA was reverse transcribed to cDNA utilizing the SuperScriptTM IV First-Strand 

Synthesis System (Invitrogen, Carlsbad, CA). 

 2.4.1.6. Reverse Transcription Quantitative Polymerase Chain Reaction (RT-qPCR)  

Assays were prepared as 25 μl reactions in a 96-well plate as follows. (A) A master mix 

was prepared by adding 12.5 μl of Power SYBR GreenTM qPCR reaction mix (2X) (Life 

Technologies, Grand Island, NY), 1.5 μl forward and reverse primers (2.5 μM), and 7.5 μl PCR 

grade water. (B) Then, 23 μl of the master mix was added to each reaction well, followed by (C) 

the addition of 2 μl 0f 0.5 ng of cDNA template (based on OD260) to each well. Commercially 

available genomic DNA (America Type Culture Collection) was used as calibration standards. 

(D) Once the well plate was prepared, it was run using an ABI 7300 real-time PCR system 
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(Applied Biosystems, Foster City, CA) programmed with the following thermocycling 

conditions: 95 °C for 10 min, followed by 40 cycles of 95 °C for 45 s, 56 °C for 30 s, and 60 °C 

for 30 s. (E) Dissociation curve (i.e., melt curve) analysis was conducted to confirm amplicon 

specificity. (F) For each target assay, primer sets and genomic DNA controls were chosen per 

current published methods including: (i) bacterial 16S rRNA transcripts (Suzuki et al., 2000), (ii) 

archaeal 16S rRNA transcripts (Suzuki et al., 2000), (iii) methanogens via mcrA (Juottonen et al., 

2006) and R15 (McGenity et al., 2016), (iv) anaerobic benzene degraders via abcA (Waals et al., 

2017), (v) anaerobic alkane degraders via assA, primer set assA2F/ass A2R, (Aitken et al., 2013), 

and (vi) alkane oxidizers via alkB (Guo et al., 2017). 

 2.4.1.7. PCR Amplification 

A) 15 to 20 μl of cDNA and DNA from samples 3-A, B and C obtained from 

environmental triplicates were placed in centrifuge tubes and shipped on blue ice to Research 

and Testing Laboratory, LLC (Lubbock, TX) for analysis of active and total present microbial 

communities. B) As a first step, and prior to sequencing the samples, Research and Testing 

Laboratory, LLC (Lubbock, TX) generated barcoded 16S rRNA amplicons via PCR 

amplification from the provided cDNA and DNA 

 2.4.1.8. Next Generation Sequencing PCR Amplification 

A) If generated, 16S rRNA amplicons (see step 7) were sequenced via Illumina MiSeq 

following methods described in (Irianni-Renno et al., 2016). B) Sequence data analysis was 

performed by Research and Testing Laboratory, LLC using the RDP classifier in conjunction 

with the Silva database for taxonomic identification of the 16S rRNA sequences (https://www. 

arb-silva.de/). C) Relative abundance (%) data generated by sequencing were used to construct 

histograms that represent active and total microbial community composition for each sample, 



19 

 

based on their phylogeny. Analyses were done at the genus level. In cases where genera were 

unclassified, higher level taxonomic identifications are reported, but grouped taxa shared >97% 

sequence identity. 

 2.4.2. Methods Demonstration 

Demonstration variables and details regarding core samples are presented in Table 2.2. 

Demonstration variables include 1) sample preservation, 2) E. coli spikes 3) absence/presence of 

petroleum liquids, and 4) inclusion/exclusion of pretreatment Step 2. Non-cryogenically 

preserved Site 1 samples, spiked with E. coli, provided a basis for resolving RNA recovery given 

a known amount of RNA. Due to the non-cryogenic preservation of Site 1 samples, little, if any, 

RNA was likely present in the sample prior to E. coli spiking. Cryogenically preserved 

petroleum impacted samples from Site 2, analyzed with and without Step 2, provided a basis for 

demonstrating the merits of our methods with respect to the quality of the recovered RNA. Site 3 

data document an NSZD-driven shift in microbial ecology by comparing communities observed 

at the RNA and DNA levels at the leading edge of a petroleum body; the plume leading edge was 

identified by additional, unpublished results from site investigations. The following describes 

methods associated with samples from each of the study sites. 
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Table 2.2. Summary of demonstration variables and study samples 

 

Site 1 - A) E. coli was grown overnight in LB medium at 37 °C. B) When the E. coli 

culture contained approximately 8 x108 cells per ml, 3 ml (in two 1.5 ml aliquots) of culture were 

pelleted by centrifugation at 3000 rpm for 5 minutes. The supernatant was removed, and the 

pellet was re-suspended in 200 μl of lysis buffer from the PowerlyzerTM DNA extraction kit 

(Qiagen, Germantown MD). S1A and S1B samples (30g) were each homogenized with a mortar 

and pestle. C) After homogenization, the S1A and S1B samples were subdivided into six 

subsamples (5g each), and each subsample was spiked with approximately 2.4 x109 E. coli cells 

suspended in 200 μl lysis buffer. D) Lastly, the spiked soil samples were flash frozen using 

liquid nitrogen to simulate cryogenic sample preservation and stored at -80°C until RNA 

extraction. Samples were extracted following described methods including and excluding “Step 

2”, and after DNase treatment, RNA yielded by all samples was quantified as described in Step 4 

and reported as μg of RNA / g of soil.  

Site 2 - A) RNA was extracted from triplicate subsamples of S2 (S2-1 to S2-3) and 

analyzed using the steps in our procedure. Similarly, triplicate subsamples of S2 (S2-4 to S2-6) 

were extracted excluding Step 2 (sample pre-treatment). B) Four different masses of RNA (0.5, 

1, 2.5 and 5 ng) were analyzed via RT-qPCR for each extraction to determine quantities of 16S 

rRNA transcripts present, as a function of ng of RNA. The objective of this experiment was to 
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determine the suitability of the RNA obtained with or without the pretreatment (Step 2), for 

quantification of 16S rRNA via RT-qPCR. At a later time, other S2 samples were extracted in 

triplicate (S2-7 to S2-9) and analyzed via RT-qPCR, targeting common hydrocarbon degradation 

biomarker genes to verify that the RNA yielded by extraction with the newly developed method 

also was suitable for performing analyses relevant to degradation of petroleum liquids.  

Site 3 - A) RNA extracted from S3 field triplicates was analyzed via next generation 

sequencing (NGS) as detailed in Step 8. B) In addition, DNA was also extracted from samples 

S3 A, B and C following methods described in (Irianni-Renno et al., 2016) and sequenced 

following methods outlined in Step 8. C) DNA and cDNA sequence data were used to identify 

microbial communities present, and active, in the surveyed soils. Objectives for sequencing 

DNA and cDNA obtained from field triplicate S3 samples include: 1) to evaluate the feasibility 

of performing sequencing analyses with cDNA obtained from RNA purified with our described 

method, and 2) to document additional information gained from preforming sequencing analysis 

targeting microbes that are both present and active, instead of just microbes present.  

NGS for S3 samples provided phylogenetic identities and % abundance for the active and 

present microorganisms. Sequence data were analyzed as described previously (Irianni-Renno et 

al., 2016). Briefly, The RDP classifier was used in conjunction with the Silva database for 

taxonomic placement of the 16S rRNA sequences analyzed (https://www.arb-silva.de/). Relative 

abundance (%) data were used to construct bar charts that show microbial community 

composition for each sample, based on their phylogeny. 

2.5. Results  

Figure 2.2 shows RNA recovery from the E. coli spiked Site 1 soils with and without 

petroleum liquids and with and without Step 2. With Step 2, mean RNA recovery from 
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petroleum impacted samples is 35% greater than without Step 2. By contrast, mean RNA 

recovery from samples without petroleum is 20% less with Step 2 than without it. However, 

results from Tukey adjusted p-value analysis performed on RNA yield after ANOVA showed 

that there were no significant differences in RNA recovery between samples extracted with or 

without Step 2, for both samples with and without petroleum liquids. A limitation of the Figure 

2.2 data is that the form and distribution of RNA in the E. coli spiked samples may not be 

representative of RNA in field soils. Microbes, and their RNA, in field vadose zone soils occur 

primarily as thin biofilms in water bound to soil surfaces (Or et al., 2007). 

Step 2’s main function is removing PCR inhibitors that compromise RNA utility for 

downstream analyses, including characterization of microbial ecology via transcript 

quantification with RT-qPCR or sequencing (Toni et al., 2018). For example, the presences of 

metallic ions such as iron in solution (Sidsted et al., 2020) and organic acids are known to inhibit 

PCR reactions (Albers et al., 2013). Both ferrous iron and organic acids are common byproducts 

of petroleum biodegradation (Coates et al., 1995), and thus potentially be present in petroleum 

impacted samples. Molecular assay disruption can include inaccurate quantification of transcripts 

or even non-detection of molecular targets. RNA was extracted from Site 2 soils with and 

without Step 2 and copied to cDNA yield. Results are reported as µg RNA/g of soil. 
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Figure 2.2. Site 1 RNA yield per g of soil. Error bars show 95% confidence intervals for an n=3. 

Figure 2.3 shows bacterial 16S rRNA transcripts as a function of the RNA mass used for 

samples from S2-1 to S2-6. Results of RT-qPCR analyses using Step 2 show a linear relationship 

between 16S rRNA transcripts quantified and RNA mass used for analysis, which demonstrates 

inhibitors were well removed by Step 2. In contrast, results of RT-qPCR excluding Step 2 do not 

show an appropriate linear relationship between 16S rRNA transcripts quantified and RNA mass. 

The lack of an appropriate linear relationship between transcript or gene quantities and template 

mass is attributable to inhibitors (Kontanis et al., 2006). 
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Figure 2.3. Bacterial 16S rRNA transcripts versus RNA mass. 

Continuing with Site 2, Figure 2.4 plots alkB, R15 and mcrA transcripts as a function of 

the mass of RNA analyzed for samples S2-7 through S2-9. RNA from samples S2-7 through S2-

9 was extracted including pretreatment Step 2. RT-qPCR data shown on Figure 2.4, targeting 

petroleum degradation processes, show a linear relationship between detected transcripts and 

template mass. Detected hydrocarbon degradation biomarkers in S2-7 through S2-9 include 

expressed alkB genes, which encode part of an alkane hydrolase. alkB is an enzyme involved in 

alkane degradation under aerobic conditions (Shao et al., 2013). Detected methanogenic markers 

included R15 (phylogenetic marker for aero-tolerant methanogens) and mcrA (functional marker 

for methane reductase). Additional petroleum degradation targets were assayed and not detected, 

including transcripts for assA (which encodes the α subunit of the first enzyme in the anaerobic 

alkane degradation pathway) and abcA (a functional marker for anaerobic benzene degradation). 

Figure 2.4 results illustrate that RNA obtained with our method is suitable for analysis of a 

variety of transcripts encoding hydrocarbon degradation enzymes. 
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Figure 2.4. alkB, R15 and mcrA transcripts versus RNA mass. Analysis was done for sample 
triplicates S2 -7,8, and 9 extracted including treatment Step 2. 

Lastly, Site 3 soils were used to compare microbial communities based on RNA and 

DNA analyses. Figure 2.5 shows the relative abundance of microorganisms at the identified 

grouped taxa level (grouped sequences shared >97% identity). Bacterial community analyses 

were generated by sequencing A) 16S rRNA bacterial genes (DNA) or B) 16S rRNA bacterial 

transcripts (RNA). Step 2 modifications were only employed for RNA. Microbial communities 

illuminated by RNA and DNA were distinct. At the DNA level, the community characterization 

shows taxa previously associated with anaerobic hydrocarbon degradation including putative 

fermenters such as: Pelotomaculum (Scher et al., 2012), unclassified Clostridia (Jimenez et al., 

2016), Deltaproteobacteria (Moreira et al., 2006), Firmicutes (An et al., 2013), unclassified 

Anaerolineaceae (An et al., 2013), and Smithella (Liang et al., 2015). At the RNA level, Step 2 
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was employed to obtain RNA in support of resolving microorganisms that were active at the time 

of sampling. Interestingly, the active bacterial community was predominantly aerobic. 

Specifically, identified aerobic microorganisms previously associated with hydrocarbon 

degradation include Citrobacter (Liang et al., 2015), Corynebacterium (Linda et al., 2012), 

Kluyvera (Shekar et al., 2015), and Staphylococcus (Bhuvaneswar et al., 2012). 

 

Figure 2.5. Relative abundance of microorganisms. Analyses based on DNA A) and RNA B) 
acquired from splits of cryogenic samples obtained from 9.3 m bgs. from three adjacent borings. 

Analyses were done at the genus level. In cases where genera were unclassified, higher level 
taxonomic identifications are reported but grouped taxa shared >97% sequence identity.  

Identifying an active aerobic microbial community in the analyzed soil is consistent with 

on-going historical disappearance of petroleum liquids and degradation products in groundwater 

wells for the study area. Based on other site characterization efforts, the study area is known to 

lie at the leading edge of a large historical subsurface body of petroleum liquids. Also 
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noteworthy in Figure 2.5 are the similarities of identified communities in the three closely 

located collected cryogenic cores for both the DNA and RNA-based methods, suggesting 

methods are generally reproducible. 

2.6. Conclusions 

The pretreatment wash (Step 2) did not improve RNA yield and had no adverse effects on 

RNA yield. Importantly, clear improvements in purity of the extracted RNA were achieved with 

Step 2. Benefits of improved RNA purity include a reduced potential for failed or inhibited 

amplification of molecular targets, which would lead to inaccurate quantification of targeted 

genes or transcripts and potentially inaccurate relative abundance data from sequencing. Overall 

cleanup of nucleic acids prior to analyses, such as RT-qPCR and sequencing, can improve the 

quality of RNA-based characterizations of microbial communities. Lastly, results illustrate that 

RNA obtained with our method is suitable for the identification and quantification of a variety of 

transcripts associated with hydrocarbon degradation. An intriguing aspect of this work is the 

potential to use differences between RNA- and DNA-based characterization of microbial 

communities to illuminate microbial community activity and dynamics, which play critical roles 

in progress to site restoration. Herein, the difference between the overall microbial communities 

present, observed via DNA-based tools, and the active microbial communities, observed via 

RNA-based tools, is striking. Hydrocarbon degradation kinetics are generally known to be up to 

an order of magnitude faster under more oxidizing conditions (aerobic and nitrate reducing) 

versus more reduced conditions (sulfate reducing and methanogenic conditions) (Bojan et al., 

2021). Thus, our observation that the active microbial communities at the time of sampling were 

aerobic is consistent with on-going historical disappearance of petroleum liquids and related 

compounds in groundwater in wells in the study area, as described in unpublished site 
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investigation reports. Critically, this insight into the putative role of aerobic microbial 

metabolism in remediation at study Site 3 would have been overlooked based on DNA analysis 

alone given that the DNA-based microbial characterization identified a predominantly anaerobic 

fermenting community. Less than 2% of the microbial community identified based on the DNA 

analysis was characterized as aerobic. Overall, our methods for extracting RNA from petroleum 

impacted soils, in combination with DNA data, provide a promising new tool for resolving 

evolving metabolic processes and biochemistry at sites progressing toward restoration via natural 

and/or imposed remedies. Ongoing work is focused on further explorations of concurrent 

RNA/DNA based characterization of microbially mediated processes contributing to restoration 

of sites impacted by petroleum hydrocarbons and other contaminants of concern. 
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CHAPTER 3. EVALUATING NATRUAL SOURCE DEPLETION (NSZD) AND ENHANCED 

(NSZD) IN LABORATORY COLUMNS VIA SOIL REDOX CONTINOUS SENSING NAD 

MICROBIOME CHARACTERIZATION 

3.1. Chapter Synopsis 

Implementation of natural source zone depletion (NSZD) and enhanced NSZD (ENSZD) 

as remedies for light non-aqueous phase liquids (LNAPL) rely on a multiple-lines-of-evidence 

based approach that requires effective monitoring. Redox evolution of an LNAPL-impacted 

subsurface can reflect ongoing biogeochemical LNAPL degradation pathways and provide 

information regarding NSZD and ENSZD progress. Emerging uses of ORP sensors show 

promise to continuously resolve soil redox conditions. However, further understanding of soil 

redox dynamics and how these conditions relate to subsurface microbial activities and LNAPL 

degradation is needed. In this work, using columns containing LNAPL-impacted soils from a 

former petroleum refinery, we evaluate the merits of soil redox sensors to monitor performance 

of two known NSZD enhancements, biostimulation with periodic sulfate addition or periodic air 

sparging. After enhancements were tested, the columns were cryogenically preserved and their 

microbiomes were analyzed via DNA and RNA sequencing, along with geochemical parameters. 

Results show expected relationships between continuous soil redox measurements and active 

microbial communities. Additionally, continuous data revealed spatial and temporal detail that 

informs interpretation of the hydrocarbon biodegradation data. Periodic sulfate doses of 1.3+/- 

0.6g to 0.7L of the soil column system resulted in transient redox increases in both sulfate 

enhanced columns. However, subtle differences were observed in the redox patterns between 

sulfate reducing columns that were likely associated with methanogenesis. Periodic pulses of 

25L of air to 0.7L of the soil column system did not result in fully aerobic conditions suggesting 
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that improvements in biodegradation may be explained by alternative anaerobic metabolisms 

(e.g., iron reduction due to air oxidizing reduced iron). Additionally, microbiome analysis 

revealed insights into how hydrocarbon concentration and composition impacted microbiome 

structure and activity within investigated redox ranges. These collective data suggest that 

combining continuous redox sensing with microbiome analysis can provide insights beyond 

those possible with either monitoring tool alone. 

3.2. Introduction 

At sites impacted by light non-aqueous phase liquids (LNAPL), natural source zone 

depletion (NSZD) processes can be sufficient to achieve site restoration (Garg et al., 2017; 

Kulkarni et al., 2020; Sihota et al., 2011). LNAPL mass removal through NSZD mass have been 

found to be comparable to those achieved by engineered systems (Sihota et al., 2018) and even 

surpass mass removal rates achieved via engineered systems (Mccoy et al., 2015). It has been 

shown that natural attenuation of hydrocarbon plumes can be enhanced via subsurface 

biogeochemical manipulation such as air sparging, sulfate and nitrate addition (Chen et al., 2010; 

Jørgensen, 2011). Additionally, recent work has shown that LNAPL source zone depletion by 

naturally occurring processes can be further enhanced by sulfate addition to the subsurface via 

induced infiltration by land surface application (Sra et al., 2023). NSZD and enhanced NSZD 

(ENSZD) are attractive remedial strategies for hydrocarbon sites given that they can be efficient, 

cost-effective, lower energy or resource consumption alternatives compared to active remedies 

(Pishgar et al., 2022; Statham et al., 2023). However, appropriate tools are needed to elucidate 

ongoing biodegradation processes at field sites, for monitoring, and to demonstrate and quantify 

the effectiveness of NSZD and ENSZD as compared to other hydrocarbon remediation 

technologies (Bouchard et al., 2018).  
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Herein, we explore the use of continuous multiple-level oxidation-reduction potential 

(ORP) sensors in soil (Sale et al., 2021) combined with microbiome analysis, as a monitoring 

strategy for NSZD and ENSZD of LNAPL impacted soil in laboratory columns. Soil redox, an 

indicator of electron acceptor availability, constrains the potential hydrocarbon biodegradation 

processes (e.g., aerobic biodegradation processes can only occur under aerobic redox). Further, 

microbial community structure and activity is dynamically influenced by and influences evolving 

redox conditions, and active biodegradation processes are dependent on the microorganisms 

present. As redox dictates energetic gain from reducing an organic contaminant (Levar et al., 

2017), when multiple electron-accepting processes are feasible, the redox regime will determine 

the process that occurs. Compared to redox measurement, molecular microbial analyses cannot 

be deployed currently to provide continuous field data. Combining temporally discrete molecular 

analysis of subsurface microbiomes with continuous redox sensor application can be used to 

provide insight regarding the dynamic microbiological activities that underly remediation 

outcomes. Thus, a key component of this work was to establish relationships between measured 

redox in soils and microbiomes. While advancing knowledge regarding this novel continuous 

monitoring strategy, this work also explores the effect of two ENSZD technologies, periodic 

sulfate addition and pulsed air sparging (including biosparging), for soils derived from a late 

stage LNAPL impacted site (characterized by nearly-complete depletion of LNAPL) (Sale et al., 

2018). The work includes efforts to better understand microbial processes governing NSZD and 

characterize the merits of continuous soil redox sensors to monitor enhancements. 

While NSZD can outperform in situ or ex situ engineered remedies, process 

enhancements (i.e., ENSZD) may be required to achieve clean-up goals (Bouchard et al., 2018). 

Two commonly practiced enhancements are sulfate addition (Kolhatkar & Schnobrich, 2017) 
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and pulsed air-sparging (Azubuike et al., 2016). Periodic sulfate addition (Kümmel et al., 2015; 

Wei et al., 2018; Zhang et al., 2021) and pulsed air-sparging (Clarke et al., 2018; Johnson et al., 

2001) are both field scalable technologies and have been demonstrated to enhance degradation of 

petroleum hydrocarbon constituents (e.g., benzene, naphthalene, etc.). While research has been 

published regarding the implementation of these hydrocarbon attenuation enhancement 

technologies (Adams & Reddy, 2003; Davis et al., 2022; Mancini et al., 2003; Wartell et al., 

2021;), enhancement mechanisms are not fully understood, hindering accurate prediction of 

treatment outcomes (Boll et al., 2020). LNAPL sites are biogeochemically complex and 

evolving, in great part, due to the occurrence of NSZD (Bruckberger et al., 2021; Irianni-Renno 

et al., 2016), and introduction of external sources of electron acceptors adds further complexities. 

Sulfate is a viable electron acceptor, but there are several pathways that can lead to 

sulfate utilization during LNAPL degradation, and controlling parameters that drive the 

activation of individual hydrocarbon constituent biodegradation pathways in mixtures are not 

well understood (Meckenstock et al., 2015; Michas et al., 2020; Wartell et al., 2021). The 

different biodegradation pathways observed under sulfate-reducing conditions in hydrocarbon 

rich environments have been linked to hydrocarbon composition (Shafieiyoun et al., 2020). The 

addition of sulfate to environments with only polycyclic aromatic hydrocarbons (PAHs) as the 

carbon source have resulted in sulfate serving as the electron acceptor for the oxidation of 

hydrocarbons, including naphthalene (Shafieiyoun et al., 2020) and phenanthrene (Shin et al., 

2019). In other studies, where alkanes such as hexane were present, the addition or presence of 

sulfate was associated with bolstering methanogenesis via the production of hydrogen from the 

fermentation of hydrocarbons (Embree et al., 2015; Ma et al., 2017; Shin et al., 2019). Further 
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knowledge regarding the system response to sulfate addition is needed to optimize hydrocarbon 

enhancements and to be able to predict long-term contaminant fate.  

Air sparging adds oxygen, typically by bubbling atmospheric air (78% N2, 21% O2, 

balance other gases), into the formation. Pulsing replenishes oxygen and renews mixing (Johnson 

et al., 2001). Additionally, sparged air delivered to into the aquifer can stimulate aerobic 

hydrocarbon degradation (i.e., biosparging) (Johnson et al., 2001). Unfortunately, with air, 

remedy efficacy can be limited by low oxygen content relative to stoichiometric demand and by 

mass transfer from sparse entrapped air bubbles. Additionally, reactive minerals in the 

subsurface, such as iron sulfides, can exert an oxygen demand. Kinetics likely favors the 

reoxidation of these minerals (Dong et al., 2022; Hunter et al., 1998) so the addition of air to 

methanogenic environments can result in activation of alternative anaerobic hydrocarbon 

degradation pathways, such as those depending on iron and manganese oxides or sulfur-based 

compounds as electron acceptors.  

 Varying subsurface geochemistry, whether by naturally occurring processes or via 

enhancement addition, affects the subsurface redox environment, microbiology, and 

consequentially biodegradation processes (Patel et al., 2022; Snousy et al., 2017; Yin et al., 

2021). How specific enhancements and their delivery affect the subsurface biogeochemistry 

remains poorly understood. Given the complexity and heterogeneity of subsurface environments, 

outcomes could be predicted most accurately with measurement data at high spatial and temporal 

resolution, elucidating processes at relevant scales and in sufficient detail. Advances in internet 

of things (IOT) technologies have brought continuous sensing to the forefront of industrial 

monitoring and present an opportunity for the remediation industry. Currently, there are limited 

practical tools to monitor redox evolution at LNAPL impacted sites. Emerging uses of ORP 
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sensors show promise to continuously resolve ORP conditions in soil, and correspondingly, 

provide insight regarding governing NSZD processes (Burge et al., 2018 - Patent No. 

15/237,230; Sale et al., 2021). ORP sensors are currently being used at multiple field sites; 

S3NSE Technologies reports deployment of their ORP sensors at 18 sites with a data collection 

rate of 56,600 measurements per day (Sale et al., 2021). Additionally, further research is 

warranted to improve understanding of how ORP can be interpreted to predict microbial 

processes governing NSZD and ENSZD. 

3.3. Research Objective 

The objective of this study is to couple our understanding of microbial community 

structure and redox, measured by ORP sensors in soil, to further our ability to predict 

hydrocarbon remediation outcomes based on these parameters.  

3.4. Methods 

 3.4.1. Overview of Approach 

Our approach involved ENSZD laboratory column studies with impacted soils from a 

former petroleum refinery decommissioned in the1980s. Columns were operated under baseline 

methanogenic conditions with no enhancements, and with periodic sulfate addition and pulsed 

air sparging. Results advance novel insights regarding NSZD biodegradation processes, merits 

and limitations of sulfate and air sparging ENSZD, and utility of multilevel ORP sensors in soil 

systems. 

In this study, soils from a former petroleum refinery were employed. Given the age of the 

spill this soil-LNAPL system can be considered to represent a mature LNAPL site, where 

LNAPL mobility is reduced, and most of the remaining hydrocarbons have been weathered. 

Columns were originally set up as described previously (Emerson, 2016). At the beginning of 
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this study, the columns were equipped with continuous soil redox sensors and gas and water 

sampling systems. Soil samples were collected from the columns, during sensor installation and 

at the end of the experiment. At the end of the experiment, soil columns were flash frozen on dry 

ice and cryogenically preserved for endpoint analyses. Collected soil samples were used to 

characterize the system biogeochemistry. Aqueous and gas chemistry data were collected 

periodically for the duration of the experiment. Continuous redox readings were recorded and 

analyzed, every 30 minutes, for the duration of the experiment. In total each sensor collected at 

least 20,000 readings. Two soil columns served as baseline controls and were methanogenic; two 

columns were enhanced by periodic sulfate addition; and two columns were enhanced by pulse 

air sparging 

 3.4.2. Description of Soils 

An in-depth biogeochemical characterization of the site where the soil used in the 

columns was originally collected is detailed in Irianni Renno et al., (2016). Soil was collected 

from the LNAPL-impacted zone, and TPH concentration was approximately 9,000 mg/kg soil. 

LNAPL was also collected from a well at the field site (Emerson, 2016). This field LNAPL was 

spiked with commercially available hexacosane, tetradecane, dodecane, naphthalene and benzene 

at 1.5X the original LNAPL concentrations, such that these spiked compounds were measurable 

over other TPH. Then different masses of this spiked LNAPL were added to soils, resulting in 

TPH (C3-C28) concentrations ranging from 9,000 to 37,000 mg/kg. n-hexacosane (CAS 630-01-

3, Sigma-Aldrich, St. Louis, MO), n-tetradecane (≥99% CAS 629-59-4, Aldrich St. Louis, MO), 

n-dodecane (≥99% CAS 112-40-3, Sigma-Aldrich, St. Louis, MO), naphthalene (99.6% CAS 91-

20-3 Alfa Aesar Ward Hill, MA), and benzene (ACS grade, CAS 71-43-2, EMD Chemicals 

China) were used for spiking.  
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 3.4.3. Column Setup 

Soil columns from Emerson (2016) were sampled in an anaerobic chamber for baseline 

conditions. Sensors were installed during baseline sampling. First, the contents (soil, LNAPL and 

water) of each column were poured into a sterile stainless-steel bowl. Soil materials for each 

column were homogenized, and one sample was collected from each column for the various time 

zero, biogeochemical characterization analyses. Next, the columns were equipped with sensors. 

Lastly, the equipped columns were repacked with the remaining homogenized column materials. 

Time zero analyses included hydrocarbon analyses (see section 3.4.8) and microbiome analyses 

(16S rRNA gene sequencing for DNA and RNA, see section 3.4.9) sequencing analyses. Due to 

the number of analyses performed and limited available soil material, samples for technical 

replicates could not be collected for each column. 

Figure 3.1 shows a schematic of the column setup. The columns were 61 cm long glass 

columns, with an internal diameter of 4.1 cm. Each column was equipped with a gas sampling 

port and gas collection system, a water sampling port and six soil-redox sensors. To facilitate 

equipping and re-filling the columns with soil, the monitoring system was mounted on a glass 

rod. Figure SA.1 shows a picture of the skeleton of the sampling system and the ProtonTM chip 

board (Particle IO., San Francisco, CA) used for continuous soil redox monitoring. The gas and 

water sampling ports were built as specified in Irianni Renno et al., (2016). The gas sampling 

port was located at the top of each column and connected via a glass tube to a 1-L TedlarTM bag 

(Restek, Bellafonte, PA). The water sampling port was placed close to the column center, 40 cm 

from the top (Figure 3.1). The 6 soil redox sensors were mounted on the glass rod every ten 

centimeters (at 10 to 60 cm from each column top), and a Ag-AgCl reference electrode was 

located at the bottom. 
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Figure 3.1. Columns under different treatments. A) Methanogenic, B) periodic sulfate addition and C) pulsed air sparging. 
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 3.4.4. Description of Soil Redox Sensors 

Soil redox sensors were constructed similar to sensors used for field applications (Sale et 

al., 2021) (S3NSETM, Fort Collins, CO) and the MiProbe microbial ORP sensor (Burge et al., 

2017). The soil-redox sensors were composed of 0.5-cm2 Ti mesh sensing electrodes and a Ag-

AgCl reference electrode (World Precision Instruments, DriRef 5). Sensing and reference 

electrodes were connected via copper wires to a ProtonTM chip board (Particle, San Francisco, 

CA) that collected data every 30 minutes; data were stored in a cloud-based dashboard hosted by 

UBIDOTSTM (UBIDOTS, Doral, FL). Prior to use, the sensors were validated using a YSI 

commercial ORP standard solution (YSI, Yellow Springs, OH). 

 3.4.5. NSZD Enhancements 

Prior to the beginning of this work, the soil columns had been incubated under strict 

anaerobic conditions for a six-year period, during and post a prior study (Emerson, 2016). 

Hydrocarbon analysis at the beginning of this study showed variable initial concentrations, 

representative of different zones in an LNAPL-impacted site. The columns were separated into 

two groups of three columns each according to their initial TPH concentrations. The three 

columns with lower TPH concentrations, ranging from 10,142 mg/kg to 11,610 mg/kg, were 

designated as L, and the three columns with higher TPH concentrations, ranging from 17,433 

mg/kg to 23,026 mg/kg, were designated as H. Columns were randomly selected from each 

group and assigned to either methanogenic (Figure 3.1A), periodic sulfate addition (Figure 3.1B) 

or pulsed air sparging (Figure 3.1C). The column experiment was run for 567 days, and 

enhancements were commenced after a baseline operation phase (Figure 3.1). For the periodic 

sulfate addition columns (SL and SH), the enhancement was applied for 280 days. For the pulsed 

air sparging columns (AL and AH), the enhancement was applied for 129 days. No enhancement 
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was applied to the baseline methanogenic control columns (ML and MH) over the 567-day 

experiment.  

Sulfate generally was added to the systems once per week (on three occasions treatment 

lagged 10, 14 and 21 days), via replacement of the column pore fluids with a sulfate saturated 

solution (Figure 3.1 B). Sulfate concentrations were measured in the column influent, in the 

column pore fluids prior to replacement, and at the end of the volume addition to verify final 

sulfate concentration in the pore volume before turning the pump off. The sulfate saturated 

solution contained above solubility levels of CaSO4.2H2O (i.e., gypsum) (Merk, Darmstad, 

Germany) and was amended with marcasite (FeS2) (125 mg/L) (CAS 1309-36-0, Alfa Aesar, 

Ward Hill, MA) and magnetite (Fe3O4) (125 mg/L) (CAS 1309-38-2, Alfa Aesar, Ward Hill, 

MA) to scavenge oxygen and prevent it from entering the anaerobic column. The buffering 

capacity of the influent was increased by adding ACS grade sodium bicarbonate (CAS 144-55-8, 

EMD Chemicals Incorporated Gibbstown, NJ), to maintain a pH of 7.5. The sulfate saturated 

solution was pumped with a peristaltic pump (Cole-Parmer, Chicago IL) at an approximate rate 

of 500 ml/h.  One column pore volume was replaced during each sulfate addition or 

approximately 500 ml of liquid volume was replaced each time, based on measurement of 

effluent volume during replacement.  

Air was sparged once per week at the center of each column (Figure 3.1C). 25 L of air 

were loaded into a TedlarTM bag and connected to a peristaltic pump (Cole-Parmer, Chicago IL) 

with Master FlexTM tubing (Cole-Parmer, Chicago, IL.). The air was pumped from the TedlarTM 

bag utilizing the water sampling port at a rate of 12.5 L/ hr. During air sparging the columns 

were disconnected from the gas collection apparatus, and gas collection tubing was used to purge 

the system, to prevent pressure build up.  
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 3.4.6. Gas and Water Monitoring Over Time 

Gases were collected from the TedlarTM bags on a weekly basis (Figure 3.1). Gas volume 

was measured, and CO2 and CH4 content were quantified via gas chromatography with a thermal 

conductivity detector (GC-TCD), following methods described previously (Emerson, 2016; 

Zeman et al., 2014;).  

Water samples (2-ml) were collected from the sulfate enhanced columns once per week. 

Additionally, 2-ml water samples were collected from the remaining four columns at the 

beginning, during, and at the end of each enhancement application. Samples were filtered 

following methods described in Irianni-Renno et al., (2016) and submitted to the Collett 

Laboratory in the department of Atmospheric Sciences, Colorado State University (Fort Collins, 

CO) for sulfate analysis. Sulfate was measured using a Dionex ICS-3000 ion chromatograph 

1500 (Thermofisher Scientific, CO) and a Dionex IonPac AS14A analytical column (4 x 250 

mm) employing an eluent of 1 mM sodium bicarbonate and 8 mM sodium carbonate at a 

flowrate of 1 mL/min. The sample injection volume was 50 µL, and the run time was 17 min. 

Additionally, pH was measured for sample aliquots utilizing Whatman Panpeha Nr.112 strips 

(Sigma-Aldrich, US) with 0.5 pH unit sensitivity.  

 3.4.7. Endpoint Sampling for Microbial and Hydrocarbon Analyses 

Prior to ending the experiment, a final enhancement application was conducted for each 

treated column to ensure microbial communities relevant to each enhancement were active at the 

time of sampling. The columns were sampled destructively in a manner that mimics cryogenic 

coring (Kialahosseinni et al., 2016). The columns were wrapped in electrical tape and freeze-

preserved, using dry ice instead of N2 (l) for safety reasons, to achieve a temperature at or below 

-40 0C. The annular space between an outer PVC pipe and each glass column was filled with 
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pelleted dry ice, and the top of the column was also covered with pelleted dry ice. The time 

required for the center of a water-soil-LNAPL column to reach a temperature of -40 0C was 

experimentally determined to be 20 minutes. Once the freezing time was determined, all 6 soil 

columns were preserved via this freezing method as shown in Figure SA.2. After freezing, the 

columns were stored at -800C for 48hrs prior to subsampling.  

Subsamples were collected around each sensor in contact with soil. Sample depths with 

respect to the column tops were as follows: 20, 30, 40, 50 and 60 cm. The steps for obtaining the 

subsamples were as follows: 1) The glass from the column was removed by making a 

longitudinal cut through the electrical tape, and a hammer was used to crack the glass. 2) The 

tape and glass were carefully peeled from the water-soil-LNAPL system. 3) Remaining frozen 

sample was placed in an acetate sleeve. 4) 1-in “hockey puck” samples were cut with a circular 

saw following methods described in Kialahosseinni et al., (2016). 5) “Hockey puck” samples 

were quartered and used for analysis of hydrocarbons, methane, total iron sulfate, and 

microbiome analysis (DNA and RNA). Figure SA.3 shows subsampling procedures in detail; 

photographs of frozen column sampling procedures are provided in Supplemental Material. 

 3.4.8. Geochemical Analyses 

Differences Saturated soil samples (10-20g) were placed in a 120-ml jar containing 50 ml 

of HPLC grade methanol for hydrocarbon analysis as described in Kialahosseinni et al., (2016). 

Total petroleum hydrocarbon (TPH), gasoline range organics (GRO), and diesel range organics 

(DRO) concentrations were determined via GC with a flame ionization detector (FID) following 

Irianni-Renno et al., (2016). Tetradecane, dodecane, naphthalene and benzene concentrations 

were determined via GC coupled to a mass spectrophotometer (MS) following previously 

described methods (Bojan et al., 2021).  
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Soil samples (10-20 g) were placed in 120-ml glass jars with caps with a TeflonTM-lined 

septa for methane, iron, and sulfate analysis. Methane analysis was performed using a purge and 

trap sampler coupled to a GC-FID, and iron analysis was performed via inductively coupled 

plasma mass spectrometry (ICP-MS). Sulfate analysis for soil was done as described in section 

3.4.6. Details on these analyses are described by Olson et al., (2017). 

 3.4.9. Microbiome Analysis  

Approximately 50 g of the cryogenically preserved soil sample were wrapped in 

aluminum foil and immediately placed on dry ice for DNA and RNA preservation. DNA and 

RNA were extracted from each soil sample and analyzed for present and active microbial taxa 

via targeting both 16S rRNA genes (DNA) and transcripts (RNA). DNA and RNA were 

extracted following methods described in Irianni-Renno et al., (2021). 16S rRNA gene and 

transcript amplicon sequencing was conducted following the Earth Microbiome Project Protocol 

and methods described by Rico et al., (2019). Total present and active bacteria and archaea were 

quantified via quantitative polymerase chain reaction (qPCR) and reverse transcription qPCR 

(RT-qPCR) targeting archaeal and bacterial 16S rRNA genes and transcripts, as described in 

Suzuki et al., (2000). Additional qPCR and RT-qPCR targets analyzed for included mcrA, alkB, 

and assA genes and transcripts (Irianni-Renno et al., 2021). 

Amplicon sequencing data analysis was conducted using QIIME2 V2020.8. 

Demultiplexed reads from the Illumina MiSeq platform were processed using DADA2 (Callahan 

et al., 2016). Taxonomy was assigned to the 16S rRNA gene amplicon sequence variants (100% 

similarity) with Naive Bayes classifiers trained on the Silva v.138 database (Quast et al., 2012). 

Differences in the community structures were visualized via 3D-principal component analysis 

(PCoA) with UniFrac distance weighted plots using the Emperor tool (Rico et al., 2019). 
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 3.4.10. Data Visualization and Analyses   

 gINTTM was used to display biogeochemical analytes and measured parameters from the 

cryogenically preserved columns following methods described by Roads (2020). Soil ORP data 

collected every 30 minutes for the 6 columns were represented with one GAS (Sale et al., 2021) 

plot per column. Details on this analysis were reported previously (Sale et al., 2021). 

3.5. Results 

 3.5.1. Soil Phase Hydrocarbon Analysis 

Data suggest that total petroleum hydrocarbon (TPH) degradation was greater in 

enhanced systems than in unenhanced methanogenic systems, particularly for SL and AL 

columns, although statistical comparison of enhancements was not possible (due to lack of true 

replication) (Figure 3.2). Additionally, results show that individual target hydrocarbons were 

affected differently by different treatments.  

  



44 

 

 

Figure 3.2. Hydrocarbon degradation in methanogenic and enhanced columns. Initial (solid bars) and final (stripped bars). Blue 
corresponds to methanogenic columns (operated for 567 days); green corresponds to sulfate addition enhanced columns (operation 

time post enhancement was 280 days); red corresponds to columns enhanced via pulsed air sparging (operation time post enhancement 
was 129 days). Initial concentrations were for the homogenized soil used to pack each column. Final concentrations were for samples 

collected at different column depths (20, 30, 40 ,50 and 60 cm from the top). Error bars correspond to standard deviations for the 5 
samples from different depths. 
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  Naphthalene degradation was affected by the redox environment. Under methanogenic 

conditions (ML and MH), naphthalene removal was minimal or not observed. In column ML, 

naphthalene depletion was not observed, while a slight decrease in concentration (from 664 to 

599 (+/- 130) mg/kg) was observed in column MH. Surprisingly, although substantial 

naphthalene degradation was measured in column SL, enhanced via periodic sulfate addition, 

little naphthalene degradation was observed in column SH, which received the same treatment as 

column SL. Naphthalene concentration in column SL changed from 449 to 154.9 (+/- 51) mg/kg, 

while naphthalene concentration only decreased from 683 to 631 (+/- 321) mg/kg in column SH. 

Naphthalene degradation likely occurred at some depths in both columns enhanced by pulsed air 

sparging. In column AL naphthalene concentration decreased from 369 to 285 (+/- 31) mg/kg  

and in column AH naphthalene concentration decreased from 605 to 423 (+/- 230) mg/kg. 

The measured linear alkanes tetradecane and dodecane were more substantially degraded 

than the PAH naphthalene. Results suggested alkane degradation occurred under every redox 

regime studied, although depletion increased with the addition of electron acceptors.  

Tetradecane removal under methanogenic conditions was greater in column MH than in column 

ML. Tetradecane decreased from 118 to 57 (+/- 25) mg/kg in column ML, while it decreased 

from 934 to 767 (+/- 25) mg/kg in column MH. More tetradecane was removed under sulfate 

reducing conditions than was removed under methanogenic conditions. In column SL, the 

tetradecane concentration decreased from 511 to only 18 mg/kg (+/-18). In column SH, the 

concentration decreased from 929 to 645 (+/- 546) mg/kg. Tetradecane depletion was also 

observed in systems enhanced via pulsed air sparging. In column AL, the measured tetradecane 

concentration decreased from 67 to 47 (+/- 15) mg/kg, and in column AH, tetradecane 

concentration decreased from 755 to 180 (+/- 230) mg/kg.  



46 

 

Similarly, results suggested dodecane degradation for all three redox regimes with 

depletion affected by addition of electron acceptors. Columns ML and MH degraded similar 

masses of dodecane. Dodecane concentration decreased from 84 to 29 (+/- 45) mg/kg in column 

ML, and it decreased from 682 to 622 (+/- 344) mg/kg in column MH. Dodecane was completely 

depleted in column SL, which contained an initial dodecane concentration of 310 mg/kg. In 

column SH, less dodecane was degraded with a decrease from 724 to 636 (+/-409) mg/kg. In 

column AL, which contained an initial concentration of 87 mg/kg, dodecane was entirely 

depleted (to below the detection limit). A similar response was observed in AH, where dodecane 

decreased from 536 to 195 (+/- 310) mg/kg. 

 3.5.2. Aqueous and Gaseous Phase Analyses  

In aqueous samples collected from columns not treated via sulfate addition, sulfate was 

always below 100 mg/L. Directly after sulfate addition, aqueous sulfate concentrations were 

always above 1000 mg/L in both SL and SH columns. Sulfate consumption was observed in both 

SL and SH, but the amount of sulfate consumption differed between the two columns, with more 

reduction observed in SH (80 mmoles) compared to SL (27 mmoles) over 192 days (Figure 3.3). 

Further, column SL consumed on average 127 (+/- 8) µmoles of sulfate per day while column 

SH consumed 424 (+/- 183) µmoles per day. Interestingly, in the column that reduced less sulfate 

(i.e., SL), greater degradation was observed for TPH and individual targeted hydrocarbons 

(naphthalene, tetradecane and dodecane).  

Differences in gas production were observed among the treatments and within treatments, 

between the L and H columns. Sulfate addition and pulsed air sparging eliminated methane 

production in the SL but only reduced methane production in the SH, AL, and AH columns (gas 

production data are shown in Figures SA.4 and SA.5). Carbon dioxide production was also 
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affected by the enhancements. More carbon dioxide mass was detected in column ML than in 

column MH, and more carbon dioxide mass was detected in column AL than in column AH. In 

contrast, in the sulfate reducing columns, SL produced less carbon dioxide mass than SH as 

expected, given than column SL consumed less sulfate than column SH.  

 

Figure 3.3. Sulfate reduction in columns SL and SH. A) Sulfate consumed in the columns (SH & 
SL) for the duration of the sulfate addition enhancement period. B) Average daily sulfate 

reduction rate, for columns SL (solid) and SH (checkers). Errors bars represent the standard 
deviation of 20 sulfate reduction values, calculated as the sulfate consumed between periodic 

applications.  

Interestingly the column with lower initial hydrocarbon mass (SL) consumed less sulfate 

than the column with higher hydrocarbon mass (SH). Average measured sulfate reduction rate is 

3.3 times higher for column SH than for column SL. Additionally, column SL degraded more 

mass than column SH. Column SH produced five times the amount of carbon dioxide than 

column SL. 
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 3.5.3. Continuous Soil ORP 

Peaks in ORP readings coincided with periodic addition of sulfate or air to the systems 

that can be observed as sharp increases in the continuous ORP data graphs (Figure 3.4). ORP 

peak magnitudes were greater for the columns that were air sparged than for the columns that 

were treated via periodic sulfate addition consistent with expected redox changes. Methanogenic 

columns ML and MH experienced ORP fluctuations with higher frequency, but smaller 

magnitude, than the ORP fluctuations induced by the enhancements. These small ORP reading 

peaks corresponded to observed gas volume increases in the TedlarTM gas collection bags, 

consistent with ebullition causing these peaks. Figure SA.6 shows soil redox at only the column 

centers vs. time for all columns, with enhancement dates indicated, and corresponding gas 

volume produced. 
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Figure 3.4. ORP (mV) readings through times in all columns. Blue boxes indicate methanogenic 
columns (ML and MH). Green boxes indicate columns enhanced via periodic sulfate addition 

(SL and SH); and red boxes indicate columns that were pulsed air sparged (AL and AH). Arrows 
indicate when enhancement treatment commenced. Each series color represents ORP 

measurements collected at a different column depth. Green is 10 cm from the top, orange is 20 
cm from the top, red is 30 cm from the top, blue is 40 cm from the top, mustard is 50 cm from 

the top and grey is 60 cm from the top. 

As expected, time averaged ORP readings for methanogenic and sulfate reducing 

columns were similar (Figure 3.5), and higher ORP reading averages were recorded for air 

sparged columns above the air addition point (samples collected at or above 30 cm from column 

top). Additionally, methanogenic and sulfate reducing columns had smaller standard deviations, 

while columns exposed to air showed larger variation above the enhancement addition point 

(located between 30 and 40 cm from the column top). Summary statistics for the continuous data 
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indicates that he closer the redox regime is to methanogenesis the smaller the range of the data 

spread (i.e., enhancing the system via sulfate addition has a smaller effect than perturbing the 

system via air sparging) (Figures 3.4 and 3.5 and Table 3.1). Interestingly, columns exposed to 

the same treatment conditions, but containing different initial TPH concentrations, showed 

different ORP patterns (Figure 3.4). Columns SH and SL behaved similarly at their centers (e.g., 

30cm and 40cm positions); however, there are also appreciable differences between SL and SH 

ORP readings. For example, ORP readings differ in the magnitude of the increases and the 

smoothness of the reading values between ORP peaks (Figure 3.4). Column SL showed a 

smoother behavior than column SH between enhancement application. This is potentially due to 

biogenic gas ebullition occurring in SH. Peak ORP values achieved by pulsed air sparging are 

almost identical in columns AL and AH at the center (40 cm from the column top); however, 

ORP remained higher at the center of AL than at the center of AH in between air pulses. In 

column AH, the sensor 10 cm from the column top showed a step increase towards values that 

stabilize around -/+ 10 mV. This increase could have been due to air coalescing from the pore 

space and accumulating around the column top. Alternatively, this increase could have been only 

a “phantom” reading caused by a sensor connection failure given the low magnitude of the 

change + 10 mV.; those ORP readings likely coincided with an electrical disconnection of the 

system observed subsequently.  
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Figure 3.5. Average ORP (mV) for all columns. Values calculated over the duration of the 
enhancement experiment. Values are shown at each sensor depth, with corresponding standard 

deviations. 

 

Table 3.1. Average ORP (mV) for all columns. Values were calculated for the duration of the 
enhancement experiment. Values are shown for each sensor depth, with corresponding standard 

deviation. 
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 3.5.4. Microbial Community Characterization 

Microbial community composition analysis revealed differences between the 

enhancements, as well as between active microbial communities and the overall microbial 

communities present (Figure 3.6). Characterized microbial communities were relatively similar 

at the beginning of the study (Figure 3.6 A). Over the course of the study, and due to 

enhancements, the microbial communities diverged and clustered generally by treatment (Figure 

3.6 B). Differences observed in microbial communities were much greater at the RNA level than 

at the DNA level, indicating RNA based analyses were required in this study to capture the 

dynamics of microbial community activity. 

Methanogenic and sulfate-enhanced columns show limited differences in characterized 

active microbial communities with respect to column depth (Figure 3.6 B). In contrast, for 

columns AL and AH, the samples collected closer to the bottom of the column (below the air 

injection point) cluster together, while the samples collected closer to the top of the column (at or 

above the air injection point) plot relatively far from this cluster. Further, the 50-cm samples also 

cluster closer to the microbial communities in methanogenic columns ML and MH. Thus, data 

suggest air did not reach locations below the injection points resulting in methanogenic 

conditions remaining at these depths.  
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Figure 3.6. PCoA analysis showing column microbiomes. A) Microbial community 
characterization is shown at the DNA (filled circles) and the RNA (open circles) level for initial 
pre-enhancement (grey) and final (purple) samples. Initial samples correspond to one composite 
sample per column. At the final time point, the columns were sampled at three different depths 
(30, 40 and 50 cm from column top). B) RNA-level microbial community characterization as a 

function of treatment, analyzed pre-enhancement (grey) and post enhancement (blue: 
methanogenic, green: periodic sulfate addition and red: pulsed air sparging). Pre-enhancement 

samples correspond to one composite sample per column. The columns were sampled post-
enhancements, at three depths (30 (rings), 40 (stars) and 50 (circles) cm from column top). 

Dashed ellipses were added to indicate samples collected from the same column. 

In general, both ML and MH columns had similar relative microbial compositions when 

characterized via 16S rRNA gene sequencing analyses (DNA) and when characterized via 16S 

rRNA transcript sequencing analyses (RNA) (Figure 3.7); however, some key differences were 

observed between overall microbial community compositions and the active portion of the 

microbial communities. Gene sequencing analyses identified microorganisms that included 

methanogens, syntrophs, iron and sulfur cyclers, and methane oxidizers that can either use nitrate 

or oxygen as the electron acceptor. No major differences were observed across depths in either 

column ML or MH. Additionally, Microbial community data obtained via gene sequencing 

analysis, indicate potential for higher redox processes to occur in the methanogenic systems, 
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including sulfate reduction evidenced by the identification the genera Desulfovibrio (Morais-

Silva et al., 2014) and Desulfoprunum (Junghare & Schink, 2015), iron reduction as suggested by 

the presence of organisms belonging to the genus Chlorobium (Li et al., 2021), nitrate reduction 

as suggested by the presence of the genus Candidatus woesebacteria (Chaudhari et al., 2021) and 

aerobic processes as evidenced by the presence of members belonging to the family 

Methylopilacea (Beck et al., 2015). In contrast, when characterized based on transcript 

sequencing analyses, organisms associated with higher redox processes than methanogenesis 

compose less than 2% of the total active community in most samples collected from both 

columns. An exception is the sample collected from column ML at 40 cm; Methylopilaceae, a 

family associated with aerobic methane oxidation and methanol degradation (Redmond et al., 

2010) composed 3.9% of the active microbial community. 

 

Figure 3.7. Microbiome structure of methanogenic columns. Relative abundances of bacteria and 
archaea identified at sampled depths (30, 40 and 50 cm from column top) in methanogenic 

columns ML and MH are shown. 
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Active microbial communities were also similar between columns ML and MH.  For both 

methanogenic columns, 60 to 74% of all the active taxa identified at the 3 sampled depths 

correspond to methanogens, and approximately 90% of the active methanogens detected in both 

columns, across all depths, belong to the genus Methanobacterium (Sheng et al., 2016). Other 

identified active methanogens include members of the genus Methanosarcina (Maeder et al., 

2006), members of the acetoclastic genus Methanosaeta and the hydrogenotrophic genus 

Methanocella (Sakai et al., 2011). Consistent with observed methane production, RT-qPCR 

targeting mcrA transcripts provided another confirmatory line of evidence that methanogens 

were active and indicate that methanogenesis was more active in column MH than in column ML 

(Figure SA.8 and Figure SA.9 and/or Table SA.2 and Table SA.3). mcrA transcription was 

detected only in the top sample collected from column ML, but it was detected in all three 

samples collected from column MH (Figure SA.14 and Figure SA.15). It is likely that in column 

ML readily degradable hydrocarbons were consumed and remaining hydrocarbons were not 

easily degraded in the absence of electron acceptor. In contrast column MH, likely still contained 

readily degradable hydrocarbons that were being metabolized via methanogenic processes at the 

time of sampling. 

In columns SL and SH, the identified communities via gene (DNA) sequencing analysis 

were composed mainly of methanogens belonging to the Methanobacterium, Methanosaeta, and 

Methanocella genera, fermenters belonging to the Smithella and Leptolinea genera, and sulfate 

reducers, which were mainly represented by members of the Desulfoprunum and Desulfovibrio 

genera (Figure 3.8). Organisms associated with nitrate (Planktothrix agardhil and Candidatus 

Wosebacteria) (Chaudhari et al., 2021) and iron reduction (Chlorobium) (Li et al., 2021) were 

also identified at the DNA level but composed less than 5% of the characterized community. 
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Although the potential for aerobic processes to occur was detected in both sulfate reducing 

columns, in column SL, less than 2% of the organisms detected via gene sequencing were 

associated with aerobic processes, while in column SH, less than 1% of the organisms detected 

via gene sequencing were associated with aerobic processes. No major differences were 

observed across depths for either sulfate enhanced column.  

 

Figure 3.8. Microbiome structure of sulfate reducing columns. Relative abundances of bacteria 
and archaea identified at sampled depths (30, 40 and 50 cm from column top) in columns 
enhanced via periodic sulfate addition (columns SL and SH) are shown. The DNA sample 

collected at 30 cm from the column top for column SH failed to amplify. 

RNA sequencing analysis revealed that both sulfate reducing systems, at every surveyed 

depth, contained active methanogens (between 20 and 30% of the active community, depending 

on the sample location). However, active methanogenesis as indicated via RT-qPCR of mcrA 

was only detected in column SH and not in column SL (Figure SA.17 and Figure SA.18), 

consistent with continued methane production in column SH after sulfate enhancements. Active 



57 

 

sulfate reducers were identified in both SL and SH including Desulfosarcinaceae, Desulfovibrio, 

and Desulfoprunum. 

Although both sulfate reducers and methanogens were found to be active in every sample 

collected from SL and SH, interesting but subtle differences were detected between the sulfate 

reducing columns, when microbiomes were characterized based on transcript sequencing 

analysis. In column SL, sulfate reducers composed between 46 and 58% of the active microbial 

communities, with the genus Desulfovibrio being the predominant feature in every SL sample 

(70 % of the active sulfate reducers) (Gieg et al., 2014). Other identified sulfate reducers in 

column SL included members of the family Desulfosarcinaceae; members of this family have 

been associated with alkane degradation under anaerobic conditions (Lueders, 2017). 

Desulfoprunum represented less than 12% of the active sulfate reducer community. In contrast, 

in column SH Desulfoprunum represented approximately 98% of the active sulfate reducers and 

Desulfovibrio represented less than 2% of the active identified sulfate reducers. Another 

predominant difference between SL and SH was found for the genus Smithella. In column SH, 

Smithella represented between 27 and 35% of the active microbial community, while in column 

SL, Smithella represented, at most, 4.5% of the active microbial community. Members of the 

genus Smithella have been identified as fermenters in the syntrophic degradation of n-alkanes; a 

recent study described Smithella spp. as the dominant bacteria in alkane enriched environments 

(Ji et al., 2020). Smithella are known to outcompete other organisms in environments where n-

alkanes are present (Ma et al., 2017). 

In columns AL and AH microbial communities characterized via gene sequencing 

analysis were remarkably similar to those identified in their methanogenic counterparts (ML and 

MH) (Figure 3.9).  Methanogens were detected in all samples collected from the air sparged 
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columns. Microorganisms associated with sulfur, iron and nitrate cycles were also detected. 

Additionally, methane oxidizers that can utilize oxygen, as well as sulfur and nitrate, as electron 

acceptors were identified. No major differences were observed between columns AL and AH in 

the microbiomes characterized via gene analysis. 

 

Figure 3.9. Microbiome structure of air sparged columns. Relative abundances of bacteria and 
archaea identified at sampled depths (30, 40 and 50 cm from column top) in columns enhanced 

via pulsed air sparging (columns AL and AH). 

In general, between columns AL and AH, active microbial community compositions 

were similar as well. Surprisingly, despite receiving an air pulse immediately (1 hour) prior to 

being sampled, for both columns AL and AH, active methanogens were detected at every 

surveyed depth. For both columns, the sample analyzed above the air injection point (30 cm from 

the top) contained a lower relative abundance of active methanogens than the samples collected 

below the air injection point (40 and 50 cm from the top). Above the air injection point, a larger 

relative number of active microbes were related to higher redox processes, including sulfur 
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oxidation (Sulfuritalea spp. (7.3%)), iron (Desulfovibrio spp. (3.6%)) and aerobic methane 

oxidation (Methylophilaceae spp. (2.4%)).  

Although active microbial communities were similar between AL and AH, differences 

were observed with depth in both columns. Methanogens belonging to the genus 

Methanobacterium composed 30% of the active microbial community identified at 30 cm in 

column AL. However, other active microbes detected at 30 cm were associated with higher 

redox metabolisms. For example, Desulfovibrio and Desulfoprunum represented 5% of the active 

genera. Facultative sulfur cyclers, represented by members of the genus Sulfuritalea (Sperfeld et 

al., 2018), were also found (7%) in column ML at this depth; Sulfuritalea have been associated 

with hydrogenotrophy in LNAPL environments. Also at 30 cm, putative aerobic hydrocarbon 

oxidizers (2.8%) were identified; these included microorganisms belonging to the genus KCMB-

112 (Puthiyapurayil, 2020) and methane and other smaller alkanes oxidizers belonging to the 

genus Methylophilaceae (2.3%) (Zheng et al., 2020). Similarly, the active microbial community 

above the air injection point in column AH was composed of microorganisms belonging to the 

genus Sulfuritalea (2.4%) and putative methane oxidizers Methylophilaceae (3%). By contrast, 

samples collected below the air injection points (40 and 50 cm) contained similar active 

microbial communities as those identified in the methanogenic columns ML and MH. As 

expected, in both columns at these lower depths, active methanogens showed greater relative 

abundances (50-60%) than above the injection points.  

3.6. Discussion  

Herein we demonstrated application of continuous multi-level redox sensors in 

conjunction with microbiome characterization via sequencing analyses of genes and transcripts 

for exploring the impact of three hydrocarbon remediation treatments: NSZD, periodic sulfate 
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addition, and pulsed air sparging. High spatial and temporal resolution sensor data allowed the 

effects of NSZD enhancements to be observed in real time and provided insights regarding the 

complex biogeochemical processes occurring post enhancement. Observations drawn based on 

continuous redox sensing were further supported by endpoint microbial analyses and 

geochemical soil characterization.  

Results showed expected impacts on redox and microbiome composition as a function of 

treatment. Estimated TPH degradation rates (Table SA.1) suggested enhancements had the 

desired effect (i.e., inducing a higher redox environmet increased degradation rates) as reported 

in previous work. For the baseline NSZD case, without enhancement, redox was in the expected 

range for methanogenesis (-455 mV) (Sale et al., 2021) and methane was detected throughout the 

study. Microbiomes (ML and MH) at both the DNA and RNA levels were dominated by 

methanogens, and hydrocarbon biodegradation rates were lowest (Table SA.1). In columns 

enhanced via periodic sulfate addition (SL and SH), redox increased immediately after sulfate 

addition. Redox values at the center of the columns rose to the expected range (-411 mV) (Sale et 

al., 2021) or higher but returned to lower values generally within ten days after each treatment. 

An increase in the sulfate reducer populations in these columns was also observed both at the 

DNA and the RNA level. However, in general this increase was more pronounced at the RNA 

level than at the DNA level. TPH biodegradation rates under sulfate reducing conditions (40.7 

mg/day- SL and 32.9 mg/day-SH) were roughly one order of magnitude higher than what was 

observed for baseline methanogenic conditions (2.3- mg/day- ML and 4.2 mg/day- MH) (Table 

SA.1). For pulsed air sparging, soil redox increased, albeit not to levels consistent with fully 

aerobic conditions (Sale et al., 2021). Microbiomes showed increases in phylotypes associated 

with more energetic redox processes (e.g., iron reduction), and estimated TPH biodegradation 
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rates (41.9 mg/day-AL and 114.9 mg/day AH) were higher than what was observed for baseline 

NSZD or sulfate addition columns. 

Microbiome results were generally consistent with results of the redox sensors, 

particularly at the RNA level, indicating that these sensors provide useful and reliable real-time 

data for predicting general microbial activities (e.g., methanogenesis vs. aerobic metabolism). 

However, it is worth noting that when microbial processes occurring are too close in the redox 

ladder (i.e., sulfate reduction and methanogenesis), redox measurements alone might be 

insufficient to characterize the predominant degradation pathway. Nevertheless, IoT redox 

sensors provide relevant information regarding dynamic subsurface processes and can be 

deployed at low cost, and high spatial and temporal resolution data can be uploaded to the cloud, 

allowing practitioners affordable access to actionable information. Thus, we suggest that when a 

comprehensive conceptual site model based on a robust biogeochemical baseline characterization 

of the subsurface exists, continuous multi-level redox sensors can be an ideal and practical tool 

for monitoring putative degradation processes during NSZD and ENSZD remedies, quantifying 

their effectiveness, and guiding real-time adjustments in ENSZD remediation design and 

implementation. 

Further, results revealed critical detail regarding the specific redox levels achieved and 

the dynamic nature of redox impacts. In practice, sulfate addition is performed with a goal of 

achieving sulfate-reducing redox levels (e.g., -411 mv at neutral pH) (Sale et al., 2021); however, 

in the absence of continuous redox measurements, the dynamics and longevity of sulfate 

enhancements on subsurface biogeochemistry can remain unknown (Shebl et al., 1996). Here, an 

average dose of 1.3 +/- 0.6 g to 0.7 L of sulfate every seven to thirty days resulted in only a 

transient increase in redox suggesting failure to realize the full potential benefits of sulfate 
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addition. Microbiology supported this conclusion; while active sulfate reducers were identified in 

columns SL and SH, active methanogens were also identified.  It is worth noticing that active 

methanogenesis via functional RT-qPCR was only detected in column SH and our data points to 

the fact that methanogenic activity should be screened via application of functional assays (mcrA 

transcript detection) rather than solely inferred from 16S rRNA transcript data. Interestingly, 

redox plummeted after a few days despite pore water sulfate concentrations remaining high (on 

average 2,138 +/- 1,110 mg/L) indicating that this electron acceptor had not been entirely 

consumed. Then during the subsequent sulfate dose addition, redox increased again to the prior 

high level. Thus, it is likely that the replacement of pore water with sulfate-saturated water led to 

removal of hydrocarbon degradation by-products such as methane, and hydrogen, in solution or 

trapped as bubbles in the pore space, creating a transient increase in ORP to values expected in 

strictly sulfate-reducing conditions. However, as sulfate was utilized, and metabolites (e.g., 

volatile fatty acids, carbon dioxide, methane and hydrogen) were generated, ORP values returned 

to those expected in methanogenic systems, or lower (Huang et al., 2016). Further, redox 

transiently dropped below methanogenic conditions into a hydrogen production regime. As an 

example, in SL on day 176, upon sulfate enhancement application, ORP values rose from -522 

mV to values around -500 mV; then, over a one-and-a-half-day period values returned to -500 

mV, indicating presence of hydrogen gas. Generation of hydrogen occurs during sulfate 

reduction coupled to hydrocarbon oxidation (Cord-Ruwisch et al., 1987; Chen et al., 2023), and 

hydrogen-enriched environments are even more reduced than methane-enriched environments 

(Shin et al., 2019). Hydrogen generated can react with sulfide present or be scavenged by 

hydrogenotrophic methanogens and used to produce methane (Feldewert & Brune, 2020). Here, 

both active hydrogenotrophic methanogens and sulfate reducers were identified, likely 
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explaining the transient nature of the low ORP readings (-570 mV) in columns SL and SH. 

Continuously measuring ORP allowed for these redox cycles to be identified. Although, redox 

cycling in sulfate-reducing environments might differ between laboratory columns and in the 

field, due to differences in flow regimes, field deployment of redox sensors would likewise 

provide the real time information to guide engineering decision making around sulfate addition 

dosing and timing.  

In practice, pulsed air sparging is done to stimulate aerobic biodegradation processes; 

however, data elucidating the impact of pulsed air sparging on subsurface redox and microbial 

processes has been lacking. Here, pulsed air sparging appeared to lead to expected increases in 

biodegradation (Table SA.1), but not via aerobic biodegradation processes (Figure 3.9). Rather, 

data suggested that oxygen supplied may have led to iron and sulfur mineral cycling that in turn 

stimulated use of iron and sulfur-based molecules (i.e., elemental sulfur, sulfate and thiosulfate) 

as electron acceptors, in the oxidation of hydrocarbons. Some use of oxygen by methanotrophic 

organisms was also observed (Figure 3.9). However, active methane oxidizers composed a very 

small percentage of the active microbial communities in AL and AH (Figure 3.9). Clearly, real-

time redox data could have informed changes to the remediation design if used to guide decision-

making in the field (e.g., increasing frequency of air doses or air volumes). 

While redox sensors provide critical information that constrains predicted microbial 

processes to a given redox range, various microbial processes are possible. Combining 

microbiome characterization with application of continuous redox sensors provided insights into 

specific microbial metabolism; in particular, RNA-based analysis provided insight regarding the 

activities stimulated by the treatments when they were most effective (e.g., 1 hr after sulfate 

addition or air sparging). Interestingly, sulfate addition led to distinct impacts on column 
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microbiomes between SL and SH, likely due to the higher total mass of alkanes in the SH 

column. In our study we observed that, in SL, Desulfovibrio spp. dominated the active microbial 

community, where naphthalene degradation was observed, alkanes were depleted, and methane 

was not detected. Further, while Desulfoprunum spp. was active in both columns SH and SL, 

Desulfovibrio spp. was only significantly active in column SL. Members of the genus 

Desulfovibrio have been reported to degrade naphthalene under sulfate-reducing conditions(Qian 

et al., 2021; Sakaguchi et al., 2002). In contrast, while hydrocarbon-degrading, sulfate-reducing 

microbes were stimulated in column SH (containing higher levels of hydrocarbons) naphthalene 

degradation was not observed and methane continued to be produced throughout the experiment. 

This result may be explained by the higher levels of alkanes in SH, which favored growth of 

Smithella. Smithella spp. have been reported to thrive in methane rich environments (Ji et al., 

2020). Modelling of syntrophic communities predicted that in alkane rich environments, 

Smithella generate hydrogen and acetate from alkanes (Embree et al., 2015). Thus, it appears 

likely that in alkane rich environments, like column SH, alkanes are consumed by fermenters 

such as members of the genus Smithella, who syntrophically interact with hydrogenotrophic 

methanogens.   

Our study, like others (Embree et al., 2015; Shin et al., 2019), highlights the complexity 

associated with hydrocarbon degradation under sulfate addition and shows system response also 

can depend on contaminant composition. Shin et al., (2019) compared hydrocarbon degradation 

under sulfate-reducing conditions for two different compounds (hexane- a linear alkane and 

phenanthrene- a model PAH); similarly, Shin et al., (2019) found that hydrocarbon substrate 

shapes the sulfate-reducing community; over 55% of the RNA based sequences in the culture 

grown with phenanthrene as the sole carbon source belonged to the genus Desulfatiglans while 
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in the sulfate reducing culture grown with hexane as the sole carbon source, identified sulfate 

reducers were members of the genera Desulfococcus and Desulfosarcina. While Shin et al., 

(2019) were able to associate sulfate reducing phenanthrene and hexane degradation pathways to 

different genera, they were not able to fully elucidate the mechanisms by which these pathways 

occur. Shin et al., (2019) point to syntrophic processes as likely degradation mechanisms for 

both hydrocarbons studied. Recently, a study investigating anaerobic benzene biodegradation in 

freshwater aquifers also found an association between hydrocarbon composition and the system 

response to sulfate addition (Edwards et al., 2021). In their study, Edwards et al., (2021) 

hypothesize that the growth of anaerobic benzene degraders could be inhibited by competition 

with other organisms for nutrients and cofactors. Similarly, naphthalene degraders may have 

competed poorly for nutrients and cofactors in column SH, where concentrations of alkanes were 

high. Characterization of active microbes as a function of treatment can inform development of 

remediation models for predicting which contaminants are likely to be efficiently degraded. 

However, more work is needed to elucidate the relationship between microbial ecology and 

biochemical mechanisms of hydrocarbon degradation under sulfate-reducing conditions at a 

range of diverse field sites. 

3.7. Conclusions 

Progress of NSZD and ENSZD were evaluated in parallel under three LNAPL site-

relevant biogeochemical conditions, utilizing laboratory columns.  Herein, microbial activity was 

directly correlated to continuous soil-ORP readings. Combining continuous redox sensing with 

microbiome analysis provided insights beyond those possible with either monitoring tool alone. 

Upon enhancement via periodic sulfate addition, two distinct hydrocarbon degrading 

communities were observed with varying hydrocarbon distribution. When alkanes were present 
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naphthalene degradation was not observed, likely due to the fact that naphthalene degraders were 

outcompeted. Desulfovibrio spp. were directly associated with naphthalene degradation, and 

Smithella spp. were enriched in sulfate enhanced soils containing alkanes. Additionally, the 

implemented pulse air sparging regime (1 mole of air to 0.7 L of soil every two weeks) did not 

result in fully aerobic conditions suggesting that observed improvements in biodegradation can 

be explained by alternative anaerobic metabolisms (e.g., iron and sulfur reduction due to air 

oxidizing reduced iron and sulfur minerals); higher subsurface oxygen delivery would be needed 

to achieve aerobic metabolism.  Recent development of sensor based IoT technology applied to 

restoration of LNAPL sites can complement the existing NSZD toolbox in further supporting 

NSZD and ENSZD as key technologies for LNAPL site restoration. Herein, the synergy 

achieved between microbiome characterization and soil redox continuous sensing illustrates how 

combining both provides insight into complex biogeochemical systems. Further understanding of 

these technologies will lead to improved predictions on remediation outcomes. 

  



67 

 

CHAPTER 4. IMPLEMENTING AN EXPANDED TOOLBOX FOR CHARACTERIZATION 

AND MONITORING OF NSZD AT A MID-TO-LATE STAGE LNAPL RELEASE SITE 

4.1. Chapter Synopsis 

The emergence of new technologies that facilitate characterization and monitoring of 

NSZD provide a basis for rethinking best practices for managing legacy releases of petroleum 

liquids (i.e., light non-aqueous phase liquids or LNAPL) in soils and groundwater. A former 

refinery tank farm was investigated to evaluate the integration of new emerging technologies 

with respect to characterization of subsurface conditions and best practices for monitoring NSZD 

in a mid- to late-stage LNAPL site. Herein cryogenic coring techniques and continuous internet -

of-things (IoT) temperature and oxidation-reduction potential (ORP) sensors are combined with 

microbiome characterization to develop a conceptual site model (CSM) that can serve as a site 

baseline and can be informed over time by continuous monitoring. High resolution cryogenic 

core analysis in combination with next generation sequencing (NGS) documents active 

microbially-mediated NSZD through impacted intervals. Additionally, three-dimensional arrays 

of IoT temperature and ORP sensors registered NSZD losses on the order of 20,000 

L/hectare/year. The CSM developed here is one that can evolve with the site as the site matures, 

as collected continuous data and periodic sample collection allow for the model to be informed 

as time goes by.  A conceptual vision based on modern site characterization tools illustrates 

opportunities to improve best practices for managing legacy subsurface releases of petroleum 

liquids.  

 



68 

 

4.2. Introduction 

Inadvertent releases of petroleum liquids (i.e., light non-aqueous phase liquids [LNAPL]) 

to soil and water pose human health and environmental risks (Sale et al., 2018; Sookhak Lari et 

al., 2024). However, under appropriate hydrogeologic and geochemical conditions, petroleum 

liquids in soils and groundwater can in some cases be effectively managed via natural processes 

referred to as natural source zone depletion (NSZD) (Garg et al., 2017; Sihota et al., 2011). Key 

processes that control NSZD include physicochemical processes (i.e., dissolution, volatilization, 

and vaporization) and biodegradation processes (Garg et al., 2017). Biodegradation processes 

have been shown to fully mineralize hydrocarbons; however, heterogeneity of subsurface 

biogeochemical conditions, as well as compositional differences of LNAPL, influence 

hydrocarbon mineralization pathways which complicates the assessment and understanding of 

NSZD and governing processes.  

Although NSZD is gaining acceptance as a remediation technology for mid- to late-stage 

LNAPL sites (Karimi Askarani & Sale, 2020; Sale et al., 2018), challenges remain for broader 

regulatory adoption of NSZD as the sole remedy for LNAPL-containing zones (Pishgar et al., 

2022). Central to adopting NSZD as a remedy is verifying that NSZD is occurring. NSZD is an 

efficient and cost-effective solution for LNAPL zones, but acceptance of this bioremediation 

technology relies on a multiple-lines-of-evidence approach that requires effective monitoring. 

Emerging use of in situ oxidation-reduction potential (ORP) sensors shows promise to resolve 

spatial and temporal redox dynamics during NSZD processes (Sale et al., 2021). Further, next 

generation sequencing (NGS) of microbial communities that are present and active can provide 

insights regarding subsurface biogeochemistry, associated elemental cycling utilized in electron 

transport (e.g., N, Mn, Fe, S), and the potential for biodegradation (Bojan et al., 2021; Irianni-
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Renno et al., 2023; Key et al., 2022). Although recent work (Irianni-Renno et al., 2023; Yin et 

al., 2021) demonstrated expected relationships between soil redox and microbial dynamics, to 

date continuous redox sensing and active microbial processes characterization via microbiome 

analyses have not been fully tested together under field relevant conditions.  

Herein, a case study is presented that advances integration of multiple nascent 

technologies for characterizing mid- and late-stage LNAPL sites including: 1) cryogenic coring, 

2) multiple level internet of things (IoT) redox and temperature sensors in soil, and 3) application 

of DNA- and RNA-based molecular biological tools (MBTs) for site characterization. Factors 

motivating the use of cryogenic coring techniques include in situ retention of pore fluids, 

preservation of volatile compounds, preservation of RNA (Irianni-Renno et al., 2022; Johnson & 

Jackson, 2013), and increased reliability for LNAPL mass-in-place determination. Cryogenic 

coring also can provide more representative soil samples by preventing losses of unconsolidated 

soil during sampling recovery and temporally freezing the formation of the sampled intervals, 

helping to stabilize flowing sands (Kiaalhosseini et al., 2016). Additionally, multiple level 

temperature sensors can measure heat generated through NSZD (Karimi Askarani et al., 2018), 

where the oxidation of methane produced during anaerobic biodegradation of petroleum 

hydrocarbons (PHCs) generates heat (i.e., exothermic reaction), and can be used to calculate 

NSZD rates (Karimi Askarani et al., 2018; Karimi Askarani et al., 2024). Further, ORP data 

serve as an indication of the geochemical environment, which when used in conjunction with 

other subsurface biogeochemical data allow for elucidation of governing LNAPL biodegradation 

processes (Sale et al., 2021). Lastly, endogenous microorganisms that are capable of 

biodegrading contaminants can be detected via the implementation of MBTs, such as NGS. 

Evaluating and understanding the presence, abundance, and activity of microorganisms 
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associated with PHC biodegradation (e.g., methanogens, sulfate reducers, methanotrophs) as a 

function of other geochemical parameters (e.g., methane, sulfate, oxygen) can provide 

mechanistic data to support occurrence and progress of NSZD (Key et al., 2022).   

4.3. Research Objectives 

The objectives of this study are: 1) to explore the application of recently developed assessment 

technologies to an LNAPL site to demonstrate how the integration of these technologies can 

facilitate the construction of a robust CSM that supports NSZD, and 2) to show how better 

characterization and NSZD progress monitoring at mid- and late-stage LNAPL sites can serve as 

a multiple-line-of-evidence approach to fully support NSZD.  

4.4. Materials and Methods 

 4.4.1. Site Overview 

The case study area is a decommissioned 12-hectare tank farm, within a closed refinery. 

Crude oil refining and bulk storage of petroleum liquids occurred at the site from 1917 to the 

1990s. During the operational history, gasoline, diesel, and other petroleum liquids were 

inadvertently released to soils and groundwater. The site lies within the flood plain of a large 

river in the central United States and is 2 km west of the river. Fluvial sediments underlying the 

site grade from fine to coarse with depth. Low permeability overbank deposits of silt and fine 

sand are encountered from 0 to ~6 m below ground surface (bgs). Overbank deposits are 

underlain by ~ 30 m of transmissive alluvium that include point bar deposits of well-sorted 

medium-sand, channel deposits of coarser grained sands, and glacial valley train deposits of sand 

and gravel (Bergstrom & Walker, 1956).   

The hydrogeology of the site has been recorded for over the past half century. Records 

show river stages have varied seasonally and annually between 118 to 131 m above mean sea 
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level (amsl). Levies prevent flooding of the site, which has a surface elevation of ~124 m amsl. 

In the 1950s, high capacity municipal and industrial water wells in the vicinity of the site 

completed in the transmissive zone produced between 380,000 and 420,000 m3 per day 

(Bergstrom and Walker, 1956). Industrial pumping created as much as 15 m of groundwater 

drawdown in the transmissive zone in the 1960s (Schicht, 1992). By the 1990s, municipal and 

industrial groundwater production ceased due to impacts to groundwater from multiple nearby 

industrial operations and groundwater levels have returned to pre-industrial levels (Schicht & 

Buck, 1995). Further, since closure, the tank farm has undergone a natural transition back to 

bottomland forest including diverse grasses, shrubs, and hardwood trees including oak, elm, and 

hickory. Average precipitation and pan evaporation rates are 1000 and 800 mm/year, 

respectively (Weather Underground and NASA). 

 4.4.2. Historical Site Characterization 

Site characterization and remediation efforts span three decades. Monitoring wells have 

been the primary groundwater characterization tool. A total of 125 active monitoring wells are 

present at the site. Forty-two of the monitoring wells are within the tank farm study area. 

Screened intervals range between 3 and 6 m bgs. Following conventional practices, primary data 

from wells include quarterly to annual water levels, LNAPL thicknesses in wells, and 

concentrations of PHCs in groundwater. 

An image of the tank farm study area, including locations of laser induced fluorescence 

(LIF) borings, cryogenic coring locations, and sensor strings, is shown in Figure 4.1. 

Representative LIF profile images adjacent to cryogenic coring locations are provided in 

supplemental information (SI). Also provided in SI are images of cryogenic coring, and core 

processing, IoT sensors, and as-built drawings for sensor strings.  
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Figure 4.1. Locations of LIF borings, cryogenic coring locations, and sensor strings in the former 
tank farm study area. 

 4.4.3. Laser Induced Fluorescence (LIF) 

In 2018, Dakota Technologies (Fargo, North Dakota) completed 43 direct push LIF test 

holes to depths of 15 m bgs in the tank farm (Figure 4.1).  All LIF test holes were pushed 

through impacted material according to published methods (Bujewski & Rutherford, 1997) 

 4.4.4. Cryogenic Core Collection 

Approximately 20 m of cryogenic soil cores were collected at the site from three borings 

with total depths ranging from 6.1-7.6 m bgs, each.  Descriptive labels for cryogenic coring 

locations include No LNAPL, LNAPL-1 and LNAPL-2. Respectively, No LNAPL, LANPL-1 , and 

LNAPL-2 labels refer to borings that had  no LNAPL, LNAPL about the capillary fringe only, 

and LNAPL present from the capillary fringe through the overbank deposits. Coring locations 

were selected based on LIF data and a desire to study locations that reflect the range of 

conditions at the site. 
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Cryogenic coring was conducted by Drilling Engineers (Fort Collins, Colorado) using a 

CME-55 drill rig and hollow stem augers (11 cm inner diameter (ID), 23 cm outer diameter 

(OD)). Cores were collected in clear 5.7-cm ID polyvinyl chloride (PVC) liners in continuous 

drives of 67 cm using a modified CME continuous sample barrel. Sample barrel modifications 

included an insulated internal dual wall cooling barrel and insulated lines for fully contained 

delivery and exhaust of liquid nitrogen. Rotating hollow stem augers with a fixed sample barrel 

were advanced leading to “overcut” cores being pushed into soil liners. 

After the core samples were in the liners, liquid nitrogen was circulated through the dual 

wall cooling barrel for 4-6 minutes. Liquid nitrogen was supplied via portable 100-L dewars. 

After in situ freezing: 1) the lined sample barrel containing the frozen core was brought to the 

surface, 2) the liner containing the frozen core was pulled from the sample barrel, 3) the liner 

containing the core was capped, 4) sample recovery was recorded (length recovered/length of the 

drive), and 5) core was placed in onsite coolers filled with dry ice (-78 Co). Frozen cores were 

shipped overnight on dry ice to Colorado State University and promptly transferred to a -80oC 

freezer.  

 4.4.5. Multilevel Sampling (MLS) Wells and Sensor Installation  

Multiple Level Temperature and ORP Sensors, composed of strings of 12 to 15 multiple 

level temperature and ORP sensors, were installed in the cryogenic coring holes to depths of 7.5 

m bgs. Intervals between sensors ranged from 0.15 to 1.22 m (SI).   

Sensor hardware was provided by S3NSE Technologies Inc. (Fort Collins, Colorado). 

Modification to methods described in Karimi Askarani & Sale (2020) and Sale et al., (2021) 

include the following: each string had collocated digital temperature sensors (±0.5 °C; DS18B20, 

Adafruit Industries) and ORP sensors (an expanded titanium mesh coated with tantalum-iridium 
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mixed metal oxides (Corrpro Industries – Elgard™ Ribbon Mesh)). All sensors were on a single 

four-strand data wire. Sensors were mounted on 5.08-cm ID PVC pipe with a 30.5-cm section of 

0.25-mm slotted well screen at the bottom. Annular space between the PVC pipe and the boring 

wall was backfilled with a uniform fine-grained quartz sand with a 1-meter hydrated bentonite 

plug at the top. The voltage potential of the Pd-PdCl2 electrode was essentially the same as an 

Ag-AgCl reference electrode.  

Data from each sensor was uploaded hourly via cellular connection to UbidotsTM; a 

cloud-based data storage, analytics, and visualization platform. Data collection and wireless 

communication is controlled by a Particle ElectronTM microprocessor (Particle Electron, 

E260KIT, Particle Industries, Inc.). Methods for calculating temperature based daily NSZD rates 

are described in Karimi Askarani & Sale (2020). ORP data analysis methods are presented in 

Sale et al., (2021). 

Additionally sampling ports for aqueous and gas samples were also added to the MLS 

systems. Following methods described in Irianni-Renno et al., (2016), aqueous samples were 

analyzed for dissolved hydrocarbons, and for GRO, methane and common ions. Gas samples 

were analyzed for oxygen, carbon dioxide, and methane. Details on the location of sensors and 

sampling ports can be found in supplemental information (Figures SB.6, SB.7 and SB.9). 

Aqueous and gas samples were collected 40 days after MLSs were installed. 

 4.4.6. Cryogenic Core Subsampling and Analyses 

Frozen cores were cut into 150 2.6 cm-thick subsamples (hockey pucks) at intervals of 

7.5 to 15 cm. The cores were cut using a chop saw (DeWalt) equipped with a circular 36-cm 

diamond-tipped masonry blade. Core subsamples were: 1) visually logged by a professional 

geologist, 2) photographed under visible and UV light, 3) used to measure physical properties 
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including porosity and fluid saturations, and 4) analyzed to quantify total concentrations of 

methane, benzene, total petroleum hydrocarbons (TPH) gasoline range organics (TPH-GRO), 

and total petroleum hydrocarbons diesel range organic (TPH-DRO). Further details regarding 

collection and analysis of cryogenic cores are described in Kiaalhosseini et al., (2016), Sale et 

al., (2016), and Olson et al., (2017). 

 4.4.7. Microbiome Analyses 

In addition, select core subsamples were analyzed to characterize microbiomes present 

and active with depth bgs; sample locations had varying levels of LNAPL. Five, four, and three 

subsamples were analyzed from the No LNAPL, LNAPL-1, and LNAPL-2 locations, respectively. 

DNA and RNA extraction methods were followed as described in Irianni-Renno et al., (2022). 

16S rRNA gene amplicon sequencing was conducted following the Earth Microbiome Protocol 

and methods described by Rico et al., (2021). Microbial community analysis was conducted 

using the QIIME2 V2020.8 software pipeline. Demultiplexed reads from the Illumina MiSeq 

platform were processed using the DADA2 algorithm (Callahan et al., 2016). Taxonomy was 

assigned to 16S rRNA amplicon sequence variants (100% similarity) with naïve Bayes classifiers 

trained on the Silva v.138 database (Quast et al., 2012).  

Color coding for ORP values, introduced by Sale et al., (2021), was used to represent the 

microbial ecology data analyzed herein. Sale et al., (2021) used the visual color spectra to codify 

ORP (mV) values at neutral pHs. In their paper, the colors correspond to ORP ranges at which 

different redox couples are in equilibrium at pH 7; for example, solid red represents the 

coexistence of oxygen and carbon dioxide at pH 7 and corresponds to ORP value ranges above 

450 mV when the measurements are referenced to a Ag/AgCl electrode. Considering the 

biogeochemical data collected for each sample, analyzed for microbial ecology, inferences on 
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microbial processes were made for each represented taxa within a sample. Colors were assigned 

to each taxa as per Sale et al.’s code to match the redox value of the environment at which each 

inferred microbial process would occur. Thus, red represents aerobes, yellow represents nitrogen 

cyclers, green represents iron cyclers, blue represents methanogens and sulfate reducers, and 

purple represents hydrogenotrophic methanogens. Purple in the ORP color scale represents 

reducing environments at which hydrogen can exist. Tables showing the results of the microbial 

analyses are presented as supplemental information for this chapter in Appendix B (Tables SB.1 

through Table SB.8). The color scheme and pattern to represent each identified taxa, are shown 

in Tables SB.1 and SB.2. Other data shown are sample depth, corresponding relative percent 

abundance (%) of each characterized taxa, inferred metabolic function for each taxa, and 

supporting literature reference for each process assignment.  

4.5. Results 

 4.5.1. LIF Data 

LIF data indicate an LNAPL distribution that is atypical of most LNAPL sites (Figure 

SB.1 through Figure SB.5). LNAPL buoyancy limits the extent of LNAPL distribution to the 

immediate vicinity of the capillary fringe and spreading of LNAPL about the water table. 

LNAPL spreading on the water table tends to form laterally extensive LNAPL bodies about the 

capillary fringe. Additionally, LNAPL entrapments in vadose pore spaces appears to have 

occurred, potentially due to water table fluctuations (Newell et al., 1995) Shallow LNAPL (in 

immediate vicinity of the capillary fringe) is present across 20% of the tank farm, and LNAPL 

from near surface to 12 m below the capillary fringe beneath 30% of the tank farm. 
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 4.5.2. Cryogenic Core Analyses 

Core recovery (percent of material recovered with respect to material present within 

sampled interval) via cryogenic coring was 97, 99, and 96% for the No LNAPL, LNAPL-1, and 

LNAPL-2 locations, respectively. Dark colors of soil, in the first column of Figure 4.2 were 

interpreted as an indication of reducing conditions associated with anaerobic biodegradation of 

organics (e.g., natural organic matter and LNAPL). Individual sediment beds range in thickness 

from 0.5 to 3.0 m and grade with depth from silt, silt with fine sand, to fine sand. Comparison of 

the geologic logs from the three cryogenic cores suggests interbeds in the overbank deposits are 

largely laterally discontinuous at the ~100 m spacing between the cryogenic coring locations. 

The mean porosity of all samples was 0.50. 
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Figure 4.2. gINTTM plots of cryogenic core data.a) No LNAPL location, b) LNAPL-1 location and c) LNAPL-2 location. 1) 
Sediment color, 2) Graphic log, 3) Water table elevation and LNAPL, 4) TPH in soil (mg/kg), 5) TPH-DRO and TPH-GRO in soil 

(mg/kg), 6) Benzene distribution in soil (%-pink, mg/kg- brown, 7) Methane in soil (mg/kg), 8) Aqueous concentrations (mg/L) 
methane (blue), TPH-GRO (red), and Benzene in (brown), 9) ORP (mV), maximum recorded value (emerald green), Average value 

(military green), minimum ORP value in red and 10) Fluid saturations, water (blue), gas (red) and LNAPL (green). The vertical 
position of subsamples is indicated by open circle symbols in each column.  The first column illustrates true soil colors ranging from 

brown to gray. The second column provides unified soil classification symbols (USCS) for encountered sediments.
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The observed distribution of LNAPL, based on cryocore analysis (Figure 4.2, columns 3 

(Visual LNAPL), 4 (TPH) and 5 (TPH-GRO, TPH-DRO)), is consistent with the 2018 LIF data 

(Figure SB.1 through SB.5). Average/maximum TPH concentrations at the LNAPL-1 and 

LNAPL-2 locations, are 4,180/17,800 and 7,110/44,200 mg TPH/kg dry soil, respectively (Figure 

4.2, column 4). Similarly, average/maximum LNAPL saturations, at the LNAPL-1 and LNAPL-2 

location, range from 2.2/16.0 to 1.0/5.0 %, respectively (Figure 4.2, column 10). Additionally, 

LNAPL composition at the LNAPL locations is different. While at the LNAPL-1 location, 

LNAPL is composed of TPH-DRO and TPH-GRO (including benzene), no TPH-GRO was 

detected at the LNAPL-2 location.  

Methane in vadose zone gases coincides with LNAPL presence and below the water table 

methane co-exists in groundwater with TPH (Figure SB.9, Figure SB.10 and Figure SB.11). 

 4.5.3. MLS Port Gas and Aqueous Samples  

The gas and aqueous data collected during the study indicate that at the No LNAPL 

location oxygen was detected at the deepest gas port located at 1.2 m bgs; however, oxygen 

present was considerably less than the port located at 0.6 m bgs where measured methane 

concentrations were close to 0% v/v. Given the gas data collected, it is estimated that at the time 

of sampling the methane oxidation front was located between 0.6 and 1 m bgs. Aqueous sulfate 

was detected at 1.5 m bgs and 2.4 m bgs at concentrations between 200 and 250 mg/L, 

respectively (Figure SB.9). Sulfate was not detected in the samples collected at both 3.9 m bgs 

and 5.18 m bgs. Ferrous iron was only detected in the samples collected at 3.9 m bgs and 5.18 m 

bgs, indicating at these depths available ferric iron was reduced associated with anaerobic 

biodegradation of TPH.  
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At the LNAPL-1 location, a similar analysis placed the methane oxidation front around 

1.8 m bgs. A low sulfate concentration (<20 mg/L) was detected at 2.7 m bgs, and no sulfate was 

detected at deeper sampling ports located at 4, 4.6 and 5.2 m bgs. Ferrous iron and dissolved 

manganese increased with depth, indicating these minerals were likely reduced at the sample 

depths.  

At the LNAPL-2 location, methane was detected at 0.3, 0.9 and 1.8 m bgs in the same 

concentration (10 % v/v). Further, oxygen was only detected at 0.3 m bgs, indicating the 

methane oxidation front at the time of sampling was located between 0.3 and 0.9 m bgs. Sulfate 

was not detected at any depth and ferrous iron was detected at every depth in concentrations 

greater than 50 mg/L. At the time of sampling, these data collectively indicate that at the LNAPL-

2 location below the methane oxidation front, biodegradation processes likely occur via 

syntrophic processes with methanogenesis. 

gINTTM plots showing water quality and gas data from samples collected from the MLS 

ports in all cryocoring locations (Figure SB.10 and Figure SB.11) serve as a line of evidence for 

PHC biodegradation. 

 4.5.4. Multilevel Temperature Data  

The average subsurface temperature from 1 to 3 m bgs at the LNAPL-1, and LNAPL-2 

locations are 0.4 and 0.9 Co warmer than the No LNAPL locations, respectively (Figure 4.3 a, b, 

and c). This finding is consistent with heat generation from methane oxidation. Monthly NSZD 

rates were calculated from temperature measurements based on methods advanced in Karimi 

Askarani & Sale (2020) (Figure 4.3 d, e, and f). As expected, the average biodegradation rates at 

the No LNAPL locations are ~0 L/hectare/year, whereas at the LNAPL-1 and LNAPL-2 locations, 

average biodegradation rates are ~20,000 L/hectare/year. 
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Figure 4.3. Heat maps of temperature as a function of depth and time with higher mean temperatures with LNAPL at a) No LNAPL, 
b) LNAPL-1, and c) LNAPL-2 locations. Monthly NSZD rates at d) No LNAPL, e) LNAPL-1, and f) LNAPL-2 locations. Figures 
4.3a, 4.3b, and 4.3c, plot 500,000 temperature measurements for the period from February 2020 to February 2021, as a function of 
time (x-axis) and depth (y-axis), for the No, LNAPL-1, and LNAPL-2 locations. Temperatures are presented using the visible light 

spectrum (red to violet) indicating temperatures ranging from – 5 to 35 0C
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 4.5.5. Multilevel ORP Data  

ORP readings collected with the continuous sensors were averaged and represented next 

to the cryocoring results (Figure 4.2, column 9). Groundwater without the presence of TPH had 

average ORP values in the overbank deposits ranging from -250 to -350mV, while where TPH 

was present in groundwater, average ORP values ranged between -500 and -450 mV. ORP 

values are shown in more detail in Figure 4.4. Within LNAPL-impacted soils, redox values in the 

vadose zone are depressed by 200 to 300 mV as compared to the No LNAPL location (Figure 

4.4). Descending through the vadose zone, ORP values indicate redox conditions associated with 

nitrogen, iron, and methane redox couples. Below the water table, in LNAPL-impacted zones, 

redox conditions range from -400 to -500 mV, consistent with active methanogenic NSZD. 

Reducing conditions identified in the No LNAPL location could be attributed to naturally low 

redox associated with swamp-like overbank deposits; however, no organic carbon analysis was 

performed to test this hypothesis. Unfortunately, the naturally low redox in the overbank deposits 

constrain the use of ORP to be able to discern between LNAPL biodegradation and the 

biodegradation of natural organic matter (NOM).  
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Figure 4.4. Continuous ORP data with microbial ecology data from the cryocore samples. 
Continuous data was collected between 11/2019 and 2/2021.Microbial ecology data was 

collected from cryogenic cores sampled on 09/2019 at a) No LNAPL, b) LNAPL-1, and c) 
LNAPL-2 locations. Panels b and c include experimental water level data shown as a grey line. 
A detailed key for the microbial data with specific phylotypes detected is provided in SI. ND 

indicates “non detect” based on failure of DNA or cDNA amplification prior to next generation 
sequencing. For the period of November 2019 to February 2021, 500,000 hourly ORP values are 
shown for the No LNAPL and LNAPL-1, LNAPL-2 locations. ORP is plotted as a function of 
time (x-axis) and depth (y-axis) using the visible light spectrum to illustrate redox conditions 

ranging from red (oxygen, +600 mV) to violet (hydrogen, -600 mV), assuming pH 7. Following 
color coding for ORP values introduced by Sale et al., (2021), the colors for inferred microbial 

processes include red for aerobes using oxygen, yellow for nitrogen reducers, green for iron 
reducers, blue for methanogens and sulfate reducers, and purple for hydrogenotrophic 

methanogens. 

Episodic downward spikes in redox likely from shifts in oxygen, nitrate, and ferrous iron 

availability are seen in the vadose and groundwater zones. At the No LNAPL location, a spike of 
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increased ORP (i.e., more oxic conditions) across all depths (0.5-6.5 m bgs) was seen in August-

October 2020. Smaller spikes of more oxidizing conditions into the formation (i.e., up to ~4 m 

bgs) are also seen at the LNAPL-1 and LNAPL-2 locations throughout the period of record 

(11/01/2019 – 02/28/2021). Following Sale et al., (2021), cycling ORP values in LNAPL zones 

may be due to barometric pumping of soil gases and/or biogas ebullition events in the 

groundwater zone. Further investigations are needed to resolve incomplete understandings of 

these apparent “downward spikes” in oxidizing conditions. 

 4.5.6. Microbiome Characterization 

Characterized microbiomes (in all three core locations) agree well with the ORP data. 

Microbial ecology data including bacterial and archaeal microbiome characterization is shown 

and subtle differences between DNA- (present) and RNA-based (present and active) 

characterization were observed at locations where ORP values fluctuate, potentially due to these 

dynamic subsurface conditions in these locations. 

Key attributes of microbial results include the following. First, microbial activity was 

detected via NGS of 16S rRNA transcripts at every sampled location that contained LNAPL, 

which supports occurrence of LNAPL biodegradation.  While active microbes were detected at 

the No LNAPL location, transcript numbers were lower compared to the LNAPL-1 and LNAPL-2 

locations. Second, microbiomes characterized in LNAPL zones (both at the DNA and the RNA 

level) indicate sulfate reduction and methanogenesis (Figures 4.4 panels b and c) are likely key 

processes that support biodegradation. Thirdly, microbes in the No LNAPL location vary with 

depth from 0.56 m to 4.35 m bgs. In contrast, in the LNAPL-1 and LNAPL-2 locations, microbial 

communities are different in the samples analyzed closer to the surface than those analyzed at 

deeper locations; however, below 2 m bgs, microbes show less variance with depth.  
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 4.5.6.1. No LNAPL Location 

At the No LNAPL location (Table SB.3 (DNA) and SB.4 (RNA)), in the sample collected 

at 0.64 m bgs, small differences were observed when biological processes are inferred utilizing 

DNA-based data versus RNA-based data. Identified microbiomes at the DNA level support the 

inference of a community composed mainly of bacteria involved in electron accepting processes 

ranging from iron reduction (members of the family Gemmatimonadaceae (Ma et al., 2019) and 

members of the genus Vicinamibactrales (Gong et al., 2021)) to aerobic processes (member of 

the genus Methylobacter (Smith et al., 2018)). Although putative iron reducers were identified at 

the DNA level, RNA microbial characterization at the time of sample collection suggests mainly 

aerobic and nitrate reducing organisms were active at 0.64 m bgs at the time of sampling. Active 

methanogens (as detected by the RNA analysis) at this depth compose only 2% of the 

community and have been identified as organisms belonging to the genus Methanobacterium. 

Methanobacterium spp. are methanogens, but these organisms are resilient to oxygen induced 

stresses (Zhou et al., 2021) and are often found in transition environments such as root zones. 

Eighty eight percent of the active archaeal community at 0.63 m bgs, has been identified as 

organisms belonging to the Nitrososphaera family. Most organisms of the Nitrososphaera family 

have been associated with the nitrogen cycle in the root zone of plants (Baskaran et al., 2021). At 

this location, the microbiology data agree well with the soil redox readings, which ranged from 

129 to 329 mV associated with the nitrogen cycle redox processes. Although based on the RNA 

NGS analysis, active processes (at the time of sampling) range from nitrate reducing to aerobic 

processes, DNA analysis indicates that processes range from iron reducing to aerobic processes. 

Both datasets (microbial characterization and ORP measurements) characterize the soil sample 
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collected at 0.64 m bgs as a redox environment that fluctuates between iron reducing to aerobic 

processes.  

Microbes identified at deeper locations at this boring were associated with iron reducing, 

sulfate reducing, fermentation and methanogenic processes. Active methanogens were only 

detected via RNA-based NGS at 2.62 m bgs. At the 2.62 m bgs No LNAPL location, 64% of the 

archaeal community detected belongs to the genus Candidatus Methanomethylicus. Members of 

the genus Candidatus Methanomethylicus are methylotrophic methanogens and have been found 

to inhabit iron reducing and sulfate reducing environments (Jia et al., 2021). Also, active 

organisms belonging to the archaeal class Bathyarchaeia were detected in the soil collected at 

2.62 m bgs in the No LNAPL location, members of the Bathyarchaeia class have been identified 

as iron reducing organisms (Rios Del Toro et al., 2018). Members of the class Bathyarchaeia 

composed over 50% of the active archaeal community detected in the sample collected at 4.83 m 

bgs at the No LNAPL location. 

 4.5.6.2. LNAPL-1 Location 

The LNAPL-1 location was sampled for microbial ecology at 1.55 m bgs, at 3 m, at 3.32 

m bgs, and at 4.4 m bgs. These samples contained LNAPL and benzene. The active bacterial 

community identified at 1.55 m bgs was mainly composed of fermenting organisms such as 

members of the genus Smithella (17%) that have been associated with syntrophic alkane 

biodegradation under hydrogenotrophic methanogenesis conditions (Wawrik et al., 2016) and 

members of the order Syntrophales (4%) that have also been identified as fermenters in 

syntrophic methanogenic communities (Langwig et al., 2022). Active sulfate reducers of the 

genus Desulfoprunum were detected at 1.55 m bgs (21%). Members of the genus Desulfoprunum 

are known benzoate degraders and have been identified at LNAPL sites where benzene was 
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present (Bin Hudari et al., 2020). Members of the genus Methalocystis were also present at this 

sample location. Organisms belonging to the genus Methalocystis are known to oxidize methane 

in the presence of oxygen and have been associated with oxidizing methane under nitrate 

reducing conditions (Jung et al., 2020). Active archaea detected at 1.55 m bgs at the LNAPL 

location were predominantly methanogens. Both acetoclastic methanogens belonging to the 

genus Methanosaeta (69.5%) (Ito et al., 2011) and hydrogenotrophic methanogens belonging to 

the genus Methanoregula (6%) were detected. Approximately 20% of the active archaeal 

community, at 1.55 m bgs at the LNAPL-1 location, was identified as being composed of 

members of the genus Methanobacterium. The identified active bacterial and archaeal 

communities at 1.55 m bgs at the LNAPL-1 location indicate an anoxic redox environment where 

sulfate reduction and methanogenesis occur.  

Microbial community characterization at the DNA level (Table SB.5) in combination with 

the RNA-based counterpart (Table SB.6) agrees with seasonally fluctuating ORP data that 

describes the soil environment at 1.55 m bgs at the LNAPL-1 location as a redox environment 

that transitions episodically from iron reducing to sulfate reducing to methanogenic. Analysis of 

the samples collected at the remaining surveyed depths (3 m bgs, 3.32 m bgs, and 4.4 m bgs) at 

the LNAPL-1 location identified active bacterial and archaeal communities associated with 

sulfate reducing and methanogenic processes. The microbial ecology characterization performed 

via DNA analysis supports the observations recorded via RNA analysis but also shows the 

presence of putative iron reducing and nitrate reducing organisms and thus the potential for iron 

and nitrate reducing processes to occur. The presence of putative iron and putative nitrate 

reducers at depths suggests, that at times, conditions at the site could favor these electron 
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accepting processes. Active organisms and complimentary chemical data suggest that at the time 

of sampling methanogenesis prevailed.  

 4.5.6.3. LNAPL-2 Location 

At the LNAPL-2 location, microbiomes (Tables SB.7 and SB.8) were characterized in the 

samples collected at 0.33 m bgs, 3.39 m bgs, and 3.45 m bgs. Active organisms including 

fermenters such as Smithella spp. (over 30%) and methanogens such as Methanosaeta spp. (over 

45%) were detected at every sampled depth, but the sample collected closest to the surface. At 

the time of sampling, this location (0.33 m bgs) was below the water table. The DNA-based 

microbial ecology characterization in combination with the continuous ORP data suggests that 

the redox environment at 0.33 m bgs in the LNAPL-2 location fluctuates from nitrate reducing to 

iron reducing, and sometimes to sulfate reducing, conditions. It is likely that the presence of 

LNAPL in combination with a high-water table resulted in more reducing conditions, such as 

those found in methanogenic environments, which are likely unfavorable conditions for 

organisms found close to the surface. Thus, despite the potential for higher redox-based 

biodegradation to occur at this location, no activity was detected based on no detection in the 

RNA analysis at the time of sampling.  In contrast, the samples collected deeper at this same 

boring location revealed the presence of active methanogens and active sulfate reducers based on 

RNA-based NGS analysis. 

4.6. Discussion 

 4.6.1. Amount and Distribution of LNAPL 

Cryogenic coring quantified specific LNAPL volumes of 2.7 and 7.5 cm per sampling 

area for the LNAPL-1 and LNAPL-2 locations, respectively. The importance of the smaller 

amount of LNAPL revealed by cryogenic coring is that the limited amounts of LNAPL 
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remaining can likely be addressed by NSZD in a few decades provided NSZD rates do not 

decrease from those shown in Figure 4.3, that is if biodegradation rates are zero order as 

proposed by Emerson (2016). 

Data from cryogenic coring show low LNAPL presence in fine-grained soils, as 

described by Adamski et al., (2003), and as measured during our work, LNAPL biodegradation 

occurs in shallow and deep zones. Given the measured biodegradation rates of approximately 

2,000 L/Ha/year (Figure 4.3) likely due to detected microbial activity, the largely immobile 

remaining LNAPL is likely to decrease. While cryogenic coring analyses are complimentary to 

LIF data to characterize LNAPL presence and distribution, estimation of LNAPL depletion 

timeframe at the site can only be accomplished with data generated through cryogenic coring, 

that allow us to quantify mass in place and combining this mass in place estimations with the 

measured degradation rates. 

 4.6.2. Verifying Processes Driving NSZD  

Central to adopting NSZD as a remedy is verifying that NSZD is occurring. As with 

MNA of dissolved phase hydrocarbons in plumes, multiple lines of evidence can be used to 

demonstrate and document occurrence and rates of NSZD. MBTs are now more often used at the 

field-scale to provide lines of evidence for biodegradation in hydrocarbon plumes or for 

degradation of other contaminants (Gedalanga et al., 2016; Lu et al., 2006; Madison et al., 2023; 

Taggart & Key, 2023; Wilson et al., 2019, Wu et al., 2019). While MBTs can directly assay 

microorganisms responsible for biodegradation, there is additional value that can be unlocked 

through continuous monitoring with real-time data. Thus, monitoring other parameters (e.g., 

redox) that can be measured continuously can be coupled with MBTs to provide both continuous 

monitoring and mechanistic data to provide robust lines of evidence to demonstrate the 
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occurrence of NSZD. Herein, we show that continuous ORP data are consistent with microbial 

ecology data, providing evidence for using ORP sensors to track microbial processes associated 

with NSZD. 

Microbial ecology data (i.e., MBTs) at this site document an active and diverse 

community of microbes driving NSZD through processes that include methanogenesis, sulfate 

reduction, iron cycling, and methane oxidation (Figure 4.4). RNA-based NGS provides evidence 

of these processes, occurring, further supported by biodegradation. rates calculated from 

temperature measurements that are based on methods advanced in Karimi Askarani & Sale 

(2020). Additionally, microorganisms can serve as redox indicators for complex soil-water 

environments (Irianni-Renno et al., 2023; Yin et al., 2021). Herein, the measured redox in the 

surveyed subsurface agrees well with inferred microbial metabolism. In general, microbial 

analysis at the DNA and RNA level show similar redox trends as those depicted by the soil-

redox measurements collected via continuous sensing. Differences in characterized microbiomes 

at the DNA vs. the RNA level were observed in dynamic zones like the methane oxidation front. 

At this location, for example in the Continuous LNAPL location, based on the microbial analysis 

performed at the DNA level, an aerobic and nitrate-reducing community was inferred but no 

activity was detected based on RNA analysis. It is likely that at this location oxygen levels 

fluctuate and that is why, despite the fact that higher redox processes can occur at that location, 

absent oxygen no activity is detected.  

Elevated temperatures due to exothermic biological processes provide a direct line of 

evidence for NSZD. ORP data provide continuous documentation of ongoing NSZD via sulfate 

reduction and methanogenesis in LNAPL zones and iron and oxygen cycling conditions in the 
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vadose zone. The detection of active microbes and analysis of LNAPL in place allow for 

accurate and corroborated interpretation of the continuous data. 

 A key challenge with the ORP data is that overbank floodplain deposits have NOM and 

reducing conditions that are similar to LNAPL zones; methane produced at these locations will 

be oxidized by microbes present in the vadose generating a temperature increase that indicates 

biodegradation. The biogeochemical characterization produced via the analyses of the 

cryogenically collected samples, coupled to periodic water chemistry analyses and gas analyses 

collected from the multilevel sampling ports installed along the continuous sensors, allows us to 

discern the type of biodegradation being measured by the other monitored parameters (for 

example NOM vs. PHC). Combining various tools (i.e., temperature profiling, ORP sensors, and 

MBTs) to generate complementary datasets increases the weight of evidence to demonstrate the 

occurrence of NSZD and associated biological processes at this site.  

 4.6.3. Conceptual Site Model (CSM) 

A CSM (Figure 4.5) that describes the three cryocoring locations was developed by 

integrating the findings produced by the analysis of the collected data. A summary of the datasets 

included in the analysis are listed on Table 4.1. Data sets utilized are: biogeochemical data 

collected from the cryogenic core samples including microbiome analysis, water and gas 

chemistry collected from the MLS ports installed at each cryocore boring, and the continuous 

temperature and ORP data collected via remote sensing.
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Figure 4.5. Site conceptual model showing three studied locations (No LNAPL, LNAPL-1 and LNAPL-2) Dynamic data sets are 
integrated by showing maximum, minimum, and average ORP on the side of each location’s model. Zone I is aerobic; Zone II is 

considered to have alternative electron acceptors available; Zone III is strictly methanogenic.  The methane oxidation front at each 
location is identified by the letter A. B and C are used to denote the presence and type of LNAPL
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Table 4.1. Summary of the data sets integrated in the CSM. 

 

The No LNAPL location is conceptualized as having three zones. Zone I (0-0.6 m bgs) is 

an aerobic zone. Based on methane data collected in soil and gas samples, identified methane 

oxidizers (Methylobacter and Methalocystis), and measured soil redox at 0.6 m bgs, likely the 

aerobic zone extends to that depth. Methane oxidation was also observed via the temperature-

based method at 0.6 m bgs for the months of January, February, March, July, August, and 

September of 2020-2021. Although biodegradation was detected, all measurements were low 

when compared to those measured at the LNAPL-1 and the LNAPL-2 locations. Zone II (0.6-3 m 

bgs) has been conceptualized as a zone with ferric iron and sulfate available for degradation; 

methanogenesis and fermentation are also likely taking place at this location. At 1.5 m bgs, ORP 

decreases with depth support nitrate and iron reduction occurring. A pronounced dip in ORP can 

be seen at that location shifting from 400+ mV to 10 +mV. Based on the ORP readings with 

depth and the water quality data, iron and nitrate cycling associated with root zones are presumed 

to be occurring at this depth. Zone III was below 3 m bgs; active sulfate reducers, fermenters, 

and iron reducers were identified (Figure 4.4 and Table SB.1 and SB.4). Below 2 m bgs, ORP 

decreases steadily reaching sulfate-reducing and methanogenic values around 4.5 m bgs. Active 
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methanogens were only detected around 3 m bgs. Zone III is characterized as a reducing 

environment with no LNAPL biodegradation occurring. Low or no methanogenesis at this region 

of the subsurface agrees with the low biodegradation rates measured at this location and 

coincides with the absence of LNAPL detection via cryogenic coring methods. 

The LNAPL-1 location was also conceptualized as having three subsurface zones. 

According to the thermal data, recorded biodegradation is greatest at this location and was 

recorded for all months except for November (2020). Zone I (0-1.5 m bgs) is an aerobic zone 

and, based on the methane data collected in soil and gas samples, the methane oxidation front is 

likely located at 1.5 m bgs. No sample was analyzed for microbial analyses at this location. 

However, the characterized microbiome at the sample immediately below, collected above 2 m 

bgs, identified a low percentage of methane oxidizers (Methalocystis) and other anaerobic 

organisms composing the remainder of the active microbiome. Divergence between the 

maximum, minimum, and average recorded ORP was observed at the inferred location of the 

methane oxidation front. As noted by previous studies (Irianni-Renno et al., 2023; Sale et al., 

2021) these variations are likely encountered in dynamic zones where redox cycling occurs. 

LNAPL composed of TPH-GRO and TPH-DRO was detected in Zone II (1.5 – 4.1 m bgs) 

extending as deep as 4.1 m bgs. Little to no ferrous iron was detected above 1.8 m bgs, but 

ferrous iron was detected below these depths indicating ferric iron is likely available at depths 

above 1.8 m bgs to be utilized as an electron acceptor. Iron reducing organisms were identified in 

Zone II as well. Zone III (below 4.1 m bgs) was characterized as a methanogenic zone with ORP 

readings below -400 mV. Active microbiomes characterized at these locations (3, 3.2 and 4.3 m 

bgs) included fermenters and methanogens.  
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The LNAPL-2 location was conceptualized as having three main subsurface regions 

(Zone I, Zone II and Zone III) as well,. According to the thermal data, biodegradation occurred 

every month except for May 2021. Zone I (0-0.3 m bgs) was characterized as a shallow 

subsurface zone containing oxygen. The methane oxidation front was inferred to be at 0.3 m bgs 

as indicated by methane detected in soil and gas samples and oxygen measured in gas samples. 

At this location, ORP variations over time occur indicating a dynamic zone. In Zone II (0.3 -1.5 

m bgs), ORP drops to ferric iron/nitrate reducing levels; at these depths processes associated 

with the root zone are likely to occur. ORP readings at the inferred zone depth reached -250 mV. 

In Zone III (below 1.5 m bgs), ferrous iron was detected at every aqueous sampling point and 

corresponding ORP values (below 1.54 m bgs) were at or below -450 mV indicating 

methanogenesis is the most likely process. Therefore, Zone III was inferred to be a strictly 

methanogenic zone.  

4.7. Conclusions 

Overall, this research suggested that combining continuous redox and temperature 

sensors with microbiome analysis (i.e., use of MBTs) can characterize in situ biodegradation 

occurrence and pathways better than the application of any of these tools alone. Soil redox data 

show episodic transitions in dynamic zones in the subsurface of the three boring locations. 

Microbial ecology data provide a similar description of the redox environment of the subsurface 

as illustrated by redox readings. The difference observed between the RNA-based 

characterization and the DNA-based characterization of the subsurface microbial ecology can be 

interpreted as the episodic fluctuations observed with the continuous temperature and ORP 

sensing. These data (temperature, ORP, and microbiome characterization) are complimentary 

lines of evidence that support the occurrence of NSZD processes at surveyed depths. The similar 
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description of the redox soil environment obtained by both NSZD characterization tools supports 

the use of continuous sensors as monitoring tools for biological processes. Sensors have the 

added advantage of providing real time feedback regarding the subsurface environment. Redox 

and temperature shifts can be associated with changes in other surface parameters (chemistry, 

water table fluctuations with barometric changes, etc.) besides biological processes. Therefore, 

understanding the environmental conditions where the sensors are deployed via cryogenic 

coring, or similar approaches, is critical to be able to interpret the redox evolution of surveyed 

environments via continuous sensing.  

In this work we show how microorganisms can provide redox indicators in soil-water 

systems. Although similar observations were recorded by Yin et al., (2021) and by Irianni Renno 

et al., (2023), to our knowledge this study is the first to characterize active microbiomes in 

relation to in situ continuous ORP data at an LNAPL impacted site.   

Further, we have shown how continuous multiple level temperature and ORP data 

coupled to microbiome characterization serve as complementary lines of evidence that 

collectively support and document the occurrence of NSZD. The modern tools tested herein for 

middle- and late-stage LNAPL sites offer opportunities to more effectively and efficiently 

manage legacy LNAPL sites.  
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CHAPTER 5. SUMMARY OF CONCLUSIONS AND FUTURE WORK 

This work’s major research findings are summarized and highlighted below. Lastly 

proposed future work based on this dissertation’s key insights are outlined and briefly discussed.  

5.1. Major Findings 

 NSZD of petroleum hydrocarbon has been established as an effective and practical 

remedy for mid to late-stage LNAPL sites, in the past decade (Karimi Askarani et al., 2024; Sale 

et al., 2018). However, broad technology adoption is lagging due to minimal advocacy, lack of 

process understanding and inadequate tools to monitor progress (Lari et al., 2019). In the work 

presented in Chapters 2, 3 and 4 of this dissertations, emerging NSZD monitoring tools are tested 

under laboratory conditions relevant to LNAPL impacted sites, and at field sites. 

Despite the importance of being able to detect and characterize biological activity within 

LNAPL source zones, to date most RNA-based studies completed at hydrocarbon impacted sites 

involve analysis of samples containing plume levels of hydrocarbons. Examples of these include 

analysis of site water samples (Crisafi et al., 2016), analyses of culture media samples containing 

at most solubility levels of hydrocarbons (Canul-Chan et al., 2014), and analyses of soil samples 

containing less than 2,100 mg/kg of TPH per gram of soil (Fida et al., 2017). Until now, we have 

not seen RNA based analyses completed on samples containing petroleum liquid concentrations, 

such as those found in source zones. As part of this doctoral research, a new method was 

developed to allow for purification of RNA from LNAPL-impacted soils (Irianni-Renno et al., 

2021). The new RNA extraction and purification method (Chapter 2) relies on a soil washing 

approach that has no adverse effects on RNA recovery but does improve RNA quality, by 

removing PCR inhibitors, which in turn allows for characterization of active microbial 

communities present in petroleum impacted soils. The new method was utilized in the research 
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presented in Chapters 3 and 4 of this dissertation, to gain key insights regarding the role of 

biodegradation in LNAPL zones. 

Newly developed soil redox sensors for monitoring progress of NSZD and ENSZD were 

evaluated under biogeochemical conditions relevant to LNAPL-impacted sites, utilizing 

laboratory columns. The experiment evaluated the biogeochemical and soil redox responses of 

the LNAPL systems to two known enhancements (pulsed air sparging, and periodic sulfate 

addition). Although work relating hydrogeochemical data to continuous soil-ORP readings has 

been published previously (Sale et al., 2021), this is the first time that microbial activity was 

directly correlated to continuous soil-redox readings, utilizing IoT monitoring. Additionally, 

microbial work targeting 16S rRNA genes and transcripts provided key, novel insights regarding 

how LNAPL composition can drive sulfate utilization and the effects this has on hydrocarbon 

depletion rates. Although more work is needed to understand what drives different sulfate 

reduction pathways to be activated in LNAPL zones, this observation can help us understand 

how to monitor progress of ENSZD via sulfate addition.  

Recent development of sensor based IoT technology applied to restoration of LNAPL 

sites can complement the existing NSZD toolbox in a way that would position NSZD above 

other technologies for LNAPL site restoration. Continuous IoT sensing is safer, more cost 

effective and more sustainable than other characterization and monitoring tools (Sale et al, 

2021). Temperature based sensing has been established as an effective technology to measure 

hydrocarbon degradation rates (Karimi Askarani & Sale, 2020); and, lastly the RNA method 

developed as part of this dissertation (Irianni-Renno et al., 2021) allows for demonstrating NSZD 

activity (as shown with the measurement of mcrA transcripts in Chapter 3) in LNAPL soils.  

Chapter 4 of this dissertation combines the most recent technological advancements in NSZD 
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monitoring (applied continuous temperature and soil redox sensing, cryocoring and the recently 

developed RNA extraction method) to develop a high-resolution CSM that adds the dimension of 

time to capture natural depletion of hydrocarbon. The newly developed, dynamic CSM describes 

the site in detail and coupling to continuous IoT monitoring of temperature and ORP allows for 

the CSM to evolve as the site clean-up progresses. A more sustainable and effective approach to 

site restoration is envisioned for the site evaluated in this case study based on the novel 

characterization. Additionally, the combination of cryogenic coring with temperature-based 

degradation rates could allow for forecasting mass loss over time for this particular site. 

5.2. Recommended Future Work  

The results described herein suggest that NSZD and ENSZD could be greatly advanced 

as the main remedy for mature LNAPL sites. Key to achieving this lies in documenting the 

merits of such technology in ways that can be understood by both practitioners and regulators. 

Future research opportunities that should be pursued with the aim of establishing NSZD as a 

widely accepted remedy are outlined below. 

Metatranscriptomic studies. Existing qPCR assays to identify genes encoding 

hydrocarbon degrading enzymes in environmental samples have limited applicability as the gene 

could be present but not expressed. A meta transcriptomics analysis of cryopreserved RNA 

samples of the experiment described in Chapter 3 can yield answers regarding hydrocarbon 

activated pathways during the enhancements. Insights gained via the proposed transcriptomic 

study could be used for the design of more relevant qPCR hydrocarbon degradation assays in a 

similar manner as performed in Rossmassler et al., (2019) work where a metagenomic analyses 

of o-xylene grown cultures provided sequences needed to design new primers for detecting o-

xylene biodegradation.  
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Single compound sulfate reducing studies. Results presented in Chapter 3 suggest the 

presence of linear alkanes promotes sulfate utilization and sustains methanogenesis. Results 

presented in Chapter 3 also suggest that in the absence of linear alkanes, organotrophic sulfate 

reduction leads to sulfate reduction being the primary hydrocarbon depletion pathway halting 

methanogenesis. The omic studies suggested in the prior paragraph could be applied to sulfate 

enhanced hydrocarbon degrading cultures fed with sole carbon sources to elucidate the 

biodegradation pathways of each tested hydrocarbon.  

 Temporal variability in hydrocarbon mass as determined via cryocoring.  The 

influence of different environmental factors on thermal determination of rates due to seasonal 

variations suggests the uncertainty in hydrocarbon depletion forecasts introduced in Chapter 4 

could be further described and constrained. LNAPL depletion forecasts based on temperature 

should be verified with a long-term field study that would sample via cryocoring site soils to 

measure hydrocarbon depletion over time. 
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APPENDIX A – SUPPORTING INFORMATION FOR CHAPTER 3 

Sampling Equipment with Sensors and Particle Board 

Figure SA.1 shows a diagram of the equipment installed in each column for monitoring of 

continuous ORP, Continuous temperature, water and gas sampling. Ag-AgCl reference 

electrodes (World Precision Instruments – DRIREF-5) were inserted at the bottom of each 

column. The water elevation of each soil column was approximately 5 cm from the column top. 

Additionally, all columns are equipped with a 1 L TedlarTM bag (Restek, Bellafonte, PA) for gas 

collection. The TedlarTM bag is connected to the system via a glass rod.   

 

Figure SA.1. Sampling system with sensor and particle board. 

Freeze Preservation of the Columns 

Columns were disconnected from the sensor boards. 

1- Valves and hoses were shut to prevent oxygen from entering the system and column 

fluids to exit the system.  
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2- Columns were wrapped with electrical tape as described in Emerson (2016) while still 

being vertically mounted on a rack.  

3- Columns were placed vertically inside an insulated PVC pipe. 

4- Pelleted dry ice was used to cover each column. 

5- After 25 minutes elapsed, columns were laid horizontally inside a -80 0C freezer for 

storage until sampled. 

 

Figure SA.2. Schematic of freeze-preservation of columns. 
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Cryogenic sampling of the columns 

 All Columns were sampled the day after being frozen. Subsamples were collected around 

each sensor that was in contact with soil. Sample depths with respect to column top were as 

follows: 20 cm, 30 cm, 40 cm, 50 cm and 60 cm. The steps for obtaining the subsamples are 

outlined below and shown on Figure SA.3. 

1- The glass from the column was removed by making a longitudinal cut through the 

electrical tape. 

2- A hammer was used to crack the glass tape and glass were carefully peeled from the 

water-sediment-LNAPL system.  

3- Remaining frozen sample was placed in an acetate sleeve. 

4- 1” “hockey puck” samples were cut with a circular saw following methods described 

in Kiaalhosseini et al., (2016). 

5- “Hockey puck” samples were quartered for collection and preservation of the 

following. 

a. One quarter was placed in a 120-ml jar containing 50-ml of Methanol for 

hydrocarbon analysis (Kiaalhosseini et al., 2016). 

b. Two quarters were wrapped in aluminum foil and immediately placed on dry 

ice for DNA and RNA analysis (Irianni-Renno et al., 2021) 

c. One quarter was placed in a 120 ml glass jar with a cap with a TeflonTM lined 

septa for methane, iron, sulfate, formate, and acetate analysis (Olson et al., 

2017). 
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d. The 2 mm x 2 mm titanium mesh sensing electrode located at the center of 

each “hockey puck” was recovered, wrapped in aluminum foil and placed on 

dry ice for future microscopic analysis.  

 

Figure SA.3. Schematic of cryocolumn subsampling. 
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Monitoring CH4 and CO2 production by the columns and continuous soil ORP 

 

Figure SA.4. Cumulative CH4 produced by the columns. 
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Figure SA.5. Cumulative CO2 produced by the columns. 
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Figure SA.6. Continuous ORP recorded at the center of all columns. Methanogenic columns are 
turquoise (ML) and Orange (MH), Periodic sulfate addition are green (SL) and grey (SH) and 

pulsed air sparging are purple (AL) and red (AH). Blue arrows indicate time when enhancement 
was applied. Sulfate addition was started on 9/2/2020 and pulsed air sparging enhancement was 

started on 11/11/20.  
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Degradation rate calculations 

 Table SA.1. Estimated degradation rates under different treatments. 

Column Treatment 

Duration of 

methanogenic 

conditions (days) 

Treatment 

duration (days) 

Estimated rate 

(mg/day) * 

ML Methanogenic 567 - 2.3 

MH Methanogenic 567 - 4.2 

SL 

Periodic sulfate 

addition 287 280 40.7 

SH 

Periodic sulfate 

addition 287 280 32.9 

AL Pulsed air sparging 438 129 41.9 

AH Pulsed air sparging 438 151 114.9 

*Hydrocarbon degradation rates for the methanogenic columns were calculated as initial mass minus final 

mass over time. An average methanogenic rate was utilized to estimate initial mass for remaining 

columns at the beginning of the enhancement details on these calculations are shown in figure SA.7. 
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Figure SA.7. Calculation of degradation rates in the columns 
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gINT plots with aqueous data and additional microbiology analysis 

Table SA.2. Methanogenic (Column ML). All Parameters 

 

 

 

Figure SA.8. Methanogenic (Column ML) All Parameters  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

20 32 4759.35 8.20 6.91 40.00 6.47 31.47 3.32 3.12

30 33 9424.88 10.01 7.10 40.00 1.56 22.35 1.02 0.90

40 34 8964.22 6.91 7.05 40.00 0.90 13.06 0.68 0.59

50 35 8402.96 9.84 7.33 40.00 0.86 4.79 0.43 0.77

60 36 13032.25 14.15 7.48 80.00 1.25 4.06 0.58 0.90
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Table SA.3. Methanogenic (Column MH) All Parameters 

 

 

 

Figure SA.9. Control (Column 8) All Parameter  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

20 26 14284.43 10.35 7.06 40.00 1.70 6.54 0.55 0.87

30 27 14.65 6.83 40.00 1.66 8.85 0.77 1.21

40 28 13559.16 17.64 6.91 40.00 1.75 7.56 1.23 1.90

50 29 15991.92 17.14 6.99 40.00 2.00 5.85 1.75 1.81

60 30 17476.86 12.37 6.90 40.00 1.13 8.37 0.77 0.72
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Table SA.4. Periodic Sulfate addition (Column SL) All Parameters 

 

 

 

Figure SA.10. Periodic Sulfate (Column 2) All Parameters.  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

20 14 4374.99 0.00 7.69 80.00 687.45 0.00 0.41 0.61

30 15 4173.10 0.00 7.64 120.00 640.00 0.00 0.09 0.19

40 16 2422.65 0.00 7.84 80.00 1087.68 0.00 0.29 0.62

50 17 6322.44 0.00 7.70 80.00 954.34 0.00 0.38 0.55

60 18 3648.74 0.00 7.61 80.00 1071.41 0.00 0.60 0.81



146 

 

Table SA.5. Periodic Sulfate addition (Column SH) All Parameters 

 

 

 

Figure SA.11. Periodic Sulfate (Column SL) All Parameters 

  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

10

20 20 9005.70 0.64 7.82 180.00 3387.29 0.00 0.00 0.00

30 21 14650.45 0.00 7.74 180.00 513.02 0.00 0.23 0.47

40 22 10282.08 0.00 7.65 180.00 586.16 5.81 0.50 0.86

50 23 21892.29 0.00 7.65 120.00 1020.42 0.00 0.53 0.54

60 24 28399.83 0.00 7.53 120.00 1118.45 0.00 19.53 0.32
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Table SA.6. Pulsed Air Sparging (AL) All Parameters 

 

 

 

Figure SA.12. Pulsed Air Sparging (Column 1) All Parameters.  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

20 2 3888.58 0.00 7.57 80.00 9.51 0.00 0.77 1.36

30 3 6322.83 0.00 7.55 80.00 8.88 0.00 0.76 0.98

40 4 6735.03 0.00 7.43 80.00 8.24 0.00 1.35 1.24

50 5 5613.54 7.68 7.48 80.00 2.74 0.00 0.85 1.39

60 6 5719.94 4.18 7.85 80.00 2.57 0.00 0.73 2.14
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Table SA.7. Pulsed Air Sparging (AH) All Parameters 

 

 

 

Figure SA.13. Pulsed Air Sparging (Column 4) All Parameters 

  

Depth 

(cm)

Sample 

ID

TPH 

(mg/kg)

Methane 

(mg/kg)
pH

Alkalinity 

(ppm CaCO3)

Sulfate 

(mg/kg)

Iron 

(mg/kg)

Acetate 

(mg/kg)

Formate 

(mg/kg)

20 8 2940.87 0.00 7.62 40.00 8.73 1.94 0.97 1.32

30 9 5964.84 0.00 7.79 40.00 3.80 2.75 1.16 2.27

40 10 8635.50 0.00 7.14 40.00 2.06 4.60 0.56 1.05

50 11 12786.82 14.37 7.49 40.00 1.37 5.57 0.66 0.97

60 12 14800.78 16.52 7.16 80.00 2.68 2.75 1.08 1.32
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Table SA.8. Methanogenic (Column ML) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S 

rRNA 

(gene 

copies/g 

of soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S 

rRNA 

(gene 

copies/g 

of soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA 

(gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 33 ND  2.60E+07 2.39E+05 2.91E+08 ND 2.65E+05 

40 34 ND  8.34E+05 7.64E+05 3.94E+08 ND ND 

50 35 5.61E+04 1.23E+08 6.44E+07 4.23E+08 ND ND 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 

copies/reaction; for 16S rRNA and mcrA gene copies and transcripts the detection limit was 262 

copies/reaction 

 

Figure SA.14. Methanogenic (Column ML) Microbiology  



150 

 

Table SA.9. Methanogenic (Column MH) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S rRNA 

(gene 

copies/g of 

soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S rRNA 

(gene 

copies/g of 

soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA (gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 27 3.47E+03 2.63E+06 3.60E+07 3.51E+08 ND 6.62E+07 

40 28 1.05E+06 1.71E+09 3.71E+07 5.16E+08 ND 5.95E+06 

50 29 1.23E+05 4.08E+07 2.49E+07 5.09E+08 ND 4.02E+05 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 

copies/reaction; for 16S rRNA and mcrA gene copies and transcripts the detection limit was 262 

copies/reaction. 

 

                           Figure SA.15. Methanogenic (Column MH) Microbiology 
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Table SA.10. Periodic Sulfate Addition (SL) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S rRNA 

(gene 

copies/g of 

soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S rRNA 

(gene 

copies/g of 

soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA 

(gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 15 3.27E+09 2.63E+06 7.41E+06 2.74E+08 ND ND 

40 16 3.05E+04 1.71E+09 3.14E+07 5.41E+07 ND ND 

50 17 3.00E+05 4.08E+07 2.09E+08 7.13E+07 ND ND 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 

copies/reaction; for 16S rRNA and mcrA gene copies and transcripts the detection limit was 262 

copies/reaction. 

 

Figure SA.16. Periodic Sulfate (SL) Microbiology  
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Table SA.11. Periodic Sulfate addition (SH) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S rRNA 

(gene 

copies/g of 

soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S rRNA 

(gene 

copies/g of 

soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA (gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 21 1.15E+06 1.57E+09 2.42E+07 4.66E+07 ND 6.16E+06 

40 22 ND 8.51E+06 5.82E+07 1.53E+07 ND 1.01E+06 

50 23 ND 6.61E+10 1.19E+07 1.67E+08 ND 2.63E+06 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 copies/reaction; for 

16S rRNA and mcrA gene copies and transcripts the detection limit was 262 copies/reaction. 

 

Figure SA.17. Periodic Sulfate (SH). Microbiology  
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Table SA.12. Pulsed Air Sparging (Column AL) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S rRNA 

(gene 

copies/g of 

soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S rRNA 

(gene 

copies/g of 

soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA (gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 3 ND 3.17E+10 ND 1.41E+08 ND ND 

40 4 9.89E+05 ND 4.90E+06 1.61E+08 ND ND 

50 5 ND ND 4.40E+04 1.51E+08 ND ND 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 copies/reaction; for 

16S rRNA and mcrA gene copies and transcripts the detection limit was 262 copies/reaction. 

 

Figure SA.18. Pulsed Air Sparging (Al) Microbiology  
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Table SA.13. Pulsed Air Sparging (Column AH) Microbiology 

Depth 

(cm) 

Sample 

ID 

Bacteria 

16S rRNA 

(gene 

copies/g of 

soil) 

Bacteria 16S 

rRNA 

(transcripts/g 

of soil) 

Archaea 

16S rRNA 

(gene 

copies/g of 

soil) 

Archaea 16S 

rRNA 

(transcripts/g 

of soil) 

mcrA 16S 

rRNA (gene 

copies/g of 

soil) 

mcrA 16S 

rRNA 

(transcripts/g 

of soil) 

30 9 4.63E+07 2.10E+07 ND 6.35E+07 ND ND 

40 10 1.31E+05 1.03E+07 4.90E+06 4.35E+05 ND ND 

50 11 2.64E+06 1.18E+07 4.40E+04 3.06E+07 ND ND 

ND = non detect. for 16S rRNA bacterial gene copies and transcripts the detection limit was 477 

copies/reaction; for 16S rRNA and mcrA gene copies and transcripts the detection limit was 262 

copies/reaction. 

 

Figure SA.19. Pulsed Air Sparging (AH) Microbiology. 
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APPENDIX B – SUPPORTING INFORMATION FOR CHAPTER 4 

 

Figure SB.1. LIF-19 located by no LNAPL boring.  
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Figure SB.2. LIF-20 located by no LNAPL boring. 
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Figure SB.3. LIF-05 located by the LNAPL-1  boring.  
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Figure SB.4. LIF-06 located by the LNAPL-2 boring.  
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Figure SB.5. LIF-22 located by the LNAPL-2 boring.  
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Sensor installation and diagrams 

 

Figure SB.6. Sensor string and MLS installed at the no LNAPL Cryocoring location. 
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Figure SB.7. Sensor string and MLS installed at the LNAPL-1 Cryocoring location. 
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Figure SB.8. Sensor string and MLS installed at the LNAPL-2 Cryocoring location. 
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Figure SB.9. Gas and aqueous samples collected from the MLS installed at the No LNAPL 
Cryocoring location.   
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Figure SB.10. Gas and aqueous samples collected from the MLS installed at the  LNAPL-1 

Cryocoring location.   

LNAPL- 1 
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Figure SB.11. Gas and aqueous samples collected from the MLS installed at the LNAPL-2 
Cryocoring location.   
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Table SB.1. Taxonomic assignment for identified Bacteria and inferred redox process. 
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Table SB.1 continued. Taxonomic assignment for identified Bacteria and inferred redox process. 

 

 

Table SB.2. Taxonomic assignment for identified Archaea and inferred redox process. 
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Table SB.3. Microbial ecology characterization (DNA) for cryogenic samples collected from the 
no LNAPL boring. 
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Table SB.4. Microbial ecology characterization (RNA) for cryogenic samples collected from the 
no LNAPL boring. 
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Table SB.5. Microbial ecology characterization (DNA) for cryogenic samples collected from the 
LNAPL-1 boring. 
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Table SB.6. Microbial ecology characterization (RNA) for cryogenic samples collected from the 
shallow LNAPL-1 boring. 
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Table SB.7. Microbial ecology characterization (DNA) for cryogenic samples collected from the 
continuous LNAPL-2 boring. 
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Table SB.8. Microbial ecology characterization (RNA) for cryogenic samples collected from the 
continuous LNAPL boring.  

 


