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ABSTRACT 
 
 
 

EXPLORATIONS IN WEST NILE VIRUS ECOLOGY AND EVOLUTION 
 
 
 

West Nile virus (WNV) continues to be a major cause of human arboviral neuroinvasive 

disease. Susceptible non-human vertebrates are particularly diverse, ranging from commonly 

affected birds and horses to less commonly affected species such as alligators. The literature 

review in Chapter 1 summarizes the pathology caused by West Nile virus during natural 

infections of humans and non-human animals. While the most well-known findings in human 

infection involve the central nervous system, WNV can also cause significant lesions in the 

heart, kidneys and eyes. Time has also revealed chronic neurologic sequelae related to prior 

human WNV infection. Similarly, neurologic disease is a prominent manifestation of WNV 

infection in most non-human non-host animals. However, in some avian species, which serve as 

the vertebrate host for WNV maintenance in nature, severe systemic disease can occur, with 

neurologic, cardiac, intestinal and renal injury leading to death. The pathology seen in 

experimental animal models of WNV infection and knowledge gains on viral pathogenesis 

derived from these animal models are also briefly discussed. A gap in the current literature 

exists regarding the relationship between the neurotropic nature of WNV in vertebrates, virus 

propagation and transmission in nature. This and other knowledge gaps, and future directions 

for research into WNV pathology, are addressed. 

In Chapter 2, experimental evolution work is described. For arboviruses, the vertebrate 

and invertebrate hosts in which they circulate shape viral evolution and can lead to the 

emergence of new genotypes. Previous work in mosquitoes and birds has identified species-

specific effects on viral populations when species were assessed in isolation. We united 

mosquito and bird species to perform experimental evolution studies which paired Culex (Cx.) 

pipiens with American crows, Cx. quinquefasciatus with American crows and Cx. 
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quinquefasciatus with American robins. Crow and Cx. pipiens transmission cycles were the 

most successful and robin and Cx. quinquefasciatus transmission cycles were the least 

successful at reaching three complete rounds of bird-to-mosquito transmission. These findings 

suggest that crows may be more important to WNV maintenance in nature over robins. The 

greater success of crow cycles when paired with Cx. pipiens in comparison to crows paired with 

Cx. quinquefasciatus may also suggest fitness losses associated with Cx. quinquefasciatus. In 

multiple rounds of transmission, infection rates (WNV-positive mosquito midgut) and 

transmission-capability (WNV-positive mosquito saliva) decreased with each subsequent round 

of transmission, suggesting that pairings in isolation experience fitness losses.  Competitive 

fitness assays of transmission cycles exhibited cyclical increases and decreases in fitness as 

virus moved through crows and mosquitoes, respectively. That the stronger competitive fitness 

tended to occur with samples from the avian host while virus from mosquitoes tended to have 

decreased fitness may be consistent with genetic restriction and strong purifying selection in 

birds and genetic expansion and weak purifying selection in mosquitoes. Sequencing is needed 

to assess whether differences in transmission cycle success and competitive fitness can be 

attributed to genetic changes.  

In Chapter 3, the avian single cell viral environment is assessed. Error-prone replication 

of RNA viruses generates the viral diversity required for adaptation to rapidly changing 

environments. This is crucial for arboviruses whose viral populations exist as mutant swarms 

maintained between both mosquito and vertebrate hosts. By infecting cells and birds with 

barcoded WNV stock and sequencing single cells, we demonstrated that the richness and 

frequency of rare variants in crows far exceeded that found in robins. Moreover, those rare 

occurring variants were maintained by crows more than they were by robins. We further 

demonstrated that bird viremia functions as a determinant of multiplicity of infection in peripheral 

blood mononuclear cells (PBMCs), a significant site of viral replication. We found that increased 

viremia leads to increased polyinfections of individual PBMCs with maintenance of defective 
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genomes and less prevalent variants, specifically in crows, presumably through 

complementation. When two pairings of variably-fit viruses were used to co-infect American 

robins and American crows, we observed increases in replication for one of the less fit viruses 

when viremia was higher.  The ability of the low fitness virus to better replicate at higher viremia 

is likely a result of polyinfections and complementation at the cellular level. Our findings suggest 

that weak purifying selection in highly susceptible crows is attributable to higher viremia, 

polyinfections and complementation while viral divergence and fewer variants rising to fixation in 

robins is a result of overall lower levels of viremia and fewer polyinfections.  

In Chapter 4, the potential contributions of American alligators to natural WNV ecology 

are examined. West Nile virus (WNV) overwintering is poorly understood and likely 

multifactorial. Interest in alligators as a potential amplifying host arose when it was shown that 

they develop viremias theoretically sufficient to infect mosquitoes. We examined potential ways 

in which alligators may contribute to the natural ecology of WNV. We experimentally 

demonstrated that alligators are capable of WNV amplification with subsequent mosquito 

infection and transmission capability, that WNV-infected mosquitoes readily infect alligators and 

that water can serve as a source of infection for alligators but does not easily serve as in 

intermediate means for transmission between birds and alligators. These findings indicate 

potential mechanisms for maintenance of WNV outside of the primary bird-mosquito 

transmission cycle.  

We performed a diverse array of experiments which utilize novel techniques and 

technologies to characterize the mechanisms of WNV evolution. We also identified a potential 

non-avian WNV amplifier host in alligators. This work represents a significant contribution to the 

West Nile virus literature by working with the unique species which contribute to virus 

propagation and assessing their effects on viral evolution and ecology.  
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Chapter 1. Literature Review: Comparative Pathology of West Nile Virus in Humans and 

Non-Human Animals1 

 
 
Introduction 

Twenty years after its introduction, West Nile virus (WNV, Flaviviridae: Flavivirus) 

continues to be the leading cause of arboviral disease in the continental United States (US) (1). 

WNV was first isolated in 1937 from the blood of a woman in the West Nile district of Uganda 

(2). During the 1950s, the virus was isolated from birds, mosquitoes and people in Egypt (3,4). 

The virus continued to present primarily as recurrent epidemics of mild febrile disease in Africa, 

the Middle East and Europe (5). However, the disease phenotype was drastically different 

during outbreaks in the United States, Romania, Russia and Israel, which occurred in the late 

1990s and early 2000s (6,7). In the United States, about 1 in 150 clinical patients developed 

neuroinvasive disease, characterized by meningitis, encephalitis, and/or poliomyelitis (8,9). Of 

those with neuroinvasive disease, 9% experienced mortality (10). The US outbreak represented 

the first known introduction of WNV to the Western hemisphere. Outbreaks during the late 

1990s in Israel and eastern Europe were also characterized by higher rates of fatal 

neuroinvasive disease (11,12). Given that these outbreaks occurred in disparate locations, 

phylogenetic analysis was performed to assess the degree of relatedness between the virus 

isolates. The strain introduced into the United States (NY99) had greater than 99.8% nucleotide 

homology to virus isolated from the brain of a goose in Israel from 1998 and human Israeli 

cases in 1999 (13,14). Isolates from the US also held similar relatedness to isolates from 

Romania (13,15). It is surmised that these closely related viruses were able to cause disease in 

these distant locations as a result of globalization. Following its arrival in the United States, the 

 

1This chapter includes the complete manuscript cited as “Byas, A.D.; Ebel, G.D. Comparative 
Pathology of West Nile Virus in Humans and Non-Human Animals. Pathogens 2020, 9, 48. 
https://doi.org/10.3390/pathogens9010048”. This article is reproduced with permission and only 
minimal modifications were made to meet formatting requirements. 
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virus showed remarkable adaptability to a new environment, quickly spread and is now 

endemic. 

The Virus and Its Ecology 

 WNV is a member of the genus Flavivirus within the family Flaviviridae. The WNV 

genome is a positive-sense, single-stranded RNA molecule of approximately 11,000 

nucleotides. Within host cells, viral RNA is translated and processed into 10 proteins: three 

structural (envelope, membrane and nucleocapsid) and seven nonstructural (NS) (NS1, NS2A, 

NS2B, NS3, NS4A, NS4B, and NS5) (13). The virus has two commonly accepted major genetic 

lineages and at least five additional proposed lineages (6,12,16–20,21). Lineage 1 is widely 

distributed and contains isolates from Africa, Asia, Australia, Europe, the Middle East, India and 

North America (21,22). Lineage 2 viruses have been isolated in Africa, Madagascar, the Middle 

East and Europe (23–26). Initially, lineage 1 viruses were considered to be more virulent than 

lineage 2 viruses; however, it has been shown that both lineages can cause neuroinvasive 

disease in humans and animals and lineage 2 has now displaced lineage 1 as the primary 

cause of WNV disease in Europe (23,27–31). 

WNV is maintained in nature by ornithophilic Culex mosquitoes and wild birds, with the 

particular mosquito species varying by region in the United States and worldwide (reviewed 

extensively by Kramer et al. (32)). Culex tarsalis drive epidemic transmission in the western 

United States while Culex pipiens is the main vector in the eastern United States. Culex 

quinquefasciatus and Culex nigripalpus are important vectors for WNV in the southeastern 

United States (33,34). While many avian species have been infected with WNV, house 

sparrows and American robins have been identified as key to the virus’ maintenance in nature 

(35–37). When the preferred bird hosts become less abundant during late summer and fall, 

ornithophilic mosquitoes shift their feeding to mammals leading to human epidemics (38). 

In addition to horizontal circulation between birds and mosquitoes, WNV maintenance 

also has been described in the absence of a mosquito vector. There have been multiple reports 
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of WNV viral RNA detected in carcasses and feces in crow roosts during the winter when 

mosquitoes are unlikely contributors to transmission, although the transmission mechanism was 

not specifically elucidated (39,40). Similar occurrences of WNV disease during the winter have 

been seen in Bald Eagles, where feeding on the carcasses of infected Eared Grebes was 

considered the most likely source of infection (41). Experimentally, non-vector direct 

transmission also has been demonstrated in geese, with oral and cloacal shedding serving as 

the most likely sources of viral transmission (42). Chronic infection may also contribute to winter 

transmission as infectious virus has been isolated from house sparrows up to 43 days post 

inoculation (43). Overwintering of WNV may also occur by vertical transmission from adult 

female mosquitoes to their progeny, although this process is highly inefficient (44,45). In 

addition to the maintenance of WNV in nature via non-vector mechanisms, WNV disease has 

also been reported in humans potentially as a result of non-vector transmission including 

percutaneous exposure, transplacental transmission, breast milk consumption, blood 

transfusion and organ transplant (46–51). 

Interestingly, despite the presence of numerous bird species and mosquitoes which 

should allow for its maintenance, WNV is not frequently seen in central and South America. 

There have been no major outbreaks and reports are rare in humans and horses (52–55). 

Possible causes may include cross-protection due to other circulating flaviviruses or a dilution 

effect on WNV due to high disease host diversity (56,57).  

Much of the research surrounding West Nile virus focuses on (a) viral and ecological 

factors which affect viral transmission and (b) viral and immune factors which determine 

pathology and disease. A distinction must be made between the ability for transmission and 

pathology. While numerous species can be infected and experience pathology and disease, 

birds are well-established as the primary species which develop the high viral titers required to 

infect mosquitoes and contribute to virus perpetuation. 
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Experimental animal models have been used to examine the factors that affect WNV 

transmission. Some of that work has used wild birds, allowing for direct investigation of the most 

relevant virus ecology (58–60). Reports also demonstrate that additional species including 

Eastern cottontail rabbits, fox squirrels and alligators have the potential to infect mosquitoes 

(61–63), indicating that continued investigation into possible non-avian contributions to WNV 

maintenance is warranted. While WNV is primarily transmitted and maintained between birds 

and mosquitoes, it can infect and cause pathology and disease in a wide range of vertebrates. 

This plasticity is relatively unique amongst arboviruses and has been demonstrated in both 

natural and experimental infections. When it comes to the viral and immune factors leading to 

pathology, much has been examined in mouse models and is briefly described below. The 

pathology seen in natural and experimental infections will be discussed in detail in this review. 

Natural WNV Disease 

Humans 

While approximately 80% of people infected with WNV are asymptomatic, the majority of 

symptomatic patients experience a mild febrile disease lasting up to a week, a syndrome known 

as West Nile fever (WNF) (64). In addition to fever, mild disease is characterized by headache, 

gastrointestinal problems, rash, myalgia, arthralgia and malaise. West Nile neuroinvasive 

disease (WNND) occurs in less than 1% of infected people and is manifested as multiple 

syndromes including West Nile meningitis (WNM), West Nile encephalitis (WNE) and West Nile 

poliomyelitis (WNP) (65). WNM describes inflammation which is primarily restricted to the 

meninges, the connective tissue coverings of the brain and spinal cord. WNM is typically 

associated with more favorable outcomes and is the most common manifestation of 

neuroinvasive disease in younger patients (66). WNE is a more invasive disease process, in 

which the brain parenchyma is infected and inflamed. This is more commonly seen in older 

adults and the immunosuppressed (10). Clinical signs associated with WNE range in severity 

and can include tremors, cerebellar ataxia, and general Parkinsonism (66). WNP is associated 
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with infection of the anterior horn cells (lower motor neurons) of the spinal cord, resulting in a 

polio-like flaccid paralysis, which at its most severe can cause quadriplegia and respiratory 

impairment (67–69). WNP is distinct from a rarer Guillain-Barre syndrome which has been 

reported in association with WNV infection (65). While these classifications are important, 

clinical presentation of WNV infection may present as any mixture of these syndromes.  

Histological findings in West Nile neuroinvasive disease are nonspecific and typical of 

many viral encephalitides, and these are characterized by perivascular lymphocytic infiltrates, 

microglial nodules, neuronal loss, and neuronophagia (67,70–72). In severe cases, necrosis can 

be seen (73). Most commonly affected regions of the central nervous system (CNS) have 

extrapyramidal (movement-related) function and include the brainstem (medulla and pons), 

deep gray matter nuclei (substantia nigra of the basal ganglia and thalamus), and cerebellum 

with gray matter being the most severely affected (70,73–76). In the spinal cord, the anterior 

horns (ventral horns) and anterior spinal nerve roots are frequently involved and associated 

lower motor neuron loss results in muscle weakness (71,74,75,77,78). Clinically observed 

muscle weakness correlates histologically to neurogenic atrophy of the skeletal muscle (78).  

While fever and neurological disease are the most well-known clinical manifestations of 

West Nile virus infection, there are less frequently observed non-neurological clinical findings. 

Ocular manifestations seen in WNV infection, specifically those associated with the optic nerve 

and the retina, can be considered an extension of the brain. In one report, 80% of patients with 

WNV neurologic disease have chorioretinal involvement, primarily multifocal chorioretinitis, 

although it is often asymptomatic and self-limiting (79,80). Additional WNV ocular manifestations 

include vitritis, optic neuritis and retinal hemorrhage (81–83). Renal failure has been 

documented in one study as present in 9% of hospitalized WNV patients and in another study, 

21% of deceased WNV patients had renal failure (84,85). More commonly seen in other 

vertebrate species, myocarditis has been reported occasionally in humans (86–88). Other rare 

lesions include hepatitis, pancreatitis, orchitis and myositis (5,89–91).  
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There are also sequelae to acute disease which have been observed in both 

convalescent and fully recovered patients. Subsequent to WNF, WNM and WNE, there are 

estimates that 50% of patients are affected by neurocognitive or functional impairment (92,93). 

Neuropsychological sequelae include memory problems, headache, cognitive dysfunction, 

depression and fatigue (93–95). Motor skill abnormalities include tremors, fatigue, decreased 

strength and abnormal reflexes (93,94). On magnetic resonance imaging (MRI), WNV survivors 

had significant cortical thinning in the frontal and limbic cortices and regional atrophy in the 

cerebellum, brain stem, thalamus, putamen and globus pallidus (93). These neuropsychological 

and motor skills issues are interpreted to be the result of prolonged or permanent damage to the 

nervous system.  

There is also some evidence for persistent infection of WNV (96–98). Sequelae from 

systemic infections have been observed with the kidneys being one of the most common extra-

nervous system sites of disease. WNV is able to persist chronically in the kidneys up to seven 

years and previous infection lead to chronic kidney disease (97,99).  

Birds 

During the introduction of West Nile virus to the United States, mortality observed in the 

Bronx zoo and surrounding areas showed that avian species across multiple orders could be 

affected and included common crows, a fish crow, black-billed magpies, a black-crowned night 

heron, laughing gulls, a mallard duck, Himalayan Impeyan pheasants, a Blyth’s tragopan, 

Chilean flamingos, guanay cormorants, bronze-winged ducks, a northern bald eagle and a 

snowy owl (100). Lesion variability observed between species is likely multifactorial and related 

to host factors and intrinsic viral factors which depend on virus strain (101). Specifically, levels 

of high viremia associated with being an amplifier host have been shown to correlate with 

mortality in some birds (102). Interestingly, high levels of mortality do not always correlate with 

histopathologic signs and this may be a measure of acute infection resulting in death and 

occurring in such rapid fashion that lesions do not develop histologically (101). 
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In contrast to humans and other affected species, most major organ systems have been 

shown to be affected in natural avian WNV infections. Neurological manifestations are indicative 

of viral encephalitis and are similar to findings seen in humans and other non-host vertebrate 

species. This encephalitis is characterized as a lymphoplasmacytic meningoencephalitis with an 

occasional heterophilic component, heterophils being the avian functional equivalent to the 

neutrophil. Histologically, there is perivascular cuffing, glial nodules and gliosis, neuronal 

necrosis and occasional hemorrhage. Frequently affected regions of the nervous system include 

the brain stem and, gray matter of the spinal cord, cerebellum and thalamus. In addition to the 

nervous system, myocarditis is a common lesion in birds (103–105). Inflammation and necrosis 

have also been reported in the gastrointestinal tract, kidney, spleen, liver, pancreas, lung, 

adrenal glands, thyroid, thymus, bursa, bone marrow and skeletal muscle (101). Lesions in 

naturally infected birds have been previously reviewed in detail by Gamino and Höfle (95). This 

chart has been modified to include the most recent literature as well as pathologic findings in 

birds experimentally infected with WNV (Table 1.1) (106–116). Ocular lesions are seen in 

raptors (red-tailed hawks, Cooper′s hawks, bald eagles, golden eagles, goshawks) and owls 

(great horned owls, barred owls) and range from lymphoplasmacytic pectenitis and chorioretinal 

inflammation and scarring to generalized endophthalmitis (110,116–119). Vasculitis has 

occasionally been noted within multiple organs in a variety of affected avian species 

(103,120,121). While systemic infection is a hallmark of WNV infection in many species, adult 

domestic chickens and turkeys do not frequently experience significant disease (122,123). Age 

and a developed immune system likely contribute to this refractory nature of adult chickens as 

young chicks are susceptible and histologic lesions include myocardial necrosis, necrosis, 

nephritis and pneumonitis, and rare encephalitis (123). 
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Table 1.1. Distribution of West Nile virus (WNV)-infected bird lesions in natural and 
experimental infections. Modified from Gamino and Höfle (95). 
 
Order: ACCI: Accipitriformes, ANSE: Anseriformes, CHAR: Charadriiformes, CICO: 
Ciconiiformes, FALC: Falconiformes, GALL: Galliformes, PASS: Passeriformes, PELE: 
Pelecaniformes, PHOE: Phoenicopteriformes, PSIT: Psittaciformes, and STRI: Strigiformes.  
 
Family: ACCI: Accipitridae, ANAT: Anatidae, LARI: Laridae, ARDE: Ardeidae, FALC: 
Falconidae, PHAS: Phasianidae, CORV: Corvidae, LANI Laniidae, PASS: Passeridae, FRIN: 
Fringillidae, PHAL: Phalacrocoracidae, PHOE: Phoenicopteridae, PSIT: Psittacidae, STRO: 
Strigopidae, and STRI: Strigidae. ND: No described lesion. Tissues were collected at necropsy 
but no description of lesions (present or absent) is provided. NT: Tissue not tested. Tissue not 
analyzed in the necropsy. +: Lesion present. Lesion described by at least one author for the 
tissue. −: Lesion absent. Lesion stated as absent or not specifically described by any author for 
the tissue. 
 

Table 1. Distribution of WNV-infected bird lesions in natural and experimental infections.  

Order 
AC
CI  

AN
SE 

CH
AR 

CIC
O 

FA
LC 

GA
LL PASS 

PE
LE 

PH
OE PSIT 

ST
RI 

Family 
AC
CI 

AN
AT 

LA
RI 

AR
DE 

FA
LC 

PH
AS 

CO
RV 

LA
NI 

PA
SS 

FR
IN 

PH
AL 

PH
OE 

PS
IT 

ST
RO 

ST
RI 

Brain                 

Perivascular cuffs + + + ND + + + + + - - + + + + 

Gliosis/glial nodules + + + ND + + + + - - - + + + + 

Meningeal inflammation  + + - ND + - + - - - + - - - + 
Neuronal degeneration 
and necrosis + + + ND + + + - - - + - - + + 

Vasculitis + - - ND - - + - + - - - - - - 

Hemorrhage + - - ND - + - - - - + - - - + 

Spinal cord                

Inflammation + + ND ND ND ND ND NT ND NT ND ND ND NT + 
Neuronal degeneration 
and necrosis - + ND ND ND ND ND NT ND NT ND ND ND NT + 
Peripheral nervous 
system                 

Inflammation  + - ND ND + + - NT NT NT ND ND ND NT + 

Eye                

Retinitis + NT NT NT NT - ND NT NT NT NT NT + NT + 

Retinal necrosis  + NT NT NT NT - ND NT NT NT NT NT - NT - 

Pectenitis + NT NT NT NT + ND NT NT NT NT NT - NT - 
Uveitis (inc. iris, 
choroid, ciliary body) + NT NT NT + + ND NT NT NT NT NT - NT - 

Heart                

Inflammation  + + + + + + + + - - + + + NT + 

Myofiber necrosis  + + - - + + + - - - - - + NT + 
Myofibril lysis and 
mineralization + + + + + + + - - - + + + NT - 

Vasculitis - - - - + - + - - - - - - NT - 

Hemorrhage + - + + - + + - - - + + + NT - 

Gastrointestinal tract                

Inflammation  + - ND ND - + + - ND - - - + NT + 

Enterocyte necrosis - + ND ND - + + - ND - - - - NT + 

Crypt necrosis  - - ND ND - - + + ND - + + + NT + 
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Hemorrhage - + ND ND - - + - ND - - + - NT - 

Liver                

Inflammation  + + ND ND + + + + - + - - + + + 

Hepatocyte necrosis  + + ND ND - + + + + + + + + + + 

Vasculitis  - - ND ND + - - - - - - - - - - 

Bile duct hyperplasia + - ND ND - - - - - - - + - - - 

Hemosiderosis + - ND ND - + + - + - - - - - + 

Hemorrhage + - ND ND - - + - - - - - - - - 

Kidney                
Inflammation 
(interstitial) + + ND + + + + ND + + + + + NT + 

Tubular necrosis  + + ND - - + + ND + + - - + NT + 

Glomerular necrosis  - - ND - - - - ND - - - - + NT + 

Vasculitis - - ND - + - - ND - - - - - NT - 

Hemorrhage  - + ND - - - - ND - - - - - NT - 

Lung              NT  

Inflammation  + - ND ND - + + - + - ND ND - NT + 

Necrosis  + - ND ND - - + - - - ND ND - NT + 

Vasculitis  - - ND ND - - + - - - ND ND - NT - 

Edema  + - ND ND + - - + + - ND ND - NT - 

Spleen                 
Lymphoid 
necrosis/apoptosis + + ND + - + + + - + + ND + NT + 

Lymphoid depletion  + + ND - + + - - - - - ND - NT + 

Fibrin deposition  - - ND + - + - + - - + ND - NT + 

Hemorrhage  - + ND + - - - - - - + ND - NT - 

Hemosiderosis + + ND - - + + - + - - ND - NT + 

Vasculitis - - ND - + - - - - - - ND - NT - 

Other lymphoid organs                
Thymic lymphoid 
necrosis  NT + NT NT NT + NT NT NT NT NT NT - NT + 
Bursal epithelial 
atrophy-apoptosis + - NT NT NT ND NT NT - NT NT NT ND NT + 
Bursal lymphoid 
atrophy-apoptosis + + NT NT NT + NT NT + NT NT NT ND NT + 

Bone marrow necrosis ND - NT NT NT - + NT NT NT NT NT ND NT ND 

Endocrine system                 

Pancreatic necrosis - + ND ND - + - + ND - - + + NT + 

Pancreatic inflammation  + + ND ND + + - - ND - + + + NT + 

Adrenal gland necrosis - ND ND ND NT + - NT NT NT ND ND + NT - 
Adrenal gland 
inflammation  + ND ND ND NT + + NT NT NT ND ND + NT + 

Thyroid gland necrosis - + NT NT NT NT NT NT NT NT NT NT ND NT ND 
Thyroid gland 
inflammation + - NT NT NT NT NT NT NT NT NT NT ND NT ND 

Skin                 

Inflammation ND + NT NT NT - NT ND NT - NT NT + NT - 

Skeletal muscle                
Myofibril degeneration 
and necrosis  + - NT NT + - ND NT NT - NT NT + NT + 

Inflammation  + - NT NT + + ND NT NT - NT NT + NT + 

Fibrosis + - NT NT - - ND NT NT - NT NT - NT + 
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Gonads                

Inflammation  - - ND ND - + NT ND NT NT ND ND - NT + 

Necrosis  - - ND ND - - NT ND NT NT ND ND - NT + 

 

Horses 

Clinical signs of WNV infection in horses, aside from fever, are primarily related to 

nervous system infection and inflammation. Approximately 20% of infected horses develop 

clinical neurological signs (132). Mortality in unvaccinated horses is between 30 and 50%, 

inclusive of both natural death and elective euthanasia (55,133). Of equine survivors, remnant 

neurological signs are present in between 10–20% of horses (134). The most severe clinical 

signs in horses include limb ataxia, tetraparesis, paraparesis, recumbency, seizures and death 

(133,135). Additional signs include cranial nerve deficits, muscle fasciculations, hyperexcitability 

and behavioral changes (52,133,136,137).  

In horses, histologically affected spinal cords are similar to those of humans with 

polioencephalomyelitis and are characterized by lymphocytes and fewer numbers of 

macrophages and neutrophils cuffing vessels, glial nodules, and occasional neuronophagia 

(138). Ventral and lateral horns of the spinal cord gray matter are most affected (136,138). In 

addition to the spinal cord, the gray matter of the midbrain and hindbrain are commonly affected 

(136). Perivascular hemorrhage is also seen in horses. The cerebral cortex seems to be least 

affected. Extraneural disease in horses includes sporadic renal hemorrhage, lymphoid atrophy 

and myocarditis (138).  

Several commonalities unite the clinical presentation of WNV in the most affected 

vertebrates: birds, horses and humans. These include neurotropism characterized by primarily 

mononuclear inflammation, neuronal necrosis and gliosis which frequently affects gray matter 

and varies according to host and virus strain. In addition, renal and ocular tropism seems to be 

a conserved aspect of clinical disease in birds and humans. 
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Additional Affected Vertebrate Species  

In addition to birds, humans and horses, WNV infects and causes disease in an 

extraordinary array of vertebrate species (see Figure 1.1).  

 

Figure 1.1. West Nile virus transmission cycle. West Nile virus circulates between Culex species 
mosquitoes and avian amplifying hosts. Humans and a wide array of vertebrate species can be 
affected as dead-end or non-amplifying hosts. 
 
In many of these, clinical disease is solely neurological and thus similar to what is seen in 

humans and horses. This is observed in numerous single-animal case reports including those of 

an alpaca, harbor seal, reindeer, Barbary macaque, white-tailed deer and polar bear (139–144). 

Histologically, these animals had a nonsuppurative meningoencephalitis which frequently and 

preferentially affected the gray matter of the brainstem and spinal cord. Similarly, convulsions 

and ataxia in multiple WNV-infected sheep were seen in association with lymphoplasmacytic 

meningoencephalitis and myelitis characterized by perivascular cuffing and necrosis 

(139,145,146). Histopathology from a sheep which is representative of many species is shown 

in Figure 1.2. 
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Figure 1.2. Hippocampus of a WNV-infected sheep with neuronal necrosis and necrotic debris 
(arrows) and abundant mixed inflammation admixed with remaining neurons. Hematoxylin and 
eosin staining at 400× magnification. Inset: Perivascular cuffing with lymphocytes and plasma 
cells. Hematoxylin and eosin staining at 200× magnification. Slide courtesy of Dr. Chad B. 
Frank, Colorado State University. 
 

While the expected neurological disease is common in dead-end hosts, some species 

and individual animals have unique disease presentations. In addition to encephalitis, fox 

squirrels experience myocarditis, which has been mentioned as a common manifestation in 

birds. (147). In alligators infected with WNV, systemic disease is sometimes accompanied by 

inflammatory nodules in the skin composed of lymphocytes and macrophages (148–150). In a 

case report of a dog, polioencephalomyelitis and myocarditis were accompanied by vasculitis, 

pancreatitis and plasmacytic synovitis (inflammation of the articular synovial surface) (151). In 

an arctic wolf, renal vasculitis was a significant finding (152).  

While WNV antigen distribution is frequently described in both natural infection in 

humans and animals and animal experimental infection, immunohistochemical antigen 

distribution and staining may indicate sites of replication but do not always correlate to 

pathology or organ dysfunction; therefore, extensive lists of IHC and PCR results will not be 

included in this review (76,153,154). Additionally, IHC does not always align with well-

documented sites of virus replication (155). Antigen can be focal and sparse and is typically 

visible in only 50% of fatal WNV neuroinvasive disease cases, making this modality relatively 

insensitive (75). 
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Biomedical Models of WNV Infection 

Mice 

A vast body of knowledge regarding the pathogenesis of WNV encephalitis has resulted 

from experimental infections using animal models. Interestingly, wild-type mice are resistant to 

WNV infection, but all classical laboratory mice strains are susceptible to infections 

administered by the intracerebral and intraperitoneal routes (156). This susceptibility has been 

mapped to a mutation in the OAS1b gene, which is regulated by interferon and contributes to 

viral RNA degradation (157–159). Histopathology in the laboratory mouse is characterized by 

neuronal necrosis, lymphohistiocytic perivascular infiltrates, glial nodules, neuronal satellitosis 

and neuronophagia in the cerebral cortex, cerebellum, brainstem, hippocampus and spinal cord 

(154,160,161). Commonly used strains of mice include C57BL/6 mice, mice on a C57BL/6 

background and C3H/HeN mice. Disease is not limited to the brain in mice. Thymic atrophy has 

been described in affected mice, and similarly, the thymus has been affected in ducklings and 

other birds (154,162). Gastrointestinal lesions in mice including dilation of the stomach and 

small intestine and villus blunting (shortening) have been seen in association with degeneration 

and necrosis of intestinal myenteric ganglia (155,163). This may serve as a model for 

gastrointestinal dysmotility seen in humans after flavivirus infection (164). Gastrointestinal 

disease is also frequently seen in birds.  

An abundance of information about WNV pathogenesis has been yielded from mouse 

models of infection. After inoculation, initial viral replication is thought to occur in Langerhans 

dendritic cells of the skin (165). These infected Langerhans cells then migrate to draining lymph 

nodes where virus can be transported to the systemic circulation after return through the 

thoracic and lymphatic ducts (166,167). At that point a primary viremia allows for viral 

dissemination to the visceral organs for additional viral replication (168,169). Virus must then 

traverse the blood–brain barrier before replication in nervous tissue to cause encephalitis 

disease. The lesions of encephalitis and poliomyelitis seen in WNV infection cannot be 
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attributed solely to viral replication or the immune response, but rather are the result of both 

direct viral injury and immune-mediated pathogenesis. Specific work examines the immunologic 

mechanisms by which lymphocytes, the primary responding cell type, are recruited into the 

central nervous system where inflammatory mediators exacerbate viral-induced damage 

(161,170–175). 

Hamsters 

Golden hamsters are excellent models for WNV encephalitis because they mimic human 

disease in regards to length of viremia, muscle weakness, gastrointestinal signs, respiratory 

symptoms and clinical signs including tremors (156,176–178). Hamsters infected with WNV 

develop neurologic symptoms including tremors and hind limb paralysis associated with 

progressive pathology in the cerebellum and spinal cord (179). Histologically, this correlates 

with lymphoplasmacytic inflammation in those nervous system tissues. The significance of 

axonal transport as a contributor to entrance of WNV to the CNS has also been demonstrated in 

hamsters (180). Hamsters also have persistent renal infection, which mimics the chronic renal 

infection observed in humans (181). Overall, hamsters provide good models of disease, but 

mice are more easily genetically manipulated to assess specific alterations to the immune 

system.  

Non-Human Primates 

In addition to mice, some early experimental work examining WNV encephalitis was 

performed in non-human primates. Depending on the viral strain, intracerebral inoculation 

resulted in disease ranging from asymptomatic infection to febrile disease to overt encephalitis 

(182,183). Histopathology in acute WNV encephalitis includes severe perivascular and diffuse 

lymphoplasmacytic inflammation, neuronal degeneration and necrosis and glial nodules in the 

gray matter. Lesions were most frequent in the cerebellum, brainstem and anterior horns of the 

spinal cord. Chronic lesions also include loss of Purkinje cells in the cerebellum and spinal 

motor neurons. In contrast, more recent experimental infections examining antibody response to 
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WNV infection in immunocompetent rhesus macaques and marmosets resulted in low to absent 

viremia and minimal to absent infectious virus detection in the CNS (184,185). Persistent viral 

infection of the CNS, kidney and spleen were seen up to 167 days post infection in some non-

human primates (183). Partially as a result of the associated financial costs and ethical 

implications, current use of non-human primates in WNV research is infrequent. However, they 

may be used in continued development of a human vaccine.  

Additional Animal Species Used in WNV Biomedical Research 

Multiple other species have been used in WNV biomedical research and contributed to 

varying aspects of the field. Rats were used in some of the earliest experimental work studying 

WNV and while older rats were resistant to fatal disease, newborn rats were susceptible 

(186,187). Histologically these infections were relatively mild and characterized by meningitis 

and mild inflammatory infiltrates and perivascular cuffs. The most severe lesions were seen in 

the hippocampus. In contemporary work, the use of rats is primarily related to toxicology studies 

which assess for the safety of WNV vaccines (188–190).  

As the species most frequently and significantly affected by WNV infections aside from 

birds and humans, horses have been used in pathogenesis work and in efficacy and safety 

studies required for approval of WNV equine vaccines (191–196). There are currently four 

United States Department of Agriculture-licensed equine WNV vaccines available in the United 

States (197).  

New Zealand White rabbits have been demonstrated to be appropriate models for non-

lethal WNV infections as only weanling rabbits demonstrate severe lesions and clinical 

symptoms (198). Rabbits are also commonly used to generate antibodies against WNV which 

can be utilized in assays such as immunohistochemistry. Other species which have been 

examined as animal models for WNV infection include pigs, dog and cats (199,200). 

Experimental infection of snakes and bats failed to demonstrate significant viremia and disease 
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(201,202). Young chicks have occasionally been used as models for avian infection as wild 

birds can be difficult to work with and require trapping and special care (203–207).  

Importantly, wild birds have been used for experimental WNV infections, not as a model 

for mammalian disease, but to assess pathogenesis and factors affecting viral evolution and 

transmission in the most relevant amplifying hosts (58,60,208–215). This use is crucial as cell 

culture and computer modelling are insufficient in their representation of complex living systems. 

Summary and Future Directions 

One of the more interesting features of the emergence of WNV is its somewhat unique 

ecological generalism. Whereas most flaviviruses productively infect a relatively restricted 

subset of animal species, WNV can infect an extraordinarily wide array of vertebrate taxa. This 

generalism has produced opportunities to learn about viral pathogenesis across taxa and 

increase knowledge regarding the extent to which pathogenic mechanisms may be conserved. 

For example, the most notable feature of WNV disease in humans is neurotropism resulting 

most frequently in encephalitis and, more uncommonly, meningitis and other neurologic 

syndromes. This set of clinical presentations is largely conserved in horses, birds and mice. The 

significance of this broad conservation is that human and avian neurological disease can be 

modeled with an uncommonly high degree of fidelity using mice, which has facilitated improved 

understanding of mechanisms of neuroinvasion and subsequent immune-mediated injury. 

Other clinical syndromes are also present across broadly divergent vertebrate taxa. 

Renal tropism is a feature of WNV infection in birds that facilitated early surveillance efforts. 

Several human studies have demonstrated that renal failure may contribute to poor long-term 

outcomes among WNV survivors (99). These studies also documented the presence of WNV in 

urine sediment from individuals with a history of WNV (216). In some of these patients, WNV 

was detected up to nine years after acute infection. Similarly, avian kidneys have been found to 

persistently harbor WNV after natural and experimental infection. WNV, though typically 

considered a neurotropic virus, also has significant renal tropism that contributes to 
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pathogenesis in humans, and possibly avian hosts. The degree to which renal infection impacts 

the health of naturally infected hosts, including humans and birds remains to be fully described. 

The detection of persistent infection in the kidneys of people and birds raises another 

important common feature of WNV pathogenesis that is conserved across several vertebrates 

and has been previously underappreciated. This is the extent to which WNV can persist within 

vertebrates despite the induction of a strong antibody and cell-mediated immune response. 

Monkeys, mice, birds and people have all been demonstrated to develop long-term persistent 

infections after acute WNV. This has also been noted in a human case of Russian spring-

summer encephalitis (caused by tick-borne encephalitis virus) that resulted in progressive 

neurological disease approximately thirteen years after acute infection (217). Chronic lesions of 

prior viral and immune-mediated injury may manifest as the human populations previously 

affected by WNV continue to age. An important question that remains to be answered is 

whether persistent, chronic infection by WNV and other flaviviruses, years after acute infection, 

is an underrecognized aspect of viral pathogenesis.  
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Chapter 2. Experimental West Nile Virus Evolution in Wild Birds and Mosquitoes Reveals  
 

Species-Specific Transmission Success 
 
 
 

Introduction  

RNA virus populations within hosts are highly diverse as the result of error-prone 

replication. These populations, also described as quasispecies, serve as the source of 

mutations which can arise over time and eventually dominate the circulating viral strains. 

Mutations may imbue increased pathogenicity, transmissibility and other characteristics 

associated with emergence. In West Nile virus (WNV), the dominant circulating genotype 

originally emerged as the result of increased transmission by Culex (Cx.) spp. mosquitoes 

attributable to an amino acid substitution in the viral envelope (1,2). Similarly, in chikungunya 

virus an envelope amino acid substitution altered vector specificity to increase infectivity in 

Aedes albopictus mosquitoes, allowing for transmission in new geographic locations (3). 

Despite emergence slightly more than a year ago, the  global SARS-CoV-2 pandemic has 

brought awareness of mutations and their importance to non-scientists (4–6). These revelations 

highlight the significance of mutations and justify the interest in examining the conditions which 

lead to said mutations.  

For arboviruses, those conditions include the vertebrate and invertebrate hosts in which 

these viruses circulate. In WNV, those are wild birds and Culex species mosquitoes.  Since the 

initial incursion of WNV into the United States, American crows (Corvus brachyrhynchos) were 

shown to be highly susceptible as evidenced by high mortality associated with high levels of 

viremia (7,8). In contrast, American robins (Turdus migratorius) experience lower viremia and 

mortality is less common (7,9). Robins have previously been suggested as key to viral 

maintenance and human disease because their migratory dispersals influence Cx. pipiens 

mosquito feeding shifts leading to human infections (10). In addition to differences in avian 
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disease presentation, there are specific variations between species when it comes to the 

intrahost WNV populations. Examination of intrahost WNV populations demonstrated that 

genetic diversity is greater in mosquitoes than in birds as a consequence of relatively weak 

purifying selection in comparison to that of birds (11,12). This diversity may be driven by 

mosquito RNA interference (13). Sequencing revealed more unique mutations and defective 

genomes in crows in comparison to robins, indicative of greater virus mutational tolerance (14).   

These genetic alterations are associated with fitness impacts.  In previous work, WNV passaged 

through robins was demonstrated to confer greater replicative fitness gains than when 

passaged through crows (14).  

While the aforementioned work examined bird species or mosquitoes in isolation, some 

groups have previously performed challenging experimental evolution work utilizing mosquitoes 

and chicks together in multiple rounds of WNV transmission (12,15–17). Those specific 

experiments demonstrated initial viral diversification in mosquitoes followed by strong purifying 

selection in chicks with resulting restrictions in genetic diversity.  In experiments where fitness of 

the transmission cycle products was assessed, fitness changes of WNV from alternating 

passage between chicks and mosquitoes were negligible (16). Similarly, experimental evolution 

of other viruses utilizing alternating cycles of vertebrates and invertebrates yielded products 

which were stable from a fitness standpoint (18–21). These findings are more variable when cell 

culture is used as a model for transmission (22–26).  

For WNV, experimental evolution involving the relevant wild bird hosts in combination 

with mosquitoes had not been previously been reported.  The use of wild birds is most relevant 

given that they serve as the natural amplifying host for WNV. We sought to examine 

transmission cycles utilizing Cx. pipiens and Cx. quinquefasciatus (Cx. quinquefasciatus) 

mosquitoes with American crows and American robins. Pairings of Cx. pipiens with crows, Cx. 

quinquefasciatus with crows and robins with Cx. quinquefasciatus were assessed by their 

transmission success, mosquito tissue infection and competitive fitness. During a single round 
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of crow to mosquito transmission, we observed increasing mosquito infection (WNV-positive 

body) and transmission-capability (WNV-positive saliva) as a result of increasing viremia in 

crows. In multiple rounds of transmission, infection (WNV-positive midgut) and transmission-

capability (WNV-positive saliva) decreased with each subsequent round of transmission. Crow 

and Cx. pipiens transmission cycles were the most successful while crow and Cx. 

quinquefasciatus transmission cycles were the second most successful. Robin and Cx. 

quinquefasciatus transmission cycles were least successful. Competitive fitness of transmission 

cycle products was similar regardless of the cell type utilized. Competitive fitness assays of 

transmission cycles using crows exhibited cyclical increases and decreases in fitness as virus 

moved through birds and mosquitoes, respectively. This pattern was not consistent in robin-Cx. 

quinquefasciatus cycles. Sequencing is needed to assess whether differences in transmission 

cycle success and competitive fitness can be attributed to genetic changes.  

Materials and Methods  

Artificial mosquito infections 

To assess a baseline of mosquito infection and transmission rates at varying bloodmeal 

titers, we artificially infected mosquitoes with WNV spiked into a bloodmeal. Mosquito infections 

were performed under BSL3 conditions. Groups of ~50-60 four- to six-day-old lab colony Cx. 

quinquefasciatus and Cx. pipiens mosquitoes were exposed orally by artificial blood meal to 

WNV FtC-3699, a field isolate of WNV collected from a Cx. tarsalis mosquito pools in Fort 

Collins, CO in 2012 (GenBank: KR868734). The infectious bloodmeal contained a mixture of 

defibrinated calf blood and virus to yield titers of 103, 105, and 108 PFU/mL as confirmed by 

titration. Mosquito dissections and plaque assays of mosquito bodies and saliva to determine 

mosquito infections and transmission rates were performed as described below.   

Animal care 

Bird collection, housing and manipulation were performed according to methods 

approved by the Colorado State University Institutional Animal Care and Use Committee 
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(Protocols #15-5958 & 18-8080A), the United States Fish and Wildlife Service (Permit 

#MB68845B-0) and Colorado Parks and Wildlife (Permits 19TRb2106 & 20TRb2106) as 

previously described (7,14,27,28).  

Single round mosquito infection by WNV-infected bird 

To assess mosquito infection and transmission-capability when fed on a WNV-infected 

crow at 1 and 3 days post infection, we needle inoculated crows with 10,000 PFU of the FtC-

3699 WNV in 100 µl of DMEM by subcutaneous needle inoculation and allowed cartons of ~50-

60 four- to six-day-old Cx. quinquefasciatus and Cx. pipiens mosquitoes to feed on them. Birds 

were bled according to IACUC protocol on days of mosquito feeding and sera was separated 

and stored at -80°C. Bloodfed mosquitoes were separated and held for 14 days extrinsic 

incubation period for dissection. Bodies and saliva were collected as described below. Mosquito 

tissues were assayed by standard plaque assay protocol to determine whether they were WNV-

positive or negative. Bird sera were titrated by standard plaque assay. Single round mosquito 

infection by WNV-infected robin is not included here due to the presence of antibody-positive 

birds as determined by PRNT.  

Experimental WNV transmission summary 

We performed experimental transmission of WNV through pairings of mosquitoes and 

birds (Figure 2.1).  
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Figure 2.1.  Transmission model. Birds were inoculated with West Nile virus. 3 days post 
inoculation, bird sera were tested for viral RNA by qRT-PCR. Viremic birds were fed on by naïve 
mosquitoes. After 14 days extrinsic incubation period, mosquitoes were dissected. Saliva was 
assessed for live virus by plaque assay. Transmission-capable saliva was used to inoculate the 
next seronegative bird. The bird-to-mosquito step was repeated for three passages of bird-to-
mosquito transmission.  
 
 
Mosquito species utilized included Cx. quinquefasciatus and Cx. pipiens mosquitoes. Birds were 

American crows and American robins. Mosquito-bird combinations evaluated include Cx. 

quinquefasciatus and American crow, Cx. pipiens and American crow, Cx. quinquefasciatus and 

American robin. Transmission from bird to mosquito was attempted with the goal of three 

sequential rounds of transmission in three replicates. Experiments were performed under BSL3 

conditions.  Birds were initially inoculated with WNV. Birds were bled daily throughout the 

infection and at day 3, RNA was extracted from serum and qRT-PCR was performed to ensure 

that they were viremic. Once viremia was confirmed, naïve mosquitoes were allowed to feed on 

birds and bloodfed female mosquitoes were sorted and held for 14 days. At 14 days post bird 

feed, mosquitoes were dissected and mosquito saliva was assessed for live virus by plaque 

assay. 100 µl of WNV-positive saliva was used to inoculate the next bird and the process was 

repeated.   
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WNV RNA-emia assessment  

Blood was collected according to IACUC protocol and serum was separated. Serum 

RNA was extracted using the Mag-Bind Viral DNA/RNA 96 kit (Omega Bio-Tek) on the 

KingFisher Flex Magnetic Particle Processor (ThermoFisher Scientific). qRT-PCR was 

performed on a QuantStudio 3 (ThermoFisher) using previously published WNV primers and 

probes (29).  

Mosquito use & dissections 

Cx. quinquefasciatus and Cx. pipiens colonies maintained in the lab were used for this 

work. The colony was maintained with defibrinated calf blood and ad libitum sugar and water. 

After rearing to larvae, adult mosquitoes were maintained under 26-27°C, 70-80% relative 

humidity and 16:8 light:dark diurnal cycle. At the time of dissections, mosquitoes were cold 

anesthetized and legs and wings were removed. Saliva was collected by placing the mosquito 

proboscis in an immersion oil-containing capillary tube for 30 minutes. Saliva-containing oil was 

removed from the capillary tube by centrifugation at 15,000 g for 5 minutes at 4°C with collection 

in a 2 mL tube containing 100 µl mosquito diluent.   When midguts were required, they were 

then dissected. Otherwise, the entire mosquito body was collected. All tissues were collected in 

a 2 mL tube containing 200 µl mosquito diluent. This mosquito diluent contains 1x PBS 

supplemented with 20% FBS, 50 µg/mL-1 penicillin/streptomycin, 50 µg/ml-1 gentamycin and 

2.5 µg/ml-1 fungizone and a stainless steel bead. Tissues were homogenized at 25 cycles per 

second for 2 min and centrifuged at 15,000 g for 5 min at 4°C. Saliva and tissues were stored at 

-80 °C.  

Plaque assays 

Samples assessed for live virus included bird serum, mosquito bodies, midguts, 

legs/wings and saliva. Infectious virus in those samples was titrated using standard plaque 

assay protocol.  
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Competitive fitness assays  

Mosquito legs/wings, mosquito saliva and avian sera were assessed in a competitive 

fitness assay against a WNV reference virus (WNVic-REF) which has previously been 

described (30,31). Competitions were performed on DF1 cells (chicken fibroblasts; ATCC® 

CRL-12203™) and CT cells (Cx. tarsalis embryonal cells; (32)) in duplicate when sufficient 

sample was present. Competitions were performed by mixing equal by PFU portions of the 

sample and reference virus. Cells plated in 24 well plates at 80% confluence were washed with 

PBS and the viral mixture was incubated on cells for 1 hour at 37°C temp for DF1 cells and 

28°C temp for CT cells. After incubation, cells were washed with PBS and 2 mL of  2% FBS 

DMEM media and 2% FBS Schneider’s media were added to each well of DF1 and CT cells, 

respectively. 50 µL of cell supernatant was collected at 2 days post-incubation. Viral RNA was 

extracted from cell supernatant and a 500 base pair region inclusive of the reference sequence 

was amplified by one-step PCR (Qiagen, primers available upon request) and submitted for 

Sanger sequencing. Sanger results were then analyzed using polySNP to determine the 

proportion of virus from transmission cycle products (avian sera, mosquito legs/wings and 

mosquito saliva) and proportion of  WNVic-REF (30,31).  

Results  

High titer artificial bloodmeals increase mosquito infection rate and titer 

We artificially infected Cx. quinquefasciatus and Cx. pipiens mosquitoes to establish 

baseline rates of mosquito infection and transmission capability at 14 days extrinsic incubation 

period after being administered varying titers of WNV-infected bloodmeal (Figure 2.2).  
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Figure 2.2. Bloodmeal West Nile virus infection of mosquitoes. Left: Artificial infections of Cx. 
quinquefasciatus and Cx. pipiens mosquitoes at varying bloodmeal titers (x-axis) were 
performed. At 14 days extrinsic incubation period, mosquito bodies and saliva were titrated for 
WNV (PFU/ml; y-axis). Bar=SEM. *=p<0.05, **=p<0.005, ***=p<0.0005, ****=p<0.0005. Right: 
Rates of infection (y-axis) for mosquito tissues at varying bloodmeal titers (x-axis) are shown. 
Bar=95% CI. Analyzed by Mann-Whitney Test.  
 

Cx. quinquefasciatus and pipiens mosquitoes which received bloodmeals containing 108 PFU 

WNV had significantly greater mean infections (titer in body) than those which received 

bloodmeals containing 103 and 105 PFU WNV. There were no significant differences in the 

mean infection (titer in body) of mosquitoes which received blood meals containing 103 and 105 

PFU WNV. There were no significant differences in the mean saliva titers of either mosquito 

species when comparing the initial bloodmeal titer; however, there was an upward trend in 

mean saliva titers as the bloodmeal titer increased. Generally, titers in Cx. quinquefasciatus 

bodies and saliva were higher than Cx. pipiens exposed to comparable virus titers in the blood 

meal. The percentage of WNV-positive bodies and saliva increased in Cx. pipiens with 

increasing bloodmeal titers. In Cx. quinquefasciatus, the percentage of WNV-positive bodies 

were similar among mosquitoes exposed to bloodmeals containing either 103 or 105 PFU 

bloodmeals and WNV-positive saliva were slightly lower in mosquitoes exposed to a 105 PFU 

bloodmeal compared to a 103 PFU bloodmeal. There were more WNV-positive bodies and 

saliva among Cx. quinquefasciatus fed 108 PFU blood meals than lower titer bloodmeals.  
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Mosquito infection and transmission-capability increase with increasing viremia in crows  

We artificially infected American crows with WNV and fed Cx. quinquefasciatus and Cx. 

pipiens mosquitoes on them at 1 and 3 days post-infection. Mosquitoes were held for 14 days 

extrinsic incubation and bodies and saliva were collected. Plaque assays were performed to 

determine whether bodies and saliva were WNV-positive or WNV-negative (Figure 2.3).  
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Figure 2.3. Mosquito infection and transmission-capability increased with increasing viremia in 
crows.  Cx. quinquefasciatus and Cx. pipiens mosquitoes were fed on a WNV-infected crow at 1 
and 3 dpi and held for 14 days extrinsic incubation period for dissection. Mosquito bodies and 
saliva were collected and assessed as WNV-positive or WNV-negative by plaque assay (y-
axis). Viremia at 1 and 3 dpi were 103 and 106 PFU/mL. Bar= SEM, ****=p<0.0001. Analyzed by 
Mann-Whitney test.  
 

On 1 day post infection (dpi), the crows fed on by Cx. quinquefasciatus and Cx. pipiens had a 

viremia of 1.6x103 and 1.2 x103 PFU/mL, respectively. On 3 dpi, the crows fed on by Cx. 

quinquefasciatus and Cx. pipiens had viremia of 6x106 PFU/mL and 2x106 PFU/mL.   From 1 

dpi to 3 dpi, rates of WNV-positive Cx. quinquefasciatus and Cx. pipiens bodies increased 

significantly from 5.3% to 69.6% and 12.2% to 78.3%, respectively. Increases in rates of WNV-

positive saliva for both mosquito species from 1 dpi to 3 dpi were less drastic. Generally, Cx. 

pipiens were slightly more likely to be infected than Cx. quinquefasciatus despite having slightly 

lower viremia as the infection source.  
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While identical amounts of WNV were not present in artificial bloodmeals (Figure 2.2) as 

in the viremia of crows when mosquitoes fed naturally (Figure 2.3), rough comparisons can be 

made. Cx. quinquefasciatus that fed on a crow with 106 PFU/mL WNV had slightly lower 

infection rates (WNV-positive body, 69.6%) than mosquitoes that fed on an artificial bloodmeal 

at 105 PFU/mL (77.1%). Similarly, Cx. quinquefasciatus saliva had lower WNV-positive rates 

(6.5%) when they fed on crows with 106 PFU/mL WNV than those that fed on an artificial 

bloodmeal at 105 PFU/mL (12.5%). Cx. pipiens that fed on a crow with 106 PFU/mL WNV had 

slightly higher infection rates (WNV-positive body, 78.3%) than Cx. pipiens that fed on an 

artificial bloodmeal at 105 PFU/mL (70.8%). Similarly, Cx. pipiens saliva had slightly higher 

WNV-positive rates (13.0%) when they fed on a crow with 106 PFU/mL WNV than Cx. pipiens 

that fed on an artificial bloodmeal at 105 PFU/mL WNV (10.0%). For both mosquito species, a 

higher percentage of bodies and saliva were WNV-positive when the infection source was a 103 

PFU/mL artificial bloodmeal than a 103 PFU/mL crow viremia. In Cx. quinquefasciatus, 77.1% 

and 16.7% of bodies and saliva were WNV-positive when infected by 103 PFU/mL artificial 

bloodmeal in comparison to 5.3% and 0% of bodies and saliva being WNV-positive when 

infected by 103 PFU/mL crow viremia. In Cx. pipiens, 55.1% and 4.1% of bodies and saliva were 

WNV-positive when infected by 103 PFU/mL artificial bloodmeal in comparison to 12.2% and 

7.3% of bodies and saliva being WNV-positive when infected by 103 PFU/mL crow viremia.  

Experimental transmission cycles with bird-mosquito pairings are most successful when an 

American crow-Culex pipiens pairing is utilized  

We performed experimental transmission of WNV through pairings of mosquitoes and 

birds (Figure 2.1). Combinations included Cx. quinquefasciatus and American crow, Cx. pipiens 

and American crow, and Culex quinquefasciatus and American robin. The goal of transmission 

cycles included initial needle-inoculation of birds with subsequent transmission to mosquitoes 

followed by two additional bird to mosquito cycles. The most successfully completed cycle 
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utilized crows and Cx. pipiens, as all three replicates reached completion of three rounds of bird 

to mosquito transmission (Figure 2.4).  
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Figure 2.4. Experimental WNV transmission cycles result in variable transmission cycle 
success. The goal was three replicates in which three sequential rounds of bird to mosquito 
transmission were performed as detailed in Figure 4.1.   The viral titer (y-axis) of avian sera and 
mosquito saliva at each transmission event are shown.  
 
 
The crow and Cx. quinquefasciatus pairing was the next most successful pairing. Two replicates 

of this pairing terminated at the second round bird while the final replicate was terminated at the 

third round bird. The pairing utilizing robins and Cx. quinquefasciatus was the least successful 

with termination of two replicates at the first round mosquito and the third replicate terminating 

at the second round bird.  Generally, the titer of sera and saliva utilized immediately before 

transmission cycle termination were comparable to sera and saliva titers which allowed for 

continuation of transmission cycles. Avian viremia resulting from mosquito saliva inoculation 

was capable of reaching magnitudes comparable to avian viremia initiated by needle 

inoculation, despite a lower inoculating titer.  
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Mosquito infection rates, dissemination and transmission-capability mirror the success of 

experimental transmission cycles 

During bird-mosquito transmission cycles, mosquito legs/wings and saliva were collected 

at each dissection. The virus titer in mosquito tissues was determined by plaque assay (Figure 

2.5).  
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Figure 2.5. Mean transmission cycle mosquito infection rates. During each round of 
transmission, three replicates were attempted. The mean percentage of midguts, legs/wings 
and saliva which were WNV-positive by plaque assay are shown. Absent data points indicate 
prior termination of the cycle. Bar = SEM. Comparison by multiple t-tests. ****=p<0.00005.  
 

The mean infection rate (WNV-positive midguts), dissemination rate (WNV-positive legs/wings) 

and transmission-capability (WNV-positive saliva) was always highest in the crow-Cx. pipiens 

cycles followed by crow-Cx. quinquefasciatus cycles.  Interestingly, for all bird-mosquito 

pairings, the mean infection rate, dissemination rate and transmission-capability decreased with 

each subsequent round of transmission.  
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Sera and mosquito samples from transmission cycles exhibit variable competitive fitness in vitro  

WNV-positive avian sera, mosquito legs/wings and mosquito saliva from each 
transmission event were assessed for fitness by competition assay in avian (DF1) and mosquito 
(CT) cell lines (Figure 2.6).  
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Figure 2.6. Transmission cycle sera and mosquito samples exhibit variable competitive fitness 
in vitro. WNV-positive avian sera (x-axis, A), mosquito legs/wings (x-axis, L/W) and saliva (x-
axis,S) from each transmission event were mixed with equal Plaque Forming Units (PFU) of a 
reference virus (WNVic-REF) and incubated on DF1 (left) and CT (right) cells in duplicate. The 
proportion of the transmission cycle product present at 2 days post incubation is shown (y-axis). 
Bar=SEM.  
 
Generally, each transmission cycle exhibited cyclical patterns in competitive fitness strength 

which were similar in both cell lines. For the crow-Cx. pipiens cycle samples, the virus 

population in the avian sera had the highest relative fitness compared to mosquito tissues. The 

mosquito tissues frequently had decreases in fitness from legs/wings to saliva. For the crow-Cx. 

quinquefasciatus cycle samples, aside from the first sera sample in CT cells, the mean relative 

fitness decreased from avian sera to mosquito legs/wings to saliva. For the robin-Cx. 

quinquefasciatus cycle samples, avian sera had lower relative fitness compared to mosquito 

tissues and mosquito legs/wings had greater relative fitness than saliva.  Robin sera had lower 

relative fitness than crow sera. For all transmission cycles, none of the sera or mosquito 

samples were outcompeted by the reference virus. 

Discussion  

We performed challenging experimental evolution studies which paired different bird and 

mosquito species for sequential rounds of bird-to-mosquito transmission. Viremia is clearly a 

significant factor in WNV transmission as it determines virus availability to feeding mosquitoes. 

However, viremia is also associated with differences within the viral populations being 
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transmitted. For example, in crows which have high viremia, viral populations contain more 

defective genomes and are characterized by increased mutational tolerance (14). In robins, 

lower viremias are associated with fewer variants rising to fixation (14). These genetic changes 

have previously been associated with fitness alterations, with greater fitness gains observed in 

robin-passaged WNV than crow-passaged WNV (14).  However, when crows were paired with 

mosquitoes in this work, transmission success suggests a crow fitness advantage.  

Interestingly, a clear dose-dependent effect was not observed when we artificially 

infected Cx. quinquefasciatus and Cx. pipiens at bloodmeal titers of 103, 105, and 108 PFU/mL 

to establish a baseline of mosquito infection and transmission-capability without the influence of 

avian factors.  At the highest administered bloodmeal titer, there were significantly greater 

mosquito body titers but differences between mosquito body titers were less distinct at the two 

lower bloodmeal titers. This was somewhat similar to a previous evaluation of dose-dependency 

for Cx. quinquefasciatus mosquitoes in which body titers and dissemination rates were not 

significantly different despite ingesting different amounts of WNV (33). In that particular study, 

infection rates were observed as a function of virus dose and that trend was present in Cx. 

pipiens mosquitoes in our work. These findings aligned with previously determination that 

mosquito artificial infections require a threshold viremia (34,35).  

We incorporated the avian influence into our assessment of mosquito infection and 

transmission-capability by performing a single round crow infection and allowing Cx. 

quinquefasciatus and Cx. pipiens to feed on crows at both 1 and 3 days post-infection. For the 

artificial infections, infection rates of Cx. quinquefasciatus bodies and saliva were generally 

slightly higher than Cx. pipiens. In contrast, for the crow-to-mosquito infections we saw the 

opposite, with Cx. pipiens having slightly higher rates of infection and transmission capability 

than Cx. quinquefasciatus on both days of feeding. With a single round of infection and these 

differences being slight, we were curious whether greater differences in transmission cycle 

success would occur when exacerbated by multiple rounds of transmission. Our lab previously 
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observed high chick viremias leading to increasing mosquito mortality, but we did not see this in 

mosquitoes which fed on crows with extremely high levels of viremia, further highlighting the 

species-specific nature of vector-host interactions (15). While inter-species differences in 

infection and transmission capability rates were fairly similar, the intra-species infection rates 

and transmission capability with a blood meal containing 103 PFU/mL WNV were drastically 

different depending on whether the bloodmeal was imbibed from an artificial or avian source. 

The cause of this difference and its absence at higher titer bloodmeals is unclear; however, 

generation of defective genomes may be considered in the face of a rapidly growing crow 

viremia.  

Outcomes of experimental WNV transmission cycles were quite different depending on 

the bird and mosquito pairings utilized and the only pairing which was capable of reaching 

completion of three sequential rounds of bird-to-mosquito transmission was that of crows and 

Cx. pipiens. The greater success of crow cycles when paired with Cx. pipiens in comparison to 

crows paired with Cx. quinquefasciatus may suggest relative fitness losses related to Cx. 

quinquefasciatus. This may be in part mediated by the slight observed increases in mosquito 

infection rates and transmission capability when Cx. pipiens were used instead of Cx. 

quinquefasciatus in a single round of infection, which was consistent with slightly higher Cx. 

pipiens tissue and saliva infection rates at each transmission step (Figure 2.5).  

Transmission cycle success may also point to the significance of crows to WNV 

maintenance in nature over robins. When Cx. quinquefasciatus are the constant in experimental 

transmission cycles, the use of crows results in more successive transmission events in 

comparison to robins. Shifts in mosquito feeding habits from robins to humans were previously 

reported to be a major driver for human risk (36). Similar analyses regarding crows may be 

useful given their potential contributions in maintaining circulating WNV.  

These experiments also highlight the difficulty of performing experimental evolution in a 

laboratory setting. The number of mosquitoes which were infected and then transmission-
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capable decreased with each subsequent cycle, making transmission completion increasingly 

difficult. Cycles were terminated when no mosquitoes became transmission capable or when 

WNV-positive saliva did not infect the subsequent bird. Interestingly, when the initial bird viremia 

is ignored due to its initiation by a large needle-inoculum, most viremia and saliva titers within a 

transmission cycle pairing were similar across transmission events despite leading to 

subsequent transmission cycle continuation or termination.  In nature, maintenance of WNV is 

likely multifactorial and additional factors which our model does not incorporate must be 

considered. These may include aspects such as the number of mosquitoes which feed at one 

time on birds, avian morbidity associated with WNV infection allowing for extended mosquito 

feeding, chronic avian infection, horizontal transmission between birds, vertical transmission in 

mosquitoes and potentially, non-avian viremic species (37–43). While this work may highlight 

specific species as more likely to contribute to natural WNV maintenance, it can also be 

speculated that this lack of transmission success with isolated species indicates that the diverse 

range of avian and mosquito species capable of transmitting WNV are essential to viral 

maintenance.  

The virus population in avian sera, mosquito midguts, legs and wings and sera exhibited 

variable competitive fitness in vitro which was roughly cyclical in nature with peaks and valleys 

of relative fitness. That pattern necessitates consideration of the trade-off hypothesis, which 

proposes that viruses maintain replicative fitness in two divergent hosts by having reduced 

fitness in each individual host (44).  In much of the work which has previously aimed to test the 

hypothesis, alternating host cycles yielded negligible or ambiguous effects on fitness (16,18–

21). Likewise, our competitive fitness assays yielded similar outcomes for each transmission 

cycle, regardless of whether the cell type was avian or mosquito in origin.  That the stronger 

competitive fitness tended to occur with samples from the avian host while virus from 

mosquitoes tended to have decreased fitness may be consistent with genetic restriction and 

strong purifying selection in birds and genetic expansion and weak purifying selection in 
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mosquitoes. These changes in the viral populations must be determined by viral genetic 

analyses.  

Our work demonstrates the difficulty of modelling experimental evolution in a lab setting. 

While viremia obviously contributes to transmission cycle outcomes, success is also affected by 

the specific species of birds and mosquitoes utilized. In isolation, each of our pairings resulted in 

progressive decreases in mosquito infection and transmission-capability. This suggests that the 

natural fitness of WNV may require a diverse range of species for success.  We anticipate that 

sequencing the samples utilized here will further elucidate how the specific species used in 

these studies effect variation in transmission success and competitive fitness.  
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Chapter 3. Single Cell Analysis of WNV-Infected Birds Reveals Viremia-Influenced 
 

Alterations in Virus Evolution2 
 
 
 

Introduction 

The genetic complexity of RNA viruses, including arthropod-borne viruses (arboviruses), 

within hosts is well described (1–9). This complexity contributes to virus fitness and 

pathogenesis, and their ability to adapt to rapidly changing environments (10–17). West Nile 

virus (WNV, Flaviviridae, flavivirus) population structure is shaped by the requirement for 

alternating replication in wild birds and mosquitoes (12,15,18–23). Birds exhibit distinct disease 

phenotypes during infection and species-specific impacts on WNV genetic diversity and fitness 

(12,15,16,24–26). In nature, highly susceptible American crows (Corvus brachyrhynchos) 

produce high viremia during acute infection that results in high mortality rates. Conversely, 

American robins (Turdus migratorius) produce lower viremias and are more resistant to severe 

disease (14,24). WNV that has replicated exclusively in robins bears the signature of strong 

purifying selection, with insertions, deletions and other lethal and nonsynonymous mutations 

rapidly removed by purifying selection (15). A subset of mutations arising during replication in 

robins, however, reaches relatively high population frequency, and robin-replicated virus is more 

fit than input virus. In contrast, WNV that has replicated exclusively in crows achieves high 

levels of population richness, carries abundant lethal mutations as a subset of its population, 

and experiences fitness losses and accumulation of defective genomes. Therefore, distinct 

avian species that serve as enzootic hosts for WNV in nature may have correspondingly distinct 

 

2 The work presented in this chapter is formatted for submission to PLOS Pathogens with Alex D.Byas as 
co-first author and is minimally modified for formatting. It was a highly collaborative project and is 
published here with the permission of the other co-first author, Dalit Talmi-Frank. Alex D. Byas’ 
contributions include in vitro characterization of low fitness viruses, in vivo competitions using low fitness 
viruses and manuscript writing.  
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impacts on virus populations that shape their transmission and potential for emergence 

(11,15,27–31).  

The evolutionary mechanisms that lead to these differences are not fully understood, but 

may derive from clear differences in viral load within crows compared to robins. WNV viremia 

within crows, and viral loads within their tissues, typically exceed those present in robins 

(11,15,24,32,33) . It may be, therefore, that the extent of polyinfection in crows vastly exceeds 

that which may occur within robins. If this is the case, the selective environment within crows 

could be quite different compared to that within robins: if polyinfection is more intensive and 

extensive within crows, the power of natural selection to remove deleterious variants from the 

population could be reduced due to more frequent complementation of defective or low-fitness 

genomes with those that are of high or average fitness. Conversely, higher fitness WNV 

genotypes may be less likely to reach high population frequency in crows compared to robins 

because their proteins and other functions contribute to the persistence of lower fitness 

genotypes. Notably, both of these phenomenae have been documented in in vitro studies 

(15,26,29,34,35) and are consistent with our prior observations of in vivo replication of WNV in a 

range of wild bird hosts. Nonetheless, whether polyinfection indeed occurs more frequently in 

crows compared to robins has not been addressed. Further, the impact of host viremia on the 

strength of selection has not been experimentally examined using ecologically relevant animals. 

Accordingly, in this study we assessed the degree of polyinfection within individual cells 

in crows and robins, and ex vivo, compared to cultured avian fibroblast cells using a newly 

developed barcoded version of WNV. Specifically, we examined the dynamics of infection in 

PBMCs, key targets of WNV replication in mammals and birds, to explore the relationship 

between MOI-dependent polyinfection and complementation (36–41). Single cell analysis of 

avian PBMCs infected with barcoded WNV revealed more viral genotypes simultaneously 

infecting crow cells than robins. Rare viral genotypes were also more likely to be maintained 

during crow infections while they were eliminated in the robin. We also examined the effect of 
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viremia on relative fitness in vivo. To accomplish this, WNV variants of variable fitness were 

competed against a marked reference virus in robins and crows. One of the low fitness viruses 

was outcompeted by the reference virus as viremia increased (Low fitness WNV 2), while the 

other (Low fitness WNV 1) outcompeted the reference virus, regardless of the host infected. For 

one of our low fitness viruses, as crow and robin viremia increased the less fit virus was able to 

replicate to a greater proportion of the circulating virus while the more fit virus decreased in 

representation. The second low fitness virus decreased in representation during crow and robin 

infections when viremia was greater. Collectively, these results suggest that natural selection 

may be weakened within highly susceptible host species due to high viremias and MOI leading 

to frequent polyinfection of cells, increasing the likelihood of complementation. Our results also 

provide support for previous observations that document slower virus divergence in crows 

compared to robins, and point to the significance of American crows for maintaining virus 

genetic diversity under natural conditions.  

Materials and Methods 

Wild-type Infection of Ex-Vivo PBMCs and DF1 Cells  

FtC-3699 is a wild type WNV collected from Culex spp. mosquito pools collected in Fort 

Collins, Colorado. PBMCs were separated from American crow and robin whole blood using a 

Histopaque-1077 (Sigma-Aldrich) gradient as previously described (37). PBMCs and chicken 

dermal fibroblasts (DF1) (ATCC® CRL-12203™) were infected with WNV strain FtC-3699 at 

MOIs of  0.1, 1 or 10, washed and supplemented with fresh RPMI medium containing 10% FBS 

as described (37). Supernatants were harvested at the designated time points and stored at -

80ºC for plaque assays and RNA extraction.  

Single Cell Sequencing of Barcoded WNV In Vivo PBMCs and In Vitro DF1 infections  

Generation of a Molecularly Barcoded WNV (BC-WNV): A barcoded WNV was 

generated using a previously described WNV infectious clone (43,51). Briefly, a region was 

identified in the NS4b protein for the insertion of degenerate synonymous nucleotides at 11 
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consecutive third codon positions where any mutation would result in no alteration to the amino 

acid. PCR amplifications were performed with Q5 DNA polymerase (NEB, MA, USA) and 

assembly was performed using the HiFi DNA assembly master mix (NEB). The digested 

assembly reaction was amplified by rolling circle amplification using the Repli-g mini kit 

(Qiagen). The correct assembly was confirmed by assessing the banding pattern by restriction 

digestion and the sequence was confirmed by Sanger sequencing. Infectious RNA was 

generated by in vitro transcription using the ARCA 2X T7 master mix (NEB) with subsequent 

transfection in 293T cells (ATCC® CRL-3216™) using Lipofectamine 3000 (Thermo Fischer). 

Virus was harvested and aliquots were stored at -80 ºC.  

Animals: Animal use was reviewed and approved by CSU Institutional Animal Care and 

Use Committee (15-5958; 18-8080A) according to the Guide for the Care and Use of Laboratory 

Animals of the National Institutes of Health. Wild-caught American crows and American robins 

were housed in 20m3 rooms and provided water and a mixture of dry dog food (crows), 

moistened dry cat food (robins), berries (robins) and mealworms (robins) ad libitum in addition 

to various enrichment activities as described previously (11,15,24,33).  Birds were tested for 

antibodies against WNV using a plaque-reduction neutralization test according to standard 

practices. Only serologically negative animals were used in infection experiments. Prior to 

infection, groups of 2-3 birds were moved to 0.5 to 1m3 cages within CSU biosafety level three 

(BSL3) facilities. After infection, birds were monitored several times daily for clinical symptoms. 

Jugular venipuncture was performed for blood collection. Birds were terminated at 5 days post-

infection.  

Tissue processing: After euthanasia, tissues (heart, lungs, spleen, liver, small intestines, 

large intestines, sciatic nerve and brain) were harvested and stored at -80°C. Tissues were 

weighed and added to DMEM to create a 10% weight: volume suspension. This suspension 

was homogenized, centrifuged and the supernatant was used for plaque assays and RNA 
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extractions. RNA extractions substituted lysis buffer containing proteinase K solution in PKD 

buffer (1:16) (Qiagen) for the Mag-Bind beads used in the manufacturer protocol.  

Bird Infection: Birds were inoculated with BC-WNV by subcutaneous injection in the 

pectoral region with 10,000 plaque forming units (PFU) in 100 µL medium containing 1% FBS, 

MEM+ 2mM Glutamine+ 10% FBS + 1% Non-Essential Amino Acids (NEAA) Penicillin-

streptomycin, and Sodium Bicarbonate pyruvate at a final concentration of 1.5-2.2g/L and 

Sodium pyruvate at a final concentration of 11,004 mg/L.  

DF1 Infection: DF1 cells were infected with BC-WNV similarly to previous infection using 

FtC-3699 virus. DF1 cells were detached using TrypLE and trypsin was neutralized before 

centrifugation. After supernatant was aspirated, 4% PFA (EMS) in PBS was added to the cell 

pellet and cells were used for flow cytometry and sorting.  

Blood Processing: PBMCs were separated from peak infection whole blood by density 

gradient centrifugation using Histopaque-1077 (Sigma-Aldrich) and utilized for flow cytometry 

and sorting, RNA extraction and library preparation. RNA was extracted from sera using the 

Mag-Bind® Viral DNA/RNA Kit (Omega Bio-tek) on a KingFisher Flex extraction robot 

(ThermoFisher Scientific) and viral RNA was quantified using qRT-PCR as previously described 

(52). Remaining sera were stored at -80°C for plaque assays.  

PBMC and DF1 Preparation for Flow Cytometry: PBMC and DF1 cells were incubated 

on ice, pelleted and washed with a staining buffer containing 1xPBS, 1% RNAse-free BSA 

(Gemini) and 1:400 RNasin Plus (Promega) before storage at -80C. Before flow cytometry, 

cells were washed with PBS, then permeabilized using 1X PBS, 0.1% Triton X100 (Sigma) 1% 

RNAse-free BSA (Gemini) and 1:400 of RNasin Plus (Promega). Cells were pelleted, washed, 

blocked with medium containing 2% FBS, incubated with an anti-WNV capsid antibody (GTX-

131947; diluted 1:1000), and a subsequent AlexaFluor 647-labeled secondary antibody (diluted 

1:1000).  

https://www.omegabiotek.com/product/mag-bind-total-rna-96-kit/
https://www.omegabiotek.com/product/mag-bind-total-rna-96-kit/


61 

Single-Cell Sorting and RNA Extraction: Cells were sorted through a 70 micron nozzle at 

the lowest speed possible using the BD FACSAria™ III sorter. We gated on and collected WNV-

positive cells at different intensities. We used a modified protocol previously used to sequence 

individual fixed and stained single brain radial glial cells (53). Cells were sorted into 96-well 

plates containing lysis buffer with proteinase K solution in PKD buffer (1:16) (Qiagen) and were 

stored at -80ºC. Samples were incubated for 1 hour at 56ºC with the lid set to 66 ºC in a 

thermos block for reverse-crosslinking. Total RNA was extracted using the Mag-Bind Viral 

DNA/RNA 96 kit (Omega Bio-Tek, Norcross, GA) on the KingFisher Flex Magnetic Particle 

Processor (ThermoFisher Scientific, Waltham, MA), according to manufacturer’s protocols, 

adjusted for small volumes.   

Screening for Positive Cells: Only RNA derived from wells containing single WNV-

positive cells, as determined by qPCR for the 18S housekeeping gene and WNV copies, were 

used for library preparation.  

Library Preparation of Single-cell RNA: Previously described methods were modified to 

adapt the Primer ID approach to the Illumina MiSeq platform. Methods are provided below and 

development is provided in Supplementary Methods 1 (38, Zanini et al., 2019 for primer ID).   

cDNA Generation and Purification:  5 µl of RNA was combined with 1 µl of 10 mM 

deoxynucleoside triphosphates (dNTPs), 1 µl of cDNA primer (ID_cDNAWNV_7374_Rev) (10 

µM) and 3 µl of nuclease-free water. The 10 µl reaction volume was incubated for 5 minutes at 

65ºC and then placed on ice for 2 minutes. A reverse transcription reaction mixture containing 

1µl of Superscript III RT enzyme, 1µl of RNaseOut, 2 µl dithiothreitol (DTT), 4 µl of 25 mM 

MgCl2, and 2 µl of 10x SSIII buffer was added to the previous reaction volume (20 µl total 

reaction volume) and incubated for 50 minutes at 50ºC, followed by 5 minutes at 85ºC. 

Reactions were chilled on ice, spun down and incubated for 20 minutes at 37 ºC after an 

addition of 1µl of RNaseH. cDNA was purified using Agencourt xp beads (Beckman Coulter) at 

1X concentration with elution into 12µl of nuclease-free water.  
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PCR Amplification Step 1: Two steps were used for amplification of the target amplicon. 

11 µl of cDNA was combined with 0.75 µl of 10 nM forward primer (R1_5'_WNV_for), 0.75 µl of 

10 nM forward primer (5'_ID_Primer_Rev), and 12.5 µl of 2x KAPA HiFi HotStart mastermix 

(VWR). PCR conditions were 95ºC for 3 min, 98ºC for 20 s, 72ºC for 45 s, 72ºC for 1 min with 

35 cycles.  Samples were purified using Agencourt XP beads (Beckman Coulter) at 0.6X 

concentration and eluted in 20 µl of nuclease-free water. 

PCR Amplification Step 2: The second round of PCR amplification served to add 

barcodes and adapters. 2 µl of purified PCR product from PCR amplification step 1 was 

combined with 9 µl of nuclease-free water, 0.75µl of 10 nM forward primer (illumina index i5), 

0.75 µl of 10 nM forward primer (illumina index i7), 12.5 µl of 2x KAPA HiFi HotStart mastermix 

(VWR) and the same PCR conditions were followed as in PCR step 1, repeated for 10 cycles.  

Samples were purified using AMPure XP beads at 0.6x concentration with elution into 22 µl of 

nuclease-free water.  

Samples were pooled at a volume of 5 µl each and concentrated using AMPure XP 

beads at 1.5x concentration. Pooled samples were quantified using Qubit and size distribution 

was verified by Tapestation. Additional size selection was performed using AMPure XP beads 

according to manufacturer’s guidelines. Libraries were quantified using the NEB library 

quantification kit.  

Library Pooling and Loading: Libraries were pooled by volume and concentration was 

normalized to 2nM. Libraries were denatured and a 15% PhiX control was spiked in. Samples 

were loaded at a 7pM concentration. 

In Vitro and In Vivo Competitions of Variably Fit WNV Strains 

Generation of low fitness-WNVic-REF virus mixtures: Low fitness WNV 1 and 2:  Capsid-

I111T and Envelope-V364M mutations were the highest nonsynonymous variants recovered 

from WNV-infected Culex tarsalis and Aedes aegypti mosquitoes, respectively and are identified 

as Low fitness WNV 1 and Low fitness WNV 2. These mutations demonstrated low competitive 
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fitness in cell culture and were engineered into a WNV infectious clone as previously described 

(44).  

WNVic-REF: This genetically marked reference virus has a 5 nucleotide region of 

nonsynonymous mutations changing the parental sequence CTC TCA CGG to CTa agc aGG 

(NS5; genome position 8313-8317). This mutation allows for quantification of the virus’ 

proportion in a mixture (28,55). 

Low fitness viruses and WNVic-REF were amplified on Vero cells at 80% confluency at 

an MOI of 1. To confirm desired mutations and equal mixing of the low fitness viruses and 

WNVic-REF, a ~550 base pair region containing the reference region was amplified by one-step 

PCR (Qiagen, primers available upon request) and processed by Sanger sequencing.  PolySNP 

analysis confirmed equal proportions of WNVic-REF and each competitor low fitness virus 

(28,55).  

In vitro competition with low fitness-WNVic-REF virus mixtures: We used the low fitness-

WNVic-REF virus mixtures to infect DF1 cells at MOIs of 0.1 and 1. Supernatant was collected 

daily until approximately 60-75% cytopathic effect was observed and aliquots were stored at -

80 °C. Cell culture supernatant RNA was extracted and prepared for Sanger sequencing as 

previously described. The proportion of reference virus to the low fitness competitor was 

determined by polySNP. 

In vivo competition with low fitness-WNVic-REF virus mixtures: Birds were inoculated 

with low-fitness-WNVic-REF virus mixtures as performed for BC-WNV infections. Whole blood 

was collected daily and serum was used for plaque assays and RNA extraction. Viral RNA was 

processed for Sanger sequencing with subsequent polySNP analysis.  
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Results 

Ex vivo WNV Replication in PBMCs Demonstrates Host-Specific Accumulation of Non-

Infectious Genomes 

We assessed WNV replication in DF1 cells, ex vivo American robin and American crow 

PBMCs at MOI of 0.1, 1, and 10 (Figure 3.1).  
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Figure 3.1. WNV replicates in DF1 Cells and ex vivo crow and robin PBMCs. Titers determined 
by plaque assay of DF1 cells (A), crow PBMCs (B) and robin PBMCs (C) infected with field 
strain WNV at MOI of 0.1, 1 and 10 (n=2 wells per cell type per MOI). Genome copies 
determined by qRT-PCR of DF1 cells (D), crow PBMCs (E) and robin PBMCs (F) (n=2 wells per 
cell type per MOI). WNV genome equivalents to plaque forming units (GE:PFU) at MOI of 0.1 
(G) (*, DF1 vs crow PBMC, P = 0.0215;  *, robin vs crow PBMC, P = 0.0185;  2-way ANOVA, 
Tukey’s Multiple Comparison), 1 (H) (****, DF1 vs crow PBMC, P < 0.0001;  ****, robin vs crow 
PBMC, P <0.0001;  2-way ANOVA, Tukey’s Multiple Comparison) and 10 (I) (****, DF1 vs crow 
PBMC, P < 0.0001;  ****, robin vs crow PBMC, P <0.0001;  2-way ANOVA, Tukey’s Multiple 
Comparison) of DF1 cells, robin PBMCs and crow PBMCs.  
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Virus replication progressed in a cell-type dependent manner, with DF1 cells demonstrating 

higher titers than ex vivo cultured PBMCs; and robin PBMCs having higher peak titers than crow 

PBMCs (Figure 3.1A-C).  Generally, a higher MOI inoculum led to higher titers in all cell types. 

qRT-PCR revealed a similar trend of higher initial MOI being associated with higher genome 

copies (Figure 3.1D-F).  We calculated the specific infectivity (genome:PFU ratios) of WNV 

sampled across the 5-day infection (Figure 3.1G-I). Crow PBMCs had significantly higher 

specific infectivity across the three different MOI compared to DF1 cells and robin PBMCs, 

reflecting a higher fraction of non-infectious particles (2-way ANOVA, Tukey’s Multiple 

Comparisons). Increases in MOI led to subtle increases in crow PBMC GE:PFU. At the lowest 

MOI, robin PBMCs had the lowest genome:PFU compared to DF1 cells and crow PBMCs, 

indicating that the majority of genomes are infectious. This distinction faded as the MOI 

increased to 1 and 10 and robin PBMC GE:PFU increased significantly. DF1 cells had 

intermediate specific infectivity compared to crow and robin PBMCs at 0.1 and 1 MOI and 

GE:PFU remained relatively stable regardless of MOI. Within each cell type, MOI-dependent 

GE:PFU differences were not observed (Mann-Whitney test).  

Establishing and Characterizing WNV Barcoded Virus (BC-WNV) Stock  

To measure virus diversity within individual cells we generated a molecularly barcoded 

WNV (BC-WNV) as previously described for ZIKV (42,43).  BC-WNV contains a segment in the 

NS4b region (7237-7269bp, Figure 3.2A) with 11 consecutive synonymous degenerate 

nucleotides at every third codon position.  
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Figure 3.2. Establishing and Characterizing WNV Barcoded Virus (BC-WNV) Stock. (A) BC-
WNV contains a segment in the NS4b region (7237-7269 bp) with 11 consecutive synonymous 
degenerate nucleotides at every third codon position. (B) Growth curve of WNV infectious clone 
backbone and BC-WNV in Vero cells (MOI = 0.1). (C) Total barcodes present in BC-WNV after 
dilution.   
 

BC-WNV replicates similarly to unmodified WNV infectious clone in Vero cells (MOI = 0.1) 

(Figure 3.2B). Analysis of genetic diversity in the barcode region of the stock virus using unique 

molecular identifiers (UMIs) indicated that a total of 4,835 viral sequences were present per 50 

µl of stock solution. These represented 2236 total unique barcodes. Three unique barcodes 

were detected more than 100 times in the stock and encompassed 14% of all viral sequences. 

Seven barcodes were detected 51-100 times (9%), 54 were detected 10-50 times (23%), 160 
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appeared 2-9 times (11%) and 2008 barcodes were detected 1 time and constituted 41% of the 

stock. We also assessed whether reductions in RNA copies impacted barcode composition. We 

diluted our stock 2x106 genome copies/mL to 2x102 genome copies/mL to confirm that barcode 

distribution was maintained regardless of concentration (Figure 3.2C).  

Viral Barcode RNA Abundance Varies Between Cells and Across Different Wild Bird Hosts  

We quantified barcodes in PBMCs from WNV-infected crows and robins after four days 

of in vivo replication and in DF1 cells inoculated at MOIs of 1 and 10 (Figure 3.3 & 

Supplementary Methods 1).  

 

Figure 3.3 Barcode Quantification of WNV-infected Single DF1 cells and PBMCs by Flow 
Cytometry Sorting and Amplicon Targeted Library Construction. (A) DF1 cells at MOI 1 and 10 
and American crows and robins at 10,000 PFU/bird were infected with BC-WNV. (B) PBMCs 
were collected from whole blood and DF1 cells were separated and fixed and permeabilized. 
(C) Cells were stained for WNV viral protein and cell type and sorted into a 96 well plate. (D) 
Cells were reverse cross-linked and viral RNA was extracted and reverse-transcribed into 
cDNA. (E) Individual cells were identified by PCR for WNV viral protein and avian 18S. (F) 
Libraries were constructed by adapting the Primer ID approach to the Illumina MiSeq platform 
(Supplementary Methods 1). (G) Sequencing was performed on an Illumina platform.  
 

A total of 708 WNV-infected cells were sequenced including DF1 cells at MOI of 1 (n=94) and 

10 (n=94), crow PBMCs (n=376) and robin PBCMs (n=144). Using qPCR with primer/probes to 
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detect the WNV E gene, we found that individual infected cells contained between 101-105.5 viral 

genomes/cell (Figure 3.4A).  
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Figure 3.4. Viral Barcode RNA Abundance and Complexity Varies Between Cells and Across 
Wild Bird Hosts. (A) WNV Genome copies per cell (log10) in BC-WNV-infected DF1 cells at MOI 
1 and 10 and crow and robin PBMCs as determined by qRT-PCR for E gene. (B) Barcode 
counts per cell (log10) in BC-WNV-infected DF1 cells at MOI 1 and 10 and crow and robin 
PBMCs as determined by sequencing of the NS4b barcode. (C) Unique barcodes per cell (log10) 
in BC-WNV-infected DF1 cells at MOI 1 and 10 and crow and robin PBMCs as determined by 
sequencing the NS4b barcode. (D) Shannon index (complexity) in DF1 cells at MOI 1 and 10 
and crow and robin PBMCs. (E) Sequencing depth per cell (log10) in DF1 cells, crow and robin 
PBMCs. (Figures A-E, ****, P <0.0001) (F) Correlation of unique barcodes (log10) to total 
barcodes (log10) (r2=0.8134).  
 

In crows, the maximum WNV genome capacity within a single cell was 388,094 with a mean of 

11,265 RNA copies per cell, compared to a mean of 8530 or 5982 genomes in DF1 infected 

with MOI of 1 or 10, respectively, and 399 genomes per robin cell. There was a bimodal 
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distribution in crow cells, with 39% of cells containing an average of 104.5 genomes (high subset) 

and 61% containing 102.5 genomes (low subset). Robin PBMCs had significantly fewer WNV 

copies compared to crows and DF1 cells, which contained the highest mean genome copies per 

cell.  

Single-cell sequencing supported our observations on viral load obtained using qRT-

PCR (Figure 3.4B). Analysis of unique barcodes within cells revealed that crow PBMCs 

contained significantly higher barcode diversity (Figure 3.4C) and complexity (Shannon entropy) 

(Figure 3.4D) compared to both robin PBMCs and DF1 cells despite a slightly lower sequencing 

coverage depth compared to robins (Figure 3.4E). In all of our cells, total barcode count was 

significantly positively correlated with the number of unique barcodes (Figure 3.4F).  

To determine the relationship between barcode frequency in the starting population and 

its likelihood of detection in single cells, we plotted the frequency of each unique barcode in the 

BC-WNV inoculum against its frequency of detection in single cells after replication (Figure 

3.5A).  
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Figure 3.5. Barcode Prevalence Varies Between Cells and Across Wild Bird Hosts. (A) 
Frequency of each unique barcode in BC-WNV inoculum compared to detection in cells after 
replication. (B) Counts of unique barcode sequences in BC-WNV inoculum compared to counts 
found in cells after replication. (C) T-Distributed Stochastic Neighbor Embedding (t-SNE) 
analysis to plot the data in two-dimensional space.  
 

Barcodes detected at lower frequencies in the input BC-WNV are almost never found in DF1 

cells or robin PMBCs. In contrast, rare barcodes from the input frequently are detected in crow 

PBMCs, sometimes in greater than 50% of sequenced cells. In addition, more common 

barcodes from the input are almost always well maintained in crow PBMCs compared to robins 

(Figure 3.5B). Importantly, WNV populations within DF1 cells tend to become dominated by a 

single barcode sequence that rises to extremely high frequency, which almost never happens in 

crow or robin-derived cells. Finally, we used a t-Distributed Stochastic Neighbor Embedding (t-

SNE) analysis to plot the data in two-dimensional space (Figure 3.5C). Although we applied 

different perplexities to our data, cells did not cluster into distinct groups. Nevertheless, the crow 

cells consistently grouped closer to the stock sample than other cell types, supporting our 
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observations that barcode sequences, including those that are quite rare in the input stock virus 

population, are maintained during crow replication, but not in robins or DF1 cells. 

Crows and robins promote replication of low-fitness WNV 1 at higher viremias  

In divergent selective environments in crows and robins, the degree of viremia and 

PBMC polyinfection was a determinant of the ability of rare barcodes with no associated fitness 

differences to persist. To evaluate the significance of these findings to viral evolution, we 

needed to incorporate fitness implications.  We hypothesized that variants with associated 

fitness losses would be able to better replicate systemically in higher viremia environments. Low 

fitness WNV variants were identified from previous experiments (44). We confirmed their low-

fitness phenotype using replication studies and competition assays in DF-1 cells. All viruses 

exhibited similar growth kinetics in DF1 cells (Figure 3.6A).  
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Figure 3.6. Characterization of low fitness WNVs in vitro. (A) Growth curves of Low fitness WNV 
1 and 2 and WNVic-REF backbone in DF1 cells at MOIs of 0.1 and 1 with quantification by 
plaque assay (PFU/mL-log10; n=3 wells per virus per MOI; Bar=SEM). (B) Percent of low fitness 
competitor (y-axis) present during competition of low fitness viruses 1 and 2 against WNVic-
REF at MOIs of 0.1 and 2 (PFU/mL in log10; n=3 wells per virus per MOI; Bar=SEM).  
 

During the competition, DF1 cells were infected with a mixture of Low fitness WNV 1 or Low 

fitness WNV 2 and WNVic-REF at roughly equivalent genomic equivalents. By four days post-

inoculation, Low fitness WNV 1 decreased by 26 and 27% at MOIs of 1 and 0.1, respectively 

and Low fitness WNV 2 decreased by 28% at both MOIs (Figure 3.6B).   
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We then infected crows and robins with our low fitness-WNVic-REF virus mixtures (Low 

fitness WNV 1-WNVic-REF or Low fitness WNV 2-WNVic-REF) and performed Sanger 

sequencing on their sera to assess the proportions of these two viruses at 2 and 4 days post 

inoculation. In crows for both infections and in robins for Low fitness WNV 1, day 4 post 

inoculation had greater mean viremia than at day 2 post inoculation (Figure 3.7A).  
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Figure 3.7. Avian Viremia During Low Fitness WNV-WNVic-REF Competitions. (A) Mean 
viremia (PFU/mL in log10) of American crows and American robins during Low Fitness WNV 1 
and WNVic-REF competitions as determined by plaque assay (Bar = range). (B) Mean viremia 
(PFU/mL in log10) of American crows and American robins during Low Fitness WNV 2 and 
WNVic-REF competitions as determined by plaque assay (Bar = range).  
 

In robins infected with Low fitness WNV 2, peak viremia was at 2 days post inoculation. At day 

2, the mean robin viremia was 2.9 x 104 and 2.5 x 105 PFU/mL and the mean crow viremia was 

4.8 x 104 and 3.0 x 105 PFU/mL for the Low fitness WNV 1-WNVic-REF and Low fitness WNV 

2-WNVic-REF infections, respectively. Later at day 4, the mean robin viremia was 3.1 x 106 and 

493 PFU/mL and the mean crow viremia was 4.42 x 108 and 1.4 x 109 PFU/mL for the Low 

fitness WNV 1-WNVic-REF and Low fitness WNV 2-WNVic-REF infections, respectively. At the 

day 4 time point when viremia was higher, the Low fitness WNV 1 was on average present at a 

higher proportion than it was at day 2 time points in both crows and robins (Figure 3.8A).  
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Figure 3.8. In vivo low fitness WNV vs WNVic-REF competition. (A) Percent of low fitness 
competitor (y-axis) present during competition of low fitness virus 1 against WNVic-REF in 
crows and robins (Bar=SEM). (B) Percent of low fitness competitor (y-axis) present during 
competition of low fitness virus 2 against WNVic-REF in crows and robins (Bar=SEM). (C) 
Comparison of percent of low fitness WNV 1 present during competition to viremia (PFU/mL in 
log10) with nonlinear regression (r2=0.3902). (D) Comparison of percent of low fitness WNV 2 
present during competition to viremia (PFU/mL in log10) with nonlinear regression (r2=0.4131). 
 

Of the birds infected with Low fitness WNV 1-WNVic-REF, 2/2 robins and 2/3 crows had 

increases in the low fitness competitor as viremia increased. For robins, Low fitness WNV 1 

represented a mean 29.61% of viral RNA at day 2 and increased to 61.51% of viral RNA by day 

4. In crows, Low fitness WNV 1 was on average 48.93% of viral RNA at day 2 and increased to 

49.46% by day 4. Nonlinear regression of the relationship between viremia and the % Low 

fitness WNV 1 competitor yielded a curvilinear  best fit line with a R-squared value of 0.5292 

(Figure 3.8C).  
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Of the birds infected with Low fitness WNV 2-WNVic-REF, none of the robins or crows 

had increases in the low fitness competitor at higher viremia (Figure 3.8B). For robins, the Low 

fitness WNV 2 represented a mean 37.34% of viral RNA at day 2 when viremia was highest and 

increased to 59.95% of viral RNA by day 4 when viremia was lower. In crows, the Low fitness 

WNV 2 was on average 35.78% of viral RNA at day 2 and decreased to 22.34% by day 4 when 

viremia was higher. Nonlinear regression of the relationship between viremia and the % Low 

fitness WNV 2 competitor yielded a curvilinear best fit line with a R-squared value of 0.4131 

(Figure 3.8D).  

Discussion 

Virus-host interactions clearly shape viral populations and evolution. We previously 

demonstrated that high WNV viremias in crows, coupled with error-prone virus replication, 

results in an extremely complex set of virus mutants that contains abundant nonviable virus 

genomes in addition to a wide array of low frequency virus variants (15). This contrasts with 

robins, in which lower viremia is associated with fewer genomes that contain lethal mutations 

and fewer overall variants. However, in robins, detected variants tended to rise to higher 

frequency. Importantly, PBMCs are a crucial site of WNV replication in birds. We hypothesized 

that high viremia in the crow leads to a high MOI of infection in PBMCs, resulting in polyinfection 

at the individual cell level. We expected this to facilitate the survival of rare and defective 

genomes via complementation in accordance with prior reports from studies conducted in vitro 

(34,45). Ultimately, the persistence of these low fitness genomes in natural populations would 

result in weakened selection. Similarly, we hypothesized that lower viremia in robins resulting in 

lower systemic MOI would lead to less PBMC polyinfection. Reduced polyinfection would then 

decrease the efficiency of complementation and reduce the survival of defective and rare 

genomes. To test these hypotheses, we assessed WNV replication in PBMCs, utilized a 

barcoded WNV to examine the replication of variably-represented genotypes at varying MOIs 
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and competed variably-fit viruses in in vitro and in vivo competitions to evaluate the effects of 

MOI on the survival of rare and less fit genotypes.  

WNV replicated to modest titers in PBMCs ex vivo, consistent with previous reports of 

equine and avian PBMC infections (37,38). Crow PBMCs had the highest overall GE:PFU ratios 

during infection, indicating greater production of non-infectious particles. We also observed that 

higher MOIs in both robin and crow PBMC infections led to greater GE:PFU ratios. This is 

consistent with our previous in vivo studies that suggested high crow viremia may facilitate the 

persistence of  defective genomes in the virus population (15).  Defective genomes are 

commonly generated during lab and natural infections and have been demonstrated to survive 

multiple rounds of transmission suggesting that their production in birds can lead to 

maintenance in nature (29,46–48).  

We next generated barcoded WNV for use in evaluating MOI in vivo in birds to explore 

the unique landscape of virus variants in single cells. While whole genome sequencing was 

performed on the BC-WNV stock and no undesired mutations were present for inoculation into 

PBMCs, we did not sequence the whole genome of virus extracted from PBMCs due to the 

expense required for sufficient coverage for over 700 individual cells. Therefore, it is possible 

that spontaneous mutations located outside the barcode could arise and confer fitness 

advantages or disadvantages during infection. We consider any rare undesired mutations in 

such a large data set largely inconsequential given that we observed no patterns of specific 

barcodes being preferentially replicated across the dataset.  

This barcoded WNV virus, much like our previously published ZIKV barcoded virus (42) 

replicated similarly in vitro compared to wild-type WNV, indicating its suitability for in vivo 

studies. The barcoded WNV also exhibited in vivo phenotypes similar to wild-type as 

demonstrated by crow and robin viremia and organ viral loads (Supplementary Figure 1). When 

we performed NGS analysis of BC-WNV, we detected 2,236 barcodes, significantly fewer than 

the theoretical maximum. The cause of this is unclear; however, inefficient transfection of 293T 
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cells seems likely to have produced this result. Nevertheless, our data on BC-WNV replication in 

vitro and in birds, and our data on the complexity of the barcode region, indicated that it was a 

suitable tool to address the hypotheses we addressed in this work.  

DF1 cells, crows and robins were infected with BC-WNV to determine the extent of 

polyinfection within cells of different origin. DF1 cells were infected at MOIs of 1 and 10 to 

compare in vivo findings to an established cell culture model of the avian-WNV interaction. DF1 

cells contained up to 35,000 genome copies and had the highest mean genome copies per cell 

compared to avian PBMCs. This is not particularly surprising given that DF1 cell culture, while 

interferon-competent, is not affected by the influence of a full systemic innate immune response 

present during the in vivo infections performed to obtain PBMCs (40,49,50). WNV genome 

copies and barcode counts within DF1 cells did not differ significantly between MOI 1 and 10 

suggesting that DF1 cells provide replication conditions that cause early saturation, and a 

difference might have been detected if shorter incubation periods were tested. Similarly, the 

generally higher titers in DF1 cells compared with PBMCs isolated from WNV-infected birds 

may be due to the absence of a complete innate immune response occurring in those cells in 

vitro. Analysis of barcode frequencies within DF1 cells demonstrated that rare input barcodes 

were typically lost during replication, and that each DF1 cell was frequently dominated by a 

single barcode at very high frequency, a trend not observed in crow or robin derived cells, 

indicating the limitations of DF1s as a model for WNV-avian interactions. We can only speculate 

that the preferable replication conditions and possibly shorter time to saturation would be able to 

cause such a rapid takeover of few single dominating variants (barcodes).  

Analysis of viral loads within crow compared to robin PBMCs revealed striking 

differences in both genome copy numbers and total barcode counts. Crow PBMCs 

demonstrated the greatest range upper limit (individual cells reached the highest amounts) for 

genome copy numbers while robins contained the least, with up to a thousand-fold average 

difference. A single crow PBMC is capable of containing up to 388,000 genome copies while 
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robin PBMCs contained up to 2000 genome copies. This high viral load in crow compared to 

robin PBMC is consistent with viremia patterns in these animals and supports the role of 

PBMCs in generating host-specific viremia and mortality phenotypes in host animals. Moreover, 

these data indicate that clinically susceptible animals that develop strikingly high viremias 

contain high viral loads in circulating PBMCs.  

Further, crows had higher numbers of unique barcodes within individual cells, indicating 

more frequent polyinfection compared to robins.  When we compared changes in barcode 

frequency in the input inoculum to crow PBMCs, we observed previously rare barcodes rising in 

frequency, sometimes to greater than 50% of the population within an individual cell. In contrast, 

rare mutations in the initial stock tended not to be detected in robin PBMCs. We also observed 

more unique barcodes and higher levels of barcode diversity and complexity in crows compared 

to robin PBMCs. These data permit us to conclude that in crows, frequent polyinfection of 

PMBCs, and likely other cell types, facilitate the persistence of genetic diversity in these 

animals, including defective viral variants that may reduce the average fitness of the virus 

population. Moreover, hosts that experience high viremias may be key to maintaining virus 

genetic diversity at the population level and decrease the strength of purifying selection. As a 

consequence, high fitness variants may be prevented from rising in frequency within the 

population.  

Conversely, infection of robins results in less frequent polyinfection and an overall 

reduction in population variation that may either result in fitness increases due to the action of 

purifying selection, or bottlenecks that lead to fitness declines over time. These somewhat 

divergent selective environments in crows and robins led us to hypothesize that WNV variants 

of reduced fitness would persist longer within crows compared to robins.  

To test this, we measured the fitness of putatively low-fitness WNV strains identified and 

described previously in crows and robins(44). Our expectation was that their fitness would be 

higher in crows than robins due to weakened purifying selection imposed by high viremia and 
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consequently frequent polyinfection. We found that the ability of low fitness viruses to persist in 

the populations in vivo is related to viremia and less specific to the species of bird. This is 

further demonstrated at the second time point when mean viremia was similar between both 

species and there were similar trends in the representation of the low fitness competitor and 

reference virus. Given that the natural upper range limit of robin viremias overlaps with the lower 

range limit of crow viremias during these particular experiments, our results are perhaps 

unsurprising. This further supports previous assessments of species-specific viral diversity when 

WNV was passaged through crows and robins (15). Our in vivo competition of Low fitness WNV 

2 against WNVic-Ref were different in that the low fitness variants were always outcompeted. 

The cause of this is unclear, but it seems likely that there is a threshold below which poorly fit 

variants cannot be ‘rescued’ by high viremia and polyinfection. The observed viremia curve 

during this particular infection peaked earlier and terminated faster than other experiments. 

While it is possible that viremia and MOI have less of an influence than hypothesized, it is also 

possible that there are specific phenotypic effects to the point mutation of this mutant which 

caused varying outcomes.  

In summary, this study quantifies and characterizes genetic evolutionary processes 

within naturally infected relevant hosts at the single cell and systemic level. Our work with 

PBMCs demonstrated that individual cells, particularly in crows, can contain extremely high 

levels of virus and provide an environment for generation of defective genomes and genetic 

complementation. The novel use of single cell next-generation sequencing in conjunction with a 

barcoded WNV technique highlights the ability of single cells to contribute to viral population 

genetics in a species-specific manner. While we assessed variants of WNV, these sequencing 

methodologies could also be utilized to assess multi-infections between different viral etiologies 

and the associated competition for cellular replication resources.  Our in vivo competition of a 

low fitness WNV  and a high fitness reference virus demonstrated how viremia and MOI can 

potentially lead to multi-infections and complementation, thus linking our findings at the single 
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cell level to the circulating virus populations which go on to be transmitted to mosquitoes and 

maintained in nature.  
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Chapter 4. American Alligators are Capable of West Nile Virus Amplification, Mosquito 

Infection and Transmission3 

 
 

Introduction 

West Nile virus (Flavivirus, Flaviviridae, WNV) is naturally maintained in an 

enzootic cycle between mosquitoes and wild birds (1). ‘Dead-end’ hosts, such as 

humans and horses, are infected with WNV by mosquitoes but do not develop a viremia 

of sufficient magnitude to infect mosquitoes (1). Between 2001 and 2003, WNV 

outbreaks caused large-scale mortalities in farmed American alligators (Alligator 

mississippiensis) in the southeastern United States (2,3) and epizootics continue to be 

an issue for both alligators and multiple species of crocodiles (4,5).  Clinical signs in 

primarily juvenile alligators, while uncommon, are neurologic or gastrointestinal in 

nature, with neurologic signs including unbalanced and uncoordinated swimming, ataxia, 

tremors and head tilt while gastrointestinal signs included anorexia and bloating (2,3,6). 

Histopathologic findings include multiorgan necrosis and inflammation (2,3). 

Lymphohistiocytic proliferative cutaneous lesions have also been observed in both 

alligators and crocodiles and arise 4-5 weeks after acute infections (5–7). These lesions, 

also known as “pix”, grossly appear as transluminant 1-2 mm defects which are revealed 

during processing. The associated losses in hide quality cause significant economic 

impacts to farming operations.  Through investigations of natural disease and 

experimental infections, potential causes of these outbreaks include horizontal 

transmission between alligators, consumption of WNV-infected meat and mosquito 

transmission(8–10).  

 

3 This chapter has been formatted for submission to Virology and has been minimally modified for 
formatting.  
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It is not fully understood how WNV overwinters or is maintained during seasonal 

absence of mosquitoes. Potential mechanisms include vertical transmission from 

mosquitoes to offspring, fecal-oral transmission in bird roosts, avian scavenging of WNV-

infected carcasses, and chronic avian infections (11-18). Each of these potential modes 

of WNV overwintering have limitations or inefficiencies; therefore, we also sought to 

examine whether alligators may contribute to WNV maintenance in a mosquito-independent 

manner. Experimental infections of saltwater crocodiles (Crocodylus porosus) revealed the 

presence of WNV viral RNA in tank water, as well as oral and cloacal swabs; therefore, oral and 

cloacal shedding with mucosal exposure via water was interpreted as the mechanism of 

transmission to uninfected tankmates (7). In an experimental setting, needle-inoculated WNV-

infected alligators also transmitted WNV to uninfected tankmates but the mechanism for this 

transmission was not explicitly demonstrated during this study (8).  Accordingly, we assessed 

whether water can serve as a source of infection for alligators.  

Similar to the mechanisms of horizontal transmission in alligators, oral and cloacal 

shedding of WNV has been demonstrated experimentally in birds and is a potential mechanism 

of WNV transmission in crow roosts when mosquitoes are inactive (12,13,19). Given that 

horizontal transmission is a potential means of mosquito-free WNV transmission in wild birds 

and alligators separately, we assessed the possibility of bidirectional horizontal transmission 

between alligators and wild birds (13,15). A feature that sets alligator WNV infections apart from 

dead-end hosts is the ability to develop viremia ranging between 105 and 106 plaque forming 

units per milliliter (PFU/mL) (3). That magnitude of viremia is sufficient for infection of Culex spp. 

mosquitoes (20,21). Culex quinquefasciatus is a significant vector for WNV transmission in the 

southeastern United States, the natural environment of American alligators, and testing of Culex 

mosquito bloodmeals demonstrated feeding on alligators (9,10). Accordingly, we sought to 

demonstrate transmission of WNV between alligators and mosquitoes.  
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To determine whether water serves as a potential source of WNV alligator 

infection, we inoculated tank water with WNV and confirmed that alligators developed a 

viremia. We subsequently assessed the possibility of bidirectional horizontal 

transmission between alligators and wild birds via water and did not observe infection in 

either species. This suggests that birds and alligators sharing water sources do not likely 

contribute to the natural maintenance of WNV.  We also sought to examine the 

contributions of alligators to WNV maintenance in nature by mosquito. We 

experimentally demonstrated that WNV-infected mosquitoes transmit WNV to alligators, 

an unsurprising finding given the promiscuity of the virus and the mosquitoes that 

transmit it (1). Finally, we demonstrated that WNV-viremic American alligators were 

capable of infecting mosquitoes with subsequent ability for salivary transmission, 

indicating that they potentially amplify WNV in natural or farmed alligator environments. 

Materials and Methods 

Ethics statement 

Wild birds were obtained and/or held under US Fish and Wildlife Service 

(#MB68845B-0) and Colorado Parks and Wildlife (# 19TRb2106, 19TR3387 & 

20TRb2106) permits and with permissions from park supervisors and private 

landowners. No endangered or protected species were harmed during collections. 

Experiments involving animals were conducted in accordance with protocols approved 

by the Colorado State University Institutional Animal Care and Use Committee 

(Protocols #15-5958, 18-8080A &19-8763-A) and the recommendations in the Guide for 

the Care and Use of Laboratory Animals of the National Institutes of Health.  

Cells  

Vero cells (ATCC CCL-81) were maintained in Dulbecco’s modified Eagle’s 

medium (DMEM) containing 5% fetal bovine serum, 50 µg/ml gentamycin, 100 units/mL 

penicillin and 100 µg/mL streptomycin at 37°C with 5% CO2.  
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Viruses 

American isolates of WNV from a mosquito pool collected in Fort Collins CO (FtC-3699) 

and WNV strain NY99-4132 originally isolated from an American crow in New York 1999 were 

used for mosquito artificial infections and avian infections. FtC-3699 was used for bird and 

mosquito infections as these birds were being used for additional experiments in which FtC-

3699 was the control.  WNV NY99-4132 was used for alligators as it had previously been used 

in the lab and produced alligator infections which reached or exceeded viremia of ~105 PFU/mL. 

Viral titers were quantified using Vero cells and a standard plaque assay protocol (22). Viruses 

were propagated in Vero cells and stocks were diluted to 10,000 PFU/100 µl for inoculation. 

Stocks were stored at -80°C with 10% FBS and DMEM.  

Mosquitoes 

Culex quinquefasciatus (Sebring strain), Culex tarsalis (KR83) and Culex pipiens 

(Reeves strains) colonies maintained in the lab were used for artificial bloodfeed infections and 

feeding on alligators. For colony maintenance, mosquitoes were fed defibrinated calf blood and 

given sugar and water ad libitum. Larvae were reared and adults maintained under controlled 

conditions of temperature (26-27°C), relative humidity (70-80%) and light (16:8 light: dark 

diurnal cycle).  

Alligator husbandry 

Alligators were obtained from the Everglades Alligator Farm (Homestead, FL) under 

Colorado import permit 19HP3585. Alligators were fed gator chow pellets every other day (food 

volume ~5% of body weight). Alligators were housed in livestock tanks (either 1 or 2.37 m 

diameter) containing approximately 120 or 400 L of water, respectively, at 27°C and with 

adequate basking surfaces. Water was heated by aquarium heaters and aerated with aquarium 

water pumps. Function of heaters and water pumps were checked twice daily. Water was 

changed once a week. All animal infections were conducted under ABSL-3 containment.  
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Avian husbandry 

American crows (Corvus brachyrhynchos) and American robins (Turdus 

migratorius) were housed in 0.5 to 1 m3 cages in groups of up to 3 and fed ad libitum 

water and dry dog food (crows), moistened kitten food (robins), fruit (robins), dried 

mealworms (robins) and/or bird seed (sparrows). Birds and alligators were pre-screened 

for antibodies by PRNT before use.  

Tankwater inoculation 

 To spike alligator tank water with WNV, 100 mL of freshly harvested viral stock was 

added immediately into the tanks prepared for housing alligators which contained 120 L of 

water. Virus was titrated in Vero cells to 1x1010 PFU/mL.  

Vertebrate artificial inoculations 

Birds and alligators were infected with 10,000 PFU of WNV in 100 of DMEM by 

subcutaneous and intracoelomic needle-inoculation, respectively.  

Mosquito artificial bloodfeed infections  

Mosquito infections were performed under BSL3 conditions. Groups of ~50-70 

four- to six-day-old Culex mosquitoes of each species were orally exposed to blood 

containing WNV FtC-3699 virus using a water-jacketed glass feeder and hog-gut as a 

membrane. The infectious bloodmeal contained a 50:50 mixture of defibrinated calf 

blood and virus at a titer of 1.68x109 PFU/mL as determined by back titration.  

Mosquito feeding on alligators 

Mosquito to alligator transmission: After artificial bloodfeed infection at 14 days 

extrinsic incubation period, mesh-covered cartons of 45 mosquitoes of each species 

were placed on the ventrum of manually restrained alligators for up to 15 minutes. After 

feeding on alligators, bloodfed mosquitoes were sorted into separate cartons. 

Alligator to mosquito transmission: After needle inoculation of alligators at 8 days 

post infection, mesh-covered cartons of ~50-70 mosquitoes were placed on the 
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alligator’s ventrum for up to 15 minutes. After feeding on alligators, bloodfed mosquitoes were 

sorted into separate cartons and held for 14 days for dissection.   

Mosquito dissections and sample processing 

Mosquitoes were cold-anesthetized. Legs and wings were removed. The mosquitoes’ 

proboscis was placed into a capillary tube filled with immersion oil for 30 min to salivate. Bodies 

were placed into a 2 mL tube containing 200 µl mosquito diluent (1x PBS supplemented with 

20% FBS, antibiotics/antifungals) and a stainless steel bead. The end of the capillary tube 

containing saliva was broken off into 100 µl mosquito diluent and centrifuged at 15,000 g for 10 

min at 4°C. Mosquito bodies were homogenized at 25 cycles per second for 1 min and 

centrifuged at 15,000g for 10 min at 4°C. Samples were stored at -80°C.  

Virus quantification 

Samples assessed for live virus included alligator and bird serum, oral swabs of birds, 

cloacal swabs of birds and alligators and tank water. Infectious virus in the examined samples 

was titrated using standard plaque assays protocols as previously described (22). To measure 

viral RNA in the alligator serum and determine whether mosquitoes should be fed upon them, 

RNA was extracted from serum using the Mag-Bind Viral DNA/RNA 96 kit (Omega Bio-Tek) on 

the KingFisher Flex Magnetic Particle Processor (ThermoFisher Scientific) and qRT-PCR was 

performed using a QuantStudio 3 (ThermoFisher) and previously published WNV primers and 

probes (23).  

Results  

WNV-inoculated tank water serves as a source of infection for alligators  

 To assess whether WNV-inoculated tank water could serve as a source of infection for 

alligators, 100 mL of viral stock titrated to 1x1010 PFU/mL was mixed into the tank water. All 

three alligators developed viremia, which at day 6 ranged from 1.9x103 to 3.7x105 PFU/mL. 

Water was collected throughout this experiment (Figure 4.1).  
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Figure 4.1. Water spiked with WNV led to alligator viremia even though virus was not detectable 
in water. Dotted line indicates limit of detection (102 PFU/ml).  

 

Despite the large amount of virus added to the tank water and all three alligators becoming 

infected, virus was not detected by plaque assay or qRT-PCR, even at day 0.  

Lack of transmission of WNV from birds to alligators via a shared water source  

Because we demonstrated that alligators can become infected via virus in tank 

water, we sought to determine whether infected birds can shed sufficient virus into water 

to infect alligators. None of the experiments in which an American crow, American robins 

and house sparrows drank from and defecated into the water in which alligators were 

housed resulted in transmission to alligators (Figure 4.2).  
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Figure 4.2. No birds transmitted WNV to alligators via a shared water source and virus was not 

detected in the water. Negative oral and cloacal swabs for robins and sparrows are not shown. 

Dotted line indicates limit of detection (102 PFU/ml).  

 

In all experiments, needle-inoculated birds developed the expected levels of viremia, with crows 

developing highest titers and having detectable oral and cloacal shedding.  WNV was rarely 

observed in oral swabs of robins. WNV was never detected in the water. Alligators also did not 

develop neutralizing antibodies after 14 days, further confirming lack of infection.  

Lack of transmission of WNV from alligators to birds via a shared water source  

While infected birds did not transmit WNV to alligators via the water, we sought 

to determine if WNV-infected gators could transmit to birds via a shared water source. 

Similarly, WNV-positive needle-inoculated alligators did not shed sufficient virus to 

quantify in the water. This did not occur despite viremia of greater than 105 PFU/mL and 

cloacal shedding up to 103 PFU/swab. House sparrows which drank from that water did 

not develop viremia (Figure 4.3). 
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Figure 4.3. Viremic gators did not transmit WNV to HOSP via a shared water source. Dotted line 
indicates limit of detection (102 PFU/ml).  

 

Mosquito transmission of WNV to alligators  

Separate cartons of 45 WNV-exposed Culex quinquefasciatus (Cx. quinquefasciatus), 

Culex tarsalis (Cx. tarsalis) and Culex pipiens (Cx. pipiens) were allowed to feed on an 

individual juvenile alligator at 14 days extrinsic incubation period. Alligators were bled to 

evaluate viremia. Cx. quinquefasciatus exhibited the most successful feeding behavior with 

82.2% (n=37) of mosquitoes engorged and bloodfed, as compared to 31.1% (n=14) bloodfed 

Cx. pipiens and 6.7% (n=3) bloodfed Cx. tarsalis. After feeding on alligators, mosquitoes were 

salivated and carcasses were collected. Of bloodfed mosquitoes, 100% (n=37), 100% (n=14) 

and 100% (n=3) of Cx. quinquefasciatus, Cx. pipiens and Cx. tarsalis were infected (WNV-

positive mosquito body), respectively, at the time of feeding on alligators. Of bloodfed 

mosquitoes, 100% (n=37), 92.9% (n=13) and 100% (n=3) Cx. quinquefasciatus, Cx. pipiens and 
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Cx. tarsalis mosquitoes were transmission-capable (WNV-positive saliva) (Figure 4.4A) 

at the time of feeding on alligators.  

 

Mosquito species Total bloodfed on 

alligator 

Total bodies 

positive  

(% of bloodfed) 

Total saliva 

positive 

(% of bloodfed) 

Cx. 

quinquefasciatus 

37  37 

(100%) 

37 

(100%) 

Cx. pipiens  14 14 

(100%) 

13 

(92.9%) 

Cx. tarsalis 3 3 

(100%) 

3 

(100%) 

 

Figure 4.4A. Artificially-infected mosquitoes used to transmit WNV to alligators 
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Figure 4.4B. Artificially infected mosquitoes of three mosquito species transmitted WNV to 
alligators and alligators developed viremia.  Dotted line indicates limit of detection (102 PFU/ml).  
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All three alligators developed viremia (Figure 4.4B). Interestingly, the alligator fed on by the 

fewest number of mosquitoes (Cx. tarsalis) had high viremia throughout infection with peak titer 

reaching 1.7x105 PFU/mL by 10 days after mosquito transmission. Alligators fed on by more Cx. 

quinquefasciatus and Cx. pipiens also developed viremia, reaching 1.9x103 PFU/mL and 

5.1x105 PFU/mL, respectively.  

Alligator transmission of WNV to mosquitoes with subsequent mosquito saliva transmission  

To assess the potential of alligators as an amplifying host, alligators were needle-

inoculated with WNV and cartons containing each of the three mosquito species were allowed 

to feed 8 days post-infection. Needle-inoculated alligators reached average higher levels of 

viremia, ranging from 1.3x105 to 2.8x105 PFU/mL (Figure 4.5A). Interestingly, this viremia was 

higher and more similar than those infected by mosquito transmission (Figure 4.4B), likely due 

to a higher and consistent inoculum. Cx. quinquefasciatus and Cx. pipiens exhibited similar 

feeding rates with 84.2% (n=48) and 82.3% (n=51) mosquitoes bloodfed (Figure 5A).  
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Figure 4.5A. Needle inoculated alligators developed viremia before we allowed naïve 

mosquitoes to feed on them. Dotted line indicates limit of detection (102 PFU/ml).  

 

 

 

Mosquito species Total bloodfed & 

alive at 14d post 

alligator feed 

Total bodies 

positive 

(% of bloodfed) 

Total saliva 

positive 

(% of bloodfed) 

Cx. 

quinquefasciatus  

48 4 

(8.3%) 

0 

(0%) 

Cx. pipiens 51 2 

(13.7%) 

2 

(3.9%) 

Cx. tarsalis 3 1 

(33.3%) 

1 

(33.3%) 

 

Figure 4.5B. Mosquitoes became infected and had WNV positive saliva after feeding on 
alligators. 
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Similar to the mosquito-to-alligator transmission attempts, very few Cx. tarsalis fed (5.8%; n=3). 

Of bloodfed mosquitoes, 8.3% (n=4), 13.7% (n=2) and 33.3% (n=1) of Cx. quinquefasciatus, Cx. 

pipiens and Cx. tarsalis became infected (WNV-positive mosquito body), respectively. Of 

bloodfed mosquitoes, 0% (n=0), 3.9% (n=2) and 33.3% (n=1) Cx. quinquefasciatus, Cx. pipiens 

and Cx. tarsalis mosquitoes became transmission-capable (WNV-positive saliva) (Figure 4.5B). 

Of infected mosquitoes (WNV-positive body), 0% (n=0), 100% (n=2) and 100% (n=1) Cx. 

quinquefasciatus, Cx. pipiens and Cx. tarsalis became transmission-capable (WNV-positive 

saliva). While feeding and infection rates are variable among mosquito species, both Cx. tarsalis 

and Cx. pipiens had virus-positive saliva, suggesting that they could transmit to a susceptible 

host.  

Discussion  

We experimentally demonstrated the ability of three species of Culex mosquitoes to 

transmit WNV to alligators. These findings are unsurprising given the multiple reports of WNV 

outbreaks in alligators and crocodiles, some of which were likely initiated by mosquito feeding. 

Interestingly, despite drastically different numbers of mosquitoes feeding, all three alligators 

developed viremia. Most impressive were Culex tarsalis, with three bloodfed mosquitoes 

causing the highest peak viremia. While Culex quinquefasciatus mosquitoes exhibited the most 

voracious feeding behavior and represent an important WNV vector in the southeastern US 

where most alligator farming occurs, this preference should be interpreted cautiously as we 

used mosquitoes which are significantly laboratory-adapted. Limited mosquito feeding may be 

related to the fact that mosquitoes were relatively old (29-30 days post emergence) by the time 

they fed on alligators and previously had a full bloodmeal, potentially decreasing willingness to 

refeed.  

 We inoculated alligators with WNV and then fed mosquitoes on them at peak viremia to 

assess the ability of alligators to function as amplifying hosts. At 14 days post-feeding, we 

collected mosquito bodies to assess infection and saliva to assess transmission capability. 
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Needle-inoculated alligator viremias were higher than mosquito-infected alligator viremias, 

measuring up to 105 PFU/mL, levels sufficient to infect mosquitoes. This is unsurprising as the 

needle inoculum was 10,000 PFU and the amount of virus provided when transmission occurs 

from mosquito saliva is much lower and thus it is interpreted as a dose-dependent difference. 

We observed low numbers of each mosquito species being infected (WNV-positive body) and 

occasional individuals in the Cx. tarsalis and Cx. pipiens groups going on to be transmission-

capable (WNV-positive saliva). While the numbers of mosquitoes which fed on the WNV-viremic 

alligators were relatively low, the occurrence of low numbers of mosquitoes becoming 

transmission-capable indicates that alligators can serve as an amplifying host. Interestingly, 

even though few Culex tarsalis mosquitoes fed on the alligators, one of the three bloodfed 

mosquitoes became transmission capable. While results presented here may not necessarily 

provide statistically significant infection and transmission rates in mosquitoes which feed on 

alligators, they do provide proof of concept. Further investigation of ecologically-relevant 

species of Culex mosquitoes utilizing more mosquitoes to adequately assess vector 

competence specific to this amplifying host is needed.  

 We spiked tank water with WNV to assess whether water can function as a source of 

infection during horizontal transmission between alligators. All alligators became viremic, 

indicating that a high level of virus introduced into water can lead to alligator infection. Live virus 

and viral RNA were not detected in water at any time point during these infections, similar to 

previous alligator experiments. This may be the result of a sizeable tank of water diluting out 

virus to levels which were not quantifiable despite being sufficient for alligator infection. This 

may also suggest that alligators are highly susceptible to WNV, even when present in low 

quantities. In one report viral RNA was detected when filtered out of water during experimental 

crocodile transmission; thus, alternative means of water collection and sample preparation for 

extraction should be explored for future experiments (7). Artificial inoculation of water at 

extremely high titers (1x1010 PFU/ml) is unlikely to be biologically relevant, but confirms 
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previous reports that environmental transmission of WNV can occur in the absence of a 

mosquito vector.  

 Given that horizontal transmission within tanks of alligators or crocodiles has been 

reported, we wanted to assess whether mosquito-free transmission between alligators and birds 

may serve as a means for WNV transmission in nature. For potential exposure from alligators to 

birds, we housed birds in cages partially submerged in alligator tank water, which served as the 

only source of drinking water. Our hypothesis was that avian oral and cloacal shedding into the 

tank water could infect alligators. For the reverse experiment, we hypothesized that alligator 

shedding into the tank water could potentially transmit to the birds as they drank that water. 

Transmission between birds and alligators via a shared water source did not result in WNV 

transmission in either direction. Oral and cloacal shedding were detected in the crow and one of 

three robins but live virus and viral RNA were not detected in the water in either experiment. 

Since we also did not detect WNV when we used a large amount of WNV to inoculate tank 

water and successfully infect alligators, it is likely that our means of detection was not sensitive. 

Therefore, during the transmission experiments between birds and alligators it is possible that 

virus was potentially there but not detectable.  Nevertheless, given that the shared water source 

in our experiments is small relative to the amount of water in which alligators exist in nature or in 

farms, this mechanism is an unlikely contributor to natural WNV infection of alligators.  However, 

transmission by mosquito and consumption of infected wild birds or infected feed remain 

plausible and reported sources for the initial infection.  

Conclusion 

We have demonstrated that American alligators are capable of serving as an amplifying 

host for WNV. Further investigations will be necessary to determine to what degree they actually 

contribute to maintenance of WNV in nature and whether this contributes to the overwintering of 

WNV. Our work also showed that mosquito-free transmission by shedding between birds and 

alligators is unlikely. This type of non-vectored transmission does not likely play a major role in 
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WNV maintenance and ecology, but also suggests that shedding birds are not a source 

of the outbreaks which occur in alligator farms. Those outbreaks are likely the result of a 

combination of mosquito to alligator transmission, horizontal transmission between 

alligators via the water and ingestion of WNV-contaminated feed as previously 

described. Previous evidence that consumption of WNV-infected carcasses leads to 

alligator infections still stands. Epizootics in alligator farms are likely to continue given 

that both the farms and natural swamplands of the region are good breeding grounds for 

mosquitoes. These swamplands are also prime habitat for avian amplifying hosts to 

infect the mosquitoes. Further work is necessary to determine how and whether these 

epizootics are related to natural WNV transmission cycles.  
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Concluding Remarks 
 
 
 

West Nile virus (WNV) continues to be an important cause of human arboviral 

neuroinvasive disease. Since the emergence of WNV, outbreaks of chikungunya virus and Zika 

virus, increased incidence of tick-borne encephalitis and continued widespread transmission of 

Dengue continue to highlight the importance of arbovirus research. Undoubtedly, undiscovered 

arboviruses will pose new threats to human and animal health. The two-host system provides a 

uniquely complex environment for viral maintenance and evolution. Understanding the two-host 

system of WNV from an evolutionary and ecological standpoint may grant us foresight for future 

arboviral emergence. To understand the way in which viral populations are shaped, this work 

requires the use of relevant avian hosts and mosquito vectors. It is also important to consider 

the potential contributions of unconventional species to the natural ecology of arboviruses, 

particularly when that virus is as promiscuous as WNV.  Continued vigilance in the realm of 

arbovirology is necessary for the future of public health.  

Experimental WNV Evolution 

Conclusions 

 The hosts in which arboviruses circulate shape the virus’ evolution, allowing for the 

emergence of mutations which have the potential to become established genotypes.  Previous 

work examined the relevant wild birds and mosquitoes in isolation or mosquitoes in combination 

with chicks. Those experiments revealed that American crows exhibit weaker purifying selection 

while robins exhibit strong purifying selection. Examination of mosquito influences supported 

previous findings of viral diversification. We sought to pursue the logical, challenging next step: 

combining the relevant wild bird and mosquito species in cycles of transmission to assess 

effects of specific pairings on viral evolution. Cycles utilizing American crows and Culex pipiens 

were the most successful at transmission, completing three sequential rounds of bird-to-

mosquito transmission in three replicates. This was followed in success by crow and Culex 
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quinquefasciatus cycles. Robin and Culex quinquefasciatus mosquitoes were the least 

successful. These findings suggest that the crow is likely important to viral maintenance in 

nature, potentially as a result of higher levels of viremia. It also suggests that Culex 

quinquefasciatus may provide a fitness disadvantage when paired with crows. Interestingly, all 

pairings exhibited a pattern of decreasing mosquito infection and transmission capability rates 

with each round of transmission. These losses may suggest that viral replication in a large 

range of mosquitoes and birds, as likely occurs in nature, is necessary for viral maintenance.  

Competitive fitness studies using avian sera, mosquito tissues and saliva from transmission 

events exhibited cyclical patterns of more relative fitness in avian sera and less relative fitness 

in mosquito tissues. Sequencing is need to determine whether that pattern correlates with 

previously observed genetic expansion in mosquitoes and restriction in birds.  

Future Directions  

 Abundant opportunities for further exploration exist regarding the findings in this study of 

experimental evolution. Transmission studies using robins and Cx. pipiens would fill the final 

gap in the particular combinations we used. The use of Culex tarsalis in transmission cycles 

would also be prudent given its importance to the natural ecology of WNV. Given the 

progressive decreases in mosquito infection and transmission capability in all cycles that were 

restricted to a single species of bird and mosquito, it would be interesting to perform studies 

using intermixed species to see if that pattern persists. Additional investigations which explore 

ecological variables in nature may add to our understanding of why adequate titer saliva failed 

to infect birds and why adequate viremias did not infect mosquitoes. For example, multiple 

mosquitoes feeding on the same bird, extended periods of mosquito feeding on birds due to 

morbidity and increased probing may increase transmission success in nature.  Sequencing of 

samples that failed to transmit will likely aide our understanding of whether the observed 

transmission patterns are attributable to genetic variation. Given the cyclical nature of 
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competitive fitness assay outcomes, sequencing the viral genomes from these transmission 

studies may also allow us to connect the viral genetic changes to relative fitness.    

Single Cell Analysis of Avian WNV Infection 

Conclusions 

 We assessed the avian single cell viral environment during WNV replication using a 

barcoded virus and observed high levels of intracellular virus which allow for generation of 

defective genomes and genetic complementation. The novel use of this single cell next-

generation sequencing in conjunction with a barcoded WNV technique highlighted the 

importance of single cells to viral population genetics. We observed that high viremia in crows 

functions as a determinant of multiplicity of infection in peripheral blood mononuclear cells, 

leading to polyinfections. Those polyinfections allow for the maintenance of defective genomes 

and rare variants. The long term effect of this finding is that minority variants are allowed to 

persist with the future potential to emerge if provided appropriate environments. To assess 

whether this pattern is maintained in the circulating viremia and whether it would apply when 

rare variants are replaced by lower fitness variants, we performed in vivo competitions using low 

fitness viruses and reference virus.  One low fitness WNV replicated better at higher viremias, 

consistent with our hypothesis. During the second low fitness WNV in vivo competition, we 

observed abbreviated viremia curves in robins and the low fitness virus failed to replicate better 

in crows and robins. These studies highlight the complexity of systemic infections in wild-caught 

birds.  

Future Directions  

 Further investigation of the mechanisms of complementation at the cellular level may 

allow us to better understand how rare and low fitness variants are allowed to persist in viral 

populations. While we utilized PBMCs, the use of barcoded viruses to examine other sites of 

viral replication including avian lymphoid organs may be prudent. Utilizing barcoded viruses and 

in vivo competitions in mosquitoes would allow us to better understand the diversification and 
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bottlenecks which occur in mosquitoes at the single cell level. Additionally, these barcoded 

viruses which allowed us to examine evolutionary effects on variably-represented genotypes of 

WNV can be used to assess multi-infections of viral strains of any virus.  

American Alligator WNV Amplification 

Conclusions 

 Previous examination of natural and experimental infections of American alligators 

indicated relatively high titers for a “dead-end host” which were theoretically sufficient to infect 

mosquitoes. Alligators were also deemed capable of horizontal transmission. Our work which 

aimed how alligators contribute to the natural ecology of WNV demonstrated that transmission 

of WNV from water to alligators is possible, that transmission between birds and mosquitoes by 

a shared water source is unlikely, that mosquitoes readily infect alligators with WNV and that 

alligators are capable of infecting mosquitoes and that mosquitoes are subsequently capable of 

transmission.    

Future Directions  

 Additional work is needed to determine the significance of these experimental findings to 

the natural maintenance of WNV.  Information regarding the potential for chronic WNV infection 

in alligators could potentially point to a mechanism of WNV overwintering. Larger vector 

competence studies which included more mosquitoes and additional species which may serve 

as bridge vectors would allow for the better understanding of how alligators could infect naturally 

larger mosquito populations. Additional studies examining mosquitoes trapped in areas near 

alligator farms at the time of outbreaks as well as collection and filtration of nearby water 

sources may provide convincing evidence of the ways in which these outbreaks occur. Given 

the continued farming of alligators and WNV being a seasonal presence within the United 

States, further research examining the potential to vaccinate alligators may be useful from an 

economic standpoint. Finally, if sufficient evidence is demonstrated to indicate that alligators 
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play a routine role in the maintenance of WNV, it would be prudent to pursue studies which 

assess how replication within the species shapes WNV evolution.   

 

Collectively, this work represents an advancement of experimental evolution work by 

modelling transmission in relevant species, demonstrates the significance of viremia and the 

single cell environment to WNV evolution and demonstrates the potential of alligators to 

contribute to natural WNV ecology.  
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Appendix 
 
 

 
Supplementary Methods 

Establishing an Amplicon Targeted Sequencing Approach  

To overcome sequencing errors and PCR-mediated recombination that might introduce 

biases (Gorzer et al., 2010; Jabara et al., 2011; Keys et al., 2015; Meyerhans et al., 1990), we 

adjusted a library preparation strategy established by (Zhou et al., 2015). This strategy offers 

the inclusion of a stretch of degenerate nucleotides included into the cDNA synthesis primer that 

enables “tagging” of the input cDNA template before proceeding on to PCR amplification steps. 

This stretch of nucleotides served as an identifier sequence and was previously referred to as 

“Primer ID” (Zhou et al., 2015). 

Since the focus of this study was to identify intra-host viral genetic diversity and we 

specifically aimed at sequencing single cells carrying a plethora of viral genomes, it was 

important to be able to identify low frequency genomes and to have as low sequencing bias as 

possible The inclusion of the Primer ID sequence allowed each original template copy to be 

tagged with an identifier sequence. Finding multiple identical Primer ID sequences during the 

analysis process of the sequencing products indicated that genomes tagged with the same 

Primer ID originated form a single original input template. These were subsequently collapsed to 

create a consensus sequence for each original template.  

We adapted the Primer ID approach to the Illumina MiSeq platform and amplified a 335 

bp long fragment within the WNV genome that included the barcoded region within the NS4b 

segment (Supplementary figure 2, table of Illumina barcodes used for this study, excel sheet 

table-Illumina barcodes used for sample multiplexing, (Zanini et al., 2018a). Library preparation 

is further detailed in the Experimental procedures section. Using the Primer ID method we were 

able to generate libraries from an input of as little as 50 viral genomes (Supplementary Methods 

Figure 1).  
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Supplementary Figures  
 

 
Supplementary Figure 1. Organ titers during infection with BC-WNV. (A) Titers of various organs 
in American crows during BC-WNV infection as determined by plaque assays (PFU/mL in log10). 
(B) Titers of various organs in American robins during BC-WNV infection as determined by 
plaque assays (PFU/mL in log10).  

 

 

Supplementary Figure 2. (A) Table of illumina barcodes. (B) Table of primers for illumina sample 
multiplexing and primer ID. (C) Determination of limit of Primer ID detection.  
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Figures included below are experiments associated with chapters 2 and 3 that were performed 

with antibody-positive robins.  

 

Supplementary Figure 3. Corresponds to Chapter 2, Figure 2.3. Mosquito infection and 
transmission-capability occur despite feeding on WNV antibody-positive robins. Culex 
quinquefasciatus and Culex pipiens mosquitoes were fed on a WNV-infected WNV antibody-
positive robin at 1 dpi and 3 dpi (x-axis) and held for 14 days extrinsic incubation period for 
dissection. Mosquito bodies and saliva were collected and assessed as WNV-positive or WNV-
negative by plaque assay (y-axis).  
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Supplementary Figure 4. Corresponds to Chapter 2, Figure 2.4. Experimental WNV 
transmission cycles proceed despite the presence of a WNV antibody-positive robin at initiation 
of one replicate. Mosquito transmission to another WNV antibody-positive bird fails to lead to 
viremia. The viral titer (y-axis) of avian sera and mosquito saliva at each transmission event are 
shown. WNV antibody-positive birds are denoted in red.  
 

 

Supplementary Figure 5. Corresponds to Chapter 2, Figure 2.6. Transmission cycle sera and 
mosquito samples exhibit variable competitive fitness in vitro. WNV-positive avian sera (x-axis, 
A), mosquito legs/wings (x-axis, L/W) and saliva (x-axis,S) from each transmission event were 
mixed with equal Plaque Forming Units (PFU) of a reference virus (WNVic-REF) and incubated 
on DF1 cells in duplicate. The proportion of the transmission cycle product present at 2 days 
post incubation is shown (y-axis). WNV antibody-positive robin is denoted in red.  Bar=SEM.  
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Supplementary Figure 6. Corresponds to Chapter 3, Figure 3.7A. Avian Viremia During Low 
Fitness WNV-WNVic-REF Competitions. Mean viremia (PFU/mL in log10) of a WNV antibody-
positive American robin during Low Fitness WNV 1 and WNVic-REF competitions as 
determined by plaque assay. 

 

Supplementary Figure 7. Corresponds to Chapter 3, Figure 3.8. In vivo low fitness WNV vs 
WNVic-REF competition. Percent of low fitness competitor (y-axis) present during competition of 
low fitness virus 1 against WNVic-REF in crows and robins (Bar=SEM). WNV antibody-positive 
American robin 2 is denoted in red.  

 


