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ABSTRACT 
 
 
 

ADSORPTIVE SEPARATIONS OF PHYTOCANNABINOIDS AND PESTICIDES IN THE  

LIQUID PHASE 
 
 
 

Cannabis sativa L. is among the oldest crops, and globally distributed by humans for 

fibrous, medicinal, and recreational uses.  Cannabis is perhaps best known for biosynthesis of 

physiologically active molecules called cannabinoids.  There are over 120 known cannabinoids 

produced by Cannabis sativa L. but quantitative analysis of most is limited by their low 

abundance in the plant.  Research on those lesser-studied cannabinoids has the potential to open 

a broad field of applications for the cannabis plant and the burgeoning cannabis industry.  A 

primary agricultural, commercial, and user health concern with cannabis is pesticide 

contamination.  Contamination by unapproved pesticides necessitates remediation prior to sale, 

which can be difficult to perform, as well as temporally and materially expensive.  At the 

benchtop-scale, cannabinoids and pesticides are commonly resolved and quantitated using high-

performance liquid chromatography (HPLC) coupled with either diode-array (DAD) or tandem 

mass spectrometry (QQQ) as the detection method.  The cannabis plant is notoriously complex, 

necessitating creative approaches to separation strategies.   

Chapter 2 reports on the development of an HPLC-QQQ method for simultaneously 

detecting 25 cannabinoids and 9 pesticides and advances the field of cannabis chemistry in five 

ways.  First, to my knowledge, quantifying 25 cannabinoids in a single HPLC-QQQ method is 

more than has previously been reported, allowing for deeper investigations of cannabis.  Second, 

this method simultaneously measures pesticides and cannabinoids in numerous sample types, 
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addressing a primary concern for the industrial cannabis chemistry.  Third, this method improves 

the LOD and LOQ of HPLC-DAD methods (neat solvent) by approximately 50x.  Fourth, this 

method chromatographically resolves ∆8-tetrahydrocannabinol (∆8-THC) and ∆9-

tetrahydrocannabinol (∆9-THC), two cannabinoids with high structural similarity but different 

regulatory statuses.  Fifth, this work reports preliminary investigations into the use of extracted 

hops flower as a calibration matrix.   

Chapter 3 evaluates the suitability of MIL-53(Al), a commercially available metal-

organic framework (MOF) as a stationary phase for cannabinoid separations.  The suitability of a 

MOF for a given separation is limited by the ability of a given molecule to enter the pore of the 

MOF.  To evaluate the extent of possible adsorptive interactions between cannabinoids and the 

interior surface area of MIL-53(Al), the Radii of Gyration (Rg) and Solvent Accessible Surface 

Areas (SASAs) were calculated for three cannabinoids: cannabidiol (CBD), cannabinol (CBN), 

and Δ9-THC, as well as the MOF.  These values were used to calculate the theoretical adsorption 

capacity of the MOF, using four competing adsorption models.  The Rg of cannabinoids (4.1 Å) 

is larger than one MOF pore aperture dimension (4.0 x 5.0 Å).  The adsorption capacity was 

measured by relating a decrease in cannabinoid concentration in acetonitrile when exposed to 

100 mg MOF.  Cannabinoid uptake by the MOF was estimated using the relative standard 

deviation (RSD) of the soaking solution assay, as the Decomposition-Corrected RSD as Uptake 

(DCRU).  The DCRU was calculated as 0.007 ± 0.004 µgcannabinoids/mgMOF.  These findings 

indicate that most of the MOF surface area was inaccessible for adsorption by cannabinoids due 

to size-exclusion effects.  The implication of this work is that the suitability of a MOF for 

adsorptive separations, such as liquid chromatography, must have an upper limit for size of the 
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analyte.  Additionally, MOFs may generally be more suitable for separations in the gas phase, 

where adsorbates are not hindered by the presence of a solvation shell. 

Chapter 4 reports on a benchtop-scale high performance liquid chromatographic method 

that was developed as a proof-of-concept for preparative-scale liquid chromatographic 

separation.  Six industrial hemp process matrices were spiked (flower, ethanol crude extract, CO2 

crude extract, distillate, distillation mother liquors, and distillation bottoms) with commonly used 

pesticides carbaryl, boscalid, and Spinosad, then evaluated differences of spike recovery and 

pesticide retention based on sample matrix through a 2.7 µm octyldecylsilane column.  Then, the 

retention times of carbaryl, boscalid, Spinosad, and 8 additional unapproved pesticides were 

compared to those of 26 cannabinoids and the cannabinoid precursor olivetol for possible simple 

fractionation.  Clothianidin, imidacloprid, carbaryl, olivetol, diuron, Spinosad, and myclobutanil 

eluted in the first 3.6 minutes, and all cannabinoids (except for 7-OH-CBD) eluted in the final 

12.6 minutes of the 19-minute gradient for all matrices evaluated.  Thus, the present method is 

suitable for 6/11 pesticides and 25/26 cannabinoids evaluated, and 7-OH-CBD (RT: 3.4 min), 

pyrethrins I and II (RTA: 6.8 min, RTB: 10.5 min), permethrin (RTA: 11.9 min, RTB: 12.2 min), 

and piperonyl butoxide (RTA: 8.3 min, RTB: 11.7 min), will require additional purification steps 

than presently reported.  Preliminary separations using larger particle-size C18 are ongoing but 

require further optimization prior to method transfer.  The resolution of pesticides from 

cannabinoids in this method indicates that eluent fractionation is a highly attractive solution for 

pesticide remediation of contaminated cannabis materials and targeted isolation of cannabinoids. 

 The work presented in this dissertation advances the field of cannabis chemistry and 

cannabinoid separations by increasing the number of cannabinoids and pesticides simultaneously 

analyzed by HPLC-QQQ, quantitative resolution of ∆8- and ∆9-THC, the first report of using a 
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MOF for adsorptive separation of cannabinoids, observation of matrix-specific pesticide 

extraction efficiencies, and development of a benchtop-scale method toward the goal of 

preparative-scale method for strategic fractionation, remediation, and isolation of 26 

cannabinoids and 11 pesticides.  
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CHAPTER 1 – INTRODUCTION 
 
 
 

1.1 Overview 

Cannabis sativa L. is one of the oldest crops, and globally distributed by humans for 

fibrous, medicinal, and recreational uses.1 It may have been used as long as 10,000 years ago, 

and cultivation in China has been documented for at least 6000 years.2–4 Cannabis is the most 

common illegal drug crop in the world, but has recently seen a trend towards legalization as 

attitudes towards prohibition change.5–7 In Colorado alone, cannabis sales were over $2.2 billion 

in 2020 and 2021, and $906 million for January-June 2022.8  

Cannabis is perhaps best known for biosynthesis of physiologically active molecules 

called cannabinoids.  There are over 120 known cannabinoids produced by Cannabis sativa L. 

but quantitative analysis of most of these cannabinoids is limited by their low abundance in the 

plant.9–12 It is known that cannabinoids elicit physiological effects within the body via 

interactions with CB1 and CB2 receptors in the endocannabinoid system, but much of what is 

known about these effects is limited to a small number.12–14 Research on those lesser-studied 

cannabinoids has the potential to open a broad field of applications for the cannabis plant and the 

burgeoning cannabis industry.10,15  

Pesticide contamination is a primary agricultural, commercial, and user health concern 

for cannabis.16–18 State regulatory agencies set acceptability criteria for approved and non-

approved pesticides.  In Colorado, acceptable pesticides and concentration in consumer cannabis 

products are set by the Marijuana Enforcement Division (MED).19,20 As of August 2022, there 

are 417 MED-approved pesticides.21 Contamination by unapproved pesticides necessitates 

remediation prior to sale, which can be difficult to perform, as well as temporally and materially 



 
 2 

expensive.   

At the benchtop-scale, cannabinoids and pesticides are commonly resolved and 

quantitated using high-performance liquid chromatography (HPLC) coupled with either diode-

array (DAD) or tandem mass spectrometry (QQQ) as the detection method.22,23 The benefit of 

this approach is that cannabinoids can be resolved in reverse-phase HPLC methods.24–26 The 

literature tends to focus on those cannabinoids occurring in the greatest abundance, due to 

availability of reference materials, regulatory environments, and ease of detection.27 Namely, 

non-psychotropic cannabidiol (CBD) and psychotropic ∆9-tetrahydrocannabinol (∆9-THC).28,29 

The molecular structures of ∆9-THC and CBD are shown in Figure 1.1. 

 

Figure 1.1.1: Molecular structures of A) non-psychotropic cannabidiol (CBD) and B) 

psychotropic ∆9-tetrahydrocannabinol (∆9-THC). 

  The cannabis plant is notoriously complex, necessitating creative approaches to 

separation strategies.30,31 Cannabis is a highly complex matrix that requires clean-up steps.32 

Cannabis samples used in this dissertation were cleaned using QuECHERS (Quick, Easy, Cheap, 

Rugged, Effective, and Safe) extraction, filtered through 0.2 µm polytetrafluoroethylene (PTFE), 

and where possible, diluted with neat solvent.  The net impact of these clean-up steps is a lower 

signal-to-noise ratio, fewer interfering matrix components, and less complicated analysis.   

This work initially sought to improve sensitivity and selectivity of HPLC separation to 

assay a greater number of cannabinoids than previously reported, using HPLC-QQQ.15,33,34 This 

work then sought to further improve on existing methods by simultaneously analyzing work that 

A B
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quantitatively separates cannabinoids and pesticides together.  Increasing the number of 

measurable cannabinoids and identifying which matrices they are most abundant in, facilitates 

their eventual strategic isolation at the preparative scale.35,36 A multi-dimensional approach to 

separation and isolation of cannabinoids and other molecules of interest such as pesticide 

contaminants is necessary to improve upon existing separation techniques and technologies.37,38  

This work investigated two benchtop strategies for adsorptive separations of 

cannabinoids and pesticides within a variety of industrial processing sample types.  The eventual 

goal of strategically isolating low-abundance cannabinoids or remediating pesticides from those 

same industrial matrices.  This work seeks to improve on existing benchtop separation methods 

for a broad array of cannabinoids and pesticides, with the eventual goal of larger-scale isolations 

for remediation, industrial, or clinical applications.  The following subsections present a 

summary of key topics necessary to understand the work herein reported. 

 

1.2 Cannabinoids 

Cannabinoids are a class of molecules that interact with the body’s endocannabinoid 

system and are classified into three groups: endocannabinoids, phytocannabinoids, and synthetic 

cannabinoids.39–41 Endocannabinoids are naturally occurring molecules produced by the human 

body, synthetic cannabinoids are non-naturally occurring, and phytocannabinoids are produced 

by plants.42–44 Cannabinoids studied in this dissertation are specific to the cannabis plant and thus 

phytocannabinoids, however, will be generally referred to as ‘cannabinoids’ for the purpose of 

colloquial simplicity.  Cannabis-derived cannabinoids are enzymatically produced in the plant by 

a common pathway starting from olivetolic acid and geranyl pyrophosphate.  Cannabinoids are 

predominately biosynthesized in trichomes in the female flowers and produced in the acid form.  
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Cannabinoid acids are then decarboxylated through non-enzymatic processes (heat, light), then 

further differentiated by oxidation and isomerization.  Figure 1.2.1 demonstrates the synthetic 

pathways of cannabigerolic acid (CBGA), cannabigerol (CBG), ∆9-tetrahydrocannabinolic acid 

(THCA), cannabichromenic acid (CBCA), cannabidiolic acid (CBDA), cannabichromene (CBC), 

THC, CBD, and ∆8-tetrahydrocannabinol (∆8-THC). 

 

1.3 Pesticides 

 A primary concern for the cannabis industry is crop contamination with pesticides.  16–18 

Despite clear and stringent pesticide regulations, it is still possible that unapproved pesticides 

may contaminate cannabis materials.  This can be due to cross-contamination from adjacent 

fields or poor cultivation practices by growers.45 Three examples of unapproved, contaminant 

pesticides evaluated in this work are boscalid, carbaryl, and diuron, their structures are shown in 

Figure 1.3.1.  Six additional pesticides were evaluated in this work and will be discussed in 

Chapters 2 and 4. 

 

Figure 1.3.1: Molecular structures of pesticides A) boscalid, B) carbaryl, and C) diuron. 

 

1.4 High-performance liquid chromatography 

 High-performance liquid chromatography (HPLC) is a benchtop-scale separation 

technique, where analytes are separated by selective partitioning between a solid stationary and  

A B C
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Figure 1.2.1: Synthetic pathway of cannabinoids CBGA, ∆9-THCA, CBCA, CBDA, CBG, CBC, 
CBD, ∆9-THC, CBN, and ∆8-THC. 
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liquid mobile phase.46–49 Stationary phase is defined as an adsorptive material, such as 

octyldecylsilane, which is packed into a column.  The stationary phase packing and particle size 

are highly regular throughout the column.  A mobile phase is a fluid which carries aliquots of 

sample through the instrument and drives analytes across the column packed with stationary 

phase.  Mobile and stationary phase compositions are critical parameters in HPLC method 

development.  A basic instrument schematic is presented in Figure 1.4.1.   

 

Figure 1.4.1: Basic schematic showing HPLC instrument flow path.  A mobile phase of aqueous 
and organic fractions carries aliquots of sample across a stationary phase, then on to a detector 
and finally, waste.  Detector data is compiled and analyzed by the chemist on a computer.   

The mobile phase composition may stay the same throughout the analysis (isocratic) or 

change according to a pre-determined gradient.50,51 HPLC separations reported in this 

dissertation were performed in the reverse-phase, and all methods reported in this work involved 

gradient separations.  The general gradient strategy of reverse-phase HPLC is to equilibrate the 

column with a polar (aqueous) fraction and then increase the non-polar (organic) fraction.52 

Analyte partitioning is driven by the relative polarity of analytes, mobile phase, and stationary 
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phase.53,54 For example, non-polar analytes will have greater affinity for the stationary phase 

when the polar mobile phase fraction is high, whereas more polar analytes will have greater 

affinity towards the mobile phase under the same conditions.55,56 Analytes with greater affinity 

for the mobile phase will move more quickly through the column, and thus be detected early in 

the eluent.55 The mobile phase composition changes toward 100% organic as the gradient 

proceeds, and analyte partitioning changes based on the composition.57 More non-polar analytes 

begin to elute as the organic fraction increases, culminating in a 100% organic wash.  The mobile 

phase composition is then returned to initial conditions and the column re-equilibrated prior to 

subsequent injection.   

Separations reported in this dissertation utilized a compositional gradient of 0.1 % (v/v) 

phosphoric/formic acid in both water (mobile phase A, MPA) and ACN (mobile phase B, MPB).  

Acid selection will be discussed in section 1.3.  The aqueous fraction of eluent was 40 % or 

lower and all separations occurred at pressures between 80-200 bar.  Mobile phase pH is an 

important factor in analyte retention times in RP-HPLC because the protonation state/charge of 

analytes will be influenced by the solvent environment.58 Within the scope of this dissertation, 

mobile phase pH is especially important for separation of cannabinoid acids containing a 

carboxylate motif.  59  

MPA and MPB are drawn into the instrument, passed through a degasser, mixed at a 

known ratio, then pumped at high pressure through a stainless-steel column packed with 

stationary phase.60 After passing through the column, the mobile phase passes to a detector and 

then to waste.   

Two HPLC detectors were used in this work and are described in detail in sections 1.5 

and 1.6.  In either case, the detector records a response relative to a baseline value that is 
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presented in a chromatogram and analytes appear as peaks in the chromatogram.  An ideal peak 

will have gaussian shape with high symmetry.64 The area bound by the baseline and absorbance 

signal is calculated by integration.64 The baseline is defined as the average instrument response 

during normal operation in the absence of analyte, within 0.3 minutes of beginning and end 

points of peak integration.  There will be some noise in the instrument signal and can be caused 

by a number of factors such as electronic fluctuations, minor variations in eluent composition, 

etc.  The method sensitivity is defined by the ratio of signal to noise coming from the detector. 

The peak area of the unknown sample is plotted along the external calibration curve to 

determine the concentration.  The method is suitable for concentrations within the linear range.  

The linear range is the region where change in analyte concentration scales with peak area.65 The 

upper bound is the limit of linearity.65 There are two regions at the low end of the linear range: 

the limit of detection (LOD) and limit of quantitation (LOQ).65 The LOD is defined as three 

times the signal-to-noise ratio of the baseline signal.66 The LOQ is defined as ten times the 

signal-to-noise ratio.66 Measurements made between the LOQ and LOD are considered 

qualitative rather than quantitative – in other words, “we know that it’s there but we can’t 

confidently say how much of it there is.”  

 

1.5 Diode array detection 

 Diode array detection (DAD) measures light absorbance through a flow cell over 

time.61,62 The Agilent 1260 Infinity II (detector PN: G7115A) has two long-life deuterium lamps 

and can measure 190-950 nm.63 The control software used in this dissertation was Agilent 

OpenLAB CDS Acquisition version 2.5.0.842, which allows for up to 8 individual wavelengths 

to be selected and full absorption spectra to be collected.  The signal is zeroed at initial 
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conditions and plotted over time.  This data is plotted as a chromatogram.  An example 

chromatogram is presented in Figure 1.5.1.  A single analyte with peak absorbance  = 200 nm 

in isocratic conditions will appear as a “peak.” Peak shape can be used as an indicator of column 

suitability.64  

 

Figure 1.5.1: A representative chromatogram of a single-component solution.                     
Sample: 145 µg/mL olivetol. 

 The peak area of integration scales linearly with analyte concentration.  Quantitative 

measurement of a known analyte with unknown concentration can be done in four ways: external 

calibration, standard addition, matrix spike, or internal standard.62 Methods described in this 

dissertation used external calibration.  A known amount of standard is diluted to produce a stock 

solution of known concentration, then diluted to produce multiple solutions of lower, known 

concentrations.  Peak area for each standard solution is plotted against concentration.  The 

trendline should be linear with square of the residuals (R2) 0.999 or greater.  This is a calibration 

curve; a representative calibration curve is presented in Figure 1.5.2.   
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Figure 1.5.2: A representative five-level calibration curve.  Calibration levels and a check 
standard are depicted with blue squares and a yellow diamond, respectively.  Sample: CBD in 
ACN solution. 

 For separations involving two or more analytes, each analyte must elute separately before 

passing through the detector.  Ideally, all chromatographic peaks will have baseline resolution.  

A representative chromatogram showing baseline resolution of two analytes is presented in 

Figure 1.5.3.   

 

Figure 1.5.3: A representative chromatogram of a two-analyte solution, demonstrating baseline 
peak resolution.  Sample: 5.1 µg/mL CBG and 5.0 µg/mL CBD in acetonitrile. 

Unresolved peaks can be integrated by the area bound by the baseline, instrument signal, 

and the timepoint where the signal minimum occurs, but at a cost to accuracy.  This is called 

drop integration.  DAD is also limited to analytes with chromophores in the detector range.  
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Matrix interference can occur when background species with some absorbance at the analytical 

wavelength coelute with the analytes.  For this reason, sample preparation must be considered 

during method development, and clean-up steps to remove interfering species may be needed.   

 

1.6 Triple-quadrupole mass spectrometry  

 Triple-quadrupole mass spectrometry, also known as tandem mass spectrometry, resolves 

analytes by their mass-to-charge ratios (m/z) by passing them through a series of quadrupoles 

under vacuum.67 The system used in this work ionized eluent via electrospray ionization, where 

the eluent is passed through a nebulizer and dried with hot nitrogen, which removes the solvent 

shell and effectively vaporizes analytes at ambient pressure.  Separations in this dissertation were 

performed in acidic mobile phase so excess protons are also left behind when the solvent shell 

evaporates, giving the analytes a positive charge.  The charged particles are then drawn into the 

detector at 90° and focused through an acceleration chamber.  The ion stream and internal 

schematic of the detector are shown in Figure 1.6.1.   

 
Figure 1.6.1: Instrument schematic showing the path charged ions take through the detector. 
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 The benefit of using multiple quadrupoles is that it increases molecular specificity.  

Precursor ions of only a specific mass are drawn into the ion stream then obliterated with high 

temperature nitrogen in the collision cell. The product ions produced in the collision cell from a 

given precursor ion will occur in a predictable ratio, and the second quadrupole then selects for 

those specific product ions (previously optimized).  The analyte is quantified using the product 

ion of highest abundance, and then confirmed by the ratio of secondary product ions also 

detected (qualifier ions).  Figure 1.6.2A depicts two mass transitions of CBE (precursor m/z = 

331.2).  The highest abundance product ion has a mass-to-charge ratio of 109.1 and the 

qualifying product ion has a mass-to-charge ratio of 135.1.  Figure 1.6.2B shows the mass 

spectrum of the CBE precursor and product ions reaching the detector. 

 
Figure 1.6.2: Tandem mass spectrometry data for CBE eluting at RT = 6.94 min.  A) The black 
trace is the quantifying mass transition (331.2 to 109.1 m/z), and the blue trace is the qualifying 
mass transition (331.2 to 135 m/z).  B) Mass spectrum of the integrated CBE peak.  The 331.2 
m/z precursor ion is represented with a blue diamond, and the 135.1 and 109.1 m/z product ions 
are indicated with blue triangles.  The magnitude of the quantifying mass transition is greater 
than that of the qualifying mass transition. 
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1.7 Metal-organic frameworks 

 Metal-organic frameworks (MOFs) are a class of materials composed of metal ion nodes 

linked by organic molecules in an infinite array.68 MOFs are highly tunable due to the broad 

variety of metals and organic molecules.69 As of 2022, there were over 89,864 MOFs in the 

Cambridge Crystallographic Database (CCD).70 MOFs are porous and notable for their 

characteristically high surface areas; many have hundreds or thousands of square meters per 

gram of material.71 The highest reported surface area for MOFs are over 7000 m2/g.72 General 

MOF structure, as well as that of commercially available MOF MIL-53(Al), are presented in 

Figure 1.7.1. 

 
Figure 1.7.1 A) Metal-organic frameworks are self-assembling, repeating arrays of metal nodes 
connected by organic linker molecules.  B) MIL-53(Al), sold commercially as Basolite A100, is 
a MOF discussed in detail in Chapter 3.  Greyscale MIL-53(Al) framework adapted from 
Loiseau et al (2004).73 

+Metal Organic Linker MOF

+

Al3+

from Al(NO3)3

1,4-benzenedicarboxylate 

(BDC)

From Na2BDC

MIL-53(Al)

Al(OH)[BDC]

+
220 °C
72hr

H2O

Al3+

B

Al3+

A



 
 14 

The high surface areas of MOFs make them potentially useful for adsorptive separations, 

where adsorption capacity corresponds to surface area.74 Most of the MOF surface area is in the 

interior, and access to that surface is limited to molecules able to diffuse through the pores.75 

Solvent molecules are small enough to diffuse through the framework and fill internal pores as 

guest molecules.  These guest molecules can interfere with surface area measurements, so 

samples must be activated under vacuum prior to analysis.  The effect of guest molecules in the 

framework is to skew surface area measurements negatively.  Solvent removal is aided by heat, 

but the framework can thermally degrade at high temperatures, so heat stability is an important 

consideration in method development.  In a previous study, our group investigated the 

parameters affecting adsorption of the uremic toxin p-cresyl sulfate by a group of zirconium 

MOFs and MIL-100(Fe), and found poor correlation between adsorption and surface area or pore 

volume.38 The presence of a solvation shell around adsorbates in the liquid phase may increase 

the effective adsorbate dimensions of the substrate and thus further limit diffusion into the MOF.  

For this reason, the utility of MOFs’ high surface area may have an upper limit for adsorptive 

separations. 

Chapter 3 will discuss the selection of the commercially available MIL-53(Al) in depth.  

Briefly summarized, MIL-53(Al) is composed of terephthalate linkers and Al3+ metal nodes.24 

MIL-53(Al) has the potential to improve upon commercially available stationary phases for 

adsorption-driven reverse phase liquid chromatographic separations, because MIL-53(Al) is 

unique among MOFs due to its stability in liquid water for at least 6 months and its reported 

stability between pH 2-12 over the same timeframe.25–27 MIL-53(Al) has a reported Brunauer-

Emmett-Teller (BET) surface area up to1706 m2/g.24,26–32 MIL-53(Al) has previously been used 

as a stationary phase in liquid chromatography to separate mixtures of phthalate acid esters.37 
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The stability in aqueous environments and across a wide pH range makes MIL-53(Al) a 

promising candidate for more generalized adsorptive separation applications in the liquid phase. 

 

1.8 Brunauer-Emmett-Teller Surface Area 

This dissertation reports MOF surface areas measured by Brunauer-Emmett-Teller (BET) 

analysis.76,77 The general analytical flow was as follows.  A sample tube was evacuated, then 

cooled to -77.4 K with liquid nitrogen and nitrogen gas was added back in known amounts.78 The 

pressure in the tube is measured and related to amount of adsorbed nitrogen.77 Pressure data is 

collected for both adsorption and desorption and is plotted as an isotherm.  The surface area is 

calculated using the molecular dimensions of the adsorbing gas.  The shape of the isotherm 

depends on the sample type.  For example, type II isotherm is indicative of mesoporous sample 

with pore apertures 2 – 50 Å.76 A representative type II isotherm is presented in Figure 1.8.1.   

 
Figure 1.8.1: A representative Type II BET isotherm.  Sample: MIL-53(Al) soaked in acetonitrile 
and degassed at ambient temperature.78 

Type II isotherms have three characteristic regions.  The first is a steep, positive slope at 

low partial pressures, and corresponds to formation of a monolayer on the sample surface.77 
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Second is a gentle, positive slope at middle partial pressures, corresponding to the formation of a 

multilayer.77 Third is a steep, positive slope at high partial pressures, corresponding to adsorptive 

saturation.77 The BET surface area is calculated from the slope of region one, at partial pressures 

0.05 ≤ po/p ≤ 0.30, ideally with at least 5 points.76  

 

1.9 Dissertation outline  

The following dissertation investigates adsorptive separations of cannabinoids and 

pesticides using a three-fold approach and advances the field of analytical separations by: 

1. Increasing the number of simultaneous cannabinoids and pesticides measured by an 

HPLC-QQQ method. 

2. Reports the first investigations into cannabinoid adsorption using a MOF. 

3. Probes the suitability of preparative-scale chromatography for pesticide remediation 

and cannabinoid isolations using HPLC.   

Chapter 2 describes a high selectivity method for simultaneous analysis of 25 

cannabinoids and 9 pesticides using HPLC-QQQ.  Analytes were calibrated using a six-level 

external calibration curve, each with R2 ≥ 0.999, and quantified in 6 different cannabis matrices.  

The matrices analyzed were raw flower, ethanolic crude extract, supercritical CO2 crude extract, 

distillate, distillation mother liquor, and distillation bottoms.  The method advances current 

methods by resolving ∆8- and 9∆-THC in standard solution and increasing the number of 

simultaneous cannabinoids analyzed by 8 species as well as adding 8 pesticides.  One challenge 

of accurate quantitation in cannabis samples is the lack of a suitable matrix blank.  Chapter 2 

reports on investigation of the suitability of extracted Humulus lupulus (common hops, var.  

Cascade), spiked with cannabinoids and pesticides, toward development and validation of an 
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advanced calibration matrix.  Additionally, analyses of samples with different dilutions had 

problems with reproducibility.  Chapter 2 discusses strategies to address these reproducibility 

issues as method optimization steps, although this work is ongoing.  Finally, multiple peaks were 

observed in MRM data for some cannabinoid acids, and possible structural isomerism of the 

analytes is presented.  Chapter 2 is currently in preparation for submission to the ACS journal 

Analytical Chemistry. 

Chapter 3 investigates the use of a commercially available, high surface area MOF, MIL-

53(Al), for adsorption capacity and selectivity of ∆9-THC, CBD, and CBN.  These three 

cannabinoids were selected because they are produced in relatively large amount by the cannabis 

plant.  This was the first reported study using a MOF for cannabinoid separations.  This work 

challenges the assumption that the high surface area and solvent stability of MOFs are primary 

concerns for using a MOF as an adsorbent, by demonstrating access to the MOF interior is 

limited by the relative size of the pore window aperture to the adsorbate.  This study used BET 

surface area, HPLC-DAD, HPLC-QQQ, and computational modeling as complementary 

methods to reductively eliminate competing adsorption hypotheses.  This work suggested that 

cannabinoid adsorption to the MOF is size limited by the computed molecular radius of gyration 

(Rg) relative to the pore aperture.  Rg of THC, CBD, and CBN = 4.1 Å, Rg of ACN = 3.3 Å, and 

the pore window R1 of MIL-53(Al) = 4.0 Å.  Thus, solvent (ACN) molecules are able to 

penetrate into the bulk of the MOF, but cannabinoids are size-excluded from accessing the MOF 

interior surfaces.  Figure 1.9.1 graphically summarizes this finding.  This work was published in 

ACS Applied Materials as an original research article.   
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Figure 1.9.1: Cannabinoids have an Rg = 4.1 Å and cannot pass through the pore aperture (Rg = 
4.0 Å).  ACN solvent molecules have an Rg = 3.3 Å and can pass into the bulk MOF.  This work 
indicates that access of an adsorbate to the interior surface area of a MOF is size-limited by the 
adsorbate radius of gyration relative to the pore aperture size. 

Chapter 4 describes a benchtop gradient separation method to resolve 11 pesticides from 

26 cannabinoids, and the precursor molecule olivetol in cannabis samples, with the aim of scale-

up to a preparative scale separation.  Chapter 4 includes a study on extraction efficiency of 

pesticides in the 6 sample types using the QuECHERS EN method.  Clothianidin, imidacloprid, 

carbaryl, olivetol, diuron, Spinosad, and myclobutanil eluted in the first 3.6 minutes, and all 

cannabinoids (except for 7-OH-CBD) eluted in the final 12.6 minutes of the 19-minute gradient 

for all matrices evaluated.  Thus, the present method is suitable for simple fractionation of 6/11 

pesticides and 25/26 cannabinoids evaluated on 2.7 µm C18 Poroshell media.  7-OH-CBD, 

pyrethrins I and II, permethrin, and piperonyl butoxide will require additional purification steps 

beyond the present gradient.  Preliminary benchtop separations using 10 µm C18 stationary 

phase are ongoing but require further optimization prior to method transfer.  Carbaryl, boscalid, 

and Spinosad were spiked into six industrial cannabis processing matrices: flower, ethanol crude 

extract, CO2 crude extract, distillate, distillation mother liquor, and distillation bottoms.  Percent 

spike recoveries were calculated for all three pesticides, and it was observed that ethanolic crude 

extract had the largest recovery for all three pesticides, and the RSDs of spike recoveries of the 
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individual matrices were significantly smaller compared to all samples.  A key finding is that 

matrix composition must be considered when extracting samples for pesticide remediation. 

Key outcomes from this work were improvement in the number of cannabinoids detected 

by HPLC-QQQ, a method for simultaneous quantification of 25 cannabinoids and 10 pesticides, 

the first investigation of a MOF for cannabinoid separation and demonstrating that the 

adsorption-accessible surface area is size limited, that gradient elution of pesticide-contaminated 

cannabis materials through an on 2.7 µm C18 Poroshell column is sufficient to fractionate 6/11 

pesticides, olivetol, and 25/26 cannabinoids, and indicates that preparative-scale liquid 

chromatography could be used to remediate or isolate those compounds of interest. 

The field of cannabis chemistry will be advanced through future developments of the 

work presented herein in the following ways.  The HPLC-QQQ method reported in Chapter 2 is 

validated in neat solvent, but additional sample clean up and development of a suitable 

calibration matrix are necessary prior to accurate quantitation and method validation for cannabis 

samples.  Advancing adsorptive separation studies of cannabinoids or pesticides using MOFs 

reported in Chapter 3 will require a different MOF with larger pore aperture than MIL-53(Al).  

Ideally, a MOF with the same solvothermal stability as MIL-53(Al), which may require 

development of new synthetic methods in our research group.  Preliminary experiments for 

benchtop-scale separations reported in Chapter 4 using 10 µm C18 stationary phase are ongoing 

but require further optimization prior to method transfer to preparative-scale.   
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CHAPTER 21 – SEPARATION AND QUANTITATION OF MINOR CANNABINOIDS AND 

 PESTICIDES IN SIX EXTRACTION MATRICES 
 
 
 

2.1 Summary 

The purpose of this study was to develop a high-performance liquid chromatography-

tandem mass spectrometry (HPLC-QQQ) method for simultaneous analysis of 25 cannabinoids 

and 9 pesticides in six cannabis sample matrices.  The matrices evaluated were raw cannabis 

flower, CO2 and EtOH crude extracts, distillation mother liquors, distillate, and distillation 

bottoms.  This work advances the field of cannabis chemistry in five ways.  First, to my 

knowledge, quantifying 25 cannabinoids in a single HPLC-QQQ method is more than has 

previously been reported, advancing the field of cannabis research.  Second, this method 

simultaneously measures pesticides and cannabinoids in multiple sample types, addressing a 

primary concern for the cannabis industry.  Third, this method improves the LOD and LOQ of 

HPLC-Diode Array Detection (HPLC-DAD) methods (neat solvent) by approximately 50-fold.  

Fourth, this method chromatographically resolves ∆8-tetrahydrocannabinol (∆8-THC) and ∆9-

THC, two cannabinoids with high structural similarity but different regulatory statuses.  Fifth, 

this work reports preliminary investigations into the use of extracted hops flower as a calibration 

matrix.  Additional sample clean up steps and validation of a suitable calibration matrix are still 

needed.   

 

 

 

 
1 Chapter 2 is adapted from a manuscript in preparation for submission to ACS Analytical Chemistry with coauthors 

Dr. James Baumgartner and Dr. Melissa Reynolds.  Samples used in this work were provided by Panacea Life 

Sciences, Golden, CO.   
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2.2 Introduction 

Cannabis sativa L. (cannabis) has been used for over 6000 years for medicinal, 

utilitarian, recreational, and religious purposes.88,89 Cannabis produces a number of 

pharmacoactive compounds, including phytocannabinoids, terpenoids, flavonoids, and 

alkaloids.1 Phytocannabinoids are terpenophenolic molecules; perhaps the best known are ∆9-

tetrahydrocannabinol (∆9-THC) and the non-psychoactive cannabidiol (CBD).90 THC produces 

the recreational “high” associated with marijuana, and CBD is a non-psychoactive analog that is 

reported to have antiemetic, anti-seizure, and anti-inflammatory properties.91 C.  sativa can be 

broadly differentiated into two types: hemp and recreational or medicinal marijuana.26,92 The 

distinction between marijuana and hemp is defined by the relative THC content on the dry 

weight basis.  Hemp is characterized as having less than 0.3% (w/w) THC, whereas marijuana 

has THC in amounts above that threshold.31,93,94 In general, hemp produces CBD in much greater 

amounts than marijuana, and is thus an important cash crop in the emerging cannabis industry.23 

The molecular structures of ∆9-THC and CBD are shown in Figure 2.2.1. 

 

Figure 2.2.1: Molecular structures of A) CBD and B) ∆9-THC, two high value cannabinoids that 
are produced in high abundance in the cannabis plant. 

Pesticide contamination of cannabis source material is a primary concern in the 

production of cannabis products, and acceptability criteria for the presence of pesticides are 

regulated by state agencies.19 Although direct use of pesticides on hemp products is regulated, 

occasionally the plants are indirectly exposed to banned pesticides.  Cannabis is a 

hyperaccumulator; therefore, trace contamination of biomass is an issue when grown next to 

A B
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other crops.38,95 For example, hemp grown in proximity to other commodity crops can be 

contaminated by pesticides from those adjacent fields.96 This becomes problematic when the 

pesticides used are not accepted by commercial cannabis regulations and drift to the hemp crop.  

Carbaryl, boscalid, Spinosad, imidacloprid, clothianidin, diuron, myclobutanil, piperonyl 

butoxide, pyrethrins I and II, and permethrin are a representative group of pesticides banned 

from use in cannabis products.21 Their structures are presented in Figure 2.2.2. 

The purpose of this study was to develop a HPLC-QQQ method for simultaneous 

analysis of 25 cannabinoids and 9 pesticides in 6 cannabis sample matrices.  The matrices 

evaluated were raw cannabis flower, CO2 and EtOH crude extracts, distillation mother liquors, 

distillate, and distillation bottoms.  This work advances the field of cannabis chemistry in five 

ways.  First, to my knowledge, quantifying 25 cannabinoids in a single HPLC-QQQ method is 

more than has previously been reported, advancing the field of cannabis research.  Second, this 

method simultaneously measures pesticides and cannabinoids in multiple sample types, 

addressing a primary concern for the cannabis industry.  Third, this method improves the LOD 

and LOQ of HPLC-DAD methods (neat solvent) by approximately 50-fold.97–99 Fourth, this 

method chromatographically resolves ∆8-THC and ∆9-THC, two cannabinoids with high 

structural similarity but different regulatory statuses.  Fifth, this work reports preliminary 

investigations into the use of extracted hops flower as a calibration matrix.25  

In an analytical context, the matrix is defined as the analyte and all concomitant species 

in the sample.  Calibration via the external standard method assumes that the same instrument 

response will be observed in the standards as the sample.  An ideal calibration matrix is identical 

to the analytical matrix, minus analytes.  Calibration in solvent, as is reported in this chapter, is 

not an ideal matrix because it lacks the concomitant species present in an extracted cannabis 
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sample.  Preparation of an ideal cannabis-based calibration matrix was not possible, which 

motivated investigation into use of hops as a stand-in.  Additional injections can be made to 

eliminate potential interferences from solvent or reagents present in the samples.  For example, 

acetonitrile was used as the sample extraction solvent, so solvent blanks were analyzed at the 

start of chromatographic sequences to demonstrate non-interference prior to analysis.  Reagent 

blanks, which ideally contain all reagents plus solvent used, were also analyzed to demonstrate 

non-interference.  The reagent blank is not a matrix blank because it doesn't contain the sample 

matrix. 

It should be emphasized that the acetonitrile solvent and the reagent blanks are not the 

matrix.  The analytical matrix incorporates all constituents of the sample, which are not present 

in the reagent or solvent blanks.  Under certain other circumstances, the solvent or reagent blank 

may be considered a matrix.  For example, a QC assay method evaluating the purity of a raw 

material, where the raw material (100% theoretical purity) is dissolved in mobile phase.  An 

external calibration using known amounts of reference material is dissolved in mobile phase and 

analyzed using the same method as the sample.  The matrix in this example is the mobile phase 

diluent and the analyte and is present in both the standard and sample preparations.  A solvent 

blank composed of mobile phase is an ideal matrix blank because it contains all concomitant 

species besides the analyte.  For the purpose of work described in this dissertation, however, an 

analogous blank would be a solvent or reagent blank and is not congruent with the sample 

matrix. 

An alternative to external standard calibration in the absence of an ideal matrix blank is 

to use the standard addition method.  Standard addition evaluates changes in instrument response 

according to addition of known amounts of standard to the sample matrix.  This approach 
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eliminates the need for preparation of an ideal matrix blank.  Standard addition calibration was 

not used in the scope of work reported in this dissertation because I wanted to build stepwise 

from external calibration methods I'd found reported in the literature.  The body of data reported 

in this chapter does not support the use of an external calibration prepared in solvent or reagent 

blank matrices, and future experiments should be undertaken to incorporate standard addition 

calibration into the method.   

HPLC methods to quantify cannabinoids and pesticides have been reported in the 

literature using a variety of detectors.  Tandem mass spectrometry is preferable over diode array 

detection (DAD) to the higher selectivity and sensitivity of the detector.22 DAD methods operate 

on the basis of light absorption or refraction through the mobile phase and have limits of 

quantitation (LOQ) on the order of 500 ng/mL.97,100,101 QQQ first selects only those species of a 

pre-programed mass-to-charge ratio at a given retention time, then counts the number of product 

ions produced following collision with high-energy N2.67 The product ion spectrum occurs in 

predictable ratios and allows for secondary qualitative identification of detected analytes.  This is 

particularly useful for analyzing groups of cannabinoids with the same precursor masses, which 

have different product ion spectra.  QQQ has the advantage of resolving coeluting analytes with 

different precursor mass-to-charge ratios, resulting in a greater detection specificity over DAD 

and RI methods.  The method LOQ is lower in QQQ methods compared to light-based methods 

because only those species with pre-programmed mass transitions reach the detector, resulting in 

a lower signal-to-noise ratio.  The LOQ of the present method in ACN is 10 ng/mL, which is a 
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50-fold sensitivity increase over DAD methods.97,100,101 Representative LOQs of other QQQ 

methods reported 0.1-1 ng/mL.102,103 

Cannabinoids ∆8- and ∆9-THC produce similar psychotropic effects in the body but have 

different regulatory statuses.104 Chromatographic resolution of the two cannabinoids is made 

difficult by their high structural similarity.  Coelution of ∆8-and ∆9-THC skews quantitation of 

schedule I ∆9-THC high.  The present instrument method was able to resolve ∆8- and ∆9-THC 

across all six calibration levels, facilitating quantitation of each.   

A key challenge of developing this method was that the cannabis matrix is notoriously 

complex and can interfere with detector sensitivity.  Previous methods have sought to work 
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Figure 2.2.2: Structures of pesticides investigated for the present HPLC-QQQ method.                 
A) pyrethrin I, B) pyrethrin II, C) permethrin, D) diuron, E) myclobutanil, F) boscalid,             G) 
piperonyl butoxide, H) clothianidin, I carbaryl), J) imidacloprid, K) Spinosad A. 
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around this problem by preparing calibration levels in neat solvent, then applying the calibration 

to samples.  This technique has the advantage of high analyte linearity but the disadvantage of 

not taking matrix interference into consideration.  Mass spectra of extracted cannabis samples are 

inherently noisier than spectra in neat solvent, which can lead to integration errors and increase 

the LOD/LOQ.  I have collected preliminary data spiking all 34 analytes into extracted Humulus 

lupulus L. (common hops) with the goal of validating a suitable calibration matrix.  Hops were 

selected for their close taxonomic relation to cannabis – both belong to the Cannabaceae family 

– and because they do not produce of cannabinoids.105,106 In this report, spike/recovery values are 

reported for hops calibration levels.  Although this approach may limit instrumental error from 

matrix inferences, additional work is needed before validation can be completed.  An alternative 

approach would be to use internal standards.  The use of phenanthrene, isoprocarb, and 

deuterated cannabinoid standards has been reported in the literature.102,107–109  

Samples used in this study represented a variety of industrial cannabis sample types: raw 

flower, crude CO2 extract, crude EtOH extract, distillate, distillation mother liquor, and 

distillation bottoms.  Following literature precedent, I applied the neat calibration method to 

extracted cannabis samples for quantification.100 An ongoing challenge of this method is that 

assay values of both the low- and high-abundance cannabinoids have poor reproducibility.  This 

is likely due to integration errors caused by matrix interference and indicates that a more robust 

calibration method than using only neat solvent alone is needed.   The cannabinoid profiles of 

each of these sample types were unique and the concentrations of some cannabinoids occurred in 

much higher abundance than others.  To account for this difference, analytical samples were 

prepared with two dilution schemes and high- and low-abundance cannabinoids detected 

separately.  The high-abundance method looked specifically at CBD, CBDA, CBG, CBGA, ∆9-
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THC, and CBGVA.  It was unexpected that ∆9-THC should be detected in high quantities in 

hemp-type cannabis, but it was added to the high-abundance method following preliminary 

experiments.  The low-abundance method evaluated all other analytes.   

 

2.3 Materials and methods 

2.3.1 Materials 

LC-MS grade acetonitrile (PN: A955-4) and LC-MS grade formic acid (PN: A117-50) 

were purchased from Fisher Scientific.  A Sigma Millipore Direct-Q 5 water filtration system 

was used to deliver 18.0 mΩ•cm water. 

Reference materials of ∆8-tetrahydrocannabinol (∆8-THC; PN: ISO60158), ∆9-

tetrahydrocannabinol (∆9-THC, PN: ISO60157), ∆9-Tetrahydrocannabinolic acid (∆9-THCA; 

PN: 33448), ∆9-tetrahydrocannabutol (∆9-THCB; PN: 33078), ∆9-tetrahydrocannabihexol (∆9-

THCH; PN: 33352), ∆9-tetrahydrocannabiphorol (∆9-THCP; PN: 30171), ∆9-

tetrahydrocannabivarin (∆9-THCV; PN: 18091), ∆9-tetrahydrocannabivarinic acid (∆9-THCVA; 

PN: 21259), 7-OH-cannabidiol (7-OH-CBD; PN: 36517), cannabichromene (CBC; PN: 26252), 

cannabichromeorcin (CBCO; PN: 21742), cannabichromevarin (CBCV; PN: 21974),  

cannabichromevarinic acid (CBCVA; PN: 32718), cannabidiol (CBD; PN: 21259), cannabidiolic 

acid (CBDA; PN: 18090), cannabidiolic acid methyl ester (CBDA-ME; PN: 28347), 

cannabidiphorol (CBDP; PN: 30169 ), cannabidivarin (CBDV; PN: 20165), cannabielsoin (CBE; 

PN: 21092), cannabigerol (CBG, PN: 20164), cannabigerolic acid (CBGA PN: 20019), 

cannabigerol quinone acid (CBGAQ, PN: 31772), cannabigerovarin (CBGV PN: 29117), 

cannabigerovarinic acid (CBGVA; PN: 25469), cannabicyclol (CBL; PN: 22036), cannabinol 
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(CBN; PN: 25495), and cannabicitran (CBT; PN: 21295) were purchased from Cayman 

Chemical. 

Cascade hops (PN: HCASW1LB) were purchased from MoreFlavor!, Inc.  Cannabis 

samples used were acquired from Panacea Life Sciences between November 2020 and January 

2022.  Cannabis flower, hops, and cannabis samples were stored at 5 °C. 

 

2.3.2 Instrument Methods 

An Agilent 1290 Infinity II ultra-high performance liquid chromatograph coupled with 

Agilent 6460 triple quadrupole mass spectrometer with a Jetstream electrospray ionization 

source (ESI-HPLC-QQQ) was used.  Agilent Masshunter Acquisition software was used for data 

collection, and Agilent Masshunter Quantitation was used for data analysis.  Ion transitions and 

detector parameters were optimized using Agilent Optimizer software and reported in table 2.2.1. 

LC separations were performed on an Agilent Poroshell 120 C18-EC (PN: 695975-902) 

column, with a flow rate of 0.75 mL/min.  The column temperature was 50 °C.  The autosampler 

temperature was set at 5 °C.  Mobile phase A (MPA) was 0.1 % formic acid in 18.0 mΩ•cm 

water.  Mobile phase B (MPB) was 0.1% formic acid in acetonitrile.  The gradient used was 0 

min, 60 % MPB; 1 min, 60 % MPB; 8 min, 80 % MPB; 13 min, 100 % MPB; 15 min, 100 % 

MPB; 15.01 min, 60 % MPB.  The total injection runtime was 17.5 min.  Separation was 

performed using a 100 x 4.6 mm Agilent Poroshell 120 EC-C18 column, with particle size 2.7 

µm.  Data was quantified in this chapter as integrated peak area of each analyte.  Units of 

measurement were counts*time.  Samples were quantified using an external calibration of 

standards dissolved in acetonitrile.  Standard preparation is described in section 2.3.4. 
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A pre-injection program was used to eliminate sample carryover.  The program drew 6 

µL methanol (MeOH) into the injection needle, which was then ejected to waste.  The MeOH 

rinse was repeated three times.  The program drew 6 µL isopropanol (IPA) into the injection 

needle, which was then ejected to waste.  The IPA rinse was repeated three times.  Then, 6 µL 

ACN was drawn into the injection needle and ejected to waste.  ACN rinse was repeated three 

times.  Residual solvent was removed from the injection needle by drawing 12 µL air and then 

ejecting to waste.  All rinse steps were repeated three times in sequence, drawing up at default 

speed and ejecting at maximum speed.  Once the pre-injection program was completed, 2 µL of 

sample were drawn up, and the needle rinsed with LCMS-grade MeOH for 3 seconds prior to 

injection. 

The ion source was an Agilent Jet Stream Electrospray Ionizer, with a cycle time of  

1000 ms in the MRM mode.  All measurements were made in the positive ion mode.  The gas 

flow rate was 13 L/min at a temperature of 250 °C.  Nebulizer pressure was 30 psi.  The sheath 

gas flow rate was 11 L/min at a temperature of 305 °C.  The detector passed a check tune each 

day prior to analysis. 

 Due to differences in observed relative abundances of cannabinoids in samples, two 

instrument methods were needed for high- and low-abundance cannabinoids.  The high-

abundance method detected CBD, CBDA, CBG, ∆9-THC, CBGA, and CBGVA.  The low 

abundance method detected all other analytes.  Calibration levels, low-abundance samples, and 

high-abundance samples were bracketed by ACN blanks.   
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2.3.3 Experimental systems 

 The work described in this chapter includes three systems.  The first is described in 

sections 2.4.1-2.4.2 and is comprised of commercially available standards dissolved in 

acetonitrile.  Standard preparations are described in section 2.3.4.  The second system is 

described in section 2.4.3.  System two is comprised of standards in acetonitrile as well as six 

cannabis processing matrices extracted in acetonitrile: raw flower, CO2 and EtOH crude extracts, 

distillate, distillation mother liquor, and distillation bottoms.  Sample preparations are described 

in sections 2.3.5.  The second system was quantified using the calibration produced by 

measurements of the first system.  The third system is described in section 2.4.4 and is 

comprised of common hops flower extracted in acetonitrile, spiked with aliquots of standards in 

ACN.  Sample preparation for the third system is reported in section 2.3.6. 

 

2.3.4 Standard preparation 

 Certified reference materials were quantitatively transferred to 10.0 mL class A 

volumetric glassware and brought to volume with acetonitrile.  For reference materials in 

solution, the lab temperature at time of transfer was recorded, and concentrations of the standard 

solutions were calculated taking CRM solvent (MeOH or ACN) density into consideration.   

Individual standards were transferred to scintillation vials and stored at -20 °C.   

  A stock standard was prepared by combining individual standards of all analytes and 

brought to 10.0 mL final volume, such that the final concentration of each analyte was 2 µg/mL. 

The strategy of preparing a stock standard with uniform analyte concentration was selected to 

limit dilution biases in the stock.   
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 Six calibration levels were prepared by serial dilution of the stock in ACN.  Level 

concentrations were from 10 – 2000 ng/mL for all analytes except carbaryl. Carbaryl response 

was past the limit of linearity at 2000 ng/mL, and thus level six was excluded for that analyte.  

The calibration curve was run in triplicate and the average measurement per calibrant level (n=3) 

was used.  The purpose of this calibration method was to normalize instrumental variation.  The 

fit of all calibrants had R2 ≥ 0.999 or greater. 

 

2.3.5 Sample preparation  

Samples were prepared in 50 mL falcon tubes and placed as near the tube bottom as 

possible.  Sample masses used were as follows: 190 ± 10 mg for flower and hops; 80 ± 10 mg for 

crude extracts, distillate, mother liquor, and distillation bottoms.  10 mL ACN and a ceramic 

homogenizer were then added to the tubes.  Tubes were capped and vortexed at 3000 RPM for 

60 seconds each.  Samples were allowed to sit on the benchtop for 30 minutes, vortexed for 60 

seconds, then left on the benchtop for another 30 minutes (60 minutes total).  Next, 10 mL water 

and 6.5 g QuECHERS salts were added.  Tubes were capped and vortexed at 3000 RPM for 60 

seconds each, followed immediately by centrifugation at 2500 RPM for 5 minutes.  The top 

(ACN) layer was decanted off and filtered through 0.2 µm PTFE into 1.5 mL HPLC vials, and 

stored at 5 °C. 

 The sample filtrate was diluted in ACN to prepare analytical samples.  Low-abundance 

samples were diluted 1/100.  High-abundance samples were then prepared by 1/40 serial dilution 

to produce a total dilution of 1/4000.   Samples were prepared in triplicate, and results are 

reported as the average ± relative standard deviation.  A representative photo of extracted 

samples is shown in figure 2.3.1. 



 
 32 

 

Figure 2.3.1: Representative image showing extracted samples.  The top (ACN) layer was 
sampled for analysis and the bottom (aqueous, salts) layer was discarded.  F) raw flower; C) CO2 
crude; E) EtOH crude; D) distillate; M) distillation mother liquor; B) distillation bottoms. 

2.3.6 Calibration spikes in hops 

A mass of 190 ± 10 mg hops was transferred to a 50 mL falcon tube and placed as near 

the tube bottom as possible.  Then 10 mL ACN and a ceramic homogenizer were added.  The 

tube was capped and vortexed at 3000 RPM for 60 seconds.  Sample was allowed to sit on the 

benchtop for 30 minutes, vortexed for 60 seconds, then left on the benchtop for another 30 

minutes (60 minutes total).  Next, 10 mL water and 6.5 g QuECHERS salts were added.  The 

tube was capped and vortexed at 3000 RPM for 60 seconds each, followed immediately by 

centrifugation at 2500 RPM for 5 minutes.  The top (ACN) layer was decanted off, and filtered 

through 0.2 µm PTFE into 1.5 mL HPLC vials, and stored at 5 °C. 

 

 An intermediate hops stock was prepared by diluting the sample filtrate 1:9 in ACN.  All 

34 analytes plus intermediate stock were added to an HPLC vial then diluted in ACN such that 

the final analyte concentration was approximately 1900 ng/mL and the hops matrix present in a 

1:99 ratio with ACN.  This was the working standard.  Subsequent levels were prepared by serial 

dilution of the working standard with ACN. 
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Table 2.2.1: Detection parameters for cannabinoids and pesticides analyzed in this study.  Includes quantifier and qualifying 
transitions, fragmentation voltage, cell energy, cell acceleration voltage, retention times.  All measurements were made in the positive 
mode.  Quantifying transitions are represented with bold text.  Qualifying peak acceptability was set at ± 20% optimized values. 

Name Precursor 
Ion 

Product 
Ion 

Fragmentation 
Voltage (V) 

Collision 
Energy (V) 

Cell Accel. 
Voltage (V) 

Retention 
Time (min) 

ISTD? 

7-OH-CBD 331.2 105.1 78 42 4 3.52 No 

7-OH-CBD 331.2 77.1 78 94 4 3.52 No 

Boscalid 343 271.1 123 38 4 3.59 No 

Boscalid 343 112 123 54 4 3.59 No 

Carbaryl 202.1 127.1 75 30 4 2.27 No 

Carbaryl 202.1 115.1 75 46 4 2.27 No 

CBC 315.2 193.1 108 30 4 12.83 No 

CBC 315.2 123.1 108 30 4 12.83 No 

CBC 315.2 81.1 108 30 4 12.83 No 

CBCO 259.2 137 72 30 4 7.1 No 

CBCO 259.2 69.2 72 30 4 7.1 No 

CBCVA 331.2 191 87 30 4 9.9 No 

CBCVA 331.2 69.1 87 38 4 9.9 No 

CBD 315.2 193.1 111 24 4 8.01 No 

CBD 315.2 123.1 111 40 4 8.01 No 

CBDA 359.2 341.2 81 30 4 7.2 No 

CBDA 359.2 219.1 81 38 4 7.2 No 

CBDA-ME 373.2 341.2 84 30 4 11.6 No 

CBDA-ME 373.2 219.1 84 38 4 11.6 No 

CBDP 343.3 123.1 129 42 4 10.2 No 

CBDP 343.3 91.1 129 66 4 10.2 No 
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Table 2.2.1 (continued)       

Name Precursor 
Ion 

Product 
Ion 

Fragmentation 
Voltage 

(V) 

Collision 
Energy (V) 

Cell Accel. 
Voltage 

(V) 

Retention 
Time (min) 

ISTD? 

CBDV 287.2 165.1 96 30 4 5.96 No 

CBDV 287.2 77.1 96 86 4 5.96 No 

CBE 331.2 135.1 105 26 4 6.97 No 

CBE 331.2 109.1 105 22 4 6.97 No 

CBG 317.2 193.1 84 30 4 7.78 No 

CBG 317.2 123.1 84 38 4 7.78 No 

CBGA 361.2 219.1 78 30 4 7.46 No 

CBGA 361.2 149 78 46 4 7.46 No 

CBGQA 375.2 235.1 93 22 4 6.42 No 

CBGQA 375.2 81.1 93 50 4 6.42 No 

CBGV 289.2 165.1 87 30 4 5.93 No 

CBGV 289.2 123.1 87 34 4 5.93 No 

CBGVA 333.2 191 75 30 4 5.89 No 

CBGVA 333.2 91.1 75 70 4 5.89 No 

CBN 311.2 293.2 138 16 4 9.58 No 

CBN 311.2 223.1 138 20 4 9.58 No 

CBTC 315.2 193.1 135 30 4 11.3 No 

CBTC 315.2 123.1 135 42 4 11.3 No 

Clothianidin 250 132 78 22 4 1.5 No 

Clothianidin 250 113 78 30 4 1.5 No 

Clothianidin 250 110.1 78 30 4 1.5 No 

∆8-THC 315.2 123 99 38 4 10.49 No 

∆8-THC 315.2 77.1 99 82 4 10.49 No 
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Table 2.2.1 (continued)       

Name Precursor 
Ion 

Product 
Ion 

Fragmentation 
Voltage 

(V) 

Collision 
Energy (V) 

Cell Accel. 
Voltage 

(V) 

Retention 
Time (min) 

ISTD? 

∆9-THC 315.2 123.1 117 40 4 10.64 No 

∆9-THC 315.2 193.1 117 24 4 10.64 No 

∆9-THC 315.2 93.1 117 28 4 10.64 No 

∆9-THCA 359.2 341.1 69 30 4 11.47 No 

∆9-THCA 359.2 219 69 38 4 11.47 No 

∆9-THCB 301.2 179.1 78 30 4 9.35 No 

∆9-THCB 301.2 123 78 38 4 9.35 No 

∆9-THCH 329.2 123 129 42 4 11.5 No 

∆9-THCH 329.2 77.1 129 82 4 11.5 No 

∆9-THCP 343.3 123 90 38 4 12.4 No 

∆9-THCP 343.3 77.1 90 90 4 12.4 No 

∆9-THCV 287.2 165 117 30 4 8.11 No 

∆9-THCV 287.2 123.1 117 38 4 8.11 No 

∆9-THCV 287.2 77.1 117 82 4 8.11 No 

∆9-THCVA 331.2 313.1 75 30 4 9.24 No 

∆9-THCVA 331.2 191 75 34 4 9.24 No 

Diuron 233 160 87 30 4 2.4 No 

Diuron 233 74.1 87 98 4 2.4 No 

Diuron 233 72.1 87 30 4 2.4 No 

Imidacloprid 256.1 209 81 30 4 1.5 No 

Imidacloprid 256.1 175.1 81 30 4 1.5 No 

Imidacloprid 256.1 78.1 81 74 4 1.5 No 
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Table 2.2.1 (continued)       

Name Precursor 
Ion 

Product 
Ion 

Fragmentation 
Voltage 

(V) 

Collision 
Energy (V) 

Cell Accel. 
Voltage 

(V) 

Retention 
Time (min) 

ISTD? 

Myclobutanil 289.1 125 102 42 4 3.3 No 

Myclobutanil 289.1 89.1 102 82 4 3.3 No 

Myclobutanil 289.1 70.1 102 30 4 3.3 No 

Pyrethrin I 329.2 128.1 84 42 4 9.3 No 

Pyrethrin I 329.2 105.1 84 38 4 9.3 No 

Pyrethrin I 329.2 77.1 84 70 4 9.3 No 

Pyrethrin II 373.2 105.1 90 46 4 11.7 No 

Pyrethrin II 373.2 91.1 90 78 4 11.7 No 

Pyrethrin II 373.2 77.2 90 90 4 11.7 No 

Spinosad 732.5 142.1 162 30 4 2.2 No 

Spinosad 732.5 98.1 162 90 4 2.2 No 
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2.4 Results and discussion 

2.4.1 Method development  

Analyte specificity was established through both chromatographic and mass 

spectrometric detection.  Most analytes in this study have different precursor ion masses and can 

be resolved by the QQQ detector, but some sets of cannabinoids sharing the same precursor mass 

had similar transitions and required separation with HPLC prior to detection.  Table 2.4.1 shows 

the retention times of each analyte.  The first set with the same precursor mass consisted of CBC, 

CBD, ∆8-THC, ∆9-THC, and CBTC; all have precursor ions of 315.2 m/z and transition to 193.1 

and 123.1 m/z.  Individual standard injections were necessary to identify retention times for these 

cannabinoids, and reproducible baseline resolution was paramount for reliable quantitation.  This 

was particularly important for ∆8-THC and ∆9-THC due to their high structural similarity and 

similar retention times.  The second set of analytes with identical precursor ions was 7-OH-CBD, 

CBCVA, CBE, and ∆9-THCVA with an initial mass-to-charge ratio of 331.2 m/z.  However, 

each of the analytes in the second set had at least one unique product ion and retention times, 

which lead to simpler chromatography.  The third set consisted of ∆9-THCH and pyrethrin I, 

which had precursor mass-to-charge ratios of 329.2 m/z, however these two analytes had unique 

mass transitions.  The fourth set was ∆9-THCP and CBDPA, which have precursor ion mass-to-

charge ratios of 343.3 m/z.  The fifth set was ∆9-THCA and CBDA, which have precursor ion 

mass-to-charge ratios of 359.2 m/z.  Baseline resolution was also paramount for sets four and 

five due to the high structural similarity of the analytes and the fact that there were no unique 

mass transitions.  Finally, CBDA-ME and pyrethrin II both had initial mass-to-charge ratios of 

373.2 m/z but had unique product ions.  Ion transitions and detector parameters for each 
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cannabinoid and pesticide are reported in Table 2.2.1.  For all analytes, qualifying peak 

acceptability was set at ± 20% optimized values. 

Table 2.4.1: Retention times of cannabinoids and pesticides detected in the present method, 
organized alphabetically and by retention time.   

  
Analyte 

(Alphabetically) 
Retention 

Time (min) 
Analyte      

(Elution order) 
Retention 

Time (min) 

1 ∆8-THC 10.49 Clothianidin 1.5 

2 ∆9-THC 10.64 Imidacloprid 1.5 

3 ∆9-THCA 11.47 Spinosad 2.2 

4 ∆9-THCB 9.35 Carbaryl 2.27 

5 ∆9-THCH 11.5 Diuron 2.4 

6 ∆9-THCP 12.4 Myclobutanil 3.3 

7 ∆9-THCV 8.11 7-OH-CBD 3.52 

8 ∆9-THCVA 9.24 Boscalid 3.59 

9 7-OH-CBD 3.52 CBGVA 5.89 

10 Boscalid 3.59 CBGV 5.93 

11 Carbaryl 2.27 CBDV 5.96 

12 CBC 12.83 CBGAQ 6.42 

13 CBCO 7.1 CBE 6.97 

14 CBCVA 9.9 CBCO 7.1 

15 CBD 8.01 CBDA 7.2 

16 CBDA 7.2 CBGA 7.46 

17 CBDA-ME 11.6 CBG 7.78 

18 CBDP 10.2 CBD 8.01 

19 CBDV 5.96 ∆9-THCV 8.11 

20 CBE 6.97 ∆9-THCVA 9.24 

21 CBG 7.78 Pyrethrin I 9.3 

22 CBGA 7.46 ∆9-THCB 9.35 

23 CBGAQ 6.42 CBN 9.58 

24 CBGV 5.93 CBCVA 9.9 

25 CBGVA 5.89 CBDP 10.2 

26 CBN 9.58 ∆8-THC 10.49 

27 CBTC 11.3 ∆9-THC 10.64 

28 Clothianidin 1.5 CBTC 11.3 

29 Diuron 2.4 ∆9-THCA 11.47 
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Table 2.4.1 (cont’d): 

 
  

Analyte 
(Alphabetically) 

Retention 
Time (min) 

Analyte      
(Elution order) 

Retention 
Time (min) 

30 Imidacloprid 1.5 ∆9-THCH 11.5 

31 Myclobutanil 3.3 CBDA-ME 11.6 

32 Pyrethrin I 9.3 Pyrethrin II 11.7 

33 Pyrethrin II 11.7 ∆9-THCP 12.4 

34 Spinosad 2.2 CBC 12.83 
 

 The method sensitivity in neat solvent was demonstrated between 10 – 2000 ng/mL. The 

LOQ was estimated around 9-10 ng/mL, and the LOD was estimated around 3 ng/mL. 

Additionally, a quality control standard (calibration level 4 in neat solution) bracketed sample 

analyses every 12 injections, followed by an ACN blank.  The method sensitivities for standards 

in neat solution and samples were slightly different due to matrix interference in the cannabis 

samples.  The complex nature of cannabis matrix that persisted after sample clean up and 

dilutions ≥ 100x caused noisy baselines that impacted quantitative-qualitative transition ratios.  

Additional sample preparation, such as clarification with solid-phase extraction prior to analysis 

could reduce the signal-to-noise ratios observed.  Additional experiments are necessary to 

identify the specific interfering species concomitant in the sample matrices, but potential targets 

are chlorophylls, proteins, nucleic acids, carotenoids, flavonoids, sesquiterpenes, or cholesterols 

which may not be completely extracted into the aqueous phase during QuECHERS sample prep.  

Sample preparation parameters are reported in section 2.3.4-2.3.5.   

 One cannabinoid and two pesticides were ruled out during method detection due to 

difficulties during optimization and calibration.  Cannabicyclol (CBL), piperonyl butoxide, and 

permethrin could not be optimized in the positive mode and were excluded from study.  This was 

possibly due to the ability of these analytes to accept charge during electrospray ionization, 
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preventing them from being drawn into the detector.  McRae (2020) reported analysis of CBL 

and cannabicyclolic acid (CBLA) in the positive mode, but this result was not reproducible in 

this system.   

 

2.4.2 Cannabinoid and pesticide resolution 

 ∆8-THC and ∆9-THC are structurally identical with exception of the direction of the 

double bond in the non-aromatic six-member ring from the geranyl motif.  Resolution of these 

two species is of interest to the broader community largely due to regulatory considerations.  

Both molecules are psychoactive and produce the recreational high associated with cannabis use, 

however ∆9-THC has strict limits to potency.  The two analytes have identical qualifying peak 

transitions, which prevents their resolution in the mass detector.  Under the method conditions 

presented in this Chapter, ∆8-THC and ∆9-THC are chromatically resolved and have retention 

times differing by 0.32 minutes.  A representative chromatogram with resolution of 1.6 is shown 

in Figure 2.4.3.  Calibrants in neat solution for these two species were baseline resolved, 

however it was observed that they coeluted during sample analyses.  It is expected that this was 

the result of matrix interferences in the sample; however, the exact interferents have not been 

identified.   

The quantitative-qualitative mass transition ratio of CBGVA in neat solvent was 11.3.  It 

was not detected in ACN blank.  A small signal was detected for the 333.2 to 191.0 m/z 

transition at 5.79 min in the hops extract but with a qualifier ratio of 238.1.  Signal counts of the 

quantifying transition did not surpass the qualifying transition signal baseline, and this 

measurement occurs very near the theoretical local LOD.  CBGVA signal differences between 

ACN and hops blanks  
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Figure 2.4.3: Representative chromatogram showing ∆8- and ∆9-THC peaks with resolution of 
1.6.  The two cannabinoids are difficult to resolve chromatographically due to their high 
structural similarity.   

are representative of the noise introduced by the hops extraction matrix to the method and 

indicate the need for further optimization in sample clean up.  The calibration in neat solvent will 

have a lower LOD/LOQ than one prepared in a more complex matrix like extracted sample and 

could produce false positive measurements and integration errors at low concentrations.  The 

CBGVA signal qualifying ratio in extracted cannabis flower was 3160.  Representative 

chromatograms of CBGVA mass transitions in neat solvent, hops, sample, and ACN blank are 

shown in Figure 2.4.4. 

A measurement with no matrix interference should have the same relative ratio of counts 

for 333.2 -> 191.0 m/z and 333.2 -> 91.1 m/z mass transitions in ACN vs extracted flower.  The 

representative chromatograms in figures 2.4.4.c and 2.4.4.d instead show an approximately 277-

fold increase in the relative 333.2 -> 91.1 m/z abundance.  This change is indicative of a matrix 

interference that is observed as a change in relative abundance in the 333.2 ->91.1 m/z mass 

transition.  The relative increase in 333.2 -> 91.1 m/z could indicate coeluting species that also 

undergo this mass transition.  Functionalization and internal rearrangements are responsible for 

the diversity of cannabinoid species, and it is possible that unresolved molecules are interfering  
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`  

Figure 2.4.4: Representative chromatograms showing quantifying (333.2-> 191.0 m/z; left panes) 
and qualifying (333.2 -> 91.1 m/z; right panes) mass transitions for CBGVA.  Samples: A) ACN 
solvent blank, B) extracted hops, C) CBGVA in ACN, and D) extracted cannabis flower. 

with detection.  CBG species occur with similar motifs to CBD and THC but have mass-to-

charge ratios 2 Da greater.  Similar to how CBD, ∆8-THC, ∆9-THC, CBC, and CBTC have the 

same precursor and qualifying ion transitions due to structural similarity, it may be the case that 

interfering sample species coelute with CBGVA and cause false negative qualitative detection.   

Unidentified peaks with similar retention times were observed in standards of CBGA and 

boscalid.  In both cases, the two peaks share mass transitions and elute at very similar retention 

times.  It is possible that these minor peaks are isomers of the primary peak.  Small 

rearrangements would produce a molecule with identical precursor mass, different 

chromatographic resolution, and likely similar mass transitions.  In boscalid, the sp3-hybridized 

nitrogen is chiral, and thus the eluents may be enantiomers of each other.  The two eluents 

observed in CBGA may indicate structural isomers, in which the geranyl motif is placed in the 5, 

rather than the 3, position around the aromatic ring in the olivetolic acid motif.  For the purpose 

A B

C DC
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of this dissertation, the potential structural isomer will be identified as “CBGA-B”.  The structure 

of “CBGA-B” is unconfirmed at this time.  Figure 2.5.5 shows a representative chromatogram 

and expected structure of CBGA, as well as the hypothesized structure of CBGA-B are presented 

in Figure 2.4.5. 

 

Figure 2.4.5: (Left) representative chromatograms showing quantifying and qualifying peaks of 
CBGA standard in ACN.  (Right, top) structure of CBGA and (right, bottom) a potential 
structural isomer, “CBGA-B”.   

 

2.4.3 Cannabinoid concentrations in the different matrices 

 The neat calibration was applied to the six matrix samples, but the measurements are 

unreliable at the time of submission of this dissertation.  This evaluation is based on the average 

RSDs of all analytes (n = 31) in each matrix.  The mean RSDs of each matrix are as follows: 

bottoms, 106%; CO2 extract, 97.4%; distillate, 95.9%; EtOH extract, 104.4%; raw flower, 

102.3%; mother liquor, 95.0%.  This high variability indicates that, despite being highly linear, 

the calibration in neat solvent does not translate well to sample analysis.  The LOD and LOQ of 

the method in extracted samples is different than that estimated from the neat calibration and is 

discussed further in section 2.4.4.  Additional method development is needed to accurately 

quantify analytes in these six sample matrices.  Dilution-corrected measurements (n = 3) and 

RSDs for the 25 cannabinoids and 9 pesticides in CO2 sample are reported in table 2.4.2 and are 
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representative of the data set.  ACN and extracted hops blanks (n = 1) are also presented for 

comparison.  Data for flower, EtOH extract, distillate, mother liquor, and distillation bottoms 

samples can be found in appendix A.  Measurements not detected are reported as ND.   

Table 2.4.2: Dilution-corrected assay for cannabinoids and pesticides, detected using the present 
instrument method.  ACN and hops blanks (n = 1), CO2 sample (n = 3), and CO2 RSD are 
presented as representative data.  The high sample RSD indicates that these results are not 
suitable and further optimization is necessary for accurate quantification. 

Analyte 
ACN Blank 

(ng/mL) 
Hops 

(ng/mL) 
CO2 

(ng/mL) 
CO2 
RSD 

7-OH-CBD  ND 78 2965 125 
Boscalid ND 44 45 7 
Carbaryl ND ND OQ OQ 

CBC  ND 1664 11984 135 
CBCO  ND ND 860 133 

CBCVA  ND 2144 29 173 
CBD  OQ OQ 7037738 9 

CBDA  OQ OQ OQ OQ 
CBDA-ME  ND 26 65 101 

CBDP  ND 240 247 133 
CBDV  ND 46 5962 116 
CBE  ND 635 43432 97 
CBG  ND ND 297312 5 

CBGA  ND ND OQ OQ 
CBGQA  ND 125 691 166 

CBGV  ND 3 80 114 
CBGVA  ND 214 OQ OQ 

CBN  ND 270 22744 121 
CBTC  ND 4351 90005 76 

Clothianidin ND 0 ND ND 
∆8-THC  ND 117 18371 122 
∆9-THC  ND 511 51684 118 

∆9-THCA  ND 79219 13800 124 

∆9-THCB  ND 82 82 5 

∆9-THCH  ND 9644 930 103 
∆9-THCV  ND 7 219 126 

∆9-THCVA  ND 28 41 141 
Diuron ND ND ND ND 

Imidacloprid ND ND ND ND 
Myclobutanil ND 8 11 24 

Pyrethrin I ND 2089 7045 105 
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Table 2.4.2 (cont’d): 

Analyte 
ACN Blank 

(ng/mL) 
Hops 

(ng/mL) 
CO2 

(ng/mL) 
CO2 
RSD 

Pyrethrin II ND 122 176 55 
Spinosad ND ND ND ND 

 
Although imprecise, some qualitative observations can be made from the HPLC-QQQ 

data.  Acid-form cannabinoids are observed in the highest concentrations in the raw flower 

sample.  A decrease in acid-form cannabinoids from raw flower to extract to mother 

liquor/distillate/bottoms is consistent with the expectation that cannabinoids will be 

decarboxylated with heat.  Additional clean-up steps during sample preparation may facilitate 

less noisy, higher precision measurements.  Alternatively, a more suitable calibration matrix may 

also help eliminate matrix interference of samples.  Preliminary investigation into the use of hops 

flower as calibration matrix is discussed in the following section. 

 

2.4.4 Preliminary study of hops as a calibration matrix 

 To establish the potential of hops as an external calibration matrix, neat standard was 

spiked into sample of extracted hops.  Figure 2.4.6 shows the percent recoveries of calibration 

spikes for all analytes at six levels.  Detection was negatively affected at low concentrations by 

noisy baselines.  14/34 analytes were not detected at 18 ng/mL, and 7/34 analytes were not 

detected at 90 ng/mL. The RSD of all measurements (n = 196) was 709, and of analytes detected 

at 90 ng/mL and greater (n = 165) was 137.  Level 1 in Figure 2.4.6 is un-spiked extracted hops 

sample.  Despite high RSDs, all analytes had R2 ≥ 0.999 except CBGQA (0.998), CBTC (0.997), 

and clothianidin (0.996).  Further optimization is necessary prior to suitable use of hops as an 

external calibration matrix.   
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Figure 2.4.6: Percent recoveries of 25 cannabinoids and 7 pesticides spiked into extracted hops 
flower (levels 2-6), and hops matrix blank (level 1). 

 The LOD/LOQ of the method in extracted samples can be estimated using the above 

spiking data and is not the same for all analytes.  20/34 analytes were detected at 18 ng/mL, and 

their LOQs can be estimated around 60 ng/mL. 7 more analytes were detected at 90 ng/mL, and 

their LOQs can be estimated around 300 ng/mL. The remaining 7 analytes were detected 

between 90-180 ng/mL, and their LOQs can be estimated around 600 ng/mL. For reasons already 

discussed in this chapter, these sensitivities are above an order of magnitude greater than desired 

for a HPLC-QQQ method.  External calibration in neat solvent or extracted hops may be less 

functional than calibration using standard addition.   

 
2.5 Conclusions 

 The present method was demonstrated to have high reproducibility and linearity for 

cannabinoids and pesticides in neat solvent.  A key success of the method was the resolution of 

∆8- and ∆9-THC.  It was observed that the qualifier transition for CBGVA increased by a factor 

of 280 between neat solvent and sample, indicating matrix interference from the sample.  
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Additionally, a side peak was observed in the CBGA neat standard and hypothesized to be a 

structural isomer, which for the purpose of this dissertation has been identified as “CBGA-B”.  

The structure of “CBGA-B” is unconfirmed at this time.  The neat calibration was applied to six 

matrix samples: raw flower, CO2 and EtOH extract, mother liquor, distillate, and distillation 

bottoms, and the measurements were unsuitable due to high RSDs.  Extracted hops flower was 

investigated as a potentially suitable matrix blank but detection was significantly affected at low 

concentrations by noisy baselines.  Calibration sensitivity may be greatly improved by the use of 

a standard addition calibration rather than external standard prepared in either ACN or extracted 

hops. 
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CHAPTER 3 – EVALUATION OF ADSORPTION-ACCESSIBLE SURFACE AREA OF   

MIL-53(Al) USING CANNABINOIDS IN A CLOSED SYSTEM2 
 
 
 

3.1 Summary 

Cannabinoids are important industrial analytes commonly assayed with High Pressure 

Liquid Chromatography (HPLC).  The purpose of this study was to evaluate the suitability of 

MIL-53(Al), a commercially available MOF as a stationary phase for cannabinoid separations.  

The suitability of a MOF for a given separation is hypothesized to be limited by the ability of a 

given molecule to enter the pore of the MOF.  To evaluate the extent of possible adsorptive 

interactions between cannabinoids and the interior surface area of MIL-53(Al), the Radii of 

Gyration (Rg) and Solvent Accessible Surface Areas (SASAs) were calculated for three 

cannabinoids: cannabidiol (CBD), cannabinol (CBN), and Δ9-tetrahydrocannabinol (THC), as 

well as the MOF.  These values were used to calculate the theoretical adsorption capacity of the 

MOF, using four competing adsorption models.  The Rg of cannabinoids (4.1 Å) is larger than 

one MOF pore aperture dimension (4.0 x 5.0 Å).  The adsorption capacity was measured by 

relating a decrease in cannabinoid concentration in acetonitrile when exposed to 100 mg MOF.  

Cannabinoid uptake by the MOF was estimated using the relative standard deviation (RSD) of 

the soaking solution assay, as the Decomposition-Corrected RSD as Uptake (DCRU).  The 

 

 
2 This dissertation chapter was adapted with permission from Cuchiaro, H.; DeRoo, J.; Thai, J.; Reynolds, 
M.  M.  Evaluation of Adsorption-Accessible Surface Area of MIL-53(Al) using Cannabinoids in a 
Closed System.  ACS Appl. Mater. and Interfaces.  2022, 14, 10, 12836 - 12844.  Copyright 2022 
American Chemical Society.  This work was supported by the Panacea Life Sciences Cannabinoid 
Research Center at Colorado State University.  Thank you to Jacob DeRoo for help modeling the MOF 
framework and performing computational experiments. Thank you to Jon Thai for help with collecting 
scanning electron microscope images. 
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DCRU was calculated as 0.007 ± 0.004 µgcannabinoids/mgMOF.  These findings indicate that most of 

the MOF surface area was inaccessible for adsorption by cannabinoids due to size-exclusion 

effects.  The implication of this work is that the suitability of a MOF for adsorptive separations, 

such as liquid chromatography, must have an upper limit for size of the analyte.  Additionally, 

MOFs may generally be more suitable for separations in the gas phase, where adsorbates are not 

hindered by the presence of a solvation shell. 

 

3.2 Introduction 

The Cannabis (hemp) plant is an important industrial crop that contains a range of useful 

phytomolecules known as cannabinoids.26,94,110–112 Cannabinoids are a class of small molecules 

that require separation from the plant biomass for use; notably, CBD, THC, and CBN (Figure 

1).1113–115 Standard assay methods use High Pressure Liquid Chromatography (HPLC) to 

separate and quantify cannabinoids from plant sources in acidic conditions.116 Distinction 

between drug-type and fiber-type cannabis are classified based on the amount of THC.  Drug-

type Cannabis has greater than 0.3% THC on a dry weight basis, and fiber-type tends to have a 

higher CBD content on the dry weight basis.  31,94 CBN is the oxidative decay product of THC.  

94,117 The structures of THC, CBD, and CBN are shown in Figure 3.2.1. 

 
Figure 3.2.1: Structures of A) CBD, B) THC, and C) CBN. 

C

A B
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Metal-organic frameworks (MOFs) are highly porous and feature high surface areas per 

volume in comparison to other solids, making them ideal candidates for adsorption-based 

applications.74,118 The high adsorptive capacity of MOFs is well documented for gas storage and 

heavy metal capture.71,119–122 MOFs are composed of organic linker molecules coordinated to 

metal nodes in a repeating array, and have been used as stationary phase in interface separations 

in gas, liquid, and size exclusion chromatography.  69,71,119–122 MOFs offer unparalleled tunability 

in comparison to other solid-state materials such as zeolites due to the broad variety of metal and 

organic units that can be used.69,123 The high tunability of MOFs is advantageous because it 

allows for application-specific material properties such as pore size, aperture, and surface area.  

As of 2019, there were more than 82,600 known MOFs in the Cambridge Structural Database 

compared to just 248 zeolites in the Database of Zeolite Structures.124,125 

MIL-53(Al) (Figure 3.2.2) is a commercially available MOF composed of terephthalate 

linkers and Al3+ metal nodes.73 MIL-53(Al) has the potential to improve upon commercially 

available stationary phases for adsorption-driven reverse phase liquid chromatographic 

separations, because MIL-53(Al) is unique among MOFs due to its stability in liquid water for at 

least 6 months and its reported stability between pH 2-12 over the same timeframe.76–78 MIL-

53(Al) has a reported Brunauer-Emmett-Teller (BET) surface area of 904-1706 m2/g.73,77–83 It is 

important to note that the framework dimensions can fluctuate depending on changes in the 

solvation environment, temperature, pressure, and guest molecule adsorption state.73,126–129 Upon 

hydration, the pore volume of MIL-53(Al) decreases significantly in a reversible process from 

1440 Å3 to 1012 Å3, and is thus expected to be in the constricted conformation in an aqueous 

(reverse phase) environment.73,128 MIL-53(Al) has previously been used as a stationary phase in 

liquid chromatography to separate mixtures of phthalate acid esters.84 The stability in aqueous 
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environments and across a wide pH range makes MIL-53(Al) a promising candidate for more 

generalized adsorptive separation applications in the liquid phase. 

 
Figure 3.2.2: A) Structure and B) lattice dimensions (16.7 x 12.8 x 6.6 Å) of MIL-53(Al) in the 
open (activated) configuration. 
 

Although the high surface area of MOFs is potentially advantageous for interface 

separations, it is unclear whether the bulk of the surface area is accessible for adsorption.  In a 

previous study, our group investigated the parameters affecting adsorption of the uremic toxin p-

cresyl sulfate by a group of zirconium MOFs and MIL-100(Fe), and found poor correlation 

between adsorption and surface area or pore volume.68 We hypothesized that adsorbate diffusion 

into a MOF is size-limited by the pore aperture, whereby the bulk of adsorptive interactions of a 

molecule with dimensions greater than the pore aperture occur at or near the exterior surface of a 

MOF particle.  This means that although the MOF provides a high-level of surface area, most of 

it is not accessible to the substrate due to the molecule being too large to enter the pore.  The 

presence of a solvation shell in the liquid phase may increase the effective adsorbate dimensions 

of the substrate and thus further limit diffusion into the MOF.  For this reason, the utility of 

MOFs’ high surface area may have an upper limit for adsorptive separations. 

A B
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The objective of this work is to measure adsorptive uptake of CBD, THC, and CBN by 

MIL-53(Al) in a closed system and evaluate the adsorption-accessible surface area compared 

with theoretical models.  It was hypothesized that CBD, THC, and CBN would interact with 

MIL-53(Al) via non-polar interactions between the benzene moiety of the terephthalate linker 

molecules in the MOF and the pentylbenzene moiety of all three cannabinoids, as well as the 

methylbenzene moiety of CBN.  Adsorption effects at the MOF metal nodes are expected to be 

limited due to steric effects.  Adsorption at the aromatic benzene motif of the terephthalate linker 

is also expected to dominate because of the overall non-polar nature of the cannabinoids.  

Theoretical cannabinoid adsorption capacities by MIL-53(Al) were computed using three 

competing models: first, where the total BET surface area of the MOF is accessible; second, 

where cannabinoid adsorption occurs uniformly (a saturated monolayer of cannabinoids) across a 

spherical MOF particle congruent to the average particle diameter; third, where adsorption 

occurs non-uniformly across a sphere congruent to the average particle diameter and is limited to 

one cannabinoid per terephthalate linker.  Each model is likely an overestimation of adsorptivity 

because they assume 100% loading of cannabinoids, and don’t account for interference by 

solvation shells around the adsorbates.  Still, this approach is useful for eliminating competing 

models based on difference in magnitudes of theoretical adsorption as well as experimental 

observations.  CBD, THC, and CBN are ideal adsorbates to evaluate these competing hypotheses 

because they are dimensionally larger than the pore aperture of MIL-53(Al), possess high 

structural similarities, and high theoretical affinity for the MOF. 

Herein, cannabinoid adsorption to the MOF was evaluated by soaking activated MOF in 

cannabinoid solution.  Previous studies have used diode array detection to quantify adsorbate 

concentrations in the soaking solution, then deducing adsorptive uptake as the concentration 
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difference relative to a reference with high pressure liquid chromatography-diode array detection 

(HPLC-DAD).130 In this work, we have expanded on this methodology by digesting the MOF in 

3M HCl to release adsorbed cannabinoids back into solution to detect them directly by high 

pressure liquid chromatography-triple quadrupole mass spectrometry (HPLC-QQQ).  The high 

sensitivity and specificity of HPLC-QQQ facilitated quantification of cannabinoids at lower 

concentrations than HPLC-DAD with high confidence.  Electrospray ionization (ESI) was used 

for introducing sample into the detector because it preserves the molecular integrity of the 

analytes, thus maximizing the number of precursor ions and detector signal in contrast to more 

destructive “hard” ionization techniques such as atmospheric pressure chemical ionization.131 

This means more of the parent ion is introduced into the detector, which produces a stronger 

signal. 

 

3.3 Materials and Methods 

3.3.1 Materials 

MIL-53(Al) (688738) was purchased from Sigma Aldrich.  Acetonitrile, >99% (A998-4); 

methanol, >99.8% (A412-4); formic acid, >88% (A118P-500); hydrochloric acid, 33-38% 

(A142-212) were purchased from Fisher Scientific.  Certified reference standards (1.0 mg/mL) of 

cannabidiol (ISO60156), cannabinol (ISO60183), and ∆-9-tetrahydrocannabinol (ISO60157) 

were purchased from Cayman Chemical. High purity water was purified by a Millipore Direct-Q 

water purification system to 18.2 MΩ cm resistivity prior to use. 
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3.3.2 Solution and sample preparation 

MIL-53(Al) was gently ground by mortar and pestle, then physically separated using 

electroformed sieves between 112 – 125 µm.  The MOF was then activated under vacuum at 200 

°C overnight prior to use. 

Analytical standards (HPLC-DAD): 1 mL each of 1.0 mg/mL CBD, CBN, THC certified 

reference standards were transferred to 20.0 mL class A volumetric glassware and brought to 

volume in acetonitrile to produce a stock concentration of 50 µg/mL per cannabinoid.  Flasks 

were vortexed for 30 s.  Subsequent standards of 10, 5, 1, 0.5 µg/mL per cannabinoid were 

prepared by serial dilution of the stock in acetonitrile in 1.5 mL HPLC vials.  HPLC vials were 

vortexed 30 s between dilutions. 

Analytical standards (HPLC-QQQ): 1 mL each of 1.0 mg/mL CBD, CBN, THC certified 

reference standards were transferred to 20.0 mL class A volumetric glassware and brought to 

volume in acetonitrile to produce a stock concentration of 50 µg/mL (50,000 ng/mL) per 

cannabinoid.  Subsequent standards of 2500, 500, 100, 20, 4, and 2 ng/mL per cannabinoid were 

prepared by serial dilution of the stock in methanol in 1.5 mL HPLC vials.  HPLC vials were 

vortexed 30 s between dilutions.   

Cannabinoid sample solution: 1 mL each of 1.0 mg/mL CBD, CBN, and THC certified 

reference standards were transferred to 25.0 mL class A volumetric glassware and brought to 

volume in acetonitrile to produce a concentration of 40 µg/mL per cannabinoid in HPLC vials.  

HPLC vials were vortexed 30 s between dilutions.   

Cannabinoid Adsorption: 100 mg activated MIL-53(Al) was combined with 2.5 mL 

cannabinoid sample solution in 3.5 mL sample vials, then covered with foil and gently vortexed 

for 2 days at room temperature, at 2500 RPM.  Vials were then centrifuged, and the supernatant 
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filtered through 0.2 µm PTFE into 1.5 mL HPLC sample vials and stored at -20 °C.  The MOF 

solids were retained and then dried under vacuum overnight at room temperature. 

Acid Digestion: 95 mg dried MIL-53(Al) solids, recovered from cannabinoid adsorption 

method, were transferred to fresh 3.5 mL sample vials and combined with 2.5 mL 3N HCL. Vials 

were covered in foil and gently vortexed for 1 hr.  Vials were then centrifuged and filtered 

through 0.2 µm PTFE.  500 µL of the filtrate were transferred to fresh 1.5 mL HPLC vials and 

dried under a constant flow of nitrogen at room temperature, then reconstituted in 250 µL MeOH 

and stored at -20 °C. 

All measurements were run in triplicate and the average and standard deviations are 

reported. 

 

3.3.3 Instrumentation and Methods 

Brunauer-Emmett-Teller (BET) adsorption was measured using a Micromeritics ASAP 

2020 adsorption apparatus and software version V4.03 H.  Samples were degassed under ambient 

conditions overnight under vacuum in sample vials before transfer to the instrument.  The MOF 

starting material was degassed at 525 K, and the cannabinoid-exposed MOF was degassed at 

ambient conditions on instrument.  Analyses were initiated when the pressure in the sample tube 

was stable below 5 µmHg.  Isotherms were collected at 77 K, using N2 as the adsorptive gas.  

Adsorption data was collected at absolute pressures between 0.00989 – 633 mmHg.  The BET 

surface areas were calculated using the slope of monolayer formation at partial pressures of 0.05-

0.15 P/Po. 

Fourier-transform infrared (FTIR) spectra were collected using a Thermo-Nicolette 6700 

equipped with KBr beam splitter and diamond attenuated total reflectance crystal. Background 
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and analytical spectra were compiled from 128 scans.  Samples were analyzed from 650-4000 

cm-1. 

SEM imaging was performed using a JEOL JSM-6500F microscope.  An accelerating 

voltage of 3.0 kV and a working distance of 10.2-10.3 mm were used.  All samples were placed 

under vacuum and coated with 20 nm of gold prior to imaging.  Three to four representative 

images were taken at three different magnifications for each sample. 

DLS was performed on a Zetasizer Nano-ZS using a quartz cuvette.  Samples were 

dispersed in 20 °C acetonitrile and equilibrated for 2 minutes prior to analysis.  A refractive 

index of 1.344, viscosity of 0.35 cP, and 173° backscatter angle were used.   

Adsorption capacities were calculated assuming an equally distributed monolayer 

adsorbed to the MOF surface.  Solvent accessible surface areas (SASAs) were calculated using 

the MSMS and Hollow packages.132,133 The SASA is computed by rolling a sphere of radius r 

across the surface of the molecule and the accessible area quantified.  Cannabinoid  SASAs were 

calculated using an r value of 3.26 Å (equal to radius of ACN), and visualizations performed in 

PyMOL.133–135 The surface-limited MOF particles was modeled assuming a spherical particle 

morphology, uniform framework dimensionality, and that occupied and vacant space are 

stoichiometrically distributed according to the unit cell composition.  The effective cannabinoid 

surface area was calculated as the average cannabinoid SASA.  In the surface-limited models, the 

effective cannabinoid surface area was divided by 2, to account for adsorbate surface area 

oriented away from the MOF substrate. 

Cannabinoids were separated prior to quantification using high performance liquid 

chromatography (HPLC).  Analyses of the retained MOF soaking solution were carried out on an 

Agilent Infinity II 1260 HPLC with a diode array detector (HPLC-DAD).  The detection 
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wavelength was 220 nm.  Analysis of the reconstituted acid-digestion samples were carried out 

on an Agilent Infinity II 1290 HPLC equipped with electrospray ionization and triple quadrupole 

(HPLC-QQQ) mass spectrometer.  The HPLC instrument method and mobile phases were the 

same for HPLC-DAD and HPLC-QQQ detection.  Cannabinoids were separated on an Agilent 

InfinityLab Poroshell 120 EC-C18 3.0 x 50 mm column with 2.7 µm particle diameter (699975-

302), using a binary gradient.  Mobile phase A was 0.1% (v/v) formic acid in water.  Mobile 

phase B was 0.05% (v/v) formic acid in methanol. The injection volume was 5 µL. The method 

gradient was 60% B, 0 min; 80% B, 8 min; 100% B, 9min; 10.5 min runtime; 2 min post time.  

The method was calibrated using the analytical standard solutions (R2 > 0.999, all cases).  HPLC 

data was quantified using external calibrations of analytical standards dissolved in acetonitrile.  

Instrument response used in quantification was defined as the integrated peak area of counts over 

time (QQQ), and integrated peak area of absorbance over time (DAD).  The units of 

measurement were counts*time (QQQ) and mAU*time (DAD). 

 

3.3.4 Experimental systems 

 The research described in this chapter evaluates an overarching system through a series 

of 1 system broadly defined, and 5 subsystems individually analyzed.  Section 3.4.1 describes a 

series of cannabinoid adsorption models that would then be experimentally eliminated through 

analyses of experimental systems.  The overarching system has two components: activated MIL-

53(Al), which was then soaked in cannabinoid solution.  Sample preparations for this system are 

described in section 3.3.2.  The soaked MOF solids were recovered from solution to allow for 

separate analyses of subsystems using a variety of analytical techniques.  The first subsystem is 

comprised of recovered MOF solids from acetonitrile and cannabinoid solution in acetonitrile 
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and these analyses are reported in section 3.4.2.  Recovered solids were dried, and surface area 

measured with isothermal N2 adsorption during BET analysis, and then subsequently infrared 

absorption spectra collected on the dried solids.  The second subsystem is defined as recovered 

cannabinoid-exposed MOF solids suspended in acetonitrile, then analyzed by DLS.  Analytical 

results for the second subsystem are reported in section 3.4.3.  A third subsystem is described in 

section 3.4.4, and is comprised of computational renderings of CBD, CBN, ∆9-THC, MIL-

53(Al), and ACN.  A fourth subsystem is described in section 3.4.5 and is the recovered MOF 

soaking solution and a reference soaking solution from the same stock.  A fifth subsystem is 

described in section 3.4.6 and is comprised of recovered MOF decomposed in 3 N HCl, with 

acid removed and then reconstituted in methanol. Additionally, subsystem 5 included calibration 

standards which were prepared in acetonitrile.  Sample and standard preparation for each system 

is reported in section 3.3.2 and instrument parameters are reported in section 3.3.3. 

 

3.4 Results and discussion 

3.4.1 Adsorption models and assumptions made 

The cannabinoid adsorption behavior was evaluated by comparing experimental results to 

three competing models.  These initial models, of course, overestimate adsorption capacities but 

are useful based on differences in theoretical adsorption in comparison with experimental 

observations.  Table 1 lists the different adsorption models and assumptions made. 
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Table 3.4.1: Theoretical adsorption models and assumptions made within the calculations. 

 

3.4.2 Evaluation of Model 1 using BET and FTIR 

The BET surface area of the activated MOF was determined to be 948 m2/g and was used 

to calculate theoretical adsorption capacity in Model 1, where all of the MOF surface area is 

adsorption-accessible.  The BET procedure was repeated on MOF exposed to cannabinoid 

solution and a small decrease in BET surface area was observed.  The BET surface area of the 

cannabinoid-adsorbed sample was 865 m2/g.  The high BET surface area of the MOF after 

exposure to cannabinoids indicates that most of the pores were open to nitrogen adsorption and 

thus unoccupied.  The decrease in surface area could potentially indicate either that cannabinoids 

occupied some MOF pores, or it may indicate residual solvent was present in the MOF due to 

degassing at lower temperatures to reduce thermal degradation of cannabinoids prior to analysis.  

The finding that most of the MOF pores were unoccupied is inconsistent with adsorption 

Model 1.  A control experiment was performed, where MOF exposed to ACN was analyzed 

under identical conditions to the cannabinoid-exposed sample.  The BET surface area of the 

ACN-washed sample was determined to be 597 m2/g – this corresponds to a 37% decrease in 

BET surface area (Figure A3).  Some variation between BET surface area of the solvated MOF 

is expected, as solvent is likely trapped in the sample in the analysis.  This control measurement 

is consistent with a decreased BET surface area measured in the cannabinoid-exposed sample 

Adsorption 
Model 

Assumption 

1 The total BET surface area of the MOF is adsorption accessible to all of 
cannabinoid SASA, with 100% adsorption efficiency. 

2 Cannabinoid adsorption occurs uniformly across a sphere congruent to the 
average particle diameter, with 100% adsorption efficiency.  Only half of 
cannabinoid SASA used to account for adsorbate orientation. 

3 Cannabinoid adsorption occurs non-uniformly across a sphere congruent to the 
average particle diameter, with 100% adsorption efficiency.  Only half of 
cannabinoid SASA used to account for adsorbate orientation. 
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and supports the hypothesis that ACN can pass into the particle interior, but the cannabinoids 

can’t.  Nitrogen adsorption isotherms for both the MOF and cannabinoid-exposed MOF are 

presented in Figure 3.4.1. 

 

Figure 3.4.1: Overlaid BET nitrogen adsorption isotherms of MIL-53(Al) (black trace) and MIL-
53(Al) after exposure to cannabinoid solution (red trace). 
 

FTIR spectra were collected for the activated MOF as well as cannabinoid-exposed MOF.  

Spectra were evaluated within the characteristic regions of 3085-3060 cm-1, 910-872 cm-1, and 

1514-1485 cm-1 for CBD, CBN, and THC respectively.136 Additionally, spectra were inspected 

for aliphatic C-H adsorption from 3000-2850 cm-1.  In all cases, the spectra were 

indistinguishable between the two samples, indicating that adsorbed cannabinoids were not 

present in sufficient quantity to be detected by FTIR and thus not present in the bulk of the 

material. The spectra are shown in Figure 3.4.2.  This observation, in combination with the BET 

analyses, effectively disproves Model 1. 
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Figure 3.4.2: Overlaid FTIR spectra of MIL-53(Al) (black trace) and cannabinoid-exposed MIL-
53(Al) (red trace) in the fingerprint region (675-1875 cm-1).  The spectra are indistinguishable, 
indicating that any adsorbed cannabinoids are present in insufficient quantity to be detected by 
FTIR, and likely not present within the bulk of the material. The full spectra are presented in 
Figure B1 in Appendix B. 
 

3.4.3 Particle sizing 

DLS was chosen as a preferable particle sizing method over SEM and optical microscopy 

because the technique allows for measurement in acetonitrile matrix over a much larger sample 

set.  Characteristic SEM images of the activated sample are presented in Figure S2 in the 

supporting information file.  DLS assumes a spherical particle morphology when calculating the 

hydrodynamic radius.  Adsorption calculations for Models 2 and 3 were performed assuming 

spherical particle morphologies as well for consistency.  The DLS Z-avg particle diameter is a 

reasonable approximation of particle size in the case of the solvated MOF and was used in our 

calculations of solvent-accessible surface area.  The Z-avg was determined to be 322 ± 3 nm 

(PDI=0.138), and the theoretical external surface area per particle was 0.32 µm2.  The Z-avg was 

significantly smaller than the sieve diameter used.  The reason for the size discrepancy is 
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hypothesized to be that the bulk MOF material was composed of aggregated, smaller particles.  

This means we approximated the exterior particle surface area based on measurements in a 

solvated environment, which better reflects the chemical environment of our system than SEM 

measurements.  Figure 5 shows the DLS particle size intensity graph. 

 
Figure 3.4.3: DLS particle size intensity graph.  The Z-average MOF particle size was  
322 ± 3 nm (PDI = 0.138). 

3.4.4 Computational modeling 

Computational modeling was used to estimate adsorptive capacity of cannabinoids by the 

MOF to evaluate Models 2 and 3 (Table 1).  MIL-53(Al) pores are known to constrict when 

hydrated, but modeling was performed on the open conformation for consistency.  The Solvent 

Accessible Surface Area (SASA) was computed by rolling a sphere of radius 3.26 Å (equal to 

the radius of ACN) across the surface of the molecule and the accessible area quantified.  The 

surface-limited MOF particles were modeled assuming a spherical particle morphology, uniform 

framework dimensionality, and that occupied and vacant space are stoichiometrically distributed 

according to the unit cell composition.  The non-uniform adsorption capacity was estimated 

assuming a stoichiometric relationship between the unit cell SASA and the estimated surface 
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area of the surface-limited adsorption hypothesis.  The effective cannabinoid surface area was 

calculated as the average cannabinoid SASA.  In the surface-limited models, the effective 

cannabinoid surface area was divided by 2, to account for adsorbate surface area oriented away 

from the MOF substrate.  This means our adsorption models accounted for both the adsorption 

site and adsorbate orientation. 

The MOF pore channel was determined to have an irregular cylindrical shape, with 

approximate dimensions of Diameter1 = 7.9 Å, Diameter2 = 10.1 Å, and Depth = 6.6 Å.  

Diameter1 and Diameter2 correspond to radii of 4.0 Å and 5.1 Å, respectively.  The radius of 

gyration for each cannabinoid adsorbate was 4.1 Å and shown in Figure 3.4.4.A.  The adsorbate 

radii of gyration are larger than the minimum pore aperture and implies that the adsorbate 

diffusion into the pore will be limited, which is reflected in the data for CBD, CBN, THC, and 

MIL-53(Al).  Figures 3.4.4.B and 3.4.4.C show CBD and its radius of gyration superimposed 

upon the pore aperture and SASA of the MOF, respectively.  Figure 6D shows the same view of 

an ACN solvent molecule for comparison.  ACN is not size limited by the pore aperture and can 

readily diffuse into the MOF bulk (as evidenced by BET results discussed above). 

The total SASAs of CBD, CBN, THC, and the average(n=3) which were calculated to be 

1020 Å2, 1016 Å2, 1017 Å2, and 1018 ± 2 Å2, respectively (Table 3.4.2).  Model 1 assumes that 

cannabinoids can adsorb to the framework in three dimensions, so the total SASA was used.  

Models 2 and 3 assume a two-dimensional substrate, where half of the adsorbate is oriented 

towards the substrate and half oriented away from it.  This adsorbate orientation was accounted 

for by dividing the total cannabinoid SASAs by a factor of two (510 Å2, 508 Å2, 509 Å2,  

509 ± 1 Å2, respectively). 



 
 64 

 

Figure 3.4.4: A) Radii of gyration of CBD, CBN, and THC, respectively.  B) CBD and its radius 
of gyration superimposed upon the pore aperture, C) CBD and its radius of gyration 
superimposed upon the SASA, and D) ACN and its radius of gyration superimposed upon the 
pore aperture.  Diffusion into the pore by cannabinoids is size limited because the Rg is larger 
than the pore aperture, whereas ACN readily diffuses into the pore. 
 

Theoretical modeling assumed 100 mg MOF per sample, 3 mL 120 µg/mL total 

cannabinoids, average cannabinoid SASA, and uniform adsorption across all surfaces.  Hence, 

the values for the Theoretical Adsorption per Cannabinoid in Table 2 are the theoretical upper 

limit for each model. 
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Table 3.4.2: Theoretical adsorption models calculated using three modalities for this system. 

Adsorption 
Model Adsorbate SASA (Å2) 

Theoretical Adsorption-
Accessible Surface Area 

(µm2/mgMOF) 

Theoretical Adsorption 
per Cannabinoid 

(µgcannabinoids/mgMOF) 

1 

CBD: 1020 
CBN: 1016 
THC: 1017 

Avg(n=3): 1018 ± 2 

9.5 x 1011 16.2 

2 

CBD: 510 
CBN: 508 
THC: 509 

Avg(n=3): 509 ± 1 

4.7 x 1010 1.6 

3 

CBD: 510 
CBN: 508 
THC: 509 

Avg(n=3): 509 ± 1 

9.3 x 109 0.3 

 

3.4.5 Quantitation of cannabinoids within the MOF soaking solution 

 HPLC-DAD was used to quantify the cannabinoid concentrations in soaking 

solution samples.  Cannabinoids in the undiluted filtrate were quantified after a separation step 

and referenced against a control sample of solution unexposed to the MOF.  The initial 

concentrations of cannabinoids were 43.7 ± 0.2 µg CBD/mL, 42.1 ± 0.1 µg CBN/mL, and 42.5 ± 

0.3 µg/mL THC.  The cannabinoid recoveries in MOF-containing samples were 43.1 ± 0.1 µg 

CBD/mL, 42.5 ± 0.2 µg CBN/mL, and 42.5 ± 0.5 µg THC/mL. The sample percentage 

recoveries relative of CBD, CBN, and THC were 98.8 ± 0.1 %, 100.9 ± 0.4 %, and 100.1 ± 1.1 

% respectively.  Cannabinoid recoveries are shown in Figure 3.4.5.  The high recovery rates 

within the soaking solution indicate very low adsorptive uptake by the MOF and are more 

favorable for Model 3 than Model 2. 
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Figure 3.4.5: A) Cannabinoid concentrations of the MOF soaking solution (n=3) compared to  
reference sample, and B) % recoveries of cannabinoids in samples (n=3) relative to the reference. 

A 1.1% decrease in CBD signal corresponds to a 0.013 µgcannabinoids/mgMOF decrease in 

the soaking solution compared to the reference.  Given the hypothesis that the predominant 

physisorption site is the aromatic benzene motif on the terephthalate linker, CBD was expected 

to have the lowest adsorption affinity because it is the most polar analyte in the system.  The 

percent relative standard deviation of THC corresponds to an uncertainty of 0.012 

µgcannabinoids/mgMOF, and the offset of CBN corresponds to a value of 0.01 µgcannabinoids/mgMOF.  

Both THC and CBN are less polar than CBD, respectively, and would be expected to have higher 

adsorption affinity for the MOF.  Measurements of all three cannabinoids fall within AOAC 

recovery acceptability criteria for 100% assay.116 We hypothesized that direct measurement of 

cannabinoids released from the MOF using a more sensitive detection method would enable 

quantitative evaluation of our system relative to Models 2 and 3.  The low adsorptive uptake was 

therefore evaluated by measurement of the acid soaking solution by the more sensitive HPLC-

QQQ. 
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3.4.6 Quantitation of cannabinoids in acid-digested samples 

HPLC-QQQ was used to quantify cannabinoids in the acid-digested MOF samples.  

Cannabinoid analyte decomposition was observed in the reference during digestion.  The 

decomposition factors in the reference for CBD, THC, and CBN were 87.8%, 87.0 %, and 

84.2%, respectively.  The level of CBN in the acid degradation samples was below the LOQ and 

neither CBD nor THC were detected.  This uniformly low signal could be a false negative caused 

by degradation during from the digestion step.  Thus, maximum cannabinoid uptake by the MOF 

was estimated by applying the decomposition factors of the reference to a 100% nominal assay 

value minus the standard deviation of the reference.  Using this method, the maximum 

cannabinoid uptake was estimated as the Decomposition Corrected RSD as Uptake (DCRU).  

The DCRU was calculated to be 720 ng/mL, 270 ng/mL, and 980 ng/mL for CBD, CBN, and 

THC, respectively.  The DCRU for all three analytes was less than the LOQ for both CBN and 

THC, and 0.2 µg/mL greater than the LOQ of CBD, which qualitatively agrees with the HPLC-

DAD observations.  The greater number of rotatable bonds in CBD could produce greater partial 

channel accessibility than either THC or CBN due to conformational degrees of freedom.  

Additional studies are needed to confirm the specific uptake of CBD in this system and elucidate 

the cause of the apparent greater adsorption than CBN, which was initially hypothesized to have 

the greatest adsorptive affinity for the MOF.  The initial (theoretical) cannabinoid concentration 

recovered cannabinoid concentrations from the acid digestion reference, and the DCRUs are 

shown in Figure 3.4.6.  The combined low assay results from the HPLC-DAD and HPLC-QQQ 

methods indicate that Model 2 is less favorable than Model 3, and as will be discussed shortly, 

suggest that further refinements are necessary to accurately model cannabinoid adsorption by the 

MOF. 
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Figure 3.4.6: Cannabinoid recovery of the reference following acid digestion, relative to the 
theoretical starting concentration (n=3).  Also shown, Decomposition-Corrected RSD as Uptake 
(DCRU) of the HPLC-DAD assay of CBD, CBN, and THC, respectively. 

The difference in acid stability can be attributed to structural differences between 

analytes.  Decomposition occurs analogously to polarity of the analyte; CBD (87.8% decomp.) is 

the most polar of the three, followed by THC (87.0% decomp.), and then CBN (84.2% decomp.).  

CBN has two benzene moieties whereas THC has only one, although they have the same 

heteroatom linkers.  THC and CBD each have one benzene moiety, but THC is more structurally 

rigid due to the ether linkage creating three adjacent six-membered rings.  The additional 

aromatic character of CBN provides greater stability in acid when compared to THC.  Additional 

cannabinoid degradation pathways not related to acid digestion are possible, such as thermal 

degradation while soaking the MOF or drying under N2 at room temperature were accounted for 

by use of a reference sample. 
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3.4.7 Model refinement using DCRU 

The observed cannabinoid adsorption was less than estimated by all three models.  This 

observation is expected due to the assumed 100% loading efficiency and exclusion of 

interferences from solvation shells around the cannabinoids assumed in each model. Model 3 

was refined by recalculating the theoretical adsorption of cannabinoids assuming a uniform, 

monolayer solvation shell, whereby the effective adsorbate diameter was equal to two times the 

Rg(cannabinoids) plus 2Rg(ACN), maintaining all other assumptions.  This refinement is Model 4.  The 

loading percentage of solvated cannabinoids on the MOF, using Model 4, is 3 ± 2%.  The 

theoretical uptake per cannabinoid for each model, and the DCRU of each cannabinoid are 

shown in Table 3.4.3. 

Table 3.4.3:  Theoretical uptake per cannabinoid for each model, and the DCRU of each 
cannabinoid. 
Adsorption Model Theoretical Uptake 

per Cannabinoid 
(µgcannabinoids/mgMOF) 

1.  Uniform adsorption throughout particle 
 

16.2 

2.  Uniform Adsorption on Particle Exterior 1.6 

3.  Adsorption on Particle Exterior Excluding Pore Aperture Area 0.3 

4.  Adsorption on Particle Exterior Excluding Pore Aperture Area, 
assuming monolayer solvation shell 

0.2 

DCRUavg (n=3) 0.007 ± 0.004 

 

3.5 Conclusions 

The observed low uptake of cannabinoids to the MOF is inconsistent with an adsorption 

model where the full BET surface area is available to the adsorbates, which is most likely due to 

size-exclusion effects of the adsorbate at the pore aperture.  The data are most consistent with a 

non-uniform, surface-limited adsorption model, where the effective diameter of the adsorbate 
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accounts for a monolayer solvation shell. The difference between the expected uptake of the non-

uniform, surface-limited model and our experimental values necessitates further investigation 

into the specific adsorption mechanism.  However, neither the uptake measured by HPLD-DAD 

or HPLC-QQQ indicate uniform adsorption throughout the MOF.  These results demonstrate that 

cannabinoid adsorption by the MOF is limited by one or more factors beyond surface area.  We 

hypothesize that adsorption-available surface area is governed primarily by the size of the pore 

aperture of the MOF relative to the adsorbate.  Adsorbates larger than the pore aperture are 

simply too large to pass into the bulk of the MOF.  Adsorption in the liquid phase may be further 

limited by solvation shells around the adsorbates in the liquid phase.  Thus, the suitability of a 

MOF for adsorptive separations such as liquid chromatography must have an upper size 

limitation of the analyte.  The size exclusion issue may be less prevalent for gas phase 

adsorptions, where adsorbates are not hindered by the presence of a solvation shell. Future 

studies may directly evaluate adsorption occurring at the particle exterior by evaluating 

adsorptive uptake by to MOF relative to varying particle size, where a strong dependence on 

particle size would be evidence supporting a primarily external adsorption mechanism.  

Additionally, the proposed adsorbate size limitation can be measured by evaluating the 

adsorptive uptake of small molecules of incrementally increasing Rg in both the liquid and gas 

phases. 
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CHAPTER 4 – DEMONSTRATING A PESTICIDE REMEDIATION STRATEGY FOR 

PREPARATIVE LIQUID CHROMATOGRAPHY USING HIGH-PERFORMANCE LIQUID  

CHROMATOGRAPHY3 
 
 
 

4.1 Summary 

Cannabis sativa L. also known as industrial hemp, is primarily cultivated for two major 

cannabinoids (cannabidiol and ∆9-tetrahydrocannabinol) as a source material for the hemp and 

marijuana industries.  Pesticide contamination during plant growth is a common issue in the 

cannabis industry which can render plant biomass, extracts, distillates made from contaminated 

material unusable.  Remediation strategies to ensure compliant and safe cannabinoid products are 

necessary and important to consider for recovering cannabinoids from contaminated materials.  

The present study evaluated retention times of 11 pesticides relative to 26 cannabinoids plus the 

cannabinoid precursor molecule olivetol for general suitability of remediation by eluent 

fractionation.  The ten pesticides evaluated for retention times are clothianidin, imidacloprid, 

piperonyl butoxide, pyrethrins (I/II mixture), diuron, permethrin, boscalid, carbaryl, Spinosad, 

and myclobutanil. Following these studies, I used three of those pesticides to evaluate spike-

recoveries to model extraction efficiency during sample preparation.  The sub-study evaluating 

spike-recovery used carbaryl, Spinosad, and boscalid to model extraction efficiency. 

Preparative liquid chromatography (PLC) is an attractive strategy for remediating pesticide 

contaminants and targeted isolation of phytocannabinoids and would improve on existing liquid-

liquid chromatographic methods.  To test the feasibility of PLC as a remediation strategy, a 

 

 
3 The present chapter has been adapted from a manuscript under review in the Springer Journal of Cannabis 
Chemistry with coauthors Dr.  James Baumgartner and Dr.  Melissa M.  Reynolds.  Samples were provided by 
Panacea Life Sciences, Golden, CO. 
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benchtop-scale high performance liquid chromatographic method was developed as a proof-of-

concept for preparative-scale liquid chromatographic separation.  Six industrial hemp process 

matrices were spiked (flower, ethanol crude extract, CO2 crude extract, distillate, distillation 

mother liquors, and distillation bottoms) with commonly used pesticides carbaryl, boscalid, and 

Spinosad.  Next, I evaluated differences in spike recovery and pesticide retention in different 

sample matrices through a 2.7 µm octyldecylsilane column.  Pesticides clothianidin, 

imidacloprid, carbaryl, diuron, Spinosad, and myclobutanil, plus olivetol, eluted in the first 3.6 

minutes, and all cannabinoids (except for 7-OH-CBD) eluted in the final 12.6 minutes of the 19-

minute gradient for all matrices evaluated.  Thus, the present method is suitable for 6/11 

pesticides and 25/26 cannabinoids evaluated.  7-OH-CBD (RT: 3.4 min), pyrethrins I and II 

(RTA: 6.8 min, RTB: 10.5 min), permethrin (RTA: 11.9 min, RTB: 12.2 min), and piperonyl 

butoxide (RTA: 8.3 min, RTB: 11.7 min), will require additional purification steps than presently 

reported.  Preliminary separations using larger particle-size C18 are ongoing but require further 

optimization prior to method transfer.  The resolution of pesticides from cannabinoids in this 

method indicates that eluent fractionation is a highly attractive solution for pesticide remediation 

of contaminated cannabis materials and targeted isolation of cannabinoids. 

 

4.2 Introduction. 

The purpose of this study was to develop a benchtop-scale HPLC method for separating 

11 pesticides, 26 cannabinoids, the cannabinoid precursor olivetol, and evaluate the theoretical 

suitability of the method for separating pesticides and cannabinoids from six industrial hemp 

processing matrices using preparative-scale liquid chromatography (PLC). 
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Cannabinoids and pesticides have been discussed in depth in previous chapters and will 

be summarized in brief here.  Cannabis sativa L. (cannabis) produces a number of 

physiologically compounds, including phytocannabinoids, terpenoids, flavonoids, and alkaloids.1 

Cannabinoids are a class of molecules that can ligate to endocannabinoid receptors in the body, 

and phytocannabinoids are a subset of cannabinoids produced by a plant.  Phytocannabinoids are 

triterpenophenolic molecules; perhaps the best known are ∆9-tetrahydrocannabinol (∆9-THC) 

and the non-psychoactive cannabidiol (CBD).90 THC produces the recreational “high” associated 

with marijuana, and CBD is a non-psychoactive analog that is reported to have antiemetic, anti-

seizure, and anti-inflammatory properties.91 In general, hemp produces CBD in much greater 

amounts than marijuana, and is thus an important cash crop in the emerging cannabis industry.23  

Pesticide contamination of cannabis source material is a primary concern in the 

production of cannabis products, and acceptability criteria for the presence of pesticides are 

regulated by state agencies.19 Although direct use of pesticides on hemp products is regulated, 

occasionally the plants are indirectly exposed to banned pesticides and trace contamination of 

biomass is an issue when grown next to other crops.38,95 Hemp grown in proximity to other 

commodity crops can be contaminated by pesticides from those adjacent fields.96 This becomes 

problematic when the pesticides used are banned by commercial cannabis regulations and drift to 

the hemp crop.   

Cannabis products intended for consumption must be tested to ensure compliance with 

state regulatory agencies; products with pesticide content exceeding acceptability criteria must 

be remediated prior to sale.19,20,137 PLC is an attractive remediation strategy that separates sample 

components using a liquid-solid interface, where solvent composition is modulated as sample 

moves through a column, and operates on the same principles as analytical High-Performance 
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Liquid Chromatography (HPLC).138 Using PLC for pesticide remediation allows for benchtop-

scale method development using HPLC, which can then be transferred to the preparative scale.   

Liquid chromatography separates analytes by selective partitioning between a solid 

stationary and liquid mobile phase.46–49 Components of the Stationary phase is defined as an 

adsorptive material, such as octyldecylsilane, which is packed into a column.  The stationary 

phase packing and particle size are highly regular throughout the column.  A mobile phase is a 

fluid which carries aliquots of sample through the instrument and drives analytes across the 

column packed with stationary phase.  Mobile and stationary phase compositions are critical 

parameters in HPLC method development.  Stationary phases used in work reported in this 

chapter were both octyldecylsilane but different particle sizes.  The analytical column used in 

sections 4.4.1- 4.4.4 had a particle size of 2.7 µm.  The column used to model analyte retention 

on the PLC system had a particle size of 10 µm.   

Carbaryl, boscalid, Spinosad, imidacloprid, clothianidin, diuron, myclobutanil, piperonyl 

butoxide, pyrethrins I and II, and permethrin are all pesticides banned from use in cannabis 

products.21 Their high chemical and thermal stability make them difficult to remediate from 

contaminated plant and extract materials, and remediation is further complicated by the complex 

nature of the cannabis matrix.139,140 These 11 pesticides are ideal contaminants for demonstrating 

proof-of-concept of a liquid chromatographic method for remediating pesticides at the benchtop 

scale, because of their varied chemical composition and unsuitability for cannabis material.141  

Ideal pesticide remediation methods also maximize cannabinoid recovery in tandem, 

since cannabinoids are also present in sample matrices.108 Methods for both cannabinoid and 

pesticide quantitation have been reported using HPLC, but targeted pesticide separation and 

assay for scale-up to PLC has not been reported.16,96,141 Suitability of the present method for each 
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pesticide was evaluated based on observed retention time.  A shorter retention time than that of 

the cannabinoids in matrix indicates that the method is suitable, whereas pesticides with retention 

times longer than cannabinoids would require additional separation steps.  Pesticides were 

evaluated as single samples and retention times measured.   

The suitability of benchtop-scale method on six processing matrices was evaluated: 

flower, CO2 crude extract, ethanol crude extract, distillate, distillation mother liquor, and 

distillation bottoms.  These matrices were selected as representative steps in industrial processing 

based on recommendation from Panacea Life Sciences.  Flower, crude extracts, and distillates 

having the most direct path to commercial sale, and the distillation mother liquor and bottoms are 

processing side-products with potentially commercializable components but require additional 

processing to recover.7,112,142 Additional spike/recovery analyses were performed using carbaryl, 

boscalid, and Spinosad to model the extraction efficiency of the method used during sample 

preparation, and to compare recoveries between sample matrices.  The structures of carbaryl, 

boscalid, and Spinosad A are shown in Figure 4.1.1.143–145 

 

Figure 4.1.1: Molecular structures of three common pesticides regulated by the state of Colorado 
in cannabis products: A) carbaryl, B) boscalid, and C) Spinosad A.   
 
 A limitation of the results reported in section 4.4.3 is that analytes were separated on a 

column with Agilent Poroshell 120 2.7 µm C18 media.60 Column dimensions and packing 

density are expected to be different between benchtop and preparative scale columns, but particle 

A CB
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size is a key consideration in stationary phase selection.33,146 Currently, 2.7 µm Poroshell 

stationary phase is not available for bulk purchase and cannot be used for PLC scale up.  The 

stationary phase for preparative-scale separations indicated by this study will be Phenomenex 

Luna 10 µm C18 PREP media.  Preliminary experiments have been performed on a 150 x 4.6 

mm Phenomenex Luna 10 µm C18 PREP column to better evaluate suitability of the method.  

The larger particle size is expected to decrease operating pressure but also decrease method 

resolution.47,50,147 Lower resolution is not a critical concern for the proposed preparative method, 

as long as relative retention times between pesticides and cannabinoids are sufficiently different.  

Preliminary results collected on the 150 x 4.6 mm 10 µm Luna column are reported however 

these trials are ongoing. 

 

4.3 Materials and methods 

4.3.1 Materials 

HPLC-grade acetonitrile (PN A998-4) was purchased from Fisher Scientific.  Carbaryl 

(PN 24139), boscalid (PN 24135), Spinosad A (PN 25649), diuron (PN 24040), myclobutanil 

(PN 24100), clothianidin (PN 29605), pyrethrins I/II (PN 25814), piperonyl butoxide (PN 

25820), imidacloprid (PN 24130), and permethrin (PN 23821) were purchased from Cayman 

Chemical. EN Method 15662 (QuECHERS) salts were purchased from Agilent (PN 5982-5650).  

A Sigma Millipore Direct-Q 5 water filtration system was used to deliver 18.0 mΩ•cm water.  

Cannabis matrix samples were donated by Panacea Life Sciences. 

Reference materials of ∆8-tetrahydrocannabinol (∆8-THC; PN: ISO60158), ∆9-

tetrahydrocannabinol (∆9-THC, PN: ISO60157), ∆9-Tetrahydrocannabinolic acid (∆9-THCA; 

PN: 33448), ∆9-tetrahydrocannabutol (∆9-THCB; PN: 33078), ∆9-tetrahydrocannabihexol (∆9-



 
 77 

THCH; PN: 33352), ∆9-tetrahydrocannabiphorol (∆9-THCP; PN: 30171), ∆9-

tetrahydrocannabivarin (∆9-THCV; PN: 18091), ∆9-tetrahydrocannabivarinic acid (∆9-THCVA; 

PN: 21259), 7-OH-cannabidiol (7-OH-CBD; PN: 36517), cannabichromene (CBC; PN: 26252), 

cannabichromeorcin (CBCO; PN: 21742), cannabichromevarin (CBCV; PN: 21974),  

cannabichromevarinic acid (CBCVA; PN: 32718), cannabidiol (CBD; PN: 21259), cannabidiolic 

acid (CBDA; PN: 18090), cannabidiolic acid methyl ester (CBDA-ME; PN: 28347), 

cannabidiphorol (CBDP; PN: 30169 ), cannabidivarin (CBDV; PN: 20165), cannabielsoin (CBE; 

PN: 21092), cannabigerol (CBG, PN: 20164), cannabigerolic acid (CBGA PN: 20019), 

cannabigerol quinone acid (CBGAQ, PN: 31772), cannabigerovarin (CBGV PN: 29117), 

cannabigerovarinic acid (CBGVA; PN: 25469), cannabicyclol (CBL; PN: 22036), cannabinol 

(CBN; PN: 25495), cannabicitran (CBT; PN: 21295), and olivetol (PN: 35202) were purchased 

from Cayman Chemical. 

 

4.3.2 Standard preparation 

All standards were prepared at ambient temperatures and stored at -20 °C. Stock standard 

of 250 µg/mL per pesticide was prepared in acetonitrile. The working standard was prepared by 

diluting the stock 1:3 in acetonitrile. Calibration standards were prepared by dilution of the 

working standard and contained 25% matrix blank. Retention time check standards were 

prepared by dilution of CRMs in 10.0 mL class A volumetric flasks to nominal concentrations of 

100 ug/mL. 
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4.3.3 Sample preparation 

Matrix blank: A mass of 100 ± 10 mg sample were massed into 50 mL falcon tubes, 

soaked in 10 mL water, and vortexed.  Then, 10 mL acetonitrile, 4 g MgSO4, 1 g NaCl, 0.5 g 

disodium citrate sesquihydrate, 1 g sodium citrate, and ceramic agitator were added to the 

samples.  Samples were then rigorously vortexed for 1 minute, centrifuged, and the acetonitrile 

(top) layer was decanted and transferred into 1.5 mL HPLC vials. 

Matrix spikes: A mass of 100 ± 10 mg sample were massed into 50 mL falcon tubes, 

soaked in 10 mL water, and vortexed.  9.25 mL acetonitrile, 750 µL stock standard solution, 4 g 

MgSO4, 1 g NaCl, 0.5 g disodium citrate sesquihydrate, 1 g sodium citrate, and ceramic agitator 

were added to the samples.  Samples were then rigorously vortexed for 1 minute, centrifuged, 

and the acetonitrile (top) layer was decanted and transferred into 1.5 mL HPLC vials.  Samples 

were prepared in triplicate. 

 

4.3.4 Instrument Method 

Analytes were separated prior to quantification on an Agilent Infinity II 1260 high performance 

liquid chromatography with diode array detection (HPLC-DAD).  The detection wavelengths 

used were 208, 220, 230, and 240 nm.  Primary studies were performed using an Agilent 

InfinityLab Poroshell 120 EC-C18 3.0 x 50 mm column with 2.7 µm particle diameter (PN: 

699975-302), using a binary gradient.  Preliminary studies on Phenomenex Luna 10 µm C18 

PREP stationary phase were performed using a 150 x 4.6 mm column (PN: 00G-4616-E0) 

Mobile phase A was 0.1% (v/v) phosphoric in water.  Mobile phase B was 0.1% (v/v) 

phosphoric acid in acetonitrile.  The injection volume was 1 µL. The method gradient was 60% 

B, 0 min; 60% B, 1 min; 80% B, 8 min; 100% B, 10 min; 100%, 14.5 min; 60 % B, 15 min; 19 
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min runtime.  The method was calibrated using the calibration standard solutions (R2 > 0.999, all 

cases). 

 Measurements were quantitated using an external standard calibration.  The instrument 

signal used was defined as the integrated peak area in the DAD chromatogram with units of 

absorbance over time (mAU*s). 

 

4.3.5 Experimental systems 

 The work reported in this chapter includes two systems.  The first system is comprised of 

six cannabis processing matrices extracted in ACN, which were spiked with boscalid, carbaryl, 

and Spinosad A standards in ACN.  Sample and standard preparation is reported in sections 

4.3.2-4.3.3.  Cannabis processing matrices used were raw flower, CO2 and EtOH crude extract, 

distillate, distillation mother liquor, and distillation bottoms.  A second system comprised of 

analytical standards containing both pesticides and cannabinoids dissolved in acetonitrile, which 

were then separated on C18 silica with two different particle sizes: 2.7 and 10 µm.  In this case, 

the stationary phase used is considered part of the system because particle size is an independent 

variable used to evaluate analyte retention times. 

 

4.4 Results and discussion 

4.4.1 Sample cleanup and pesticide recovery (all samples) 

Sample cleanup was necessary for each matrix prior to analysis to limit chromatographic 

interference.  Benchtop-scale liquid-liquid extraction between acetonitrile and salt-saturated 

water provided suitable resolution for this work.  Each of the six matrices were spiked with 11.3 

µg carbaryl, 18.8 µg boscalid, and 18.8 µg Spinosad.  Recovery was calculated based on 
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standard addition calibration.  Initially, pesticide recovery was calculated across all samples 

(n=18) because the objective of the study was to demonstrate suitability across multiple matrices.  

Using this approach, the relative standard deviations (RSDs) were greater than 5% for both 

carbaryl and boscalid.  The average recoveries of carbaryl, boscalid, and Spinosad were 63.7 ± 

7.8 %, 71.5 ± 19.5 %, and 64.4 ± 4.7 % respectively.  To our knowledge, this is the first report of 

extraction efficiency using this approach.  The recoveries are shown in Figure 4.4.1. 

 

Figure 4.4.1: Percent recovery of carbaryl, boscalid, and Spinosad across all matrices and 
replicates (n=18, data is shown as the average ± relative standard deviation). 
 
4.4.2 Pesticide spike recovery (matrix specific) 

The overall (n=18) pesticide recovery had higher variability than matrices considered 

individually (n=3).  This indicates that the matrix composition – for example, residual EtOH in 

the EtOH crude extract compared to unprocessed flower – influences pesticide recovery and thus 

availability for remediation.  This is likely the result of greater solubility of pesticides in ethanol 

than acetonitrile, whereby residual ethanol in the samples increases the carrying capacity of 

pesticides in the solvent.  The highest RSD for individual matrices per pesticide were 1.3% 
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(distillate), 4.1% (distillate), and 1.2% (flower, CO2 crude, and bottoms) for carbaryl, boscalid, 

and Spinosad, respectively.  The largest matrix-specific RSDs represented a 6.5%, 15.4%, and 

3.5% improvement for carbaryl, boscalid, and Spinosad, respectively.  Therefore, when 

preparing samples for LC separation, pesticide remediation must be considered on a matrix-

specific basis, rather than a longitudinal one.  The matrix-specific pesticide recoveries are shown 

in table 4.4.1. 

Table 4.4.1: Average percent recovery and relative standard deviation of carbaryl, boscalid, and 
Spinosad for each of the six analytical matrices. 

Sample (n=3) Carbaryl Boscalid Spinosad 

Flower 61.3 ± 0.4 60.2 ± 1.3 62.2 ± 1.2 

Distillate 64.0 ±1.3 62.6 ± 4.1 66.3 ±0.2 

Mother Liquor 62.8 ± 0.6 68.6 ± 0.5 65.5 ± 0.9 

EtOH Crude 73.8 ± 1.1 96.9 ± 0.9 68.8 ± 1.1 

CO2 Crude 62.3 ± 0.4 59.7 ± 1.3 63.7 ±1.2 

Bottoms 58.3 ±0.4 80.9 ± 1.3 60.0 ± 1.2 

 
Greater pesticide recovery in the context of this work facilitates more efficient 

remediation by minimizing the number of PLC replicates per sample.  The ethanolic crude 

extract had the greatest spike recovery for all three pesticides.  In an industrial context, it may 

therefore be advantageous to target specific process matrices for pesticide remediation.  A 

similar matrix-specific approach to cannabinoid purification is possible, although cannabinoid 

isolation is outside the scope of this work.  Besides the uniformly high recovery in the ethanolic 

crude extract, it was observed that the distillation bottoms had a notably larger boscalid recovery 

(80.9%) compared to carbaryl and Spinosad (58.3% and 60.0%, respectively) within the same 

matrix.  The matrix-specific pesticide recovery is shown in Figure 4.4.2. 
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Figure 4.4.2: Matrix-specific recoveries of carbaryl, boscalid, and Spinosad (n=3 each.  Data is 
shown as the average ± relative standard deviation). 
 
4.4.3 Matrix cannabinoid profiles 

Additionally, cannabinoids were qualitatively identified in each of the spiked hemp 

matrices.  It was expected that the ratio of acid-form to decarboxylated cannabinoids will be 

observed in greatest proportion in the raw flower sample, because the biomass is heated prior to 

crude extraction.  CBD/CBDA was observed in greatest relative abundance for each of the 

matrices except the distillation bottoms, where CBG occurs in greatest abundance.  

Representative chromatograms for each matrix are shown in Figure 4.4.3. 
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Figure 4.4.3: Representative chromatograms of A) raw flower, B) crude CO2 extract, C) crude 
ethanol extract, D) CBD distillate, E) mother liquor, and F) distillation bottoms.  The ratio of 
CBDA to CBD occurs in greatest proportion in the raw flower sample, because the biomass is 
decarboxylated with heat prior to crude extraction.  CBD/CBDA was observed in greatest 
relative abundance for each of the matrices except the distillation bottoms, where CBG occurs in 
greatest abundance.   
 

4.4.4 Analyte retention on 2.7 µm Poroshell C18 

As expected, carbaryl, boscalid, and Spinosad eluted before the more hydrophobic 

cannabinoids during spike/recovery trials.  Clothianidin, imidacloprid, carbaryl, olivetol, diuron, 

Spinosad, and myclobutanil eluted in the first 3.6 minutes, and all cannabinoids (except for 7-

OH-CBD) eluted in the final 12.6 minutes of the 19-minute gradient for all matrices evaluated.  

Thus, the present method is suitable for 6/11 pesticides and 25/26 cannabinoids evaluated, by 

fractionating the first 19% of eluent to waste.  Cannabinoid 7-OH-CBD, and pesticides 
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pyrethrins I and II, permethrin, and piperonyl butoxide will require additional purification steps 

following the present gradient.  Retention times for all analytes are shown in table 4.4.2 and 

organized both alphabetically and by elution time. 

Multiple peaks were observed in Pyrethrins, piperonyl butoxide, and permethrin 

standards.  Structures of piperonyl butoxide, permethrin, and pyrethrins, are shown in Figure 

4.4.3.  Piperonyl butoxide is sold as a ≥ 95% liquid preparation and it is expected that additional 

peak is a formulation impurity.  Permethrin is sold as a ≥ 95% mixture of isomers, and it’s 

expected that the two observed peaks correspond to cis/trans isomers of the terminal allylic 

dichlorine motif.  Pyrethrin is sold as a mixture of pyrethrins I and II.  For cases where multiple 

peaks were observed, peaks were identified as A and B because their identities could not be 

deduced from the DAD data.  I hypothesize that pyrethrin and piperonyl butoxide peak identities 

may be elucidated using the LC-QQQ method reported in Chapter 2.  Permethrin cis/trans 

isomers may be elucidated using polarimetry detection.   

 

Figure 4.4.3: Molecular structures of standards with more than one eluting peak.  A) piperonyl 
butoxide; secondary peak is likely formulation impurity.  B) permethrin; secondary peaks are 
likely cis/trans isomers of the terminal allylic dichlorine motif.  C) pyrethrin I and D) pyrethrin II 
are both present in the source material. 
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Table 4.4.2: Elution times for all analytes, organized alphabetically and by elution time.  
Clothianidin, imidacloprid, carbaryl, diuron, Spinosad, and myclobutanil elute before all 
cannabinoids and the present method is suitable for remediating them by fractionating the first 
19% of eluent to waste. 

  Analyte 
(Alphabetically) 

Retention 
Time (min) 

Analyte 
 (Elution order) 

Retention 
Time (min) 

1 ∆8-THC 11.510 Clothianidin 1.451 
2 ∆9-THC 11.610 Imidacloprid 1.492 
3 ∆9-THCA 12.320 Carbaryl 2.160 
4 ∆9-THCB 10.678 Olivetol 2.263 
5 ∆9-THCH 12.331 Diuron 2.314 
6 ∆9-THCP 12.915 Spinosad 2.480 
7 ∆9-THCV 9.160 Myclobutanil 3.258 
8 ∆9-THCVA 10.646 7-OH-CBD 3.441 
9 7-OH-CBD 3.441 Boscalid 3.550 
10 Boscalid 3.550 CBGV 6.440 
11 Carbaryl 2.160 CBDV 6.490 
12 CBC 12.180 CBGVA 6.500 
13 CBCO 7.866 Pyrethrin Peak A 6.829 
14 CBCVA 11.224 CBGQA 7.136 
15 CBD 8.900 CBE 7.636 
16 CBDA 8.000 CBCO 7.866 
17 CBDA-ME 12.314 CBDA 8.000 
18 CBDP 11.269 Pip.  But.  Peak A 8.327 
19 CBDV 6.490 CBGA 8.340 
20 CBE 7.636 CBG 8.704 
21 CBG 8.704 CBD 8.900 
22 CBGA 8.340 THCV 9.160 
23 CBGQA 7.136 Pyrethrin Peak B 10.480 
24 CBGV 6.440 THCVA 10.646 
25 CBGVA 6.500 ∆9-THCB 10.678 
26 CBL 12.098 CBN 10.900 
27 CBN 10.900 CBCVA 11.224 
28 CBTC 13.178 CBDP 11.269 
29 Clothianidin 1.451 ∆8-THC 11.510 
30 Diuron 2.314 ∆9-THC 11.610 
31 Imidacloprid 1.492 Pip.  But.  Peak B 11.748 
32 Myclobutanil 3.258 Permethrin Peak A 11.880 
33 Olivetol 2.263 CBL 12.098 
34 Permethrin Peak A 11.880 Permethrin Peak B 12.175 
35 Permethrin Peak B 12.175 CBC 12.180 
36 Pip.  But.  Peak A 8.327 CBDA-ME 12.314 
37 Pip.  But.  Peak B 11.748 ∆9-THCA 12.320 
38 Pyrethrin Peak A 6.829 ∆9-THCH 12.331 
39 Pyrethrin Peak B 10.480 ∆9-THCP 12.915 
40 Spinosad 2.480 CBTC 13.178 
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4.4.5 Preliminary tests on 10 µm Luna C18 

Preliminary injections using larger particle size were done using 11-component pesticide, 

olivetol, and 26-component cannabinoid test samples.  I evaluated all components, including 

those deemed unsuitable on the 2.7 µm column, for direct comparison between the two 

stationary phases.  As of September 2022, development is ongoing.  Analyte concentrations and 

scale were not normalized which causes the difference in peak size.  Pesticide and cannabinoid 

elution profiles are similar to those in section 4.4.4, in that cannabinoids elute late in the 

gradient, and some pesticide peaks overlap with cannabinoids.  Representative chromatograms 

are shown in Figure 4.4.4.  Chromatograms A and B used the instrument method reported in 

section 4.4.4.  The solvent front and first eluting species are shifted right in the chromatogram, 

caused by the 5 cm longer pathlength through the column.  The large peak occurring at 11.1 min 

is likely unresolved late-eluting species such as CBTC and permethrin.  Chromatograms C and D 

used a flow rate of 1.0 mL/min, causing peaks to elute earlier.       

 
Figure 4.4.4: Representative chromatograms of cannabinoid (A and C) and pesticide (B and D) 
test samples.  Chromatograms A and B used the instrument method reported in section 4.4.4.  
The large peak occurring at 11.1 min is likely unresolved late-eluting species such as CBTC and 
permethrin.  Chromatograms C and D used a flow rate of 1.0 mL/min, causing peaks to elute 
earlier.  
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4.5 Conclusions 

The present study evaluated retention times of 11 pesticides relative to 26 cannabinoids, 

plus the cannabinoid precursor molecule olivetol, for general suitability of remediation by eluent 

fractionation with PLC.  Clothianidin, imidacloprid, carbaryl, olivetol, diuron, Spinosad, and 

myclobutanil eluted in the first 3.6 minutes, and all cannabinoids (except for 7-OH-CBD) eluted 

in the final 12.6 minutes of the 19-minute gradient for all matrices evaluated.  Thus, the present 

method is suitable for simple fractionation of 6/11 pesticides and 25/26 cannabinoids evaluated 

on 2.7 µm C18 Poroshell media.  7-OH-CBD, pyrethrins I and II, permethrin, and piperonyl 

butoxide will require additional purification steps beyond the present gradient.  Preliminary 

benchtop separations using 10 µm C18 stationary phase are ongoing but require further 

optimization prior to method transfer. 

Carbaryl, boscalid, and Spinosad were spiked into six industrial cannabis processing 

matrices: flower, ethanol crude extract, CO2 crude extract, distillate, distillation mother liquor, 

and distillation bottoms.  Percent spike recoveries were calculated for all three pesticides, and it 

was observed that ethanolic crude extract had the largest recovery for all three pesticides, and the 

RSDs of spike recoveries of the individual matrices were significantly smaller compared to all 

samples.  A key finding is that matrix composition must be considered when extracting samples 

for pesticide remediation. The possibility of completely removing pesticides while retaining 

cannabinoids and other high-value matrix components for further processing makes PLC a 

highly attractive strategy for separating cannabinoids in large volume and industrial 

manufacturing of cannabis products. 

  



 
 88 

CHAPTER 5 – CONCLUDING REMARKS AND FUTURE DIRECTIONS 
 
 
 

This dissertation reports on investigations into separations of cannabinoids and pesticides 

in the liquid phase.  In Chapter 2, I developed an HPLC-QQQ method to simultaneously measure 

25 cannabinoids and 9 pesticides using high-performance liquid chromatography coupled with 

tandem mass spectrometry.  Two key outcomes of Chapter 2 are the capability of resolving ∆8- 

and ∆9-THC and increasing the number of cannabinoids and pesticides detected in a single 

HPLC-QQQ method.  In Chapter 3, I report the first investigation on the use of a metal-organic 

framework, MIL-53(Al) for adsorptive separation of ∆9-THC, CBD, and CBN from an ideal 

system.  The key outcome of Chapter 3 was that the MOF was not suitable because cannabinoids 

were size excluded from the internal surfaces and thus could not adsorb to much of the MOF 

surface area.  In Chapter 4, I present benchtop-scale high performance liquid chromatographic 

(HPLC) separation of 26 cannabinoids and 11 pesticides, and evaluate spike extraction efficiency 

of pesticides boscalid, Spinosad, and carbaryl. It was observed during this work are the 

observation that ethanolic crude extract had the largest recovery for all three pesticides, the 

RSDs of spike recoveries of the individual matrices were significantly smaller compared to all 

samples – indicating matrix composition must be considered when extracting samples for 

pesticide remediation.  The benchtop method is suitable for simple fractionation of 6/11 

pesticides and 25/26 cannabinoids evaluated.  7-OH-CBD (RT: 3.4 min), pyrethrins I and II 

(RTA: 6.8 min, RTB: 10.5 min), permethrin (RTA: 11.9 min, RTB: 12.2 min), and piperonyl 

butoxide (RTA: 8.3 min, RTB: 11.7 min), will require additional purification steps beyond the 

present gradient.   
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In future work, the HPLC-QQQ method reported in Chapter 2 is validated in neat solvent, 

but additional sample clean up and development of a suitable calibration matrix are necessary 

prior to accurate quantitation and method validation for cannabis samples.  Advancing adsorptive 

separation studies of cannabinoids or pesticides using MOFs reported in Chapter 3 will require a 

different MOF with larger pore aperture than MIL-53(Al).  Ideally, a MOF with the same 

solvothermal stability as MIL-53(Al), which may require development of new synthetic methods 

in our research group.  Preliminary experiments for benchtop-scale separations reported in 

Chapter 4 using 10 µm C18 stationary phase are ongoing but require further optimization prior to 

method transfer to preparative-scale.   

A critique of the work reported in this dissertation is that additional time spent during 

experimental design may have readily facilitated deeper insights into the experimental systems.  

For example, the use of an external calibration in neat solvent may be intuitively eliminated from 

use because of the known complexity and potential for matrix interference in cannabis samples.  

Use of standard addition or internal standards may be more suitable than external standard 

calibration since an ideal matrix blank is not readily available.  Development and qualification of 

an analogous calibration matrix such as hops could produce a transferable calibration to analyze 

cannabis samples and would represent a direct improvement on reported methods.  However, 

having performed this work and observed difficulties associated with the matrix extraction using 

QuECHERS extraction followed by filtration through 0.2 µm PTFE, method development may 

have been streamlined by using standard addition from the outset.  Standard addition alone 

would not address issues with noise or interference from concomitant species but would more 

appropriately account for matrix composition in the calibration.  Future work using standard 
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addition calibration would likely greatly improve the reproducibility and transferability of the 

method.   

Experiments for chapter 3 were designed based on prior experience using a metal-organic 

framework to adsorptively remove uremic toxins - specifically, p-cresyl sulfate - from solution 

with the end goal of using it for dialysis.  A critique of the work reported in chapter 3 is that the 

radii of gyration and pore apertures discussed in section 3.4.4 could have been calculated without 

benchtop chemistry.  The outcomes of experiments reported in chapter 3 clearly support an 

adsorption model where the internal surface area of the metal-organic frameworks is not 

accessible to the adsorbate, and the computational data may have been enough to refute 

adsorption model 1.  However, computational data was performed on the back end of this work 

to evaluate the likelihood of experimental data.  There are ample reports in the literature that 

purport suitability of metal-organic frameworks as adsorptive materials for uremic toxin 

remediation, which implies a similar suitability may be expected for cannabinoid uptake.  The 

finding that adsorptive uptake by MIL-53(Al) is size-limited contradicts a vast body of work.  

Thus, experimental trials of the adsorption system were justified at the project outset.  Moving 

forward in future work, the size-limited adsorption findings should be considered at the project 

outset. 

The work reported in chapter 4 may be similarly critiqued as chapter 2, whereby the 

retention times of pesticides may be rationally predicted without experimentation.  Molecular 

polarity is a parameter that can be computed beforehand, and the relative polarities of 

cannabinoids and pesticides could be used to estimate relative elution order of analytes prior to 

experiment.  The 11 pesticides evaluated in chapter 4 were selected because of their varying 

structures and functionalization, but experimental determination of exact retention times may not 
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be critical to understanding the relative suitability of the method for remediating pesticides from 

cannabis samples.  This is a valid critique and future studies should include a computation of 

analyte polarity prior to analysis.   

A second critique of work reported in chapter 4 is that relative retention times are 

expected to be congruent for a given set of analytes with the same stationary and mobile phase 

compositions.  A 7.3 µm particle size difference of an octyldecylsilane stationary phase will 

likely have different resolving power and different retention times due to differences in 

stationary phase surface area, but the separation is driven by the same relative intermolecular 

forces in either column.  In response to this second critique of chapter 4, an alternative 

experimental design where the composition of stationary phase is varied with a constant particle 

size.  Analyte separation is driven by partitioning between the stationary and mobile phase, so 

differences in the stationary phase would be expected to change the elution behavior of analytes 

on the column.  Again, the polarity of analytes could be used to estimate the relative retention of 

analytes on the column, but experimental observation may be more justified than for the system 

reported in chapter 4.   

The methods described in this dissertation have been developed with the objective of 

direct transferability to industry laboratories.  The majority detection method in an industrial 

setting is diode-array detection because of the low relative abundances of most cannabinoids 

relative to ∆9-THC(A) and CBD(A).  DAD has a lower operational cost compared to tandem 

mass spectrometry, so cost may be a gendarme to transferring QQQ methods from chapters 2 and 

3 to industry, compared to the benchtop DAD method in chapters 3 and 4.  Additional sample 

preparation steps will be necessary – as discussed previously in chapter 5 – as well as method 

validation prior to method transfer to outside labs.  One approach could be to use a single 
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laboratory validation protocol in-house, verified on a secondary system on CSU’s campus, then 

verified on an off-site system by different researchers in order to demonstrate the robustness of 

the method.63 Once the calibration and robustness are verified, the method can be fortified via 

the implementation of QC check and limit of quantitation standards into the standard protocol. 

Completion of these validation protocols and method checks will greatly enhance the 

generalizability and transferability of the methods described in this dissertation. 

The industrial value of this work lies both in the analytical improvements previously 

discussed but also in the commercial outcomes. Our collaborators at Panacea Life Sciences 

quoted the current price of crude hemp extract at $5,000/kg, CBD isolate at $10,000/kg, and ∆9-

THCV isolate at $40,000/kg. Cannabis extracts contaminated with pesticides represent a serious 

financial burden to manufacturers, and a robust pesticide remediation method such as that 

modeled in chapter 4 of this dissertation would allow companies to recover capital that would 

otherwise lost.  The ability to target minor cannabinoids in cannabis matrices and quantify their 

abundance makes production forecasting easier and potentially reduces overage costs. The ability 

to then isolate those minor cannabinoids for sale or research purposes is a powerful tool for 

driving profits and enables new frontiers in cannabinoid research by supplying raw materials for 

clinical trials.  Sample preparation methods described in chapters 2 and 4 use 20 mL of solvent 

and milligrams of sample – the associated costs and quantities used are dwarfed in comparison to 

the production scale, and the commercial value of the final products.  

Briefly summarized, future iterations and expansion of this work will benefit from a 

focus on optimized sample preparation, understanding that a benchtop-to-preparative scale drives 

the commercializability of this work. The finding in Chapter 2 that sample composition 

influences the pesticide extraction efficiency can likely be extended to cannabinoids as well. 
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Cannabinoids have a greater solubility in ethanol compared to acetonitrile, so a liquid-liquid 

sample extraction using ethanol may improve recoveries. I tried this during method development 

with the QuECHERS materials I’ve reported and found that the solubility of ethanol in salt-

saturated water was such that a biphasic extraction was not observed. There may be other solvent 

combinations or clarifying methods possible that I did not try. Solvent removal following 

preparative extraction should also be considered. Using ethanol instead of ACN may reduce 

post-separation hazards due to the relative toxicity of the two solvents. Recovered fractions of 

sample plus acidified acetonitrile/water may pose difficulties for solvent removal. The researcher 

should also consider the toxicity of the acid used if the isolated product is to then be sold for 

consumption. Food-grade phosphoric acid is used in Coca-Cola, but may be less desirable in a 

cannabis context. A potential alternative would be acetic acid but issues with odor/taste may be a 

factor. These are long-term applications beyond the fundamental scope of a dissertation but are 

relevant to the industrial significance of such research.  

One interesting direction for the HPLC methods described in this work would be to track 

cannabinoid content through the course of processing. Each step, from decarboxylation to 

extraction to distillation to isolation, will inherently involve some loss. What is the loss 

associated with each step? Cannabinoids vaporize at different temperatures, so does 

decarboxylation pre-crude extraction cause some high-value cannabinoids to be lost? Does 

decarboxylation or distillation in the presence of oxygen increase ∆9-THC oxidation to CBN? If 

samples are homogenized with heat in a sonicator prior to HPLC analysis, does that cause 

measurement bias resulting from heat-driven analyte decomposition? Can CBGV, CBDV, 

CBGA, and CBDA be more easily resolved and isolated using a different stationary phase?  
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The size-limitation of MOF-mediated adsorption may be inappropriate for cannabinoids, 

but not necessarily for smaller concomitants in the cannabis matrix. Volatile isoprene and 

monoterpenes are smaller than the triterpenophilic cannabinoids and may be adsorbed in the gas 

phase, and research into storage or isolation of these smaller compounds may still be possible. 

Studies, including those reported by our group, have shown that MOFs can remove heavy metals 

from solution. MOF-mediated heavy-metal capture in cannabis is a potentially advantageous 

approach, given that cannabinoid molecules are unlikely to diffuse into the framework, thus 

remediating heavy metals while preserving the cannabinoid content of the source material. 

Obviously, the pore dimensions and MOF properties would be a crucial component in this study, 

and concomitant molecules in the sample may interfere with uptake by clogging the MOF pores. 

However, if this approach were to work, it would be similarly valuable to the cannabis industry 

to have a remediation method for metal ions that cannot be remediated using PLC.  
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APPENDIX A – SUPPORTING INFORMATION FOR CHAPTER 2 
 
 
 

Table A.1: Dilution-corrected assay for cannabinoids and pesticides, detected using the present 
instrument method (n = 3, all samples).  The high sample RSD indicates that these results are not 
suitable and further optimization is necessary for accurate quantification. 

Analyte Bottoms 
(ng/mL) 

Bottoms 
RSD 

Distillate 
(ng/mL) 

Distillate 
RSD 

7-OH-CBD [(-)-7-hydroxy CBD] 41 173 2369 121 
Boscalid 43 5 44 2 
Carbaryl ND ND ND ND 

CBC (Cannabichromene) 7201 140 19001 132 
CBCO (Cannabichromeorcin) ND ND 179 143 

CBCVA (Cannabichromevarinic Acid) 3 173 92 126 
CBD (Cannabidiol) 143823 29 8388212 11 

CBDA (Cannabidiol Acid) ND ND ND ND 
CBDA-ME (Cannabidiolic Acid Methyl 

Ester) 
23 43 97 115 

CBDP (Cannabidiphorol) 215 106 443 125 
CBDV (Cannabidivarin) 225 140 10508 118 

CBE (Cannabielsoin) 2796 141 28133 107 
CBG (Cannabigerol) 3468956 15 71641 9 

CBGA (Cannabigerolic Acid) ND ND ND ND 
CBGQA (Cannabigerol Quinone Acid) 53 173 26 173 

CBGV (Cannabigerovarin) 689 135 49 116 
CBGVA (Cannabigerovarinic Acid) ND ND ND ND 

CBN (Cannabinol) 2557 135 13656 126 
CBTC (Cannabicitran) 37349 134 68320 101 

Clothianidin ND ND ND ND 
∆8-THC (∆8-tetrahydrocannabinol) 1276 138 22629 116 
∆9-THC (∆9-tetrahydrocannabinol) 21496 131 70168 100 

∆9-THCA (∆9-tetrahydrocannabinolic 
Acid) 

531 74 3100 139 
∆9-THCB (∆9-tetrahydrocannabutol) 94 18 85 18 

∆9-THCH (∆9-tetrahydrocannabihexol) 6209 116 362 13 
∆9-THCV (∆9-tetrahydrovannabivarin) 294 145 539 124 

∆9-THCVA (∆9-
tetrahydrocannabivarinic Acid) 

ND ND 8 173 
Diuron ND ND ND ND 

Imidacloprid ND ND ND ND 
Myclobutanil 11 24 11 25 

Pyrethrin I 9528 115 6348 98 
Pyrethrin II 681 135 179 68 
Spinosad ND ND ND ND 
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Table A.1 (cont’d): 
Analyte Mother 

Liquor 
(ng/mL) 

Mother 
Liquor 
RSD 

EtOH 
(ng/mL) 

EtOH 
RSD 

7-OH-CBD [(-)-7-hydroxy CBD] 9373 108 3274 126 
Boscalid 44 6 44 4 
Carbaryl ND ND ND ND 

CBC (Cannabichromene) 29479 122 28796 130 
CBCO (Cannabichromeorcin) 144 157 478 161 

CBCVA (Cannabichromevarinic Acid) 474 154 142 169 
CBD (Cannabidiol) 6549283 2 6167320 8 

CBDA (Cannabidiol Acid) ND ND 404562 17 
CBDA-ME (Cannabidiolic Acid Methyl 

Ester) 
133 121 58 102 

CBDP (Cannabidiphorol) 816 145 799 141 
CBDV (Cannabidivarin) 4660 87 13013 129 

CBE (Cannabielsoin) 59809 81 6536 137 
CBG (Cannabigerol) 352145 4 454129 14 

CBGA (Cannabigerolic Acid) ND ND ND/OQ ND/OQ 
CBGQA (Cannabigerol Quinone Acid) 282 173 836 168 

CBGV (Cannabigerovarin) 196 113 158 128 
CBGVA (Cannabigerovarinic Acid) ND ND ND ND 

CBN (Cannabinol) 23839 118 5987 135 
CBTC (Cannabicitran) 73082 100 87526 113 

Clothianidin ND ND ND ND 
∆8-THC (∆8-tetrahydrocannabinol) 29039 114 21931 124 
∆9-THC (∆9-tetrahydrocannabinol) 78728 94 62010 111 

∆9-THCA (∆9-tetrahydrocannabinolic 
Acid) 

6152 119 14194 136 
∆9-THCB (∆9-tetrahydrocannabutol) 185 45 143 68 

∆9-THCH (∆9-tetrahydrocannabihexol) 487 27 1197 82 
∆9-THCV (∆9-tetrahydrovannabivarin) 2343 122 583 135 

∆9-THCVA (∆9-
tetrahydrocannabivarinic Acid) 

147 157 39 173 
Diuron ND ND ND ND 

Imidacloprid ND ND ND ND 
Myclobutanil 12 28 12 17 

Pyrethrin I 2567 93 2660 104 
Pyrethrin II 142 84 117 85 
Spinosad ND ND ND ND 
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Table A.1 (cont’d): 
Analyte Flower 

(ng/mL) 
Flower 

RSD 

7-OH-CBD [(-)-7-hydroxy CBD] 1142 154 
Boscalid 44 6 
Carbaryl ND ND 

CBC (Cannabichromene) 13075 135 
CBCO (Cannabichromeorcin) ND ND 

CBCVA (Cannabichromevarinic Acid) ND ND 
CBD (Cannabidiol) 1389722 15 

CBDA (Cannabidiol Acid) 1520578 16 
CBDA-ME (Cannabidiolic Acid Methyl 

Ester) 
22 25 

CBDP (Cannabidiphorol) 92 110 
CBDV (Cannabidivarin) 1136 128 

CBE (Cannabielsoin) 2355 156 
CBG (Cannabigerol) 52102 21 

CBGA (Cannabigerolic Acid) ND ND 
CBGQA (Cannabigerol Quinone Acid) 57 173 

CBGV (Cannabigerovarin) 8 132 
CBGVA (Cannabigerovarinic Acid) ND/OQ ND/OQ 

CBN (Cannabinol) 6058 134 
CBTC (Cannabicitran) 18574 138 

Clothianidin ND ND 
∆8-THC (∆8-tetrahydrocannabinol) 8450 133 
∆9-THC (∆9-tetrahydrocannabinol) 22391 129 

∆9-THCA (∆9-tetrahydrocannabinolic 
Acid) 

6339 145 
∆9-THCB (∆9-tetrahydrocannabutol) 72 9 

∆9-THCH (∆9-tetrahydrocannabihexol) ND ND 
∆9-THCV (∆9-tetrahydrovannabivarin) 31 173 

∆9-THCVA (∆9-
tetrahydrocannabivarinic Acid) 

1 173 
Diuron ND ND 

Imidacloprid ND ND 
Myclobutanil 11 23 

Pyrethrin I 513 145 
Pyrethrin II 103 78 
Spinosad ND ND 
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APPENDIX B – SUPPORTING INFORMATION FOR CHAPTER 3 
 
 
 

 

Figure B.1: Overlaid, full FTIR spectra of MIL-53(Al) (black trace) and cannabinoid-exposed 
MIL-53(Al) (red trace). 

 

 

Figure B.2: Characteristic SEM images of the activated MIL-53(Al) sample at A) 1,000x and B) 
5,000x magnification. 
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Figure B.3: Nitrogen adsorption isotherm of MIL-53(Al) exposed to ACN and degassed under 
ambient conditions (control). 
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