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ABSTRACT 

 

 

 

UNCOVERING MECHANISMS DRIVING VARIATION IN MUTATION RATES IN 

ORGANELLAR AND NUCLEAR GENOMES 

 

 

Mutations are changes to DNA sequences which drive evolution by supplying raw 

genetic variation for natural selection to act upon. At the same time, mutations tend to have 

negative fitness consequences and are the source of genetic diseases. Such costs and benefits of 

mutation create opposing forces of selection on mutation rate modifiers, which are alleles 

(typically in DNA repair genes) responsible for increases or decreases to mutation rates.   

Essentially all eukaryotes possess at least two genomes: the nuclear genome (nucDNA) 

and the endosymbiotically derived mitochondrial genome (mtDNA). Photosynthetic plants and 

algae additionally possess endosymbiotically derived plastid genomes (cpDNAs). Together, the 

mtDNA and cpDNA are referred to as organellar genomes. Chapter 1 of this dissertation 

provides a framework for understanding how DNA repair machinery and mutation rates have 

evolved in complex eukaryotic cells. Chapters 2 and 3 focus on specific repair pathways active in 

organellar genomes. Finally, Chapter 4 shifts focus to understand how environmental 

perturbations in expression level impact mutation in plant nuclear genomes. 

Repair of organellar genomes is conducted by nuclear-encoded genes that are translated 

in the cytosol and targeted to the organelles. In terms of evolutionary history, organellar repair 

machinery is a mosaic network of bacterial-like repair genes, which came into the cell with the 

organelles, and nuclear repair genes that have been co-opted for organellar function. In some 

cases, repair proteins are targeted to both the nucDNA and mtDNA (and/or cpDNA in plants) to 
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perform similar functions. This is the case as for many base excision repair (BER) proteins, 

which identify and remove of chemically damaged bases. In contrast, organellar repair arsenals 

are thought to lack canonical mismatch-repair (MMR) and nucleotide excision repair (NER), 

which are both important repair pathways in nuclear genomes.  

Instead, the diverse eukaryotic lineages have adopted unique strategies for organellar 

genome maintenance. As a result, there is a tremendous diversity in mtDNA mutation rates, 

which show over a 4000-fold variation across eukaryotes. Interestingly, much of this variation is 

driven by the extremely low point mutation rates plant mtDNAs. In addition, plant organellar 

genomes are more recombinationally active and plant mtDNAs are structurally unstable 

compared to the mtDNAs of other eukaryotes. 

Chapter 2 of this dissertation explores the mechanistic basis of low point mutation rates 

and recombination-mediated repair in plant organellar genomes. We performed high-fidelity 

Duplex Sequencing on a panel of Arabidopsis thaliana lines lacking specific organellar genome 

repair genes. We report large point mutation increases in mutant lines lacking MSH1, a mutS 

homolog that has been proposed to induce double-stranded breaks at the site of DNA 

mismatches, effectively shuttling such lesions into homologous recombination (HR) pathways 

that play important roles in plant organellar genome replication and repair. We see smaller point 

mutation increases in other mutant lines lacking RADA, RECA1 and RECA3. In addition, we 

generated long-read Oxford Nanopore sequencing to characterize repeat-mediated recombination 

in several of the mutants in the panel. Our findings provide valuable insights into the 

mechanisms driving the fascinating patterns of organellar genome evolution in land plants.  

 The aforementioned lack of NER in organellar genomes is surprising given the 

importance of NER as a ‘catchall’ for repair of a variety of bulky DNA lesions in nuclear 
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genomes. Chapter 3 focuses in on the fate of photodamage (an important type of bulky DNA 

damage) in organellar DNA. To do so, we leverage publicly available XR-seq datasets, which 

were generated to quantify and map active NER excision products in nuclear genomes following 

UV exposure. The taxonomic scope of chapter is expanded from plants to also include fungi (the 

brewer’s yeast Saccharomyces cerevisiae) and animals (the model fruit fly Drosophila 

melanogaster). We find that mtDNA-derived XR-seq reads in A. thaliana and S. cerevisiae have 

distinct and repeatable patterns in terms of length and internal positioning of pyrimidine dimers 

(known targets of photodamage formation). These data mirror established patterns of NER-

derived reads originating from the nuclear genomes, raising the exciting possibility that NER-

like repair pathways may exist in for repair of photodamage in organellar genomes. 

 The focus of chapter 4 shifts to understanding how environmental changes impact 

mutation in plant nuclear genomes. The textbook view of mutation and adaptation is that 

mutations occur randomly with respect to their environment-specific fitness consequences. 

However, this view of random mutation is challenged as evidence increasingly establishes a 

correlation between increased expression and decreased mutation via the coordination of 

transcription and DNA repair machinery at the molecular level. As a result of this correlation, 

intragenomic mutation rates likely vary with changing environments given that expression levels 

are environmentally labile. Therefore, certain genes may be predisposed to higher or lower 

mutation rates depending on the environment, though the magnitude and importance of this 

effect remains largely untested. A technical challenge in addressing these questions is that large 

scale plant mutation datasets are time and resource intensive to generate. A recent plant study 

relied on low frequency somatic calls from Illumina based shotgun libraries to generate a large 
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number of mutations, but others report that most of these inferred mutations are sequencing 

errors. 

 To overcome these challenges, we took a novel approach to measuring somatic mutations 

by using Duplex Sequencing to quantify mutations in targeted regions of the A. thaliana 

nucDNA. We identified a set of differentially expressed genes in plants grown at different 

temperatures, which we then targeted for mutation detection using hybrid capture. In addition to 

wild type (WT) lines, we also studied mutant lines deficient in BER and MMR to test if either of 

these pathways are responsible for the correlation between expression and mutation in plants. We 

found large point mutation increases in the MMR mutants compared to WT plants, which 

displayed surprisingly few mutations at either temperature. Though the small number of WT 

mutations precluded a meaningful comparison of expression and mutation in a WT background, 

this result if nonetheless valuable for establishing that the true frequency of somatic mutations in 

plants is indeed very low suggesting that previous estimates likely conflated Illumina based 

sequencing artifacts with mutations. 

 Mutation rates vary by over three orders of magnitude across the tree of life. Much of this 

variation is captured in mitochondrial mutation rates. The chapters of this dissertation provide 

valuable insights into the molecular processes that drive mutation rate variation in eukaryotic 

genomes. Such mechanistic understandings are critical for advancing the broader field of 

mutation rate evolution.  
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CHAPTER 1: THE EVOLUTION OF MUTATION RATES 

 

 Natural selection drives evolution by favoring alleles that improve organismal fitness. 

Over time, selection spreads beneficial alleles through a given population. As such, natural 

selection often gets the credit for the tremendous diversity of life on earth, but evolution would 

not be possible without another process – mutation, which is most simply defined as a change to 

a DNA sequence. Mutation is the ultimate source of biological diversity since it creates genetic 

variation, thus providing natural selection different alleles to ‘select’. Without mutation, 

evolution as we know it would come screeching to a halt. At the same time, most new mutations 

negatively impact organismal fitness. In some cases, a single inherited mutation can have fatal 

consequences (de Vernejoul and Kornak 2010). De-novo mutations that arise during an 

organism’s life can also be lethal, as is the case with many types of cancer (Veltman and Brunner 

2012; Martínez-Jiménez et al. 2020).  

 Mutations come in many varieties, ranging from simple events like single nucleotide 

substitutions to large scale events such as chromosomal fusions (Ventura et al. 2012). In many 

cases, mutations occur in a stepwise manner where initially DNA is damaged, and then the 

damage is turned into a mutation when the genome is replicated. In between these steps, damage 

may be targeted for repair by cellular machinery. The individual DNA repair proteins that make 

up this machinery are themselves encoded in the genome. Interestingly, repair genes can also 

incur mutations, thereby creating variation in the efficacy of the DNA repair machinery. This 

variation is itself subject to natural selection, which means mutation rates are an evolving trait 

with an optimum fitness state (Sniegowski et al. 2000). This led the early geneticist Alfred 
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Sturtevant (Sturtevant 1937) to pose the famous question, ‘Why does the mutation rate not 

become reduced to zero’? 

 In the intervening decades, biologists have amassed droves of mutation rate estimates in 

diverse organisms across the tree of life, aided in recent years by DNA sequencing advances. 

Several potential answers to Sturtevant’s question have emerged. One idea, termed the drift 

barrier hypothesis (DBH), is rooted in the population genetics principle that natural selection’s 

ability to drive a trait towards a fitness optimum is positively related to the selective advantage of 

a trait and inversely related to the effective population size (Ne) of a given population (Kimura 

1967; Lynch 2008; Sung et al. 2012; Lynch et al. 2016). The DBH assumes that since most new 

mutations have negative fitness consequences (Eyre-Walker and Keightley 2007), natural 

selection should always favor anti-mutator alleles, which are defined as alleles that lower the 

mutation rate. Non-zero mutation rates therefore arise from natural selection’s inability to fix 

anti-mutator alleles because they have a small effect (i.e. negligible decreases to mutation rates) 

relative to the sampling variance associated with small Ne (i.e. genetic drift; (Lynch et al. 2016).  

The utility of the DBH as a unifying theory for the evolution of mutation rates is 

demonstrated by the strikingly strong correlation between Ne and mutation rates (per base-pair 

per generation) across the entire tree of life (Lynch 2010). The mutation rates of viruses, bacteria 

and multicellular eukaryotes can all be reasonably estimated as a function of Ne (Lynch et al. 

2016; Bergeron et al. 2023). Yet, there are notable exceptions; rulebreakers that do not conform 

to the DBH which provide valuable insights for understanding mutation rate evolution more 

broadly. 

 The DBH predicts that mutation rates in mitochondrial genomes (mtDNAs) should be 

higher than in nuclear genomes (nucDNAs) since 1) mtDNAs have a decreased Ne because they 
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are uniparentally inherited and non-recombining and 2) they are orders of magnitude smaller and 

therefore have far fewer sites under selection than nuclear genomes, reducing the potential 

selective advantage of anti-mutator alleles (Lynch et al. 2006, 2016). For many eukaryotes, 

including most metazoans, this prediction of the DBH is satisfied and mtDNA point mutation 

rates are often about an order of magnitude higher than those of nuclear genomes (Wolfe et al. 

1987; Havird and Sloan 2016). In land plants, however, the pattern is reversed, as mtDNA point 

mutation rates are often about an order of magnitude lower than those of nucDNAs  (Wolfe et al. 

1987; Drouin et al. 2008). Land plant plastid genome (cpDNA) mutation rates are similarly low 

(Smith and Keeling 2015). A mechanistic understanding of the repair machinery protecting land 

plant organellar genomes is important for reconciling organellar mutation rate evolution with the 

DBH.  

 Low point mutation rates are not the only feature differentiating land plant mtDNA 

evolution from other eukaryotes. Land plants mtDNAs, with an average size of 395 kb (Wu et al. 

2022), are much larger than mtDNAs of other eukaryotes, which are typically less than 20 kb in 

metazoans and range from ~20 to 235 kb in fungi (Sandor et al. 2018). In addition, plant 

mtDNAs are recombinationally active and display extreme structural instability, as evidenced by 

the lack of shared synteny in the mtDNAs of closely related plant species (Handa 2003; Kubo 

and Newton 2008; Skippington et al. 2017; Gualberto and Newton 2017; Brieba 2019; Chevigny 

et al. 2020). It has been hypothesized that the seemingly disparate features of land plant mtDNA 

evolution (low point mutation and rapid recombination rates) may be explained by an unusual 

DNA repair strategy where DNA mismatches (the progenitors of point mutations) are converted 

into double stranded breaks and resolved via homology directed repair (Christensen 2014, 2018; 

Ayala-García et al. 2018; Broz et al. 2022). A tradeoff where low point mutation rates are 
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achieved at the expense of increased recombination explains how land plant organellar genomes 

seem to defy the DBH, since the DBH is narrowly focused on point mutations while other types 

of mutation, including structural rearrangement, tend to dominate land plant organellar genomes. 

Characterization of the repair mechanisms responsible for low point mutations in plant 

organellar genomes has been hampered by the technical challenge of obtaining direct 

measurements of mutation, given the high error-rate of Illumina sequencing (Schaack et al. 

2020). Fortunately several high-fidelity approaches have been developed which use unique 

molecular identifiers to create consensus sequences from PCR duplicates (Sloan et al. 2018), the 

most accurate of which is Duplex Sequencing (Schmitt et al. 2012). In chapter 2 of this 

dissertation, we implemented our optimized Duplex Sequencing protocol (Wu et al. 2020) to 

characterize the relationship between point mutation and recombination in a panel of mutant 

Arabidopsis thaliana lines with deficiencies in organellar homologous recombination pathways.  

 Another important question impacting plant organellar mutation rates is determining how 

photodamage is processed or repaired in organellar genomes (Gualberto and Newton 2017). 

Photodamage is a type of bulky DNA damage induced by ultra-violet (UV) radiation and is 

known to be a potent mutagen capable of disrupting numerous biological processes including 

transcription and DNA replication (Sinha and Häder 2002). In bacterial and nuclear genomes, 

well characterized nucleotide excision repair (NER) pathways are responsible for removing 

photodamage, as well as other types of bulky DNA damage. NER pathways evolved 

independently in prokaryotes and eukaryotes but share common mechanistic features. First, NER 

machinery recognizes bulky DNA damage and then endonucleases make single-stranded 

incisions upstream and downstream of the damaged site. The damage containing single-stranded 
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oligo is then excised and the resulting gap is filled in using the complementary strand as a 

template (Sancar 1996).  

Attempts to identify an analogous repair pathway for repair of bulky DNA damage in 

mtDNAs have so far been unsuccessful (Clayton et al. 1974; Waters and Moustacchi 1974; 

Prakash 1975; LeDoux et al. 1992; Hunter et al. 2010; Saki and Prakash 2017). Photolyases, 

which can directly reverse photodamage, have been shown to play a role in organellar genome 

repair in some eukaryotes (Prakash 1975; Takahashi et al. 2011). However, while NER is a 

‘catch-all’ for the many different classes of bulky DNA damage, photolyases are only capable of 

repairing photodamage (an important subset of bulky DNA damage) and even then, they are 

damage specific. For example, entirely different photolyases are required to repair the two most 

common types of photodamage: cyclobutane pyrimidine dimers (CPDs) and pyrimidine-

pyrimidone (6-4) photoproducts ((6-4)PPs; (Lucas-Lledó and Lynch 2009). Compared to other 

repair machinery which tends to be broadly conserved, photolyases are missing from many 

eukaryotic lineages (Mei and Dvornyk 2015). For example, mammals lack photolyases 

completely and, while the some fungi have a complete photolyase arsenal, the brewer’s yeast 

Saccharomyces cerevisiae possesses a CPD-photolyase but lacks a (6-4)PP photolyase (Sancar 

2004).  

In the absence of NER-like repair or photolyase protection it has been proposed that 

photodamaged mtDNA may simply be degraded and destroyed (Clayton et al. 1974; Waters and 

Moustacchi 1974). However, mechanistic details of mtDNA degradation pathways remain 

uncharacterized and it is unclear how new mtDNA copies could be synthesized in instances 

where every mtDNA copy in a cell receives photodamage (Takami et al. 2018; Zhao 2019). A 

historic barrier in understanding the fate of photodamage in organellar DNA is the difficulty in 
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distinguishing signals of damage and repair from the nuclear vs. organellar genomes (Zhao and 

Sumberaz 2020).  

A recently developed technique called excision repair sequencing (XR-Seq for short) 

provides a solution to this challenge. XR-Seq utilizes anti-damage antibodies to capture and 

sequence the short oligos that are excised during NER, providing nucleotide specific snapshots 

of active repair locations following UV exposure (Hu et al. 2015). UV response experiments 

utilizing XR-Seq have been performed in a number of model eukaryotic species (Li et al. 2018; 

Oztas et al. 2018; Deger et al. 2019) but the organellar originating sequencing products have 

remained largely unexplored.  

Chapter 3 of this dissertation leverages these datasets to gain insights into the fate of 

photodamage in organellar DNA. The taxonomic scope of chapter 3 is expanded from plants 

(Oztas et al. 2018) to also include fungi (S. cerevisiae; Li et al. 2018)) and animals (the model 

fruit fly Drosophila melanogaster; Deger et al. 2019). Together, chapters 2 and 3 provide 

mechanistic insights into how organellar genomes are maintained and repaired, informing 

broader questions about organellar genome evolution, including how low point mutations in 

plant organellar genomes can be reconciled with the DBH.  

Another answer to Sturtevant’s famous question, ‘Why does the mutation rate not 

become reduced to zero?’ is that increases to mutation rates can in some cases be adaptive, 

resulting in the selective spread of mutator alleles through a population (Agashe et al. 2023). The 

selective advantage of mutators directly challenges the DBH assumption that selection always 

favors decreased mutation rates (Lynch et al. 2016). Mutators are not directly beneficial, but 

spread by hitch-hiking with the new, beneficial alleles they introduce (Sniegowski et al. 2000; 

Raynes and Sniegowski 2014). Given that sexual recombination disrupts the linkage between 
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beneficial alleles and mutators, it is not surprising that the experimental studies documenting 

mutator hitch-hiking have primarily been conducted with clonal bacteria (Chao and Cox 1983; 

Giraud et al. 2001; Shaver et al. 2002; Labat et al. 2005; Gentile et al. 2011; Wiser et al. 2013) 

and asexual yeast (Thompson et al. 2006; Raynes et al. 2011, 2012, 2014).  

Longer-term experimental evolution studies have established that increased mutation 

rates associated with the spread of mutators are often transient (Raynes and Sniegowski 2014). 

As genetic load accumulates in individuals with high mutations rates they suffer fitness declines 

(Thompson et al. 2006; Raynes et al. 2011) and are eventually outcompeted by organisms with 

decreased genetic load and associated anti-mutator alleles, resulting in a reversion of the 

mutation rate back toward WT levels (Wielgoss et al. 2013; Turrientes et al. 2013). Alleles that 

perturb existing mutation biases (but do not necessarily increase mutation rates) can confer 

organisms with increased adaptive potential without increasing genetic load (Agashe et al. 2023; 

Tuffaha et al. 2023). Two common examples of mutational biases which are fairly widespread 

across the tree of life are higher transition than transversion rates and higher deletion than 

insertion rates (Hodgkinson and Eyre-Walker 2011; Quiroz et al. 2023; Horton and Taylor 

2023). The conclusion of these studies is that in changing environments, alleles which modify 

mutational biases are adaptive as long as they increase the supply of previously under-sampled 

mutational classes (Sane et al. 2023).  

 Exposure to novel or stressful environments can also cause perturbations to mutation 

rates and biases, as demonstrated in diverse taxa from bacteria (Maharjan and Ferenci 2017) to 

plants (Jiang et al. 2014; Belfield et al. 2021; Lu et al. 2021). Such perturbations inevitably 

increase the supply of under-sampled mutational classes, raising the somewhat surprising 
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possibility that stressful environments may predispose organisms to mutational rates and biases 

with increased adaptive potential (Monroe et al. 2022; Quiroz et al. 2023; Monroe 2023).  

The evolutionary implications of environmentally labile mutation profiles are profound 

(Luria and Delbrück 1943) and are explored in detail in chapter 4. It is equally interesting to 

consider how bias shifts unfold at the molecular level. In prokaryotes, certain nutrient deficient 

mediums have been shown to trigger the downregulation of high-fidelity machinery and the 

upregulation of error-prone repair pathways (Foster 2007; Agashe 2017; Maharjan and Ferenci 

2017). In eukaryotes similar results may be achieved through the coupling of DNA repair and 

transcription machinery. In transcription-coupled NER, RNA polymerases that have become 

stalled on bulky DNA lesions are used by repair machinery to identify areas in need of repair. As 

a result, template DNA strands bound by RNA polymerases are repaired at a much higher rate 

than coding strands (Hu et al. 2015; Oztas et al. 2018; Yang et al. 2018; Deger et al. 2019). 

Similarly, in plants it has been proposed that mismatch repair (MMR) may provide preferential 

protection to actively transcribed genes based on the differential histone modifications of these 

regions (Quiroz et al. 2022). Therefore, when genes are downregulated in stressful environments, 

they likely receive less protection from TC-NER and MMR machinery, potentially increasing 

opportunities for adaptive mutations to occur.  

The fourth and final chapter of this dissertation is designed to test mechanisms of stress 

induced mutagenesis and adaptation in A. thaliana. We identified a set of differential expressed 

nucDNA genes in plants grown at different temperatures, which we then targeted for mutation 

detection using hybrid capture and Duplex Sequencing. In addition to WT lines, we also studied 

mutant lines deficient in base excision repair (BER) and MMR to test if either of these pathways 

are responsible for the correlation between expression and mutation in plants. 
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Throughout the coming pages I explore mechanisms of damage and repair, placing each 

distinct study into the relevant evolutionary framework. Chapters 2 and 3 explore big questions 

concerning the tremendous diversity of organellar genome sizes, structures, and mutation rates. 

Chapter 2 provides novel insights into how low point mutations are achieved through 

recombination mediated repair in plant organellar genomes. Chapter 3 reframes a previously 

dismissed repair pathway in organellar genomes through the creative analysis of publicly 

available sequencing datasets. The exciting patterns described in chapter 3 raise the possibility of 

that an NER-like repair pathway is functional in organellar genomes. Chapter 4 shifts focus to 

the mechanisms responsible for generating adaptive mutations under changing environments. 

This dissertation is an important step toward understanding the mechanisms that drive mutation 

across the multiple genomic compartments of eukaryotic cells. 
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CHAPTER 2: DISRUPTION OF RECOMBINATION MACHINERY ALTERS THE 

MUTATIONAL LANDSCAPE IN PLANT ORGANELLAR GENOMES 

 

 

Summary 

Land plant organellar genomes have extremely low rates of point mutation yet also experience 

high rates of recombination and genome instability. Characterizing the molecular machinery 

responsible for these patterns is critical for understanding the evolution of these genomes. While 

much progress has been made towards understanding recombination activity in land plant 

organellar genomes, the relationship between recombination and point mutation rates remains 

uncertain. The organellar targeted mutS homolog MSH1 has previously been shown to suppress 

point mutations as well as non-allelic recombination between short repeats. We therefore 

implemented high-fidelity Duplex Sequencing to test if other genes that function in 

recombination and maintenance of genome stability also affect point mutation rates. We found 

small to moderate increases in the frequency of single nucleotide variants (SNVs) and indels in 

mitochondrial and/or plastid genomes of mutant lines lacking radA, recA1, or recA3. In contrast, 

osb2 and why2 mutants did not exhibit an increase in point mutations compared to WT controls. 

In addition, we analyzed the distribution of SNVs in previously generated Duplex Sequencing 

data from A. thaliana organellar genomes and found unexpected strand asymmetries and large 

effects of flanking nucleotides on mutation rates in wild type plants and msh1 mutants. Finally, 

using long-read Oxford Nanopore sequencing, we characterized structural variants in organellar 

genomes of the mutant lines and show that different short repeat sequences become 

recombinationally active in different mutant backgrounds. Together, these complementary 
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sequencing approaches shed light on how recombination may impact the extraordinarily low 

point mutation rates in plant organellar genomes. 

 

 

INTRODUCTION 
 

Nearly all eukaryotes rely on genes encoded in endosymbiotically derived mitochondrial 

genomes (mtDNAs) for cellular respiration. Plants and algae additionally rely on the 

endosymbiotically derived plastid genome (cpDNA) for photosynthesis. In several regards, land 

plant organellar genome evolution is atypical compared to mtDNA evolution in other eukaryotes 

(Smith and Keeling 2015). For one, plant organellar genomes have exceptionally low nucleotide 

substitution rates relative to those in plant nuclear genomes and to those of many other 

eukaryotic mtDNAs. The low substitution rates of plant organellar genomes extend even to 

synonymous sites, which likely experience very little purifying selection, suggesting that the 

cause of the low substitution rates is low point mutation rates (Wolfe et al. 1987; Drouin et al. 

2008). 

Compared to the small mtDNAs typical in metazoans (generally below 20 kb) and in 

algae and fungi (with sizes ranging from approximately 13 to 96 kb and ~20 to 235 kb, 

respectively), land plant mtDNAs are much larger with sequenced mtDNAs averaging 395 kb 

(Wu et al. 2022) and a known range extending from 70 kb to over 10 Mb (Boore 1999; Sloan et 

al. 2012; Skippington et al. 2017; Gualberto and Newton 2017; Sandor et al. 2018; Chen et al. 

2019). Very little of this size variation stems from differences in coding capacity, as plant 

mtDNAs generally contain a subset of the same 41 protein-coding genes (Mower et al. 2012). 

Instead, the fluctuations in total mtDNA size primarily result from the acquisition and loss of 

noncoding DNA. Even closely related species possess very little shared noncoding sequences 
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(Kubo and Newton 2008; Skippington et al. 2017). For example, a comparative analysis of the 

mtDNAs of two species within the Brassicaceae, Arabidopsis thaliana (367 kb) and Brassica 

napus (222 kb), revealed a mere 78 kb of shared sequence, most of which is coding (Handa 

2003). Though size variation of cpDNAs is less extreme than in plant mtDNAs, variation still 

exists with 98.7% of sequenced land plant cpDNAs ranging from 100-200 kb in size (Xiao-Ming 

et al. 2017). 

Plant organellar genomes also experience exceptionally high rates of structural mutation 

and rearrangement (Palmer and Herbon 1988). As a result, there is virtually no conservation of 

synteny of plant mtDNAs, as evidenced by the extensive rearrangements in alignments of 

mtDNAs from Col-0 and Ler ecotypes of A. thaliana (Stupar et al. 2001; Huang et al. 2005; 

Davila et al. 2011; Pucker et al. 2019). The structural instability in plant mtDNAs is partly 

explained by the presence of repeats of various lengths, which recombine frequently and give 

rise to multiple isomeric subgenomes with circular, linear and/or branched structures (Palmer and 

Herbon 1988; Alverson et al. 2011; Wynn and Christensen 2019). In fact, plant mtDNAs lack 

origins of replication, which help coordinate genome replication in many other eukaryotes, and 

are instead thought to replicate through break induced recombination (Gualberto and Newton 

2017; Chevigny et al. 2020). Land plant cpDNAs are also recombinationally active but usually 

remain structurally conserved, albeit with some significant exceptions (Smith and Keeling 2015). 

 The seemingly disparate features of plant organellar evolution (i.e. high rates of 

recombination and low rates of point mutation) may be unified through a DNA repair mechanism 

reliant on recombination (Christensen 2014). This hypothesized mechanism hinges on the 

activity of the mutS homolog MSH1 (Abdelnoor et al. 2003), which is dual-targeted to 

mitochondria and plastids and has long been known to suppress non-allelic recombination 
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between intermediate-sized repeats (50 to 600 bps) in the A. thaliana mtDNA (Martínez-Zapater 

et al. 1992; Arrieta-Montiel et al. 2009; Davila et al. 2011; Zou et al. 2022). Plant MSH1 is a 

chimeric fusion of a mutS gene with a GIY-YIG endonuclease domain (Abdelnoor et al. 2006) 

that has been proposed to introduce breaks in organellar DNA at the site of mismatches, which 

would then be repaired through homologous recombination (Christensen 2014, 2018; Ayala-

García et al. 2018; Broz et al. 2022). Assays conducted on purified MSH1 in vitro have found 

that it has DNA binding and endonuclease activity with affinity for displacement loops (D-loops) 

(Peñafiel-Ayala et al. 2023). 

 We previously found support for a MSH1-mediated link between recombination and 

point mutations by using a high-fidelity Duplex Sequencing technique (Kennedy et al. 2014) to 

screen for single nucleotide variants (SNVs) and indels in msh1 mutants (Wu et al. 2020). In that 

study, we also included a panel of mutants lacking functional copies of other genes involved in 

organellar DNA replication, recombination, and/or repair, including the recombination protein 

RECA3, the paralogous organellar DNA polymerases POLIA and POLIB, and the glycosylases 

UNG, FPG, and OGG (Wu et al. 2020). Compared to wild type (WT) lines, msh1 mutants 

incurred SNVs at a ~10-fold increase in mtDNA and a ~100-fold increase in cpDNA and 

increases in indel frequencies were even greater. In contrast, recA3 mutants showed only a small 

(and marginally significant) increase in mtDNA mutation, and none of the other lines in the 

mutant panel showed a significant increase in SNVs or indels compared to WT plants (Wu et al. 

2020).  

 Here, we investigate additional organellar genome repair proteins (WHY2, RADA, 

RECA1, OSB2) known to play a role in the suppression of non-allelic recombination in the A. 

thaliana organellar genomes. WHY2 is a mitochondrially targeted whirly protein that binds 
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single-stranded DNA to inhibit recombination between small repeated sequences via micro-

homology mediated end joining  (Cappadocia et al. 2010) and is also the most abundant protein 

in mitochondrial nucleoids (as measured in A. thaliana cell culture; Fuchs et al. 2020). RADA is 

a dual-targeted DNA helicase, which has been shown to accelerate the processing of 

recombination intermediates and promote mtDNA stability in A. thaliana (Chevigny et al. 2022). 

RECA1 is a plastid-targeted protein that has been proposed to act synergistically with plastid 

whirly proteins to promote plastid genome integrity either by facilitating polymerase lesion 

bypass or by reversing stalled replication forks (Rowan et al. 2010; Zampini et al. 2015). OSB2 

is a plastid-targeted single-stranded DNA binding protein that has been shown to hamper 

microhomology-mediated end joining in vitro (García-Medel et al. 2021). Given that we 

previously saw a weak signal of increased mtDNA mutation in recA3 mutants (Wu et al. 2020), 

we included another recA3 mutant allele in this study. In addition to these newly generated 

mutant lines, we also present an extended analysis of Duplex Sequencing data from Wu et al. 

(2020) to understand how SNVs are distributed among genomic regions, strand (template vs. 

non-template) of genic regions, and trinucleotide contexts. Finally, we also performed long-read 

Oxford Nanopore sequencing on the mutant lines, allowing us to study structural mutations and 

rearrangements. Collectively, these analyses provide a detailed characterization of the effects of 

numerous recombination-related genes on point mutations and structural variants in plant 

organellar genomes.  

 

METHODS 

Generation and analysis of Duplex Sequencing libraries for SNV and indel detection 
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We obtained seeds for A. thaliana osb2, radA, recA1, recA3, and why2 mutants from the 

Arabidopsis Biological Resource Center (Table S1). The generation of Duplex Sequencing data 

from mutants and matched WT controls (including crossing, plant growth, organelle isolation, 

DNA extraction, and library preparation) closely followed our previously described protocols 

(Wu et al. 2020). For each gene of interest, homozygous mutants were used as the paternal 

pollinators in crosses against WT maternal plants, which introduced ‘clean’ organellar genomes 

(i.e. never exposed to a mutant background) into the resulting heterozygous F1s. The presence of 

one WT allele in the F1 heterozygotes should be sufficient for WT-like organelle genome 

maintenance since the mutant alleles of the repair genes of interest are thought to act recessively. 

The heterozygous F1s were then allowed to self-cross and we identified three homozygous 

mutant and three homozygous WT F2s, which were also allowed to self-cross. Families of F3 

seeds were grown together to obtain sufficient leaf tissue for organelle isolation and mutation 

detection via Duplex Sequencing. 

The only notable differences between the methods in this study compared to Wu et al. 

2020 were 1) we only isolated organelles for which the protein of interest is targeted (plastid: 

OSB2, RADA, and RECA1; mitochondrial: RADA, RECA3, and WHY2), whereas in Wu et al., 

(2020) we isolated both organelles regardless of targeting. 2) Due to the shift to single-organelle 

isolation for some genes the mitochondrial fraction was discarded for the chloroplast-only 

extractions and vice versa. 3) We adjusted our Duplex Sequencing library construction protocol 

to obtain larger inserts by ultrasonicating the DNA for only 60 seconds (three bouts of 20 

seconds, with 15 second pauses between each) and size selecting libraries with a 2% gel on a 

BluePippin (Sage Science), using a specified target range of 400-700 bp. 4) We implemented a 

new approach to filter spurious variant calls resulting from nuclear insertions of mitochondrial 
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DNA (NUMTs) by comparing putative mutations directly against the new assembly of the large 

NUMT on chromosome 2 (Fields et al. 2022), replacing the k-mer based NUMT filtering 

approach described in Wu et al. (2020).  

 

Generation and analysis of nanopore sequencing libraries for structural variant detection 

Nanopore libraries were produced from the same DNA samples that were used for 

Duplex Sequencing. Sequencing libraries were created following the protocol outlined in the 

Oxford Nanopore Technologies Rapid Barcoding Kit 96 (SQK-RBK110-96) manual (v110 Mar 

24, 2021 revision) and were sequenced on MinION flow cells (FLO-MIN106) under the control 

of MinKNOW software v22.08.4 or 22.08.9. Multiplexed libraries from cpDNA samples were 

pooled and run on a single flow cell, whereas pooled mtDNA libraries were run on two flow 

cells. All runs were conducted for 72 hrs with a minimum read length of 200 bp. Data were 

processed using the Guppy Basecalling Software v6.3.4+cfaa134.  

We sequenced three mutant replicates and one matched WT control for each gene of 

interest. Mutant lines for the chloroplast extractions included msh1 (CS3246), osb2, recA1, and 

radA (only two radA mutants were sequenced due to a lack of DNA in mutant replicate 2), while 

mutant lines for the mitochondrial extractions included msh1 (CS3246), recA3, why2, and radA. 

The total sequencing yield (3.72 Gb) in our initial run of 15 cpDNA samples was an order of 

magnitude higher than our subsequent run with the 16 mtDNA samples (0.33 Gb). To increase 

mtDNA coverage we re-sequenced 12 of those mtDNA samples (all but the msh1 mutants and 

matched WT control) in a third run, which had a similar low yield (0.42 Gb) to the second run. In 

all cases, samples were run on fresh flow cells as opposed to flow cells that had been washed for 

a second run. Because the msh1 and radA mtDNA samples produced very little data (Table S4), 



   28 

we used the mtDNA contamination in the msh1 and radA cpDNA samples in downstream 

analyses of the nanopore data. 

 To calculate mitochondrial and plastid read depth, we aligned the nanopore reads to the 

organellar genomes with minimap2 (version 2.24; Li 2018) and tabulated depth at each position 

with bedtools (version 2.30.0; Quinlan and Hall 2010). We calculated the average depth in 1000-

bp sliding windows tiling the organellar genomes and plotted depth as a normalized mutant:WT 

ratio.  

The nanopore reads were analyzed with HiFiSr (https://github.com/zouyinstein/hifisr), a 

software tool developed to identify structural variants using BLASTn alignments of long reads in 

plant organellar genomes (Zou et al. 2022). Because the tool was originally developed for 

PacBio HiFi reads, which are more accurate than nanopore reads, we required at least two 

independent nanopore reads to support putative indels. We compared the breakpoints of putative 

recombination events with the repeats in the A. thaliana organellar genomes, which are reported 

in Tables S10 (mtDNA) and S28 (cpDNA) by Zou et al. (2022) and restricted the analyses of 

overall recombination frequency to repeats that showed a total of at least ten mtDNA 

recombination reads across all replicates. Because cpDNA recombination events were much less 

common, we lowered the threshold to a minimum of three recombining reads per repeat for 

calculating recombinaiton frequencies. The matched WT controls were pooled for these analyses 

because we only sequenced one WT control for each gene of interest. 

 

RESULTS 

Duplex Sequencing coverage 

https://github.com/zouyinstein/hifisr
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We generated Duplex Sequencing libraries from DNA extracted from isolated organelles 

to test if genes involved in recombination-suppression also impact accumulation of SNVs and 

short indels in A. thaliana organellar genomes. Duplex Sequencing libraries were sequenced on a 

NovaSeq 6000 to produce between 30.6 to 139.1 million paired-end reads (2150 nt) per library 

(Table S2). Processing the Duplex Sequencing libraries to collapse Illumina reads into consensus 

sequences and map them to organellar genomes resulted in coverage of 94.2 to 816.3 in the 

mitochondrial libraries (radA, recA3, and why2) and 234.2 to 1176.6 in the plastid libraries 

(radA, recA1, and osb2; Table S2).  

  

Increased SNV and indel frequency in radA, recA1, and recA3 mutants 

We compared variant frequencies of each mutant to the matched WT controls (two-tailed t-test) 

and found significant increases in SNV and indel frequencies in the radA mutants (p-values 

reported in Fig. 2.1). We also observed significant indel and weakly significant SNV increases in 

the recA3 and recA1 mutants in the mtDNA and cpDNA, respectively. We analyzed our 

previously generated recA3 mutant from Wu et al., (2020), which represents an independent 

mutant allele of recA3, and similarly found significant indel and weakly significant SNV 

increases in mtDNA (Fig. S2.1). Dinucleotide mutations involve neighboring sites both 

experiencing a substitution at the same time and are increasingly being recognized as an 

important type of mutation (Kaplanis et al. 2019). We assessed whether these mutations increase 

in frequency in any of the analyzed mutant backgrounds but found no significant differences 

relative to WT controls (Wilcoxon signed rank test, p > 0.05, Fig. S2.2). 

  

Decreased frequency of CG→TA transitions in the mtDNA of newly generated WT lines  
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The mutant lines assayed in both this study and in Wu et al. (2020) were sequenced with 

matched WT controls. Surprisingly, pooled WT SNV frequencies generated in the current study 

were lower than the pooled WT SNV frequencies from the Wu et al. (2020) dataset (2.810-8 vs. 

1.710-7, t-test, p = 8.8510-12), driven by a decrease in CG→TA transitions (t-test, p = 2.210-

10; Fig. 2.2). To understand if the decreased SNV rate in the newly generated WT libraries (Fig. 

2.2) resulted from the changes we made to our library preparation protocol, we created a Duplex 

Sequencing library following our new protocol using one of the original WT DNA samples from 

Wu et al., (2020). This new library had SNV rate of 1.9710-7 which is in line with the SNV 

rates observed in the WT libraries from the 2020 study (Fig 2.2). In fact, the new SNV rate for 

this DNA sample was actually slightly higher than that of the original library (1.3610-7). Given 

that the newly created libraries were all size selected on a BluePippin, which involves mixing the 

libraries with fluorescein labeled DNA as an internal standard for gauging DNA migration speed, 

we re-sequenced two stored libraries from Wu et al., (2020) with and without size selection on 

the BluePippin. The inclusion of the sample without size selection on the BluePippin served as a 

control for the sample processed on the BluePippin and also as an independent test to understand 

if changes in the sequencing platform could be responsible (all samples were sequenced on a 

NovaSeq 6000, but the chemistry of the flow cells has been updated). These re-sequenced 

libraries had SNV rates typical of the old WT libraries of 1.5710-7 (size selected library) and 

1.4710-7 (not size selected). Again, these values were slightly higher than the SNV rates from 

the original round of sequencing (1. 3610-7 and 1.3910-7, respectively). Therefore, it seems 

highly unlikely that the decreased SNV rate in the new WT libraries is associated with the 

changes we made to our library preparation protocol. Instead, these appear to be genuine 



   31 

differences in the DNA samples, perhaps due to unaccounted for variation in the growth 

conditions or DNA extraction procedures between the two batches.  

 

SNV frequencies are similar among different genomic regions 

To gain a deeper understanding of mutational process in the organellar genomes, we next 

turned our attention to the distribution of SNVs, focusing primarily on the msh1 mutants and the 

pooled WT libraries from the Wu et al. (2020) study, given the larger number of mutations in 

those datasets. First, we assessed if the SNVs in msh1 mutants and pooled WT libraries from Wu 

et al. (2020) are evenly distributed between intergenic, protein-coding (CDS), intronic, rRNA, 

and tRNA regions (Fig. 2.3) and found no significant differences among genomic regions 

(Kruskal-Wallis test, p > 0.05, Table S3) except in the WT plastid comparison, which is likely 

not biologically meaningful, given the small number of observed WT plastid SNVs (Fig. 2.2). 

Given that the vast majority of mtDNA SNVs in the Wu et al. (2020) WT dataset are CG→TA 

transitions, we separately tested if this class of substitutions is evenly distributed across regions 

and found significant differences (Kruskal-Wallis test, p = 0.0295), driven by a decrease in tRNA 

genes compared to intergenic sequences (pairwise comparisons with Wilcoxon rank sum test, 

p=0.0013). However, tRNA genes make up a small fraction of the genome and, thus, are subject 

to higher sampling variance, precluding any confident conclusions about whether they actually 

accumulate fewer CG→TA transitions than intergenic sequence.  

 

C→T substitutions are more common on the template strand in genic regions 

Next, we performed a strand asymmetry analysis to understand if the SNVs in these 

datasets are evenly distributed on non-template vs. template strands in the CDS, intronic, rRNA, 
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and tRNA regions of the organellar genomes. The analysis of the CG→TA transitions from the 

Wu et al. (2020) WT dataset revealed that G→A substitutions are significantly enriched on the 

non-template strand of the DNA (paired Wilcoxon signed-rank test; p < 0.05 for CDS, rRNA and 

tRNA genes). Conversely, C→T substitutions predominately occur on the template strand, which 

is read by RNA polymerases during transcription (Fig. 2.4). This asymmetry is most striking in 

rRNA and tRNA genes, where every C→T substitution occurred on the template strand (25 in 

rRNA and 7 in tRNA). CG→TA transitions were also asymmetrically distributed between strands 

in genic regions of the Wu et al. (2020) msh1 mutants (Fig. 2.5), though only in certain regions 

of the mtDNA (Fig. 2.5 top right facet), and not in the cpDNA (Fig. 2.5 bottom right facet). We 

also investigated strand asymmetries in the AT→GC transitions of the Wu et al. (2020) msh1 

mutants and found a trend toward more C→T substitutions on the template strand of plastid 

genes (Fig. 2.5 left panels). We did not investigate strand asymmetries for the other substitution 

classes in WT or msh1 mutants because the small number of data points precludes meaningful 

comparisons between strands (see Fig. 2.5 of Wu et al. 2020). 

 

CG→TA transition frequencies vary depending on trinucleotide context 

To understand how surrounding nucleotides impact SNV accumulation in plant organellar 

genomes, we performed a trinucleotide analysis, again focusing on CG→TA transitions in WT 

and both transition types in msh1 mutants, due to a lack of data in other substitution classes. In 

the WT dataset (Wu et al. 2020), we find that CG→TA transitions are 8.4-fold more common in 

the mtDNA and 3.7-fold more common in the cpDNA when the C is 3 of a pyrimidine (Fig. 

2.6). Interestingly, this same trinucleotide context (5 pyrimidine) is not enriched for CG→TA 

transitions in the msh1 mutant data. Instead CG→TA transitions are 3.0-fold more common when 
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the C is 5 of a G in the msh1 mutants (Fig. 2.7 right facets). Meanwhile AT→GC transitions are 

1.8-fold more common when the A is 5 of a C (Fig. 2.7 left facets). In all cases, these 

trinucleotide mutation frequencies are normalized by the total coverage of a given trinucleotide 

context so that the values are not inflated in trinucleotides that are relatively common in the 

mtDNA. 

 

Chloroplast extractions produced an order of magnitude more nanopore sequencing data 

than mitochondrial extractions 

We next generated long-read Oxford Nanopore libraries to gain a deeper understanding of 

how the genes in our panel impact plant organellar genome stability. Unexpectedly, the libraries 

produced from the mitochondrial isolations sequenced poorly compared to the plastid-derived 

libraries (see methods), so we investigated cross-organelle contamination (mtDNA molecules in 

the plastid-derived samples and cpDNA molecules in mitochondrially derived samples) to 

understand if poor mtDNA sequencing performance was inherit to the mtDNA or associated with 

differences in the organellar isolation methods. The level of mtDNA contamination in the plastid-

derived nanopore libraries is similar to the level of contamination in the Duplex Sequencing 

libraries (Fig. S2.3). The average median read length of the mitochondrial derived nanopore 

libraries is about 2.5-fold higher than the average median read length of the plastid derive 

libraries (2.48 kb vs. 1.08 kb, respectively). In the plastid derived nanopore libraries, the median 

lengths of the contaminating mtDNA reads tend to be slightly longer than the median lengths of 

native cpDNA reads (average median lengths of 1.17 kb vs 0.98 kb, respectively), though there is 

substantial variation between samples (Fig. S2.4). In the mitochondrially derived libraries, the 
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contaminating cpDNA and native mtDNA median read lengths show more correlation (average 

median lengths of 2.41 kb and 2.56 kb, respectively; Fig. S2.4).  

These analyses suggest that the difference in yields for the different nanopore runs is 

likely related to differences in the organellar isolation methods. One unique feature of the 

mitochondrial isolation protocol is the use of a DNase I treatment to remove contaminating 

nuclear and plastid DNA molecules (Wu et al. 2020). It is possible that this treatment results in 

nicking of the mtDNA that interrupts the molecules as they are threaded through the nanopore in 

a single-stranded fashion. Such nicking would not be expected to disrupt Duplex Sequencing 

library creation since the first step of making Duplex Sequencing libraries is to break DNA into 

small fragments via ultrasonication. This explanation is somewhat inconsistent with the 2.5-fold 

greater median read length in the mitochondrially derive nanopore libraries. 

 

Repeat-mediated recombination drives distinct patterns of mtDNA instability in msh1, 

radA, and recA3 mutants 

 To assess whether recombination in any of the mutants perturbs organellar genome copy 

number and structural stability, we analyzed the ratio of mutant coverage to WT coverage (Fig. 

2.8). We see distinct variation patterns in the mtDNA coverage in msh1, radA and recA3 mutants, 

consistent with the expected structural effects of these genes (Fig. 2.8, left side). In contrast, the 

why2 coverage does not deviate from WT coverage, suggesting there is not a substantial and 

consistent structural effect of losing why2. In recA3, the nanopore and Duplex Sequencing lines 

are tightly correlated, while the nanopore data tends to show greater variance in the msh1, radA, 

and why2 plots, perhaps because of the lower nanopore coverage in those samples (Table S5; 

Figs. S2.5 and S2.6). Interestingly, radA and recA3 share many major coverage peaks and 
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valleys, suggesting genome structure is perturbed in similar ways in these mutants (Fig. 2.8, Figs 

S2.5 and S2.6). Compared to the mitochondrial samples, the cpDNA samples display much less 

coverage variation (Fig. 2.8. Right side), with a notable exception in the recA1 nanopore data. 

However, inspection of the coverage in the individual cpDNA replicates (Fig. S2.7) reveals depth 

irregularities in the WT control compared to the other WT samples. Regardless, the recA1 

Duplex Sequencing data does not show any depth variation along the cpDNA, so the nanopore 

result does not appear to reflect a biological effect on cpDNA structure. One other intriguing 

pattern in the cpDNA plots is an apparent correlation in peaks and valleys in radA and osb2 in 

the Duplex Sequencing data (most notable is the shared valley at 112 kb). However, inspection of 

the individual recA1 mutant and matched WT control replicates (Fig. S2.8) reveals all samples 

have a dip at 112 kb and the dip is more pronounced in one or more of the osb2 and radA 

mutants. Given the large number of PCR cycles used to amplify the Duplex Sequencing libraries 

(19 cycles) the unified movement of all replicates is likely explained in part by amplification bias 

in AT or GC rich regions. Therefore, variation in amplification bias may result in lower coverage 

of AT or GC rich regions, so these patterns are likely not biological. 

 We analyzed the nanopore reads for evidence of repeat mediated recombination. To do 

so, we calculated recombination frequencies for each repeat pair as the count of nanopore reads 

that recombined at a given repeat  (according the BLASTn alignments generated by HiFiSr  (Zou 

et al. 2022)) divided by the total number of reads that mapped to the repeat. We then calculated 

total recombination frequencies for the mtDNA by summing across repeats with at least 10 

recombining reads. The threshold was lowered to repeats with at least three recombining reads in 

the cpDNA given the smaller number of recombining reads observed in the cpDNA. 
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 We found significant differences in the frequency of mtDNA rearrangements among the 

WT and mutant lines (one-way ANOVA, p = 1.510-8, Fig. 2.9), which were driven by increases 

in recombination frequency in msh1, radA and recA3 compared to WT (Tukey pairwise 

comparison, p = 310-7, 210-7, and 0.02, respectively). In contrast, there was no mtDNA 

recombination frequency difference between why2 mutants and WT samples (Tukey pairwise 

comparison, p = 0.99). We found that different repeats apparently become active in different 

mutant background as evidenced by a two-way ANOVA with a significant interactionn between 

genotype and repeat (p < 210-16). Consistent with previous characterization of repeat mediated 

recombination in plant mtDNAs (Arrieta-Montiel et al. 2009; Davila et al. 2011; Miller-Messmer 

et al. 2012; Chevigny et al. 2022; Zou et al. 2022), we found that repeat length and percent 

identity are also predictive of recombination frequency through a three-way ANCOVA with 

repeat length and percent identity as continuous variables (p = 1.7710-12 and 1.3510-6, 

respectively) and genotype as a categorical variable (p = 210-22). There were no significant 

differences in repeat-mediated recombination between any of the cpDNA mutants (msh1, radA, 

osb2, recA1) compared to the WT samples (one-way ANOVA, p = 0.849; Fig. 2.9). We identified 

no insertions in the HiFiSr variant calls (after requiring at least two nanopore reads to support a 

putative insertion) and only a single cpDNA deletion of 106 bp in msh1 mutant replicate 2, 

which was supported by 18 independent nanopore reads (cpDNA position 148490-148596). 

 

DISCUSSION 

Potential causes of elevated organellar mutation rates in lines with disrupted 

recombination machinery 
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By utilizing highly accurate Duplex Sequencing for point mutation detection and long-

read Oxford Nanopore sequencing for structural variant detection, we have characterized the 

overall organellar mutational dynamics in A. thaliana lines lacking genes with roles in organellar 

genome recombination. The increases in point mutations we observed in radA, recA3, and recA1 

are much smaller than the effects previously observed in msh1 mutants (Wu et al. 2020) where 

mutants experience 6.0-fold and 116.5-fold increases in SNVs (in mtDNA and cpDNA, 

respectively) and 86.6-fold and 790.6-fold increases in indels (in mtDNA and cpDNA, 

respectively). In contrast, radA mutants incurred 2.6-fold and 12.6-fold more mtDNA and 

cpDNA SNVs (respectively) and 5.1-fold and 3.1-fold more mtDNA and cpDNA indels 

(respectively) than the matched WT controls. The point mutation increases in recA3 and recA1 

were even smaller than in the radA mutants. One complication with directly comparing the 

mutant vs. WT fold changes across the newly generated genes compared to those generated in 

Wu et. al., (2020) is the decrease in WT mutation rates in the new genes (Fig. 2.2). Because of 

the shift in the baseline WT rates, the numbers cited above may actually underestimate the gap in 

effect size between msh1 and the newly analyzed genes. 

 The point mutation increases in msh1 mutants have clear mechanistic explanations which 

were first predicted based on the MSH1 mismatch recognition and GIY-YIG endonuclease 

domains (Christensen 2014; Wu et al. 2020). In contrast, given that RADA, RECA3 and RECA1 

are all thought to function in the resolution of recombination intermediates, it is unclear how to 

explain the mechanisms responsible for increased point mutations in these lines. One possibility 

is that in the absence of one recombination pathway, recombining molecules are shuttled into an 

alternative, less faithful recombination pathway. In mutant lines deficient in homologous 

recombination (HR), double-stranded breaks (DSBs) may be repaired via error prone non-
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homologous or microhomology mediated end joining (NHEJ or MMEJ, respectively), which 

could drive increases in indels and SNVs (Waters et al. 2014; García-Medel et al. 2019). 

Evidence suggests that RADA functions as the principal branch migration factor in a RECA2-

dependent homologous recombination (HR) pathway, while RECA3 promotes a partially 

redundant and less utilized alternative HR pathway (Chevigny et al. 2022). The larger SNV and 

indel increases in the radA mutants than in the recA3 mutants may reflect the relative utilization 

(and importance) of these two partially redundant HR pathways (Chevigny et al. 2022). 

Similarly, previous studies have documented increased NHEJ and MMEJ in cpDNA of recA1 

mutants, which is consistent with the significant increase in indels and marginally significant 

increase in SNVs reported here (Fig. 2.1). 

Another possibility is that the rise in point mutations is an indirect effect of increased 

repeat-mediated recombination and its associated harm to organelle function. Increased 

recombination between short repeat sequences may disrupt genes, organellar genome 

stoichiometry, and genome organellar replication, which is recombination-dependent in plants 

(Shedge et al. 2007; Rowan et al. 2010; Chevigny et al. 2020). Plant organellar genomes encode 

proteins necessary for the electron transport chains of respiration and photosynthesis and 

disruption of these pathways can result in the excess production of DNA damaging reactive 

oxygen species (ROS; Liu et al. 2021). Although a direct link between ROS-mediated damage to 

DNA and mutation rates remains contentious (Kennedy et al. 2013; Itsara et al. 2014; Broz et al. 

2021; Waneka et al. 2021; Sanchez-Contreras et al. 2021), ROS molecules have been shown to 

indirectly affect point mutation rates by impairing proofreading capabilities via damage to the 

metazoan mtDNA polymerase (Pol γ; Anderson et al. 2020). Impairment if organellar function is 
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also consistent with phenotypic growth defects in radA, which included retarded development 

and distorted leaves with chlorotic sectors (Chevigny et al. 2022).  

 

Potential explanations of mutational biases based on DNA strand asymmetry and flanking 

nucleotides 

We found that SNVs in the msh1 mutants and WT plants from Wu et al., (2020) had 

biased distributions in terms of strand (non-template vs. template) and trinucleotide context. 

Such patterns are useful for understanding the underlying mechanisms driving mutation 

formation (Haradhvala et al. 2016; Sun et al. 2018; Moeckel et al. 2023). For example, CG→TA 

strand asymmetries documented in diverse metazoan mtDNAs have been proposed to result from 

the two DNA strands experiencing unequal time in single-stranded states during mtDNA 

replication, since single-stranded DNA is more vulnerable to cytosine deamination (a primary 

driver of CG→TA transitions) (Kennedy et al. 2013; Itsara et al. 2014; Arbeithuber et al. 2020; 

Waneka et al. 2021; Sanchez-Contreras et al. 2021). In mammals, C→T substitutions are ~10-

fold more common than G→A substitution on the mtDNA heavy strand (H-strand), which likely 

spends more time in a single-stranded state as the mtDNA is copied via a strand-asynchronous 

replication mechanism (Kennedy et al. 2013; Arbeithuber et al. 2020). Further, the C→T 

substitutions form two gradients starting at the two H-strand origins of replication, consistent 

with the regions closest to the origin being single stranded for longer (Sanchez-Contreras et al. 

2021).  

 The substantial CG→TA strand asymmetries we observed in the mtDNA of the Wu et al., 

(2020) WT libraries are unlikely to be explained by replication mechanisms given that plants 

mtDNAs lack discrete origins of replication or dedicated ‘leading and lagging’ strands 
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(alternatively referred to as light and heavy strands, respectively, in some systems)  and instead 

rely on recombination-mediated replication (Gualberto and Newton 2017; Brieba 2019; 

Chevigny et al. 2020). Instead, our strand asymmetry analysis focused on genic regions, 

motivated by well-established patterns of more C→T than G→A substitution on non-template 

strands which spend more time in exposed single-stranded during transcription (Haradhvala et al. 

2016; Vöhringer et al. 2021; Moeckel et al. 2023). Surprisingly, we found an opposite pattern 

with template strands exhibiting far more C→T than G→A substitutions (Fig. 2.4). This effect 

was especially pronounced in rRNA and tRNA genes where the C→T substitutions occurred on 

the template strand in all 32 observed CG→TA transitions. An enrichment of C→T substitutions 

on template strands also occurred in the mtDNA (but not the cpDNA) of the msh1 mutants, 

though there was less power for detecting statistically significant effects (Fig. 2.5). The 

overabundance of A→G compared to T→C substitutions in msh1 mutant cpDNA template 

strands also occurs in the opposite direction of predicted effects given that the non-template 

strand is again expected to experience increased adenine deamination (which proceeds A→G 

substitutions; Mugal et al. 2009; Sanchez-Contreras et al. 2021). 

Enrichment of C→T and A→G substitutions on template strands is puzzling, and to our 

knowledge there are no other instances where this widespread transcriptional asymmetry has 

been reversed (Mugal et al. 2009; Moeckel et al. 2023). Reversals in strand asymmetries have 

been reported in metazoan mitochondrial genomes, but in these cases the asymmetries are 

replication based, and the reversals are proceeded by an inversion of the origin of replication, 

effectively switching the leading and lagging strands (Wei et al. 2010). It is notable that the WT 

CG→TA asymmetries are most pronounced in the rRNA and tRNA genes (Fig. 2.4), which are 

likely more highly expressed than the protein coding genes. Increases in transcription have been 
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shown to drive genomic instability in the A. thaliana cpDNA due to the increased formation of 

R-loops (RNA/DNA hybrids formed by displacement of the other DNA strand) which stall 

replication forks and lead to DSBs (Pérez Di Giorgio et al. 2019). It is possible that increased 

mtDNA expression also leads to the formation of R-loops and DSBs which may then be repaired 

through error prone NHEJ and MMEJ. However, it is not clear how this would drive strand 

asymmetric mutation. Further, such a mechanism is not consistent with the relatively even 

distribution of SNVs across intergenic vs. transcribed regions of the genome (Fig. 2.3). The 

magnitude of the CG→TA asymmetries is decreased in the msh1 mutants (roughly 2-fold 

averaging across all genic sequences) compared to in the WT controls (roughly 6-fold). Without 

a clear mechanism to explain the WT asymmetries it is difficult to interpret why the msh1 

asymmetries decreased as the overall mutation SNV frequency increased.    

 The CG→TA transitions in the WT lines and both transitions in the msh1 mutants were 

also impacted by the identity of neighboring nucleotides (Figs. 2.6 and 2.7). Trinucleotide effects 

have previously been implicated to bias mutation distribution in the A. thaliana nuclear genome 

(Lu et al. 2021) as well as in the mtDNAs of various metazoans (Itsara et al. 2014; Arbeithuber 

et al. 2020; Waneka et al. 2021; Sanchez-Contreras et al. 2021). It is noteworthy that the specific 

trinucleotides associated with CG→TA transitions differ between WT and msh1 mutants. The 5 

YCN signature (where Y is any pyrimidine and N is any nucleotide) in the WT lines is similar to 

that induced by APOBEC3-mediated cytosine deamination in human cell lines (Carpenter et al. 

2023), though plants lack APOBEC enzymes so the relevance of this shared pattern in unclear. 

Meanwhile, the 5 NCG signature in the msh1 mutants is consistent with spontaneous water 

mediated cytosine deamination (Carpenter et al. 2023).  
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Patterns of repeat-mediated recombination differs among mutant lines 

The repeat mediated mtDNA recombination activity we documented in the msh1, radA 

and recA3 mutants is consistent with the previously documented recombination increases of 

these mutant backgrounds (Shedge et al. 2007; Arrieta-Montiel et al. 2009; Rowan et al. 2010; 

Davila et al. 2011; Miller-Messmer et al. 2012; Zampini et al. 2015; Wu et al. 2020; Chevigny et 

al. 2022; Zou et al. 2022). Likewise, the absence of an effect in the why2 mutants is consistent 

with a previous study which showed why2 mutants become more recombinationally active than 

WT under increased genotoxic stress (ciprofloxacin treatment) but showed no recombinational 

difference from WT under ‘normal’ growth conditions (Cappadocia et al. 2010).  

Though msh1, radA and reca3 are all required for the suppression of repeat-mediated 

recombination in mtDNA, these proteins likely function in independent HR pathways or in 

different ways. As, noted, the HR pathway coordinated by RECA3 is thought to relatively minor 

compared to the one coordinated by RECA2 (Chevigny et al. 2020, 2022), which is a highly 

abundant protein in the mitochondria (Fuchs et al. 2020) and necessary for plant survival (recA2 

mutants die at the seedling stage; Miller-Messmer et al. 2012). Previous studies of recA3/msh1 

and recA3/radA double mutants have shown the double mutants are more recombinationally 

active than recA3 single mutants (Shedge et al. 2007), supporting the hypothesis that RECA3-

mediated HR is in part independent of the more utilized RECA2-dependent pathway in which 

radA mediates branch migration (Miller-Messmer et al. 2012; Chevigny et al. 2022). Meanwhile, 

MSH1 has been proposed to suppress non-allelic recombination by recognizing and rejecting 

mismatches in the invading strand during heteroduplex formation (Christensen 2018; Broz et al. 

2022) 
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 Given that recombination is activated differently between the mutants (Fig. 2.8), the high 

degree of repeatability between replicates is fascinating (Figs. S2.5, S2.6, S2.7, S2.8). These 

repeatable patterns rely on consistent activation of distinct repeat pairs and/or consistent 

maintenance/replication of certain recombination product. Understanding why different repeats 

become active and how these patterns relate to the increase in point mutations reported here 

remains an important unanswered question in the field of plant organellar genome maintenance.  



   44 

 
Figure 2.1. De novo point mutations measured with Duplex Sequencing. For each gene of 
interest (x-axis), mutant lines are plotted in red, and matched WT controls are plotted in black. 
The individual biological replicates are plotted as circles and group averages are plotted as 
dashes. Facets separate the data by genome; left column: Mitochondria and right column: Plastid, 
and by point mutation type; top row: SNVs and bottom row: indels. Variant frequencies (y-axis) 
were calculated as the total number of SNVs/total Duplex Sequencing coverage. P-values show 
the result of a two-tailed t-test comparing WT vs mutant mutation frequencies for each gene of 
interest.  
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Figure 2.2. Comparison of the mutational spectrum of pooled WT controls from the current study 
(orange) vs. the WT controls from Wu et al. 2020 (blue). The two facets show the mitochondrial 
and plastid data and the x-axis separates substitutions type by transversions vs. transitions and 
further by the six types of substitutions. Individual biological replicates are plotted as circles 
while group averages are plotted as dashes. Only CG>TA transitions showed a significant 
increase in the old data set (two tailed t-test; p=2.21010). 
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Figure 2.3. Distribution of WT (black) and msh1 (red) SNVs (from Wu et al., 2020) across 
genomic region. The individual biological replicates are plotted as circles and group averages are 
plotted as dashes. Facets separate the data by genome; left column: Mitochondria and right 
column: Plastid, and by genotype with msh1 mutants on top and WT on the bottom. Note the 
difference in y-axis scale for msh1 mutants and WT. For each of the four facets, we performed a 
Kruskal-Wallis test and found no significant difference between genomic regions except the WT 
plastid facet (p = 0.022) where comparisons between regions are likely not biologically 
meaningful given the low number of WT plastid mutations. Note that for this and subsequent 
analyses of the msh1 Duplex Sequencing data, we pooled the two null msh1 alleles to increase 
statistical power.  
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Figure 2.4. Strand asymmetry analysis of CG>TA transitions in the WT mtDNA Duplex 
Sequencing data from Wu et al. (2020). Shown are the log-transformed SNV frequencies (y-axis) 
of C>T (red) vs. G>A (blue) mutations on the non-template strand of all genes, separated by 
genomic region (x-axis). The individual biological replicates are plotted as circles and group 
averages are plotted as dashes. P-values show the result of paired Wilcoxon tests comparing the 
complementary substitution classes in each genomic region. In all but intronic regions, G>A 
substitutions are significantly higher on the non-template than strand (conversely, C>T 
substitutions are significantly higher on the template strand). Strikingly, in all of the observed 
CG>TA transitions in the rRNA and tRNA genes the C>T substitution occurred on the template 
strand.  
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Figure 2.5. Strand asymmetry analysis of CG>TA and AT>GC transitions in the msh1 Duplex 
Sequencing data from Wu et al. (2020). Shown are the log-transformed SNV frequencies (y-axis) 
of mutations on the non-template strands of all genes with complementary substitution types 
designated by color (see figure legends for colors of specific substitution types). The individual 
biological replicates are plotted as circles, and group averages are plotted as dashes. The facets 
divide the data by transition type, with AT>GC transitions on the left and CG>AT transitions 
shown on the right, and by genome, with mitochondrial data on the top and plastid data on the 
bottom. Transversions were not analyzed because there were relatively few observed mutations 
of this type in the msh1 duplex data. P-values show the result of paired t-tests comparing the 
complementary substitution classes in each genomic region.  
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Figure 2.6. Analysis of surrounding nucleotides on C>T transition frequencies in the WT Duplex 
Sequencing data from Wu et al. (2020). The facets divide the data based on genome with 
mitochondrial data on the top and plastid data on the bottom, note the difference in the y-axis 
scale, as CG>TA were less frequent in the plastid. The x-axis captures the trinucleotide context 
with downstream nucleotides displayed next to the 3 and upstream nucleotides display next to 
the 5. Complementary trinucleotide contexts (corresponding to G>A substitutions) are not 
shown but are accounted for and collapsed to simplify the plot in terms of C>T substitutions. The 
data suggest that trinucleotide contexts with upstream pyrimidines (5 CCN 3 and 5 TCN 3, 
where N is any nucleotide) have increased frequencies of C>T substitutions.  
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Figure 2.7. Analysis of surrounding nucleotides on A>G and C>T transition frequencies in the 
msh1 Duplex Sequencing data from Wu et al. (2020). The facets divide the data based on 
substitution type A>G substitutions on the left and C>T substitutions on the right and by with 
genome with mitochondrial data on the top and plastid data on the bottom. The x-axis captures 
the trinucleotide context with downstream nucleotides displayed next to the 3 and upstream 
nucleotides display next to the 5. Complementary substitutions and trinucleotide contexts are 
collapsed to simplify the plot in terms of A>G or C>T substitutions. The A>G data suggest that 
trinucleotide contexts with downstream Cs (5 NAC 3) have increased frequencies of A>G 
substitutions. The C>T data suggest that trinucleotide contexts with downstream Gs (5 NCG 3) 
have increased frequencies of C>T substitutions. 
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Figure 2.8. Normalized coverage of mitochondrial (left) and plastid (right) genomes. Coverage 
of each Duplex Sequencing (red) or nanopore (blue) library was calculated in 1000-bp windows. 
Mutant coverage was pooled and divided by WT coverage and the resulting ratios were 
normalized to 1 for plotting. The total amount of sequencing data used to generate each plot is 
shown in the top left corner of each facet (red=Duplex Sequencing and blue=nanopore) and is 
included to highlight the instances where disagreement between the Duplex Sequencing and 
nanopore lines may be explained by increased variance in the nanopore sample due to lower 
mtDNA coverage. 
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Figure 2.9. Frequency of repeat-mediated structural variants in the nanopore data. The individual 
biological replicates are plotted as circles with the size of the circle scaled by the number of 
repeats that are covered in the nanopore alignments. Closed circles are the libraries from 
mitochondrial extractions, while the open circles are libraries from the plastid extractions. In 
some cases, cpDNA extractions were used to harvest contaminating mtDNA-mapping reads 
because of low yield from direct sequencing of the mtDNA extractions. Group averages are 
plotted as dashes. Mutants are plotted in red, while WT samples are plotted in black. Letters 
represent statistically significant groupings according to Tukey pairwise comparisons on a one-
way ANOVA (p<0.001). There were no differences among plastid genotypes.  
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CHAPTER 3: UV DAMAGE INDUCES PRODUCTION OF MITOCHONDRIAL DNA 

FRAGMENTS WITH SPECIFIC LENGTH PROFILES 

 
Summary 

UV light is a potent mutagen that induces bulky DNA damage in the form of cyclobutane 

pyrimidine dimers (CPDs). Photodamage and other bulky lesions occurring in nuclear genomes 

can be repaired through nucleotide excision repair (NER), where incisions on both sides of a 

damaged site precede the removal of a single-stranded oligonucleotide containing the damage. 

Mitochondrial genomes (mtDNAs) are also susceptible to damage from UV light, but current 

evidence suggests that the only way to eliminate bulky mtDNA damage is through mtDNA 

degradation. Damage-containing oligonucleotides excised during NER can be captured with anti-

damage antibodies and sequenced (XR-seq) to produce high resolution maps of active repair 

locations following UV exposure. We analyzed previously published datasets from Arabidopsis 

thaliana, Saccharomyces cerevisiae, and Drosophila melanogaster to identify reads originating 

from the mtDNA (and plastid genome in A. thaliana). In A. thaliana and S. cerevisiae, the 

mtDNA-mapping reads have unique length distributions compared to the nuclear-mapping reads. 

The dominant fragment size was 26 nt in S. cerevisiae and 28 nt in A. thaliana with distinct 

secondary peaks occurring in regular intervals. These reads also show a nonrandom distribution 

of di-pyrimidines (the substrate for CPD formation) with TT enrichment at positions 7-8 of the 

reads. Therefore, UV damage to mtDNA appears to result in production of DNA fragments of 

characteristic lengths and positions relative to the damaged location. The mechanisms producing 

these fragments are unclear, but we hypothesize that they result from a previously 

uncharacterized DNA degradation pathway or repair mechanism in mitochondria. 
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INTRODUCTION 

Mitochondria are vital organelles involved in energy production and cellular metabolism. 

Due to the endosymbiotic origins of mitochondria, they retain their own genomes that are 

replicated, repaired, and inherited independently of nuclear DNA (nucDNA). Mitochondrial 

genome (mtDNA) mutation rates show over a 4000-fold variation across eukaryotes (Wolfe et al. 

1987; Drouin et al. 2008; Smith et al. 2012; Havird and Sloan 2016), which likely reflects a wide 

range of mtDNA replication and repair mechanisms. However, significant gaps in our 

understanding of mtDNA repair mechanisms still remain (Rong et al. 2021). 

The existence of multiple mtDNA copies within a cell (St. John 2016) led to the 

hypothesis that DNA repair mechanisms might not be necessary because damaged mtDNA could 

be degraded without undergoing repair and undamaged mtDNA could act as a template for 

mtDNA synthesis (Clayton et al. 1974; Druzhyna et al. 2008). This idea was bolstered by the 

observation in metazoans that mtDNA mutation rates are much higher than nucDNA mutation 

rates (Wolfe et al. 1987) and the fact that mitochondria are an abundant source of DNA 

damaging reactive oxygen species (Harman 1972; Murphy 2009). In subsequent decades, 

however, researchers have determined that mtDNA repair is an important component of mtDNA 

maintenance and have begun to work out the mechanisms of various mtDNA repair pathways 

(Saki and Prakash 2017).  

With only one known exception (Muthye and Lavrov 2021), mtDNA repair enzymes are 

encoded in the nucDNA, translated in the cytosol, and targeted to the mitochondria (Mower et al. 

2012; Zardoya 2020). In some cases, mtDNA repair pathways are highly similar to nucDNA 

repair pathways, often utilizing enzymatic machinery that is dual-targeted to the nucleus and the 

mitochondria (Kazak et al. 2012). For example, chemically modified mtDNA and nucDNA bases 
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are both removed through base excision repair (BER), which is perhaps the most ubiquitous and 

best studied mtDNA repair pathway (Szczesny et al. 2008). In contrast, mtDNAs appear to lack 

canonical mismatch repair (MMR), the principal pathway for correcting mismatches that arise 

through erroneous base incorporation during DNA replication in nucDNA (Modrich 2006). 

Instead, various novel/non-canonical mismatch repair pathways may fill this role, with a 

piecemeal, taxon-specific distribution. For example, the Y-box binding protein YB-1 has been 

shown to play a role in mismatch elimination in human cell lines, primarily through mismatch 

recognition and binding (de Souza-Pinto et al. 2009). Meanwhile, plants appear to utilize a non-

canonical mismatch repair pathway reliant on homologous recombination, facilitated by MSH1 

(Wu et al. 2020b).  

Nucleotide excision repair (NER) is the major nucDNA repair pathway for bulky DNA 

damage, a broad class of lesions that occur on one strand of DNA and are characterized by the 

covalent attachment of large chemical moieties or compounds (Wood 1999). Diverse types of 

bulky lesions can result from the binding of various chemicals, metabolites, or environmental 

agents to DNA, leading to structural distortions and functional impairment. NER pathways have 

evolved independently in bacteria and eukaryotes, with distinct variations in the protein 

components and regulatory mechanisms. However, both systems follow the same general 

mechanism in which single-stranded incisions are made both upstream and downstream of a 

damaged site, followed by the removal of a damage-containing oligonucleotide ranging from 

~10-13 (bacterial NER) or ~23-30 (eukaryotic nuclear NER) nt in length. A polymerase fills the 

resulting gap using the opposite strand as a template, and ligation completes the NER process 

(Sancar 1996). As is the case for MMR, mtDNAs are thought to lack a conventional NER 

pathway. Because there are no known alternative pathways for repair of bulky DNA damage in 
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mtDNAs, it is generally assumed that it leads to mtDNA degradation (Clayton et al. 1974; 

Prakash 1975; Kazak et al. 2012; Saki and Prakash 2017), but open questions remain regarding 

the molecular components of mtDNA degradation, how such degradation would be coordinated, 

and how new mtDNA molecules could be recovered (Sakamoto and Takami 2018; Zhao 2019; 

Zhao et al. 2023).  

Degradation of damaged mtDNAs has been documented in metazoan and yeast cells in 

response to a variety of DNA damaging agents including UV (Bess et al. 2012, 2013), acrolein 

(Wang et al. 2017), gamma irradiation (Dan et al. 2020), H2O2 (Shokolenko et al. 2016), and 

enzymatically induced double-stranded breaks (Moretton et al. 2017). The timelines of mtDNA 

degradation exhibit considerable variation depending on the organism, cell type, and DNA 

damaging agents involved; however, it typically proceeds slowly (taking as long as 72 hours in 

some cases; Bess et al. 2012, 2013). MtDNA degradation is frequently associated with 

mitochondrial fission and mitochondrial-specific autophagy, known as mitophagy (Wang et al. 

2017; Dan et al. 2020). Mitophagy increases during genotoxic stress, but it also occurs in 

unperturbed cells as part of normal mitochondrial turnover and cellular energetics (Urbina-Varela 

et al. 2020), and defects in mitophagy are associated with multiple human diseases (Springer and 

Macleod 2016; Doblado et al. 2021).  

UV light is a potent mutagen capable of causing multiple bulky lesions, predominately in 

the form of cyclobutane pyrimidine dimers (CPDs; ~80% occurrence) but also as pyrimidine–

pyrimidone (6–4) photoproducts ((6–4)-PPs; ~20% occurrence) (Emmerich et al. 2020). In 

addition to repair through NER, some organisms possess photolyases for the direct chemical 

reversal of photodamage. Photolyases are damage-specific, meaning a CPD photolyase can only 

repair CPDs and (6-4)PP photolyases can only repair (6-4)PPs. All photolyases use blue light as 
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an energy source, and they tend to have a spotty distribution across the tree of life. Roughly half 

of bacteria, a quarter of archaea, most plants and fungi, and most vertebrates possess CPD 

photolyases; (6-4)PP photolyases are generally not as common (Goosen and Moolenaar 2008; 

Lucas-Lledó and Lynch 2009; Mei and Dvornyk 2015). Photolyases have also been shown to 

repair photodamage in mtDNAs of some plants (Takahashi et al. 2011) and some fungi (Prakash 

1975; Yasui et al. 1992). For other groups, such as mammals, there is no known mechanism for 

the repair of photodamage in mtDNA.  

A handful of studies aimed at detecting NER in mtDNA have yielded negative results 

(Clayton et al. 1974; Waters and Moustacchi 1974; Prakash 1975; Ledoux et al. 1992; Hunter et 

al. 2010; Takahashi et al. 2011). The earliest experiments leveraged the CPD nicking T4 

endonuclease V to measure the amount of CPDs in mtDNAs of UV exposed cells. Irradiated 

mammalian cells given time for dark repair (NER) or light repair (photolyase) showed the same 

amount of mtDNA CPDs as irradiated cells given no time for repair, suggesting there is a 

complete lack of photodamage repair in mammalian mtDNA (Clayton et al. 1974). Similar 

studies found that the yeast Saccharomyces cerevisiae also lacks dark repair of CPDs in mtDNA 

but does exhibit light repair (Waters and Moustacchi 1974; Prakash 1975), and subsequent work 

established that a dual-targeted CPD photolyase protects both nuclear and mitochondrial DNA in 

S. cerevisiae (Yasui et al. 1992). Tests for NER in mtDNA using qPCR in rice (Takahashi et al. 

2011) and zebrafish (Hunter et al. 2010) found no reduction in the number of polymerase 

blocking lesions after irradiated organisms were given periods of dark repair. qPCR studies with 

mice cells did detect a decrease in frequency of polymerase blocking lesions in mtDNA after 

long periods of repair (8 to 24 hours), but this was attributed to the repair of non-pyrimidine 

dimer polymerase blocking lesions, which can also be induced through UV irradiation 
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(Kalinowski et al. 1992). It therefore remains unclear if and how eukaryotes repair pyrimidine 

dimers in mtDNA. While photolyases may fill this role for some eukaryotes, they are missing 

entirely in some groups (mammals) or are only partially represented, such as in S. cerevisiae, 

which lacks a photolyase for the repair of the (6-4)PPs (Sancar 2004).  

 In recent years, a series of DNA sequencing techniques leveraging antibodies that 

specifically recognize CPDs or (6-4)PPs have been developed to characterize pyrimidine dimer 

formation and repair on genome-wide scales (Hu et al. 2015, 2017; Mao et al. 2016; Alhegaili et 

al. 2019). One technique called DDIP-seq uses anti-damage antibodies to capture and sequence 

damage-containing molecules from samples of sonicated DNA (~100 to 300 bp) (Amente et al. 

2019). A DDIP-seq study with human HaCaT cells (keratinocyte cell line) and anti-CPD 

antibodies showed that CPD damage occurs at a high rate in mtDNA immediately following UV 

exposure. Surprisingly, after 24 hours allowing for repair, as much as 50% of the mtDNA 

damage had disappeared (Alhegaili et al. 2019), contrasting with previous reports documenting 

no CPD repair in mammalian mtDNA (Clayton et al. 1974; Ledoux et al. 1992). Anti-damage 

antibodies can also be used to detect excision oligos directly in excision assays, where damage 

containing oligos are captured with anti-damage antibodies, 3′ radiolabeled and visualized on 

high-density polyacrylamide gels (Hu et al. 2013). 

Another technique called XR-sequencing (XR-seq) has been particularly useful for 

understanding repair dynamics (Hu et al. 2015). XR-seq uses anti-damage antibodies to capture 

the oligonucleotides that are excised during NER (Fig. 3.1). These oligonucleotides are then 

subject to adaptor ligation, treated with photolyases, and sequenced on Illumina platforms. 

Sequenced reads can be aligned to reference genomes, yielding maps of active repair locations 

following UV exposure at single-nucleotide resolution. The technique achieves an extremely 
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high sensitivity through the combined action of multiple filtering steps built into the library 

preparation (Hu et al. 2019). First, the antibodies have a high specificity for their damage targets 

(Mori et al. 1991), as evidenced by control immunoprecipitations with unirradiated cells, which 

yield no detectable DNA on polyacrylamide gels (Oztas et al. 2018). The anti-CPD and anti-(6-

4)PP antibodies may bind damage in both ssDNA and dsDNA (Mori et al. 1991). However, 

dsDNAs containing CPDs should not receive adaptors, which anneal to ssDNA through 

overhanging, random 5-nt sequences. XR -seq experiments have been performed with cells or 

tissue samples from Homo sapiens (Hu et al. 2015), Mus musculus (Yang et al. 

2018), Microcebus murinus (Akkose et al. 2020), Drosophila melanogaster (Deger et al. 2019), 

S. cerevisiae (Li et al. 2018), and Arabidopsis thaliana (Oztas et al. 2018). The mtDNA-mapping 

reads from these datasets remain largely unexplored. 

It is possible that previous attempts to detect NER in mtDNA may have failed because of 

a relatively weak signal of mtDNA repair compared to dominant signal of NER in nucDNA 

(Zhao and Sumberaz 2020). We reasoned that the high sensitivity of XR-seq would provide 

increased power for detecting previously uncharacterized repair activity in mtDNA. If there is no 

repair pathway for excision of photodamage or other bulky DNA lesions in mtDNA (as is 

generally thought) and instead such lesions lead to mtDNA degradation and turnover, the XR-seq 

data can still provide valuable insights into fate of photodamage during degradation and whether 

degradation is ordered or localized to certain regions of the genome. Published mammalian XR-

seq datasets are unsuitable for such mtDNA analysis because they include an initial 

immunoprecipitation against TFIIH, a nuclear-localized protein complex that associates with 

excised oligonucleotides in mammalian NER (Fig. 3.1) (Lindsey-Boltz et al. 2023). Therefore, in 

this study, we analyzed the mtDNA-mapping reads from published S. cerevisiae, A. thaliana and 
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D. melanogaster datasets, in which the extracted small DNA molecules were immediately 

immunoprecipitated with anti-damage antibodies (anti-CPD or anti-(6-4)PP) without an initial 

TFIIH immunoprecipitation (Fig. 3.1). 

 

METHODS 

XR-seq datasets  

The XR-seq datasets from S. cerevisiae, A. thaliana and D. melanogaster were generated 

in previous experiments (Li et al. 2018; Oztas et al. 2018; Deger et al. 2019; respectively). The 

methods used to generate those data sets are briefly summarized here. In the A. thaliana 

experiment, plants were irradiated with 120 J/m2 UVC at eight different times (spaced 3 hours 

apart) throughout a 24 hour day-night cycle and given 30 minutes of ‘dark repair’ time (Oztas et 

al. 2018). In the S. cerevisiae experiment, cells were grown to late log phase and then irradiated 

with 120 J/m2 UVC and given either 5, 20 or 60 minutes of ‘dark repair’ time (Li et al. 2018). In 

the D. melanogaster experiment, S2-DGRC cells were grown to 25-80 % confluence and then 

irradiated with 20 J/m2 UVC and given either 0.16, 0.5, 8, 16 or 24 hours of ‘dark repair’ time 

(Deger et al. 2019). In all three experiments, two biological replicates were included for each 

timepoint. The library preparation protocols were similar in all experiments, though there were 

differences in the methods of DNA extraction. Specifically, for S. cerevisiae and D. 

melanogaster, cells were disrupted through bead beating and the excised DNA was enriched by 

Hirt lysis, where salt is used to precipitate away the chromatin fraction of the cell lysate, and 

through G-50 column filtration, which further depletes the chromatin fraction (Li et al. 2018; 

Deger et al. 2019; Hu et al. 2019). For A. thaliana, whole leaves were frozen in liquid nitrogen 

and ground into a powder before they were vortexed with glass beads (Oztas et al. 2018). In all 
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three preparations, DNA was extracted through ethanol precipitation and damage-containing 

products were immunoprecipitated with anti-CPD or anti-(6-4)PP antibodies. Adaptors were 

ligated onto the excised oligomers before a second immunoprecipitation was performed to 

further enrich damage-containing molecules (Li et al. 2018; Oztas et al. 2018; Deger et al. 2019; 

Hu et al. 2019). In all three preparations, the adaptor-ligated products were then treated with 

photolyases (either CPD- or (6-4)PP-specific, depending on the library) before the samples were 

amplified and sequenced using 50-nt single-read Illumina chemistry. 

 

Alignment 

Raw XR-seq reads were downloaded from NCBI BioProjects (A. thaliana: 

PRJNA429185, D. melanogaster: PRJNA577587, S. cerevisiae: PRJNA434118) via the SRA 

Toolkit fastq-dump command (ver 2.8.0; Andrews 2010). Adaptor sequences (reported in original 

publications: Li et al. 2018; Oztas et al. 2018; Deger et al. 2019) were removed with cutadapt 

(version 1.18; Martin 2011), using the discard untrimmed reads option. Reads were aligned to 

reference genomes (A. thaliana: TAIR10, D. melanogaster: dm6_UCSC, S. cerevisiae: sacCer3), 

which included the organellar genomes (A. thaliana mtDNA: NC_037304.1, A. thaliana plastid 

DNA (ptDNA): NC_000932.1, D. melanogaster mtDNA: NC_024511.2, S. cerevisiae mtDNA: 

NC_001224.1), using bowtie2 (ver 2.3.5; Langmead and Salzberg 2012) with the –phred33 flag 

(Oztas et al. 2018).  

 

Alignment filtering and XR-seq analysis 

Nuclear insertions of mtDNA or ptDNA (termed NUMTs and NUPTs, respectively) 

warrant special consideration in this analysis because repair of organelle-derived nuclear DNA 
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through conventional NER could result in the false mapping of XR-seq reads to organelle 

genomes. To ensure that reads mapping to the organelle genomes truly originated from the 

organelle genomes, we used samtools (ver 1.9; Li et al. 2009) to discard reads with MAPQ 

scores of less than 30, effectively removing all reads which map equally well to multiple 

locations. As a result of this filtering step, NUMTs/NUPTs that are correctly assembled in the 

nuclear reference (and any homologous sequences present in the assemblies) are ‘unmappable’ to 

either copy (organellar or nuclear). The A. thaliana ptDNA contains a large, inverted repeat (~26 

kb). Since both copies of the repeat would be ‘unmappable’ after filtering out reads with MAPQ 

scores of less than 30, we removed the second copy of the repeat (positions 128214-154478) 

from the reference genome and divided all read counts in the first copy of the repeat by two 

when calculating coverage statistics. A 641-kb NUMT on chromosome 2 of the A. thaliana 

reference genome contains more than an entire copy of the mitochondrial genome (Fields et al. 

2022), which introduces a potential bias as only the identical portions of the NUMT and the 

mitochondrial genome will be ‘unmappable’ using a MAPQ cutoff of 30. We therefore used a 

modified reference where the NUMT (positions 3239038-3509765 of chromosome 2) was 

manually removed. While interpreting the A. thaliana dataset, it is therefore important to 

remember that some mtDNA mapping reads may be nuclear-derived. After MAPQ filtering, we 

used custom scripts to remove reads with mismatches (all scripts used in this study are available 

via https://github.com/dbsloan/mtDNA_UV_damage).  

We used custom scripts to calculate the read length distributions, nucleotide frequencies 

and di-pyrimidine frequencies of the mtDNA mapping reads and compared them to equivalent 

analyses from the nuclear mapping reads, which were previously reported (Li et al. 2018; Oztas 

et al. 2018; Deger et al. 2019). We analyzed the differences in read coverage (reads per kilobase 



   73 

per million mapped reads; RPKM) between organellar and nuclear genomes and between 

different genomic regions (i.e. intergenic, intronic, protein coding (CDS), rRNA genes, and 

tRNA genes) of the organellar genomes. In genic regions, we compared the XR-seq read 

coverage of the template vs the coding strand.  

 

Excision assay 

To study mtDNA-derived DNA fragments with a method independent of the XR-seq 

data, we performed an excision assay with S. cerevisiae cells exposed to UV light. To isolate 

mtDNA-derived DNA fragments, we produced a NER-deficient line, which in theory should be 

unable to produce nucDNA-derived excision oligonucleotides. Specifically, we created a deletion 

of the RAD14 gene, which encodes a subunit of nucleotide excision repair factor 1 (NEF1) 

complex that binds to damaged DNA during NER (Guzder et al. 2006). Deletions were generated 

through homologous recombination-mediated integration of the NatMX4 nourseothricin 

resistance cassette (Goldstein and McCusker 1999) in strain FY86 (MATa, ura3-52, leu2D1, 

his3D200; Winston et al. 1995), which is isogenic with the S288c reference genome background. 

We amplified NatMX4 from pAG25 using primers JAO2397 and JAO2398 (reported in Table 

S1) to generate a PCR product flanked by 42-bp homologous regions (upper case in primer 

sequences), targeting integration to each side of the RAD14 open reading frame. We screened 

transformants and confirmed the presence of the rad14D::NatMX4 deletion in two independently 

generated clones, using PCR with primers flanking both sides of the insertion site (primers 

JAO2399 and JAO2401, reported in Table S1). 

 Yeast growth, UV exposure, DNA extraction, immunoprecipitation with an anti-CPD 

antibody, radiolabeling and DNA visualization all followed previously described protocols (Hu et 
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al. 2019), with these exceptions; 1) UV exposure was performed in a CL-1000 UV crosslinker, 

which was placed on a shake plate rotating at 120 rpm to ensure even UV administration, 2) we 

radiolabeled the 3′ ends of the putative damaging containing DNA fragments with GTP [α-32P] 

(Boulé et al. 2001) instead of 32P-Cordycepin due to changes in product availability, and 3) we 

added 5% glycerol to the 11% acrylamide gel mix and electrophoresis running buffering 

solutions in an attempt to reduce gel shattering while drying at 80 C (Altschuler et al. 2013). 

Following UV exposure, all work was conducted in the dark or under yellow light to avoid the 

activation of photolyases. We included wild type (WT) and rad14D replicates that were not 

exposed to UV as controls, and UV-exposed strains were given 20 minutes of repair time in YPD 

at 30 C. For each of the four treatments (WT vs mutant with or without UV exposure), we 

included two technical replicates for a total of eight samples.  

 

RESULTS AND DISCUSSION 

Pre-processing of existing XR-seq datasets  

We analyzed the mtDNA mapping reads from S. cerevisiae, A. thaliana and D. melanogaster 

XR-seq datasets to gain insights into what happens to photodamaged mtDNA. In the A. thaliana 

dataset, we also investigated ptDNA-derived reads. Due to the short length of excised 

oligonucleotides in NER, nuclear-derived XR-seq sequences may map incorrectly to organellar 

genomes during alignment. To ensure such mapping artifacts are not interpreted as organellar 

derived DNA fragments, we filtered our alignments to retain only uniquely mapping reads with 

no mismatches. We assessed the impact of this filtering step by comparing XR-seq coverage of 

the filtered and unfiltered alignment files and found that filtering renders 5 to 13% of organellar 
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genomes ‘unmappable’. The fraction of each genome retained for downstream analyses, broken 

down by genomic region, can be found in Table 1. 

 

XR-seq coverage of organellar vs. nuclear genomes 

We next compared the depth of XR-seq coverage (computed as reads per kilobase of mapped 

genome; RPKM) of the organellar and nuclear genomes (Table 2). In the S. cerevisiae and A. 

thaliana datasets, organellar XR-seq coverage was roughly one-third to two-fold that of the 

nuclear genome, while in the D. melanogaster data coverage of the mtDNA was over 50-fold 

that of the nuclear genome. Note that these estimates should not be directly interpreted as 

measures of the relative rates of degradation or repair in nuclear vs. organellar DNA because 

they do not adjust for differences in organellar genome copy per nuclear genome, a parameter 

known to be highly variable under different life stages (Shen et al. 2019), tissue and cell types 

(Herbers et al. 2019; O’Hara et al. 2019), and physiological conditions (Göke et al. 2020). The 

relative rates of pyrimidine dimer formation in organellar vs. nuclear DNA will also impact rates 

of repair, and estimates of the relative damage rates vary among species (Kalinowski et al. 1992; 

Ledoux et al. 1992; Takahashi et al. 2011) and depend on methods of detection (Gonzalez-Hunt 

et al. 2018).  

 

Unique length distributions of organellar-mapping reads 

We next analyzed the length of XR-seq fragments mapping to organellar and nuclear genomes. 

For all datasets, the organellar-mapping reads contain unique length distributions compared to 

those mapping to the nuclear genomes. As reported in the initial publication (Li et al. 2018), 

there are two peaks in the S. cerevisiae nucDNA mapping reads (in both anti-CPD and anti-(6-
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4)PP datasets), one derived from the primary excision products (23 nt) and the other (~16 nt) 

presumably resulting from the 5′ degradation of the primary excision products (Figs. 3.2, S3.1, 

S3.6). The S. cerevisiae CPD and 6-4(PP) mtDNA-mapping reads show distinct peaks at read 

lengths of 26, 24, 22 and 20 nt (Figs. 3.2, S3.2, S3.7). The largest mtDNA peak of 26 nt is longer 

than the peak length in the nuclear mapping reads of 23 nt. The A. thaliana mtDNA read length 

distributions also differ from the nucDNA read length distributions (Figs. 3.3, S3.11). In the A. 

thaliana mtDNA read length distribution there is a cluster of reads 36-39 nt in length, with 

additional distinct peaks in read lengths of 32, 28, 24, 20 and 16 nt (Figs. 3.3, S3.12). Therefore, 

the patterns in these datasets were similar, but the peaks were spaced at different intervals (2-nt 

in S. cerevisiae and 4-nt in A. thaliana).  

The A. thaliana ptDNA read length distribution lacks distinct peaks occurring at regular 

intervals and instead contains a single, less extreme peak comprised of reads 24 nt in length 

(Figs. 3.3, S3.13). The D. melanogaster mtDNA-mapping reads have a different read length 

distribution compared to the nuclear-mapping reads (Figs. 3.4, S3.19, S3.20), but the mtDNA-

mapping reads lack the discrete peaks we observed in S. cerevisiae and A. thaliana organellar 

reads. 

The origins of the distinct peaks in the XR-seq read length distributions of the S. 

cerevisiae and A. thaliana datasets are unclear. It is possible that these DNA fragments are 

derived from a mitochondrial-specific repair pathway for photodamage repair. Alternatively, the 

abundance of reads of certain lengths could arise from mtDNA degradation, which would 

represent a previously uncharacterized mechanism of damage-induced mtDNA degradation that 

results in fragments of specific lengths. One possibility is that the regular packaging of 

mitochondrial nucleoids could result in areas that are exposed to initial DNA damage or to 
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subsequent incision/degradation, thereby affecting the length profile of mtDNA fragments after 

UV exposure. For example, the mtDNA binding protein ABF2 has been shown to protect yeast 

mtDNA from oxidative damage (O’Rourke et al. 2002) and the mammalian homolog TFAM is 

known to bind mtDNA every ~16 bps (Kukat et al. 2011). 

XR-seq experiments in E. coli reveal somewhat similar patterns in the sense that there are 

a few read lengths that account for most of the reads in the length distribution, except that in E. 

coli most reads are of 10 or 13 nt in length (Adebali et al. 2017b). Interestingly, there is only a 

single peak of 13 nt in excision assays with E. coli mutants lacking UvrD, presumably because 

the primary 13mer oligonucleotide is unable to dissociate from the UvrB-UvrC heterodimer 

without the activity of the UvrD helicase and is therefore inaccessible to the exonucleases that 

degrade the oligonucleotide from the 3′ end (Adebali et al. 2017a). In the S. cerevisiae nucDNA 

derived reads, TT peaks consistently occur 6 nt from the 3′ ends of reads, including in reads less 

than 23 nt (the length of the primary excision product in nucDNA NER), suggesting that 

nucDNA-derived reads are degraded from the 5′ ends. Given that secondary excision products 

have been shown to arise through exonuclease degradation of a primary oligonucleotide in E. 

coli and in the S. cerevisiae nucDNA NER, we hypothesize that the 26-nt peak in the S. 

cerevisiae mtDNA may be a ‘primary’ product, with the less abundant 24, 22 and 20 nt 

oligonucleotides arising through degradation. 

Attempts to visualize and validate the read length distributions observed in XR-seq data 

with a conventional excision assay found that the S. cerevisiae mtDNA signal was undetectable 

above background, even when the nucDNA signal was reduced by using a nuclear NER-deficient 

mutant strain background (rad14D) (Fig. S3.24). It is likely that the signal of repair or 

degradation from the mtDNA is relatively weak compared to the noise of the assay (see faint 
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gray smear in every lane of Fig. S3.24). Future efforts to identify mtDNA fragments in excision 

assays may benefit from increased sample volumes and from physically isolating mitochondria 

from the cell suspensions before immunoprecipitation with anti-damage antibodies. 

 

Preferential positioning of pyrimidines within organellar-mapping XR-seq reads 

We analyzed the nucleotide and di-pyrimidine frequencies of all the organellar mapping reads, 

focusing especially on the dominant read lengths in the S. cerevisiae and A. thaliana mtDNA 

datasets (shown in Fig. 3.2 and Fig. 3.3, respectively). In the 26-nt S. cerevisiae mtDNA 

mapping reads (the most frequent length class) in the CPD dataset, adjacent thymines (TTs) are 

most abundant at position 7-8, with additional smaller peaks spaced at 2-nt intervals, starting at 

positions 10 (left panel of Fig. 3.5; di-pyrimidine frequencies of all the (6-4)PP-mapping reads 

including rare size classes are shown in Fig. S3.3). The 24-nt reads show a similar TT peak 

pattern, though it is shifted forward two positions compared to the pattern in the 26-nt reads (i.e., 

a peak at position 5-6, followed by secondary peaks starting at positions 8, 10, and 12). In the 22-

nt reads the TT peaks are shifted forward four positions. Therefore, the TT peaks fall in the same 

position when the 26, 24 and 22-nt reads are 3′ or right aligned as they are in Fig. 3.5. In the (6-

4)PP dataset, the TT peaks also fall in similar positions when the most common reads (26, 24, 22 

and 20 nt) are 3’ aligned (right panel of Fig. 3.5, di-pyrimidine frequencies of all the (6-4)PP 

mapping reads including rare size classes are shown in Fig. S3.8), though the TT peak at position 

7-8 does not rise above the null expectation derived from the frequency of TTs in the S. 

cerevisiae mtDNA. 

The observed patterns in the mtDNA-derived XR-seq reads may arise through mtDNA 

degradation or through an incision-based repair process. In either scenario, we propose a 
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potential mechanism in which ‘primary’ 26-nt DNA fragments may be degraded in 2-nt intervals 

from the 5′ end to produce 24, 22 and 20-nt products (Fig. 3.7, right panel). Alternatively, 

incisions of 6, 4 or 2 nt upstream of a CPD could yield the 26, 24 and 22-nt products, 

respectively (Fig. 3.7, left panel). Under the model that these DNA fragments arise through 

wholesale mtDNA degradation, rather than a specific incision-based pathway, we hypothesize 

that TT dimers inhibit mtDNA degrading nucleases from accessing upstream or downstream 

nucleotides, resulting in the enrichment of di-pyrimidines at internal locations in the DNA 

fragments, though we are not aware of examples of exonucleases stalling at such distances from 

pyrimidine-dimers in the literature. Instead, previous efforts to understand the fate of excised 

oligonucleotides generated during NER in nucDNA have identified multiple exonucleases that 

can remove nucleotides up to a dimer (Kemp and Sancar 2012; Hu et al. 2013; Adebali et al. 

2017a; Kim et al. 2022).  

DNA fragments with dimers on the end are difficult to study because they can be 

recalcitrant to elongation by terminal transferase enzymes necessary for radiolabeling and likely 

to ligation of adaptors necessary for XR-seq (Kim et al. 2022). Therefore, it is possible that 

‘dimer-capped’ mtDNA molecules generated through exonuclease activity up to the dimer would 

be undetectable in XR-seq datasets. Previous XR-seq studies have also suggested that adaptor 

ligation biases may drive variation in nucleotide composition within reads (Li et al. 2017), 

especially at read-ends where adaptors are ligated. We cannot rule out the possibility that adaptor 

ligation biases are responsible for the enrichment of TT dinucleotides at specific positions (e.g., 

position 7-8 in 26-nt S. cerevisiae CPD reads). It is also possible that the anti-damage antibodies 

favor binding to certain sequence motifs, which could lead to the preferential positioning of 

pyrimidine peaks within reads. However, we view ligation or antibody biases as unlikely 
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explanations given that the enrichment patterns differ greatly across species (e.g., S. cerevisiae 

vs. D. melanogaster) and across genomes of the same species (S. cerevisiae nucDNA vs. mtDNA 

or A. thaliana ptDNA vs mtDNA) despite use of the same antibodies and adaptors. Ligation 

biases seem especially unlikely given that the TT enrichment is internal to the fragments and not 

directly at the ligated ends and often outside the random 5-nt sequence used for adaptor 

annealing. Further, the enriched positions shift relative to the 5′ end depending on the length of 

read (Fig. 3.5, Fig. 3.7), whereas if ligation biases were responsible, we would expect a 

consistent position of pyrimidines relative to the ends of reads.  

 As in the S. cerevisiae dataset, the TT peaks in the A. thaliana mtDNA mapping reads fell 

in the same position when the most frequent read lengths are aligned (in this case reads 32, 28, 

24, 20 and 16 nt long). For the A. thaliana dataset, this pattern holds regardless of whether the 

reads are left (5′) aligned (as in Fig. 3.6; di-pyrimidine frequencies of all the mtDNA-mapping 

reads including rare size classes are shown in Fig S14) or right (3′) aligned (not shown). If these 

DNA fragments are arising through targeted incisions, we posit that these incisions occur 

primarily either 6, 10, 14, 18 or 22 nt upstream of a CPD, and either 8, 12, 16, 20 or 24 nt 

downstream of a CPD. Alternatively, the 4-nt spacing of pyrimidine dimers could be explained 

by regular degradation of a primary excision product of undetermined length. Yet another 

possibility might be that if these fragments are arising through mtDNA degradation, it would 

again appear that degrading nucleases are unable to access DNA within a certain distance of 

pyrimidine dimers.   

The A. thaliana ptDNA and D. melanogaster mtDNA reads lack obvious di-pyrimidine 

patterns (Figs. S3.15, S3.21). Interestingly, the D. melanogaster mtDNA mapping reads show 

extreme nucleotide biases at both the 5′ and 3′ ends of reads (Fig. S3.22). Such biases may be 
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driven by biased composition of the overhanging Ns that allow for adaptor annealing. However, 

nuclear mapping XR-seq reads do not display extreme nucleotide biases at read ends (see Figure 

1c; Deger et al. 2019). End biases are also mostly absent from the S. cerevisiae and A. thaliana 

organellar-mapping reads (Figures S3.4, S3.9, S3.16, S3.17; respectively), which were created 

with the same or similar adaptors. Another explanation could be that in the D. melanogaster 

mtDNA, distance from a CPD is not important in determining upstream or downstream incision 

sites, and instead local sequence contexts drive incision locations. Such a phenomenon would 

also explain why the D. melanogaster read length distribution lacks discrete peaks (Fig. S3.20) 

and why the D. melanogaster mtDNA-mapping reads lack an enriched localization of di-

pyrimidines (Fig. S3.21).  

 

Variation in the distribution of XR-seq reads among genomic regions 

We determined the location of the organellar mapping reads as either intergenic, CDS (protein 

coding), intronic, tRNA coding, or rRNA coding. In both S. cerevisiae datasets (CPD and (6-

4)PP), we find elevated coverage of genic regions (CDS, rRNA and tRNA) compared to 

coverage in intergenic regions (Figures S3.5, S3.10; left panel). This pattern is consistent with 

trends in the S. cerevisiae nuclear genome (Li et al. 2018), where increased genic XR-seq 

coverage is attributed to transcription-coupled NER (TC-NER). Another feature of TC-NER is 

increased coverage of the template DNA strand compared to the coding DNA strand. After 

controlling for differences in the numbers of dipyrimidines on the template DNA strand 

compared to the coding DNA strand we find elevated coverage of the template strand compared 

to the coding strand in the tRNA coding regions of the genome in both S. cerevisiae datasets 

(CPD and (6-4)PP; Figures S3.5, S3.10; right panel). However, CDS, intronic, and rRNA regions 
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show no difference in coverage of the template vs. coding strand or slightly elevated coverage of 

the coding strand compared to the template strand, which is inconsistent with expectations of 

TC-NER. 

 In the A. thaliana mtDNA, we see slightly elevated XR-seq coverage of the CDS 

compared to the intergenic regions of the genome, but rRNA and tRNA genes, which are 

typically expressed more highly than CDS regions (Belozerova et al. 2011; Di Giorgio et al. 

2019), have XR-seq coverage below or near the level of intergenic sequence (Fig. S3.18, top left 

panel). This suggests that increases in expression may not correlate with increased levels of 

incisions or repair activity as is observed in the A. thaliana nucDNA due to TC-NER (Oztas et 

al. 2018). In the A. thaliana ptDNA, we see relatively even levels of CDS and intergenic 

coverage but decreased coverage of rRNAs and tRNAs (Fig. S3.18, top right panel), again 

opposite of the expectations under a TC repair model where more highly expressed genes receive 

increased NER protection. If the organellar-derived DNA fragments arise through organellar 

genome degradation rather than by uncharacterized repair pathways, variation in XR-seq read 

depth across genomic compartments may provide a snapshot of variation in damage formation. 

There are no large effect asymmetries in coding vs template strand in the A. thaliana data (Fig. 

S3.18, bottom panels) except for in mtDNA and ptDNA rRNA genes, especially in the ptDNA 

where template coverage is roughly 2-fold that of the coding strand. It is difficult to know 

whether these asymmetries arise through variation in damage formation, uncharacterized repair 

pathways, or asymmetrical DNA degradation. Therefore, overall, we find very little support for 

the possibility that the observed DNA fragments produced in response to UV damage are 

dependent on transcriptional activity. 
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Differences in XR-seq coverage between genomic regions may also arise from different 

levels of pyrimidine dimer formation, which has been shown to vary across nucDNAs due to 

variation in local sequence motifs and nucleosome density (Mao et al. 2016). Organellar DNA 

lacks nucleosomes and is instead packaged in nucleoids, which can vary in protein components 

based on developmental and physiological status of a given organelle, but are generally assumed 

to confer many of the same protective benefits as nucleosomes (Bogenhagen 2012; Sakamoto 

and Takami 2018; Zhao 2019). 

 In the D. melanogaster mtDNA, we find a drastic reduction in coverage of the intergenic 

portion of the genome compared to the CDS, rRNA and tRNA genes (Fig. S3.23, top panel). 

Metazoan mtDNAs are extremely gene dense, so essentially all of the ‘intergenic’ sequence in 

the D. melanogaster mtDNA is located in the AT-rich region of the genome, which serves as the 

mtDNA replication origin and termination sites. Given the preponderance of thymines in this 

region, one might expect an increase in CPD formation compared to other regions of the 

genome, making the lack of XR-seq read in this region intriguing. However, AT rich sequences 

also experience negative amplification biases during the PCR stages of library construction 

(Daniel et al. 2011; Wu et al. 2020a; Waneka et al. 2021), so comparisons of XR-seq coverage 

between regions of varied AT content must be made cautiously. Coverage is lower in on template 

strand than the coding strand in all genomic regions in the D. melanogaster mtDNA, opposite of 

expectations given TC-NER (Fig. S3.23, bottom panel).  

 

CONCLUSIONS 

Early studies that found no repair of UV-damage mtDNAs in human and yeast cells (Clayton et 

al. 1974; Prakash 1975) helped shape the notion that mitochondria lack DNA repair altogether 
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and that damaged mtDNA molecules are simply degraded, with undamaged copies serving as 

templates for new mtDNA synthesis (Druzhyna et al. 2008). While subsequent investigations 

have unveiled that specific types of mtDNA base damage such as deamination, simple alkylation, 

and oxidation can indeed be effectively repaired within the mitochondria, it is still generally 

accepted that all eukaryotes lack any pathway for repair of bulky DNA damage in mtDNAs 

(Kazak et al. 2012; Stein and Sia 2017; Alencar et al. 2019; Chevigny et al. 2020). MtDNA 

damage has been demonstrated to lead to mtDNA degradation in a variety of instances (Bess et 

al. 2012, 2013; Shokolenko et al. 2016; Moretton et al. 2017; Wang et al. 2017; Dan et al. 2020), 

but this process remains enigmatic, with open questions as to how damaged mtDNAs are 

distinguished from healthy mtDNAs, how damaged mtDNAs promote fusion and or mitophagy 

(Bess et al. 2013; Wang et al. 2017; Doblado et al. 2021), and which enzymes actually degrade 

the mtDNA (Moretton et al. 2017; Matic et al. 2018; Peeva et al. 2018).  

 Our analysis of XR-seq experiments shows that mitochondrially derived DNA fragments 

of characteristic length and nucleotide composition are produced following mtDNA 

photodamage in both S. cerevisiae and A. thaliana. As we have laid out, we envision two 

potential mechanisms that could be responsible for productions of these DNA fragments: 1) an 

uncharacterized repair pathway functioning in mitochondria, or 2) a previously uncharacterized 

programmed degradation of damaged mtDNA. Either of these possibilities point to the exciting 

prospect of novel maintenance or processing in response to exogenous damage.  A key next step 

in differentiating between these and other possible models will be to be identify the specific 

molecular machinery that produces the observed DNA fragments in response to UV damage. 
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Table 1: Fraction of each organellar genome retained after filtering to remove multi-mapping 
reads. Retained fractions are the averages of all replicates for each dataset.  

 

S. cerevisiae 
mtDNA: CPD 

S. cerevisiae 
mtDNA: (6-4)PP 

A. thaliana 
mtDNA: CPD 

A. thaliana 
ptDNA: 

CPD 

D. melanogaster 
mtDNA: CPD 

intergenic 0.88 0.88 0.88 0.95 0.49 

intron 0.88 0.88 0.97 0.97 Not applicable 

CDS 0.94 0.94 0.91 0.96 0.997 

rRNA 0.91 0.91 0.97 0.91 0.995 

tRNA 0.97 0.97 0.61 0.88 0.9996 

total 0.90 0.90 0.89 0.95 0.87 
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Table 2: Organellar vs. nuclear XR-seq coverage (as RPKM)  

 

S. cerevisiae 
mtDNA: CPD 

S. cerevisiae 
mtDNA:  
(6-4)PP 

A. thaliana 
mtDNA: CPD 

A. thaliana 
ptDNA: 

CPD 

D. melanogaster 
mtDNA: CPD 

organellar RPKM 25.0 72.1 11.7 13.6 424.9 

nuclear RPKM 82.7 82.3 8.4 8.4 6.9 

ratio: org/nuc 
RPKM 

0.30 0.88 1.39 1.62 61.58 
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Figure 3.1. Overview of XR-seq protocol. Panel A shows direct capture of damage containing 
excised oligomers as performed in experiments with S. cerevisiae, A. thaliana, and D. 
melanogaster. After immunoprecipitation with damage specific antibodies, adaptors are attached 
to excised and the damaged sites are repaired by a photolyase before the molecules are amplified 
and sequenced. Panel B shows the alternative XR-seq approach, which includes an initial 
immunoprecipitation against TFIIH (the enzymatic complex that associates with excised 
oligomers in mammalian cells). Then, adaptors are ligated to the ssDNA fragments before a 
second immunoprecipitation with anti-damage antibodies, photolyase damage reversal, and 
library amplification/sequencing.
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Figure 3.2. Read length distributions of nuclear and mitochondrial reads from anti-CPD and anti-
(6-4)PP libraries from S. cerevisiae. These distributions exhibited a high degree of repeatability 
across samples and conditions. Pearson’s correlation analyses reveal significant correlations 
between the anti-CPD and anti-(6-4)PP read length distributions (R=0.9555, p=1.6E-11) as well 
as between anti-CPD (5 min vs 20 min; R=0.9951, p=2.2E-16) and anti-(6-4)PP (5 min vs 20 
min; R=0.9765, p=3.92E-14) timepoints.  
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Figure 3.3. Read length distributions of nuclear, mitochondrial and plastid mapping reads from 
the A. thaliana anti-CPD libraries. Pearson’s correlation analyses reveal significant correlations 
between in the mtDNA read length distributions between time points (2 hours vs. 5 hours: R= 
0.9899, p=2.2E-16).  
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Figure 3.4. Read length distributions of nuclear and mitochondrial mapping reads from the D. 
melanogaster anti-CPD libraries.   
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Figure 3.5. Di-pyrimidine frequencies in the most abundant read-length classes (26, 24, 22 and 
20 nt) from the S. cerevisiae anti-CPD libraries. Read lengths are denoted in the gray boxes at the 
top left of each panel. The pink horizontal lines show the frequency of TT dinucleotides in the S. 
cerevisiae mtDNA, providing a null expectation for TT dinucleotide frequencies in the XR-seq 
reads. Positions with TT peaks in the 26 nt reads are in red, and the equivalent positions in the 3′ 
aligned (right aligned) 24, 22 and 20 nt reads are also in red. We approximated the 95% 
confidence interval as 2 times the standard error of the expected TT frequency given the number 
of reads included for each di-pyrimidine calculation. Given the large number of reads analyzed, 
95 % confidence intervals are very small, ranging from 0.1472  0.0022 for the CPD 26-nt reads 
to 0.1472  0.0081 for the CPD 20-nt reads. As a result, all blue bars that appear above the pink 
line in the figure represent a significant statistical enrichment relative to the expectation and its 
95% confidence interval.  
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Figure 3.6. Di-pyrimidine frequencies in the most abundant read-length classes (32, 28, 24, 20 
and 16 nt) from the A. thaliana mtDNA mapping reads. Read lengths are denoted in the gray 
boxes at the top right of each panel. The pink horizontal lines show the frequency of TT 
dinucleotides in the A. thaliana mtDNA, providing a null expectation for TT dinucleotide 
frequencies in the XR-seq reads. See Fig. 3.5 for a description of calculating 95% confidence 
intervals around this expectation. These confidence intervals were very small due to the large 
number of reads, ranging from 0.0743  0.0033 for the 16 nt reads to 0.0743  0.0018 for the 32 
nt reads.  
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Figure 3.7. Proposed alternative explanations for unique read length distributions and 
dinucleotide composition patterns in the S. cerevisiae anti-CPD and anti (6-4)PP datasets. 
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CHAPTER 4: INVESTIGATING LOW FREQUENCY SOMATIC MUTATIONS IN 

ARABIDOPSIS WITH DUPLEX SEQUENCING 

 
Summary 

Mutations are the source of novel diversity but can also lead to disease and maladaptation. The 

conventional view is that mutations occur randomly with respect to their environment-specific 

fitness consequences. However, intragenomic mutation rates can vary dramatically due to 

transcription coupled repair and local epigenomic modifications, which are non-uniformly 

distributed across genomes. One sequence feature associated with decreased mutation is higher 

expression level, which can vary depending on environmental cues. To understand whether the 

association between expression level and mutation rate creates a systematic relationship with 

environment-specific fitness effects, we perturbed expression through a heat treatment in 

Arabidopsis thaliana. We quantified gene expression to identify differentially expressed genes, 

which we then targeted for mutation detection using Duplex Sequencing. This approach provided 

a highly accurate measurement of the frequency of rare somatic mutations in vegetative plant 

tissues, which has been a recent source of uncertainty in plant mutation research. We included 

mutant lines lacking mismatch repair (MMR) and base excision repair (BER) capabilities to 

understand how repair mechanisms may drive biased mutation accumulation. We found wild 

type (WT) and BER mutant mutation frequencies to be very low (mean variant frequency 

1.810-8 and 2.610-8, respectively), while MMR mutant frequencies were significantly elevated 

(1.1310-6). These results show that somatic variant frequencies are extremely low in WT plants, 

indicating that larger datasets will be needed to address the fundamental evolutionary question as 

to whether environmental change leads to gene-specific changes in mutation rate 
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INTRODUCTION 

Mutations in DNA sequences accumulate over time and produce the variation that allows 

populations to adapt to novel or changing environments. In this sense, mutation is the ultimate 

source of evolutionary innovation. At the same time, mutations are often deleterious (Eyre-

Walker and Keightley 2007), and somatic mutations can cause disease, setting up a dynamic 

where selection may favor alleles that lower mutation rates, even though mutational input is 

required for adaptation and evolution (Zhang 2023).  

The textbook view of mutation and adaptation is that mutations occur randomly with 

respect to their environment-specific fitness consequences. This principle was established in 

early investigations by Max Delbrück and Salvador Luria, who found that mutations in bacteria 

that confer phage resistance were equally likely to occur regardless of whether bacteria were 

grown in the presence of phage (Luria and Delbrück 1943). In other words, a phage-containing 

environment creates selection for genetic variants responsible for resistance but does not induce 

mutations to specifically occur at those loci. After subsequent decades of study, mutations are 

still widely considered to be random in this respect even though both the type and location of 

mutations are now known to have non-uniform distributions across genomes. For example, 

transition substitutions are far more common than transversions in most organisms across the 

tree of life. This bias in the mutation spectrum arises through the simple properties of DNA bases 

and chemical damage, but it has important consequences for the relationship between fitness 

effects and the probability of mutations. Due to the structure of the genetic code, transversions 

are more likely than transitions to be nonsynonymous (i.e. result in amino acid changes) and, 

therefore, have harmful fitness effects. As such, the average fitness effect of mutations is lower 
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than it would be if all types of nucleotide substitutions occurred with equal probability (Eyre-

Walker and Keightley 2007). 

Mutation rates can also vary depending on genomic location. For example, mutational 

gradients arise in mammalian mitochondrial genomes because regions near replication origins 

are single-stranded (and more vulnerable to mutation causing damage) for longer periods during 

DNA replication (Sanchez-Contreras et al. 2021). Variation in intragenomic mutation rates can 

also occur at smaller scales, such is in Arabidopsis thaliana where mutations are enriched in 

intergenic sequences compared to genes (Ossowski et al. 2010; Belfield et al. 2018; Weng et al. 

2019) and in introns compared to exons (Monroe et al. 2022, 2023a; Quiroz et al. 2023; Staunton 

et al. 2023). Because mutations in coding sequences are more likely to have functional 

consequences, this biased distribution of mutations should again result in lower average fitness 

effects than if mutations were uniformly distributed across the genome. 

The probability of a mutation, therefore, cannot be considered independent of the fitness 

consequences of that mutation. However, to challenge the textbook view that mutations occur 

randomly with respect to environment-specific fitness effects, gene-specific mutational biases 

would have to systematically vary with changes in the environment. One potential mechanism 

that could create such a relationship between environment and mutation bias is the coupling of 

DNA repair surveillance with transcription machinery, which results in lower mutation rates for 

highly expressed genes (Supek and Lehner 2017; Oztas et al. 2018; Huang et al. 2018; Huang 

and Li 2018; Gonzalez-Perez et al. 2019; Monroe et al. 2022). Therefore, environmental changes 

that increase a gene’s expression level should lower its mutation rate. In addition, highly 

expressed genes are known to experience stronger selection (Zhang and Yang 2015), so genes 

may be most protected from mutation in environments where they are most functionally 
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important. Alternatively, transcription may be mutagenic, as increased DNA damage associated 

with exposure of single-stranded DNA to mutagens can potentially overpower the increased 

protection of actively transcribed genes (Kim et al. 2007; Jinks-Robertson and Bhagwat 2014; 

Seplyarskiy et al. 2023).  

 A challenge associated with addressing how local mutation rates vary with environment 

is the difficulty of measuring mutations in experimental settings. Historical estimates of mutation 

relied on comparisons of synonymous substitutions between populations or species. Because 

these substitutions do not result in a change in amino acid, they are expected to experience 

minimal selection and thus approximate mutational input, though in reality synonymous sites do 

experience selection due to codon usage bias (Grantham et al. 1980; Hershberg and Petrov 2008) 

and other mechanisms (Bailey et al. 2021). It is inherently difficult to measure mutation rates 

more directly in large multicellular organisms because their long generations require many 

individuals and/or large amounts of time for sufficient mutations to occur, making methods such 

as mutation accumulation lines and parent-offspring trio sequencing (Lynch et al. 2016; 

Tatsumoto et al. 2017) expensive and time-consuming. 

 An alternative and potentially complementary approach to mutation accumulation and 

trio sequencing studies is to detect the mutations that accumulate in an organism’s somatic 

tissues (Gundry and Vijg 2012; Moore et al. 2021; Monroe et al. 2022; Quiroz et al. 2023; 

Schmitt et al. 2023; Staunton et al. 2023; Satake et al. 2023; Goel et al. 2024). This approach 

benefits from the fact that many more cell lineages can be tracked than just the germline. 

Inclusion of somatic (vegetative) mutations in recent Arabidopsis studies led to the identification 

of thousands of mutations, which increased power to test for relationships between local 

mutation rates and various sequence features, such as GC content, DNA methylation, histone 
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modifications and expression level (Monroe et al. 2022). However, this approach appears to have 

been inaccurate because low frequency somatic variants can be difficult to distinguish from 

sequencing errors, and reanalysis of the somatic mutation calls showed that many of the putative 

mutations arose from technical artefacts (Liu and Zhang 2022; Monroe et al. 2023a; Wang et al. 

2023; Monroe et al. 2023b). Therefore, the actual frequency of somatic mutations in vegetative 

plant tissue remains an open question.  

 Measurements of low frequency somatic mutations can be obtained using a high-fidelity 

sequencing technology to distinguish mutational signal from noise (Sloan et al. 2018). For 

example, Duplex Sequencing is an Illumina-based method in which unique molecular identifiers 

(UMIs) are included in adaptors and attached to both ends of DNA fragments before library 

amplification (Schmitt et al. 2012; Kennedy et al. 2014). After sequencing, the UMIs are used to 

cluster families of reads that originated from each strand of a given DNA fragment so that a 

double-stranded consensus sequence can be created that is virtually error free (< 510-8 errors 

per base pair; Kennedy et al. 2014). 

 Our goal in this study was to test if the pattern of local mutation rate variation across a 

genome depends on environmental effects on gene expression levels. We also wanted to 

determine whether low-frequency somatic mutations in plant tissues could provide a robust 

signal for addressing this type of question. Therefore, we perturbed gene expression by growing 

Arabidopsis under different temperatures. We identified differentially expressed (DE) genes with 

RNA-seq, which we then targeted for low-frequency somatic mutation detection using Duplex 

Sequencing coupled with hybrid capture. We included mutant lines msh2 and ung, which 

respectively lack mismatch repair (MMR) and base excision repair (BER) capabilities, in order 

to understand how repair mechanisms may drive biased mutation accumulation (Cordoba-Canero 
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et al. 2010; Belfield et al. 2018). We also included hsp70-16 mutant lines, which are deficient for 

a key heat shock protein, as a means to endogenously manipulate gene expression and potentially 

interact with our temperature treatment (Ran et al. 2020). As expected, we found significant 

increases in variant frequencies in the MMR deficient lines. In wild type (WT) lines and other 

mutant lines, measured mutation frequencies were too low to quantify relationships between 

mutation rates and environment-specific gene expression levels. Therefore, our results support 

the conclusion that earlier estimates of somatic variant frequencies were inflated (Monroe et al. 

2023a; Wang et al. 2023) and indicate that much larger datasets will be needed to test for 

environment-specific changes in mutation biases. 

 

RESULTS 

To test if environment specific changes in gene expression impact mutation, we 

performed mutation detection on a targeted set of Arabidopsis genes that were DE in plants 

grown at 20°C vs. 30°C. We first generated and analyzed RNA-seq data to identify genes in six 

categories: 1) increased expression at 30°C compared to 20°C in WT plants, 2) increased 

expression at 20°C compared to 30°C in WT plants, 3) constitutively high expression in WT 

plants at both 20°C and 30°C, 4) constitutively low expression in WT plants at both 20°C and 

30°C, 5) genes that had increased expression at 30°C vs. 20°C in WT plants (like category 1) and 

also had an interaction between WT and hsp70-16, and 6) genes that had increased expression at 

30°C vs. 20°C in WT plants (like category 2) and also had an interaction between WT and 

hsp70-16 (Table S4.1). The sequences of the DE genes were used to create a custom probe-set 

for hybrid capture of Duplex Sequencing libraries. 
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 Duplex Sequencing coverage of the genes and 250 bp of flanking sequence in the probe-

set ranged from 74.7 to 109.4 (Fig. S4.1), and the average probe-set coverage across all 

libraries was 193.1-fold higher than the genome background. In total, we obtained 1.89 Gb of 

Duplex Sequencing coverage of our region of interest across the 24 libraries (Table S4.2) 

 We then looked for the presence of single nucleotide variants (SNVs) and short indels 

within the 339 genes covered in the probe-set. Mutant alleles already present in the parents of the 

assayed sets of full-sib plants have the potential to bias estimates of de novo mutation 

frequencies but should be readily identifiable. For a homozygous parent, they would be present 

in all Duplex Sequencing reads of all the replicates of a given genotype. For a heterozygous 

parent, they would segregate in a 1:2:1 Mendelian ratio and account for roughly 50% of the reads 

for all replicates of a given genotype (as each replicate represents a pool of five sibling plants). 

We identified just three apparent fixed SNVs (Table S4.3), which were removed for downstream 

analyses. In contrast, we identified 41 fixed indels, over half of which were in the msh2 

background (Table S4.4). One gene (AT5G39190) had five sites that appeared to be segregating 

SNVs in all 24 replicates. We suspected this might be caused by a cryptic gene duplication which 

was not captured in the TAIR 10.2 reference genome (Jaegle et al. 2023). Indeed, when we 

realigned the reads to the improved Col-CC genome (Reiser et al. 2023), the mutation calls in 

AT5G39190 were absent. As such, reads mapping to AT5G39190 were disregarded in 

downstream analyses. The rest of the SNVs we identified were unique to each replicate and all 

were present at a frequency of no more than 17.64% (the average variant frequency across all 

mutations was 2.27%), suggesting that these are low frequency somatic variants that arose during 

the experiment and were present in a subset of the sampled vegetative tissue. 
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 Among the six WT biological replicates, we detected a single indel and just six SNVs, 

one in each replicate (Fig. 4.1). As such, there was very limited statistical power to test for the 

effects of temperature or expression level on mutation frequency in WT plants. Similarly, we 

detected few or no SNVs and indels in the hsp70-16 and the ung mutant lines (Fig. 4.1). In 

contrast, variant frequencies were significantly elevated in the msh2 mutant lines (compared to 

WT plants), where we detected 271 indels and 180 SNVs (Fig. 4.1; two-way ANOVA with 

Tukey’s test, p < 0.0001). The mutations in the msh2 lines were distributed relatively evenly 

across the temperature treatments, as we found that temperature did not influence either SNV or 

indel frequency (Fig. 4.1; two-way ANOVA, p = 0.99). In the msh2 lines, deletions were 8.5-fold 

more common than insertions (Table S4.5; two-way ANOVA, p < 0.0001). We observed 

significant differences among SNV classes in msh2 SNV spectrum (Fig. 4.2; two-way ANOVA, 

p <0.0001), which was dominated by CG→TA transitions. The next most common types of 

substitutions were AT→GC transitions and CG→AT transversions. We compared the msh2 

mutation frequencies in the constitutively lowly expressed (group 3 in Table S4.1) vs 

constitutively highly expressed (group 4 in Table S4.1) genes and found no significant 

differences (paired t-test; Table S4.6), though we did observe a trend towards higher indel 

frequencies in constitutively highly expressed genes at 30°C. We did not analyze the SNV 

spectra or indel bias in WT, ung, or hsp70-16 lines because the small number of sampled 

mutations precluded a statistically meaningful comparison.  

 

DISCUSSION 

 In this study we took a novel approach to studying plant mutation by utilizing high 

fidelity Duplex Sequencing to measure low-frequency somatic variants in a targeted region of the 
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A. thaliana nuclear genome. Variants in unopened floral bud tissue of WT plants were present at 

very low frequencies (Fig. 4.1), which were near the detection threshold of Duplex Sequencing 

(Kennedy et al. 2014; Wu et al. 2020). Although we did not have enough power to address our 

prediction that increases in gene expression would correlate with decreases in mutation rates in 

WT plants, the results are nonetheless of interest given recent debates about the frequency of 

somatic mutations in plant tissues (Monroe et al. 2022; Liu and Zhang 2022; Monroe et al. 

2023a; Wang et al. 2023; Monroe et al. 2023b). Our results support the conclusion that the high 

error rate of Illumina short-read sequencing makes it difficult to reliably discern sequencing 

errors from extremely rare WT somatic mutations. That said, we are skeptical of directly 

comparing the variant frequencies we measured in unopened floral buds with those obtained in 

differentiated leaves (Monroe et al. 2022, 2023a) given recent evidence showing substantial 

variation in somatic mutation rates depending on plant tissue (Goel et al. 2024).   

We also surveyed variant frequencies in ung mutant plants and did not observe a 

difference between WT and ung lines. Given that ung plants have previously been shown to 

accumulate more uracil in DNA (presumably to the loss of base-excision repair activity on 

deaminated cytosines) than WT plants (Cordoba-Canero et al. 2010), we interpret the lack of a 

difference between WT and ung lines as evidence that actual WT mutation frequencies may be 

below the detection threshold of Duplex Sequencing. However, it is also possible that the 

similarly low mutation rates in WT and ung reflect the lack of a true biological difference, which 

may be possible if redundant pathways exist that prevent uracils in DNA from becoming 

CG→TA transitions. 

In contrast, we found significantly elevated variant frequencies in msh2 mutants 

compared to WT lines (Fig. 4.1). MSH2 is known to function in mismatch repair (MMR) and 
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mutation accumulation experiments with msh2 mutant lines have established that the germline 

SNV rate is 132 to 204-fold greater than the WT SNV rate (Ossowski et al. 2010; Jiang et al. 

2014; Belfield et al. 2018). Here, we found that the average msh2 SNV frequency was 27-fold 

greater than the average WT SNV frequency (Fig. 4.1). Though somatic variant frequencies 

measured with Duplex Sequencing are not directly comparable to germline mutation rates 

assayed with mutation accumulation experiments, the smaller magnitude of the difference 

between msh2 vs. WT in our dataset may be interpreted as further evidence that the actual WT 

variant frequency is beneath the detection threshold of Duplex Sequencing. Alternatively, the 

smaller difference between WT and msh2 reported here could be evidence that MMR is 

particularly important for buffering against mutation in germline plant tissues, which is 

supported by elevated expression of MSH2 and other mismatch repair genes in meristematic 

tissues (Klepikova et al. 2016). 

Variant frequencies in the msh2 mutant lines showed no significant difference in plants 

grown at 20°C vs. 30°C. This finding contrasts with a recent mutation accumulation study that 

found elevated germline mutation rates in WT plants grown at 29°C compared to those grown at 

23°C (Belfield et al. 2021) and another study that documented increases at 28°C and 32°C 

compared to 23°C (Lu et al. 2021). One potential explanation of this result is that heat stress may 

be mutagenic in WT plants because it impairs MMR since in the absence of MMR there is no 

apparent heat effect. However, this interpretation would be at odds with the fact that the genome-

wide distribution of mutations in the heat-stressed plants mirrors the distribution of WT plants 

grown at standard temperature, not of mismatch repair mutants (see Fig. 3 of (Belfield et al. 

2021). The Duplex Sequencing variant frequencies in the msh2 mutant lines also did not vary 

significantly between lowly expressed vs. highly expressed genes at either 20°C or 30°C (Fig. 
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4.1). This result is consistent with the model that MMR provides special protection to actively 

transcribed genes (Belfield et al. 2018; Huang et al. 2018; Huang and Li 2018). However, we 

present this interpretation cautiously in the absence of WT data to test for an impact of 

expression when MMR is functional. 

In summary, we took a novel approach to studying plant mutations by using Duplex 

Sequencing and hybrid capture to obtain a highly accurate snapshot of somatic variants in 

targeted regions of the A. thaliana genome. We designed our experiment to test if environmental 

conditions alter mutation rates in a gene-specific fashion. However, 

the low rate of mutations in WT plants prevented testing for how expression levels impact 

mutation rates. Nonetheless, the link between increased expression and decreased mutation in 

plants is well documented (Oztas et al. 2018; Monroe et al. 2022; Quiroz et al. 2023), as is the 

fact that gene expression is environmentally determined (Richards et al. 2012), so by logical 

extension environmental conditions must  drive mutation rates and related fitness consequences. 

However, whether the magnitude of such an effect is biologically meaningful in shaping 

mutation and evolution remains an important, unanswered question. Though mutation 

accumulation and parent-offspring sequencing are time- and resource-intensive experiments, 

they are both increasingly feasible due to continued declines in the cost of DNA sequencing 

(Ossowski et al. 2010; Weng et al. 2019; Monroe et al. 2022). Conducting such experiments 

under contrasting environments (Jiang et al. 2014; Belfield et al. 2021; Lu et al. 2021) to 

measure the correlation between expression and mutation seems to be the key to understanding 

how environments impact the types of mutations that organisms accumulate.  

 

MATERIALS AND METHODS 
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All plants were grown in environmentally controlled growth chambers (75% humidity) 

under a long-day photoperiod (16 hrs light, 8 hrs dark) with irradiance of 185 µmol m−2 sec−1 at 

constant temperatures (either 20°C or 30°C, as specified below). Prior to planting, seeds were 

stratified for 5 days in sterile ddH20. Arabidopsis thaliana ecotype Col-0 was used as the WT 

line. Existing mutant lines were obtained from the Arabidopsis Biological Resource Center 

(Table S4.7) and seedlings were screened with allele-specific PCR markers to identify plants that 

were homozygous for the mutant alleles used in this study (msh2, ung, hsp70-16; Table S4.8). 

Sibling plants (roughly 35 for each genotype and each temperature treatment) were 

planted in 2.5-inch pots. Both temperature treatments were initiated in chambers (Convarion 

models PGR15 (20°C) and PGCFLEX (30°C)) at 20°C because elevated ambient temperatures 

(30°C) can inhibit seed germination (Silva-Correia et al. 2014). After 5 days, the temperature 

was turned up for the 30°C treatment and kept at 20°C for the other treatment. When the plants 

had reached stage 6.5 of development (where ~50 % of flowers have opened) (Boyes et al. 

2001), we performed DNA and RNA extractions on unopened floral buds from laterally 

branching florets. The 30°C plants reached developmental stage 6.5 at 31 days while the 20°C 

plants reached developmental stage 6.5 at 41 days, consistent with faster plant development at 

elevated ambient temperatures (Silva-Correia et al. 2014).  

For the RNA extractions, plant material was collected from the unopened floral buds of 3 

laterally branching florets from 3 WT and 3 hsp70-16 plants in each temperature treatment. The 

harvested tissues were immediately placed into liquid nitrogen and homogenized for 10 seconds 

at 30 beats/sec with the Qiagen TissueLyser, before being processed with the Qiagen RNeasy 

Plant Mini Kit, according to manufacturer’s instructions. The RNA samples were then sent to 

Novogene and RNA-Seq libraries were made using the NEBNext Ultra II Directional RNA 
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Library Prep Kit with the NEBNext Poly(A) mRNA Magnetic Isolation Module. The RNA-Seq 

libraries were sequenced on a NovaSeq 6000 using the PE150 strategy to generate 29 to 54 

million read pairs per library (see Table S4.9). 

Tissue was harvested for DNA sequencing and mutation detection at the same time as the 

tissue for RNA extraction, from siblings of the plants used for RNA extraction. For each 

replicate in the DNA extractions, plant material was pooled from 5 siblings from the unopened 

floral buds of 3 laterally branching florets from 5 plants per each replicate, with 3 replicates per 

genotype (WT, hsp70-16, msh2, ung) per temperature treatment. The floret tissue was 

homogenized for 10 seconds at 30 beats/sec with the Qiagen TissueLyser, before being processed 

with the DNeasy Plant Mini Kit from Qiagen. 

The RNA-seq reads were analyzed to detect DE genes at 20°C vs. 30°C. First, the 

adaptors were removed with Cutadapt version 4.0 with Python 3.9.16 (Martin 2011). Then the 

reads were mapped to the TAIR10.2 reference genome with HISAT2 (version 2.2.1; (Kim et al. 

2019). Read counts were generated with HTSeq-count version 2.0.2 (Anders et al. 2014), and 

DESeq2 models (Love et al. 2014) were implemented to identify genes that were differentially 

expressed or constitutively highly or lowly expressed. 

We created a custom probe-set to enrich the sequences of DE genes via hybrid capture so 

that we could perform mutation detection with Duplex Sequencing. We sent the sequences of 400 

DE genes (plus 250 nt of flanking sequence on the end of each gene) to the probe design team at 

Arbor Bioscience, which flagged 61 of the genes as unsuitable for hybrid capture because they 

were > 25 % soft-masked for repeats in a BLAST search against the Arbor Biosciences eudicot 

database. The remaining 339 genes and flanking sequences spanned a total length of 855,123 nt. 

Sets of 80-nt probes were 2 tiled across the target sequence at approximately every 40 nt. The 
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probes were biotinylated so that probe-bound library molecules can be captured with 

streptavidin-coated magnetic beads.  

We created Duplex Sequencing libraries from the 24 DNA samples (3 replicates  4 

genotypes  2 temperature treatments), following our previously described library preparation 

protocols (Wu et al. 2020; Waneka et al. 2021), except that in this case the amount of input DNA 

was increased to 500 ng because the target sequence comprises a small fraction (< 1%) of the 

total-cellular DNA sample. Once DNA samples had been fragmented via ultrasonication, end-

repaired, A-tailed, adaptor-ligated, and treated with a cocktail of damage removal enzymes (Wu 

et al. 2020), we amplified 0.73 ng of DNA (per reaction) for 13 PCR cycles with New England 

Biolabs Q5 High-Fidelity Polymerase and dual-indexed primers. We then created 3 pools by 

combining 350 ng of each amplified library as the Arbor Biosciences hybrid-capture reactions 

have enough capacity for 8 libraries in each pool. We performed the overnight hybrid-capture 

reaction at 65°C, according to the manufacturer’s instructions (Arbor Biosciences MyBaits Kit 

Manual v. 5.02). We assessed enrichment efficiency and library concentrations through qPCR (as 

previously described; (Waneka et al. 2021)) before amplifying the enriched pools for an 

additional 9 cycles to obtain sufficient library amounts for sequencing. 

Duplex Sequencing libraries were sequenced with PE150 reads on an Illumina NovaSeq 

6000 S4 Lane (Novogene) to generate 87 to 123 million read pairs per library (Table S4.10). 

Processing of the Duplex Sequencing reads to was performed with our previously described 

pipeline (Wu et al. 2020), which trimmed adaptor sequences, created duplex consensus 

sequences based on the presence of shared barcodes, mapped the consensus sequences to the 

entire TAIR10.2 reference genome. Each duplex consensus sequences is composed of at least 6 

Illumina reads (at least 3 originating from each strand of a DNA fragment). Alignment files were 
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then parsed to identify duplex consensus sequences that contain  SNVs and short indels. Since 

Duplex Sequencing is highly accurate (< 510-8  errors per base pair; Kennedy et al. 2014) we 

require just a single duplex consensus to support a putative mutation. Comparisons of coverage 

in the probe-set vs. outside the probe-set were performed with Samtools version 1.6 (Li et al. 

2009). For variant frequency calculations, we excluded the first or last 10 bps of a read because 

we have previously identified elevated mutation frequencies at read ends (Wu et al. 2020). 

 

DATA AVAILABILITY 

The raw reads are available via the NCBI Sequence Read Archive under accessions 

SRR27564102-SRR27564113 (RNA-seq libraries) and SRR27693810-SRR27693833 (Duplex 

Sequencing libraries). Duplex Sequencing datasets were processed with a previously published 

pipeline (https://github.com/dbsloan/duplexseq) (Wu et al. 2020).  

 

  

https://github.com/dbsloan/duplexseq
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Figure 4.1. Mutation frequencies in WT vs mutant lines at 20°C and 30°C. Log10 mutation 
frequencies for single nucleotide variants (SNVs) and insertions/deletions (INDELs) calculated 
as the number of events (SNVs or INDELs) divided by the duplex sequencing coverage of the 
probe-set. A floor of 2.510-8 was applied to the y-axis for data visualization. P-values are from a 
Tukey’s test on a two-way ANOVA performed in R with the emmeans package (version 1; 
(Lenth et al. 2021).  
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Figure 4.2. Mutation spectrum for WT and mutant plants at 20 °C and 30 °C. Log10 mutation 
frequencies for different types of single nucleotide variants were calculated as the number of 
events divided by the nucleotide-specific duplex sequencing coverage of the probe-set. A floor of 
2.510-8 was applied to the y-axis for data visualization.  
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APPENDIX I: ADDITIONAL PUBLICATIONS 

 

            Several publications were produced as part of this PhD which are not included in this 

dissertation. These projects address similar questions and utilize some overlapping techniques to 

the dissertation research. This appendix summarizes and references these studies so they may be 

easily found and appreciated as a part of the overall contributions of this dissertation. 

Given how rare plant organelle mutations are, we were concerned that it would be 

difficult to optimize the Duplex Sequencing protocol (used in dissertation chapters 2 and 4) in 

plants because we would struggle to know if low mutational measurements were arising 

biologically or as a shortcoming of the sequencing technique implementation. We therefore 

implemented Duplex Sequencing in biological systems with higher baseline mutation rates, 

which served as positive controls for optimizing the Duplex Sequencing protocol. The first of 

these positive controls used Duplex Sequencings to measure  de novo mutations in two bacterial 

endosymbionts of leafhoppers and other sap feeding insects (Waneka et al. 2021a). We found 

over 100-fold more mutations in the endosymbiont which has also experienced more 

evolutionary instability in the form of extinction and replacement across independent insect 

lineages. The second positive control used Duplex Sequencing to detect de novo mitochondrial 

genome mutations in the nematode Caenorhabditis elegans (Waneka et al. 2021b). We found a 

relatively high frequency of CG>AT transversions, which suggests that oxidative damage may 

play an important role in driving C. elegans mitochondrial mutations. 

We additionally used Duplex Sequencing in two other publications focused on plant 

organellar genomes. The first of these studies was performed in Arabidopsis and is 

methodologically almost identical to the Duplex Sequencing portion of chapter two of this 
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dissertation except that we targeted a different panel of organelle maintenance genes (Wu et al. 

2020b). This study provided the first genetic evidence that MSH1 is involved in maintaining low 

point mutations in organelle genomes, a result which is further explored in chapter 2 of this 

dissertation. The second study used Duplex Sequencing to compare de novo organellar genome 

mutations in several species in the genus Silene (Broz et al. 2021). We found stark differences in 

the overall mitochondrial mutation frequency between the different species, supporting the 

hypothesis that elevated rates of mitochondrial evolution in some Silene lineages result from 

increased mutation rates.  

Finally, there were several additional studies that also focused on plant mutation but did 

not utilize Duplex Sequencing. The first was a project that used the Arabidopsis 1001 Genomes 

dataset to analyze organelle genome divergence at the population level (Wu et al. 2020a). The 

other publications were led by Peter Fields and provide genomic resources which are valuable 

for studying mutation, first in the form of an assembly of a large insertion of mitochondrial DNA 

in the Arabidopsis nuclear genome (Fields et al. 2022)  and second in the assembly of the Silene 

conica nuclear genome (Fields et al. 2023). 
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APPENDIX II: SUPPLEMENTAL TABLES AND FIGURES 

 

Table S2.1. Mutant lines used in this study and primers  

Gene 

Salk line 
(all from 
ABRC) Locus 

Forward Primer 
Wild 

Forward Primer 
Mutant 

Reverse Primer 
Wild and Mutant 

radA 

SALK_
097880 AT5G50340 

TTTCACTTATCG
AGCCAGAGC 

ATTTTGCCGA
TTTCGGAAC 

ATGCCATAATG
CTTTTTGCTG  

recA1 

SALK_
072979 AT1G79050 

TAGGGTGAGATT
GGAATGCAG  

ATTTTGCCGA
TTTCGGAAC 

AAGAGCTGCTG
CTCATCAAAG  

recA3 

SALK_
146388 AT3G10140 

CGTTTGGTCAGT
TGAAGCTTC   

ATTTTGCCGA
TTTCGGAAC 

CTCCACAAGTC
ACTTCTTCGG 

osb2 

SALK_
061852 At4g20010 

AGCGTGAAAGG
TGAGACGTT 

ATTTTGCCGA
TTTCGGAAC 

GGGAAATAACA
GTACCAGCCC 

why2 

SALK_
118900 AT1G71260 

CAGGAAGTCAC
TGTCAGTTAAGC  

ATTTTGCCGA
TTTCGGAAC 

ACCCATGATTT
AGAAGTCTTAG
AGAGG  
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Table S2.2. Duplex read-pairs and organellar genome coverage 

Sample Count of read-pairs (2x150) organellar coverage per bp 

mitochondrial_rada_mut_1 75863350 297.9 

mitochondrial_rada_mut_2 64771627 281.8 

mitochondrial_rada_mut_3 139195192 803.4 

mitochondrial_rada_wild_1 70847671 127.8 

mitochondrial_rada_wild_2 61998713 246.9 

mitochondrial_rada_wild_3 127161861 816.4 

mitochondrial_reca3_mut_1 43472074 94.2 

mitochondrial_reca3_mut_2 44312097 229.3 

mitochondrial_reca3_mut_3 59128403 497.3 

mitochondrial_reca3_wild_1 62354817 238.2 

mitochondrial_reca3_wild_2 54311915 183.2 

mitochondrial_reca3_wild_3 40734051 144.8 

mitochondrial_why2_mut_1 63375069 338.0 

mitochondrial_why2_mut_2 76906783 284.9 

mitochondrial_why2_mut_3 76221972 292.6 

mitochondrial_why2_wild_1 68231709 279.8 

mitochondrial_why2_wild_2 81396138 379.9 

mitochondrial_why2_wild_3 86880259 408.4 

plastid_osb2_mut_1 47505179 1176.6 

plastid_osb2_mut_2 54307516 870.8 

plastid_osb2_mut_3 59415250 898.6 

plastid_osb2_wild_1 59542949 1132.8 

plastid_osb2_wild_2 69408084 889.7 

plastid_osb2_wild_3 67727784 668.6 

plastid_rada_mut_1 76116128 1174.4 

plastid_rada_mut_2 68615282 871.7 

plastid_rada_mut_3 45985626 1068.7 

plastid_rada_wild_1 53480887 234.2 

plastid_rada_wild_2 46684396 954.5 

plastid_rada_wild_3 46190084 776.4 

plastid_reca1_mut_1 66804365 543.7 

plastid_reca1_mut_2 38396319 594.8 

plastid_reca1_mut_3 30645358 299.3 

plastid_reca1_wild_1 37377457 598.2 

plastid_reca1_wild_2 32420159 543.5 

plastid_reca1_wild_3 33351491 331.1 
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Table S2.3. Results from Kruskal-Wallis test comparing SNV frequencies among genomic 
regions in WT and msh1 mutant data from Wu et al., (2020) 
Sample Kruskal-Wallis chi-squared 

value 

p-value 

msh1 mitochondria 6.03 0.19 

msh1 plastid 5.47 0.24 

WT mitochondria 6.66 0.15 

WT plastid 11.35 0.02 
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Table S2.4. Oxford Nanopore sequencing yields for each of the three runs 

Sample 

Sequencing 
run read count 

long reads 
count 
(>500bp) 

total yield 
(Mb) 

plastid_recA1_wild_1 1 224238 131719 412.21 

plastid_recA1_mut_1 1 82051 39041 121.45 

plastid_recA1_mut_2 1 74341 32851 130.77 

plastid_recA1_mut_3 1 72833 41137 167.30 

plastid_radA_wild_1 1 127499 85335 307.34 

plastid_radA_mut_1 1 111390 72395 297.02 

plastid_radA_mut_3 1 186393 119090 540.66 

plastid_osb2_wild_3 1 101793 66081 239.62 

plastid_osb2_mut_1 1 143806 92534 407.94 

plastid_osb2_mut_2 1 103151 74649 349.70 

plastid_osb2_mut_3 1 109492 63761 260.72 

plastid_msh1_wild_3 1 45501 29533 126.16 

plastid_msh1_mut_1 1 36518 24441 111.72 

plastid_msh1_mut_2 1 46533 26330 97.91 

plastid_msh1_mut_3 1 47757 32369 153.13 

mitochondrial_recA3_wild_1 2 8481 6019 56.73 

mitochondrial_recA3_mut_1 2 1442 813 8.70 

mitochondrial_recA3_mut_2 2 20256 14861 101.19 

mitochondrial_recA3_mut_3 2 13261 8069 52.79 

mitochondrial_radA_wild_3 2 2119 766 4.64 

mitochondrial_radA_mut_1 2 13790 6079 22.39 

mitochondrial_radA_mut_2 2 3675 154 0.90 

mitochondrial_radA_mut_3 2 1384 681 6.32 

mitochondrial_why2_wild_1 2 4720 2629 20.01 

mitochondrial_why2_mut_1 2 9965 6992 50.01 

mitochondrial_why2_mut_2 2 1112 411 3.34 

mitochondrial_why2_mut_3 2 1279 287 2.78 

mitochondrial_MSH1_wild_1 2 931 95 0.52 

mitochondrial_MSH1_mut_1 2 959 151 0.64 

mitochondrial_MSH1_mut_2 2 925 50 0.42 

mitochondrial_MSH1_mut_3 2 471 34 0.22 

mitochondrial_recA3_wild_1 3 16270 12616 120.48 

mitochondrial_recA3_mut_1 3 1684 1028 11.65 

mitochondrial_recA3_mut_2 3 13791 10705 97.58 

mitochondrial_recA3_mut_3 3 13488 9944 82.53 

mitochondrial_radA_wild_3 3 869 650 3.98 

mitochondrial_radA_mut_1 3 18460 13217 53.96 

mitochondrial_radA_mut_2 3 393 44 0.19 

mitochondrial_radA_mut_3 3 1017 500 5.02 

mitochondrial_why2_wild_1 3 3596 2496 18.99 

mitochondrial_why2_mut_1 3 6147 3618 26.85 
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mitochondrial_why2_mut_2 3 1507 85 0.62 

mitochondrial_why2_mut_3 3 508 92 0.77 
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Table S2.5. Sequencing depth per bp (calculated with bedtools depth) of samples in Fig 8. 
sample Sequencing protocol mut (total cov/bp) wt (total cov/bp) 
radA_mito nanopore 222.9 101.6 

recA3_mito nanopore 736.4 372.1 

why2_mito nanopore 170.9 82.5 

msh1_mito nanopore 161.9 36.9 

radA_mito duplex 1600.2 1377.4 

recA3_mito duplex 941.4 647.8 

why2_mito duplex 1058.7 1235.2 

msh1_mito duplex 1020.9 1209.6 

msh1_plastid nanopore 1650.1 762.0 

osb2_plastid nanopore 6862.2 1663.7 

radA_plastid nanopore 5514.3 1668.5 

recA1_plastid nanopore 2422.6 2603.1 

msh1_plastid duplex 1754.4 1645.3 

osb2_plastid duplex 3244.9 3009.4 

radA_plastid duplex 3444.6 2205.6 

recA1_plastid duplex 1606.6 1650.2 
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Table S3.1: Primers used for generation and confirmation of rad14D 

Primer 
Name 

Sequence 

JAO23
97 

ATTATGACTTTCTTGTTATATTCTTATATACATAACCAACATCAGATCTGTTT
AGCTTGC 

JAO23
98 

AAGAGTTTGGATCTTCGTAGTGAAGGTATCGAACGTAACGCTGGCGTTAG
TATCGAATCG 

JAO23
99 

ATGCACCCAAGGAATTGATTG 

JAO24
01 

TATAGAAGCTCTATCTACAGC 
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Table S4.1. Differentially expressed genes from the RNA-seq analysis identified with DESeq2 
Category Genotype Comparison p-

value 

Log fold 
change  

Average 
normalized 
cover of 
each 
treatment 

Number 
of genes 

Included 
in 
probe-
set 

Genes 
retained 
after 
arbor 
repeat 
filtering  

1 WT Increased exp. 
at 30°C 

0.05 > 2 Minimum 
coverage > 
5 

683 100 
with 
greatest 
LFC 

84 

2 WT Increased exp. 
at 20°C 

0.05 < -2 Minimum 
coverage > 
5 

350 100 
with 
lowest 
LFC 

80 

3 WT  Constitutive 
low exp. 

0.05 50 genes 
with LFC 
closest to 
0 

50 genes 
with lowest 
coverage 
(ranges 
from 129 to 
400 

50 50 44 

4 WT Constitutive 
high exp. 

0.05 50 genes 
with LFC 
closest to 
0 

50 genes 
with 
highest 
coverage 
(ranges 
from 8384 
to 68053 

50 50 45 

5 WT vs. 
HSP70-16 

Interaction 
between 
genotype and 
temp 

0.05 >2 Minimum 
coverage > 
5 

106 (39 
of which 
are also 
in group 
1) 

92 with 
highest 
LFC 

81 

6 WT vs 
HSP70-60 

Interaction 
between 
genotype and 
temp 

0.05 <-2 Minimum 
coverage > 
5 

8 (5 of 
which 
are also 
in group 
2) 

All 8  5 

total       400 339 
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Table S4.2. Duplex Sequencing coverage for each replicate 

Sample Mean Depth of Coverage Total Duplex Seq. Data (bp) 
WT 20°C A 86.86 74273348 

WT 20°C B 92.16 78809954 

WT 20°C C 82.40 70459706 

WT 30°C A 81.46 69660673 

WT 30°C B 95.39 81571700 

WT 30°C C 93.77 80187868 

HSP70-16 20°C A 82.31 70384149 

HSP70-16 20°C B 74.75 63917524 

HSP70-16 20°C C 93.94 80328860 

HSP70-16 30°C A 93.65 80085644 

HSP70-16 30°C B 81.50 69690981 

HSP70-16 30°C C 98.70 84396810 

MSH2 20°C A 105.53 90244630 

MSH2 20°C B 95.50 81667422 

MSH2 20°C C 107.69 92087225 

MSH2 30°C A 95.50 81666433 

MSH2 30°C B 87.40 74739952 

MSH2 30°C C 93.40 79871709 

UNG 20°C A 98.30 84059203 

UNG 20°C B 93.33 79804898 

UNG 20°C C 75.23 64327096 

UNG 30°C A 109.44 93588299 

UNG 30°C B 93.79 80203757 

UNG 30°C C 106.23 90842455 
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Table S4.3. Putative fixed SNVs removed before downstream analysis of Duplex Sequencing 
data 

Genotype Chromosome Position Substitution 
type 

Shared among 
all replicates 

ung 2 2016156 AT→GC yes 

wild-type 2 14827204 CG→AT yes 

msh2 4 14827204 CG→AT yes 
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Table S4.4. Putative fixed indels removed before downstream analysis of Duplex Sequencing 
data 

Chrom Pos Indel Type Genotype 

Number of 
Reps (of 6) 

Indel 
Length Indel Seq 

Chrom1 2243387 I MSH2 6 1 G 

Chrom1 2243387 I WT 6 1 G 

Chrom1 2243387 I UNG 6 1 G 

Chrom1 2243387 I HSP70 6 1 G 

Chrom1 2269740 D MSH2 6 1 A 

Chrom1 2270545 D MSH2 5 1 T 

Chrom1 2437835 D MSH2 5 1 T 

Chrom1 5291180 D MSH2 6 1 T 

Chrom1 6591532 I MSH2 6 1 A 

Chrom1 6591532 I WT 6 1 A 

Chrom1 6591532 I UNG 6 1 A 

Chrom1 6591532 I HSP70 6 1 A 

Chrom1 8551177 I MSH2 6 1 G 

Chrom1 8551177 I WT 6 1 G 

Chrom1 8551177 I UNG 6 1 G 

Chrom1 8551177 I HSP70 6 1 G 

Chrom1 11646952 D MSH2 6 1 T 

Chrom1 13533273 I MSH2 6 3 AGA 

Chrom1 13533273 I WT 6 3 AGA 

Chrom1 13533273 I UNG 6 3 AGA 

Chrom1 13533273 I HSP70 6 3 AGA 

Chrom1 17886514 D MSH2 6 1 A 

Chrom1 23734915 D MSH2 6 1 A 

Chrom1 26640491 D MSH2 6 1 A 

Chrom2 11236090 D MSH2 4 1 A 

Chrom2 11567248 I MSH2 4 1 T 

Chrom2 11567248 I WT 6 1 T 

Chrom2 11567248 I UNG 6 1 T 

Chrom2 11567248 I HSP70 6 1 T 

Chrom2 17464171 D MSH2 6 1 T 

Chrom3 4833763 D MSH2 6 1 A 

Chrom3 8412456 D MSH2 4 1 T 

Chrom3 18338647 D MSH2 6 1 T 

Chrom4 13742764 D MSH2 6 1 T 

Chrom4 16470637 I MSH2 6 1 T 

Chrom4 16470637 I WT 6 1 T 

Chrom4 16470637 I UNG 6 1 T 

Chrom4 16470637 I HSP70 6 1 T 

Chrom5 2974730 D MSH2 4 1 T 

Chrom5 7718829 D MSH2 6 1 T 

Chrom5 25010019 D MSH2 6 1 A 
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Table S4.5. Indel mutations in msh2 mutant lines 

Sample Deletions Insertions 

MSH2 20°C A 44 7 

MSH2 20°C B 33 2 

MSH2 20°C C 33 5 

MSH2 30°C A 47 4 

MSH2 30°C B 43 5 

MSH2 30°C C 47 6 

total 247 29 
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Table S4.6. Paired t-test results of group 3 vs group 4 mutation rates in msh2- lines (two-tailed) 
Temp Mutation class Group 3 ave. 

variant frequency 

Group 4 ave. 
variant frequency 

P value 

20 °C SNV 1.0210-7 1.0410-7 0.9771 

30 °C SNV 7.2510-8 9.4710-8 0.6815 

20 °C INDEL 1.1910-7 1.3810-7 0.1615 

30 °C INDEL 1.1710-7 1.7210-7 0.0695 
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Table S4.7. Mutant lines used, all sourced from ABRC 

Gene AGI Mutant Allele Ref 
HSP70-16 AT1G11660 SALK_028829 (Ran et al. 2020) 
MSH2 AT3G18524 SALK_002708 (Belfield et al. 2018) 
UNG AT3G18630 CS308297 (Cordoba-Canero et 

al. 2010) 
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Table S4.8. PCR primers used to identify mutant alleles in the three mutant lines 

Gene/line Fwd Primer Rev Primer 
HSP70-16 
WT 

TACGCACTCACTTGCATTCAC TGTGTTATCGCAGTTGCAAAG 

HSP70-16 
Mut 

ATTTTGCCGATTTCGGAAC TGTGTTATCGCAGTTGCAAAG 

MSH2 WT TCACCACGATGATGTCAAGAG AGGAGCTGTCAAAAGGAGCTC 

MSH2 Mut ATTTTGCCGATTTCGGAAC AGGAGCTGTCAAAAGGAGCTC 

UNG WT ACTTGGAGAAGGTAAAGCAAT
TCA 

CCATACAAAATATAATACACCACCA
CTC 

UNG Mut ACTTGGAGAAGGTAAAGCAAT
TCA 

ATATTGACCATCATACTCATTGC 
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Table S4.9. Read counts for the 12 RNA-seq libraries  
Sample Count of read pairs  
HSP70-16 20°C  A 29689895 

HSP70-16 20°C  B 32052311 

HSP70-16 20°C  C 33450418 

HSP70-16 30°C  A 32567642 

HSP70-16 30°C  B 31456737 

HSP70-16 30°C  C 29678098 

WT 20°C  A 30417658 

WT 20°C  B 54410188 

WT 20°C  C 42449872 

WT 30°C  A 34353207 

WT 30°C  B 36605678 

WT 30°C  C 37953073 
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Table S4.10. Read counts for the 24 Duplex Sequencing libraries 

Sample Count of read-pairs 

HSP70-16 20°C   A 102214316 

HSP70-16 20°C   B 88105828 

HSP70-16 20°C   C 106355604 

HSP70-16 30°C   A 88061502 

HSP70-16 30°C   B 99506728 

HSP70-16 30°C   C 112263590 

MSH2 20°C   A 106838516 

MSH2 20°C   B 90724220 

MSH2 20°C   C 111544972 

MSH2 30°C   A 115206890 

MSH2 30°C   B 93741162 

MSH2 30°C   C 111444292 

UNG 20°C   A 113380236 

UNG 20°C   B 110455064 

UNG 20°C   C 108883106 

UNG 30°C   A 91537708 

UNG 30°C   B 87766824 

UNG 30°C   C 123532620 

WT 20°C   A 100905496 

WT 20°C   B 102443086 

WT 20°C   C 116973524 

WT 30°C   A 97650342 

WT 30°C   B 105779540 

WT 30°C   C 110474398 
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Figure S2.1. De novo point mutations measured with Duplex Sequencing from data generated in 
Wu et al. 2020. For each gene of interest (x axis) mutant lines are plotted in red and match WT 
controls are plotted in black. The individual biological replicates are plotted as circles, and group 
averages are plotted as dashes. Facets separate the data by genome (left column: Mitochondria 
and right column: Plastid) and by point mutation type (top row: SNVs and bottom row: indels). 
The y-axis shows the log-transformed SNV frequencies (total SNVs/total DCS coverage). P-
values show the result of a two-tailed t-test comparing WT vs mutant mutation frequencies for 
each gene of interest. We found significant increases in SNV and indel frequencies in the msh1 
CS3246 and msh1 CS3372 mutants (both genomes) but the msh1 SALK046763 mutant, which is 
not a complete knockout of the msh1 gene (Wu et al., 2020) had weaker effects. In addition, we 
note that this recA3 null allele is different from the recA3 null allele than that reported in the new 
dataset, but both yielded similar results: significant indel and weakly significant SNV increases 
in mtDNA of the recA3 mutant. Also note the marginally significant difference in fpg/ogg plastid 
SNVs is explained by just 5 SNVs in mutants and a single SNV in the WT controls, which we do 
not consider this to be a biologically meaningful difference. 
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Figure S2.2. Dinucleotide mutations measured with Duplex Sequencing. For each gene of 
interest (x axis) mutant lines are plotted in red, and matched WT controls are plotted in black. 
The individual biological replicates are plotted as circles, and group averages are plotted as 
dashes. Facets divide the data by mitochondrial and plastid. We performed Wilcoxon rank sum 
tests to look for differences between mutant and matched wild-type controls and all p-values 
were > 0.05. Note that recA3 CS872520 dataset was generated in Wu et al. (2020), and the recA3 
SALK 146388 dataset was generated in this study. 
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Figure S2.3. Correlation of cross-organelle contamination in Oxford Nanopore and Duplex 
Sequencing libraries. Contamination is calculated as the number of contaminating reads in the 
read alignments divided by the total number of organellar alignments. The different mutant lines 
are colored according to the figure legend with mutant replicates plotted using closed circles and 
matched WT controls plotted with open circles. The 1:1 diagonal line is show in gray. Though 
the level of contamination varies between different DNA samples (for example mtDNA 
contamination is higher in the plastid derived msh1 libraries) the contamination levels are 
generally similar irrespective of sequencing technique.  
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Figure S2.4. Median read length cross-organelle contaminating and native reads in the plastid 
and mitochondrial derived nanopore libraries. The different mutant lines are colored according to 
the figure legend with mutant replicates plotted using closed circles and matched WT controls 
plotted with open circles. The 1:1 diagonal line is show in gray. 
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Figure S2.5. Normalized coverage of the individual nanopore mtDNA replicates (used to 
generate Fig. 2.8). The red and black lines show the normalized coverage of the mutant replicates 
and the matched WT control, respectively. Note that variation in the why2 mutants is likely due 
to extremely low coverage in these samples (average coverage per bp of 157.3, 6.5 and 7.0 in 
mutant replicates 1, 2 and 3, respectively). 
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Figure S2.6. Depth of coverage of the individual Duplex Sequencing mtDNA replicates (used to 
generate Fig. 2.8). The red and black lines show the normalized coverage of the mutant replicates 
and the matched WT control, respectively 
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Figure S2.7. Normalized of coverage of the individual nanopore cpDNA replicates (used to 
generate Fig. 2.8). The red and black lines show the normalized coverage of the mutant replicates 
and the matched WT control, respectively 
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Figure S2.8. Normalized coverage of the individual Duplex Sequencing cpDNA replicates (used 
to generate Fig. 2.8). The red and black lines show the normalized coverage of the mutant 
replicates and the matched WT control, respectively. 
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Figure S3.1. Length distributions of the nuclear-mapping reads from the S. cerevisiae anti-CPD 
libraries. The panel labels show the library ID, with the first number indicating the repair time (5, 
20 or 60 minutes) and the second number indicating the replicate number (1 or 2). 
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Figure S3.2. Length distributions of the mtDNA mapping reads from the S. cerevisiae anti-CPD 
libraries. The panel labels show the library ID, with the first number indicating the repair time (5, 
20 or 60 minutes) and the second number indicating the replicate number (1 or 2). 
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Figure S3.3. Di-pyrimidine frequencies in the mtDNA mapping reads from the S. cerevisiae anti-
CPD libraries for all read-length classes. 
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Figure S3.4. Nucleotide frequencies in the mtDNA mapping reads from the S. cerevisiae anti-
CPD libraries for all read-length classes. 
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Figure S3.5. Depth of coverage (RPKM) and strand assymetry by genomic region in the 
mtDNA-mapping reads from the S. cerevisiae anti-CPD libraries. The pink bars show the ratio of 
dipyrimidines over dipurines on the coding strand, serving as an approximate null hypothesis for 
the ratio of XR-seq reads mapping to the template or coding strand.   
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S. cerevisiae anti-(6-4)PP libraries 

 
Figure S3.6. Length distributions of the nuclear-mapping reads from the S. cerevisiae anti-(6-
4)PP libraries. The panel labels show the library ID, with the first number indicating the repair 
time (5 or 20 minutes) and the second number indicating the replicate number (1 or 2). 
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Figure S3.7. Length distributions of the mtDNA-mapping reads from the S. cerevisiae anti-(6-
4)PP libraries. The panel labels show the library ID, with the first number indicating the repair 
time (5 or 20 minutes) and the second number indicating the replicate number (1 or 2). 
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Figure S3.8. Di-pyrimidine frequencies in the mtDNA-mapping reads from the S. cerevisiae anti-
(6-4)PP libraries for all read-length class. 
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Figure S3.9. Nucleotide frequencies in the mtDNA-mapping reads from the S. cerevisiae anti-(6-
4)PP libraries for all read-length classes. 
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Figure S3.10. Depth of coverage (RPKM) and strand assymetry by genomic region in the 
mtDNA-mapping reads from the S. cerevisiae anti-(64)PP libraries. The pink bars show the ratio 
of dipyrimidines over dipurines on the coding strand, serving as an approximate null hypothesis 
for the ratio of XR-seq reads mapping to the template or coding strand.   
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A. thaliana anti-CPD libraries  

Figure S3.11. Length distributions of the nuclear-mapping reads from the A. thaliana anti-CPD 
libraries. The panel labels show the library ID, with the number indicating the time of day the 
plants were irradiated (2, 5, 8, 11, 14, 17, 20 or 23 hours) and the letter indicating the replicate (A 
or B).  
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Figure S3.12. Length distributions of the mtDNA-mapping reads from the A. thaliana anti-CPD 
libraries. The panel labels show the library ID, with the number indicating the time of day the 
plants were irradiated (2, 5, 8, 11, 14, 17, 20 or 23 hours) and the letter indicating the replicate (A 
or B).  
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Figure S3.13. Length distributions of the ptDNA-mapping reads from the A. thaliana anti-CPD 
libraries. The panel labels show the library ID, with the number indicating the time of day the 
plants were irradiated (2, 5, 8, 11, 14, 17, 20 or 23 hours) and the letter indicating the replicate (A 
or B).  
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Figure S3.14. Di-pyrimidine frequencies in the mtDNA-mapping reads from the A. thaliana anti-
CPD libraries. 
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Figure S3.15. Di-pyrimidine frequencies in the ptDNA-mapping reads from the A. thaliana anti-
CPD libraries. 
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Figure S3.16. Nucleotide frequencies in the mtDNA-mapping reads from the A. thaliana anti-
CPD libraries for all read-length classes. 
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Figure S3.17. Nucleotide frequencies in the ptDNA-mapping reads from the A. thaliana anti-
CPD libraries for all read-length classes. 
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Figure S3.18. Depth of coverage (RPKM) and strand assymetry by genomic region in the 
mtDNA-and ptDNA-mapping reads from the A. thaliana anti-CPD libraries. The pink bars show 
the ratio of dipyrimidines over dipurines on the coding strand, serving as an approximate null 
hypothesis for the ratio of XR-seq reads mapping to the template or coding strand.  
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D. melanogaster anti-CPD libraries 

Figure S3.19. Length distributions of the nuclear-mapping reads from the D. melanogaster anti-
CPD libraries. The panel labels show the library ID, with the number indicating the repair time 
(0.16, 0.5, 8, 16, or 24 hours) and the rep# indicating the replicate (1 or 2).  
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Figure S3.20. Length distributions of the mtDNA-mapping reads from the D. melanogaster anti-
CPD libraries. The panel labels show the library ID, with the number indicating the repair time 
(0.16, 0.5, 8, 16, or 24 hours) and the rep# indicating the replicate (1 or 2).  
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Figure S3.21. Di-pyrimidine frequencies in the mtDNA-mapping reads from the D. melanogaster 
anti-CPD libraries for all read-length classes. 



   179 

 
Figure S3.22. Nucleotide frequencies in the mtDNA mapping reads from the D. melanogaster 
anti-CPD libraries for all read-length classes. 
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Figure S3.23. Depth of coverage (RPKM) and strand assymetry by genomic region in the 
mtDNA-mapping reads from the D. melanogaster anti-CPD libraries. The pink bars show the 
ratio of dipyrimidines over dipurines on the coding strand, serving as an approximate null 
hypothesis for the ratio of XR-seq reads mapping to the template or coding strand.  
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Figure S3.24. Excision assay gel with WT and rad14D deficient S. cerevisiae lines either not 
exposed to UV (left) or exposed to UV and given 20 minutes of dark repair (right). In 
conventional excision assays (Hu et al. 2013, 2019), 25mer and 50mer PAGE purified oligos are 
radiolabeled alongside samples of interest to serve as a ladder in the high density polyacrylamide 
electrophoresis. Under our prediction that the nuclear-NER mutant would produce only mtDNA-
derived fragments, we expected to detect the 26-nt, 24-nt and 22-nt peaks that punctuate the S. 
cerevisiae read length distribution (Fig. 3.1), and thus used PAGE purified oligos of 50, 26, and 
20 nt in length to make a custom ladder. Though our 11 % acrylamide gel cracked during drying, 
the samples and bands can still be reliably identified. In the UV-exposed WT samples, note the 
darker area between the 26mer and the 20mer  markers, and the slightly less dark area below the 
20mer marker, corresponding to the primary products and degraded products in the excsion assay 
shown in Fig. 3.1 (and Fig. 2 of (Li et al. 2018)). We predicted to detect mtDNA-derived peaks 
at 26, 24 and 22 nt in the rad14D lanes, but such bands were not apparent, likely due the high 
background noise of this assay. 
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Figure S4.1. Duplex Sequencing coverage of the probe-set (panel 1), the 250 bps flanking the 
probe-set (panel 2) and the rest of the genome, outside of the probe-set (panel 3). 
 


