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ABSTRACT

MICROFLUIDICS FOR ENVIRONMENTAL ANALYSIS

During my graduate dissertation work | designed and utilized microfluidic devices
to study, model, and assess environmental systems. Investigation of environmental
systems is important for areas of industry, agriculture, and human health. While
effective and well-established, traditional methods to perform environmental
assessment typically involve instrumentation that is expensive and has limited
portability. Because of this, analysis of environmental systems can have considerable
financial burden and be limited to laboratory settings. To overcome the limitations of
traditional methods researchers have turned to microfluidic devices to perform
environmental analyses. Microfluidics function as a versatile, inexpensive, and rapidly
prototyped analytical tool that can achieve analysis in field setting with limited
infrastructure; furthermore, microfluidic devices can also be used to study fundamental
chemistry or model complex environmental systems. Given the advantages of
microfluidic devices, the research presented herein was accomplished using this
alternative to traditional instrumentation. The research projects described in this
dissertation involve: 1) the study of fundamental chemistry associated with surfactant
surface fouling facilitated by divalent metal cations; 2) the creation of a microfluidic
device to study fluid interactions within an oil reservoir; and 3) the fabrication of a paper-

based microfluidic to selectively quantify K* in complex samples.
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The first research topic discussed involves observation of dynamic evidence that
supports the hypothesized cation bridging phenomenon. Experimental results were
acquired by pairing traditional microfluidics with the current monitoring method to
observe relative changes to a charged surface’s zeta potential. Divalent metal cations
were found to increase surfactant adsorption, and cations of increasing charge density
were found to have a greater effect on surface charge. Analysis of the experimental
data further supports theoretical cation bridging models and expands on knowledge
relating to the mechanism by which surfactant adsorption occurs. This work was
published in the ACS journal Langmuir (2018, 34 (4), pp 1550-1556).

The second project discussed herein focuses on the development of the
microfluidic Flow On Rock Device (FORD) that was designed to study fluid interactions
within complex media. The FORD was designed to be an alternative to existing fluid
modeling methods and microfluidic devices that test oil recovery strategies. Fabrication
of the FORD was accomplished by incorporating real reservoir rock core samples into
the device. The novelty of this device is due to the simplicity and accuracy by which the
physical and chemical characteristics are represented. This project has been accepted
for publication pending minor revisions in Microfluidics and Nanofluidics.

The final project discussed the creation of the first non-electrochemical
microfluidic paper-based analytical device (WPAD) capable of quantitatively measuring
alkali or alkaline earth metals using K" as a model analyte. This device was fabricated
by combining distance-based analytical quantification in pPADs with optode
nanosensors. Experimental results were obtained using the naked eye without the

requirement of a power source or external hardware. The resulting distance-based
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uPAD showed high selectivity and the capacity to quantify K* in real undiluted human
serum samples. This work has been published in the ACS journal Analytical Chemistry
(2018, 90 (7), pp 4894—4900).

The research projects briefly described above and thoroughly discussed later
within this dissertation were made possible by the utilization of microfluidic devices.
These projects investigated various aspects of environmental chemistry without the use
of traditional instrumentation or methods. The experimental results that were obtained
further the fundamental understanding of surfactant adsorption, provide an inexpensive
and accurate model to observe fluid interactions within reservoir rock material, and
allow for the selective quantification of K in a paper-based device without the use of a
power source. The funding for each of these projects was supplied by BP plc and

Global Good, as is mentioned accordingly within this dissertation.
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CHAPTER 1. INTRODUCTION

Preface

During my graduate student research career at Colorado State University | have
utilized microfluidic devices in several aspects related to the environment: investigation
of fundamental chemical properties, physical modeling of complex systems, and
quantification of environmentally relevant analytes. My first project involved the
investigation of the fundamental surface chemistry properties of complex oil reservoir
systems via traditional microfluidics. The perceived need for new analytical tools to
study oil reservoir dynamics led to my second project involving the design and creation
of a novel microfluidic device to study fluid dynamics in oil reservoirs where reservoir
rock was incorporated into the device. Finally, the lack of portable and inexpensive
analytical devices capable of quantifying alkali earth metals prompted me to develop the
first microfluidic paper-based analytical device that successfully integrated optode
nanosensors to quantify K*. This later work was applied to human serum samples but is
ultimately targeted at soil applications. Due to the analogous “environmental” theme but
diverse application of microfluidics in my research, | have provided a brief introductory
overview of relevant topics, including oil reservoir chemistry, polymeric microfluidics,

and paper-based microfluidic devices.

Oil Reservoir Chemistry
To recover oil from underground reservoirs, a complex process involving

“primary” and “secondary” oil recovery techniques is utilized. Primary and secondary



techniques make use of pumps to maintain pressure and to inject immiscible fluids
respectively. Despite the recent technological advances in these techniques, 50—-60% of
the original oil in place (OOIP) remains unrecovered from mature underground
reservoirs, due to physical and chemical interactions that are competing within a
reservoir.? The physical interactions are the result of an underground reservoirs’
porous rock structure that can contain a wide range of pore-throat sizes, shapes,
distributions and connectivity.>* The varying pore-throat sizes and structure exhibited by
reservoirs are dependent on the geology of the siliciclastic rock that forms the
reservoir.>’ Conventional reservoir rocks and tight-gas reservoirs, composed primarily
of sandstone, contain pore-throat sizes between 2-160 pm and 0.03-2 um
respectively.®® Globally, sandstone accounts for 50-60% of oil containing reservoirs.*
The remaining 40% of reservoirs, that hold approximately 60% of the planet’s oil, are
formed from carbonate rocks that do not contain a well-defined range of pore-throat
sizes. Carbonate reservoirs can be composed of many different sedimentary rocks from
shale-like to sandstone, which gives carbonate rocks a range of pore-throat sizes from
0.005 to 150 pm.®®° The range of pore-throat sizes and general structure of
reservoirs has a considerable effect on whether capillary or viscous forces dominate
fluid flow in porous reservoirs. Competition of capillary and viscous forces during oil
recovery is a fundamental component of reservoirs that governs the ability of a reservoir

to produce oil and at what efficiency recovery can occur.®?°



Impact of Capillary Number on Oil Recovery

A reservoir's microporous structure is a critical component to understanding the
mobilization and recovery of oil; however, the immiscible fluid-fluid and fluid-mineral
interactions within a reservoir must also be considered.’®*’ Immiscible fluid-fluid
interactions arise when aqueous displacement fluid is pumped underground to force the
oil out of its reservoir. Fluid-mineral interactions occur when either the displacement
fluid or oil interact with the surrounding reservoir rock structure. To account for these
interactions and determine the domination of flow by either capillary or viscous forces,

the capillary number of a reservoir system is calculated using the equation provided in

Figure 1.1."7
Cn = capillary number (dimensionless)
C _ uq u = invading phase viscosity
N q = darcy flow rate (m/s)
)/¢ y = interfacial tension (IFT)
¢ = porosity
Figure 1.1

Capillary forces dominate flow for capillary numbers (Cy) less than 1 x 10 and viscous
forces dominate flow when Cy is greater than 1 x 10°.2°'" When capillary forces
dominate flow in a reservoir, portions of continuous oil ganglia are likely to become
permanently immobilized in a reservoir's pore-throat space, which is termed capillary
trapping.®*° Capillary trapping reduces the efficiency of oil recovery and is responsible
for the majority of unrecoverable OOIP that remains in porous reservoirs. In a reservoir
during oil recovery the dynamic viscosity of water, interstitial flow rate (v = q / ¢) and

interfacial tension (oil-water) are ~ 2.4 x 10* Pa*s, 1 x 10> m*s™ and 70 mN*m™,



respectively.’®?° Calculation of the capillary number using the previously discussed
values gives a dimensionless value of 3.4 x 10® Flow within a reservoir that has a
capillary number of 10® is dominated by capillary forces and capillary trapping is likely
to occur. Reducing capillary trapping events by having Cy > 10® can increase the
efficiency of oil recovery.

To achieve capillary numbers greater than 10, the viscosity or flow rate of the
displacement fluid would need to be significantly increased. Achieving displacement
fluid viscosities or flow rates that would result in capillary numbers greater than 107
would require an insurmountable pressure gradient between well outlets.**?* Since it is
improbable to increase the invading phase’s viscosity and flow rate to values that would
allow for flow dominated by viscous forces, and porosity is unchangeable, investigation
of the equation in Figure 1.1 reveals interfacial tension to be the only significantly
modifiable variable when viscous forces are concerned. Acquiring capillary numbers
greater than 10 requires values of interfacial tension to be less than 0.24 mN m™ if
calculated using the aforementioned values; this lower limit of interfacial tension needs
to be reached for preferable viscous force dominated flow to occur. Many oil recovery
techniques use surfactants that are designed to lower interfacial tension so as to
prevent conditions that would promote capillary trapping; these techniques have shown
to increase the recovery of OOIP by 10-20%.'%%1%® Although decreasing the value of
interfacial tension between the oil and the displacement fluid will promote flow
dominated by viscous forces, capillary trapping will still occur unless the value of

interfacial tension is zero.'*"**?> Alongside decreasing interfacial tension, capillary



forces that promote capillary trapping must also be addressed to optimize the

percentage of OOIP recovered.

Impact of Capillary Forces on Oil Recovery

Decreasing the capillary forces that cause capillary trapping can be
accomplished by modifying the wetting conditions of pore-throat surfaces in reservoirs.
In oil reservoir systems, surfaces that display contact angles less than 40° are said to
be “water-wet.” Equivalently, surfaces that display contact angles greater than 140° are
said to be “oil-wet.” Contact angles that fall between 40-140° are used to describe
wettability that is intermediate, or “mixed wet.”*"?*%® Qil recovery from water-wet
reservoirs results in relatively low OOIP recovery efficiencies and a high saturation of
residual oil that permanently remains due to the capillary trapping of pores. High
saturation of residual oil is caused by the injection of aqueous displacement fluid that
stimulates the growth of water films on the water-wet pore-throat surfaces. Water film
growth results in water bridging at the pore-throat interface that leads to undesirable
“snap-off” events that occur when a portion of the oil phase ganglia is pinched by the
water phase until the continuity of the oil phase is broken.'®?’ Compared to water-wet
reservoirs, recovery efficiencies of OOIP from oil-wet reservoirs are generally
higher.2*>®% However, a larger injection volume is required for recovery from oil-wet
reservoirs because the oil film on the pore-throat surfaces leads to breakthrough of the
aqueous displacement fluid occurring early on in the recovery process.'®** When pore-
throat surfaces are oil-wet, the oil phase tends to remain continuous and the quantity of

permanently trapped residual oil, due to capillary forces, is considerably less than in the



case of the water-wet reservoir.***®?*?® Reservoirs that contain mixed-wet wettability
afford the highest OOIP recovery efficiencies and the lowest quantity of residual oil
saturation.?*?®> Under mixed-wet conditions pore-throat spaces possess both water-wet
and oil-wet surfaces, which allows the oil phase to remain continuous and snap-off
events are minimized as water and oil drain concurrently from the reservoir.!®242°
Mixed-wet pore-throat spaces provide the optimal wettability conditions for OOIP

recovery and need to be controlled alongside interfacial tension to maximize efficiency

during recovery.

Wettability and lon Binding

Altering the interactions between the oil phase and pore-throat walls can control
the wettability of pore-throat spaces. The four mechanisms that govern a reservoir's
wettability are the: 1) rock surface’s adsorption of polar functional groups from oil, 2%

2) surface precipitation of asphaltenes,****® 3) acid-base reactions,3* >

and 4) ion
binding caused be brine present in the reservoir.***® Of these four mechanisms,
researchers have suggested that control of ion binding should be targeted since it is the
most easily manipulated during oil recovery.** Furthermore, ion binding should be
controlled since it has also been shown to dominate over the impacts of acid-base
interactions, the adhesion of asphaltenes, and pH effects.?83543:44:49.50

lon binding, or cation bridging (Fig 1.2), is likely to arise between charged sites
on pore-throat surfaces and the oil’'s polar hydrocarbon functional groups, which is

potentially facilitated by divalent or multivalent ions found in the connate water that

shares the pore-throat space with oil.?%3032:344043 Binding interactions that are likely to



happen in the presence of di/multivalent ions include oil-ion—oil, mineral-ion—mineral,
and oil-ion—mineral interactions.****** Specifically, the presence of divalent calcium
ions (Ca®") in connate brine water give rise to relatively strong ion binding interactions
between the oil phase and pore-throat mineral surfaces, this ion binding promotes both

the oil phase’s wettability and resistance to desorption (Figure 1.2). The degree to which

Figure 1.2. An example of ion binding between the rock surface and the oil phase.
Divalent cations, prevalently Ca**, facilitate the adsorption of negatively charged
polar functionalities found in the oil phase
the ions present in the connate brine affect wettability and ion binding of the oil phase is
dependent on both the brine’s and crude oil's composition.*®*®*! Thus, improving the

efficiency of oil recovery, by modification of pore-throat surface wettability, should be

accomplished by altering ionic components found in reservoir connate water.



Brine Control to Increase Oil Recovery Efficiency

To successfully increase recovery efficiency and the quantity of recoverable
OOIP, the oil industry has pursued the use of enhanced oil recovery (EOR) techniques
using brine displacement fluids to affect ion binding. A commercial example of the brine
solutions used in EOR is LoSal™ that has shown to increase the quantity of recoverable
OOIP in some cases by 40%.**** LoSal™ is a dilute brine solution that has ion
concentrations that are ~30 times lower than what is found in reservoir connate water.**
It is suspected that a lower concentration brine causes desorption of adsorbed ions on
pore-throat surfaces, helping to decrease oil-ion—mineral interactions and increase oll
recovery efficiency.?®** Although LoSal™ has been shown to increase the efficiency of
oil recovery, the specific desorption mechanism that occurs between mono/divalent ions
and oil's polar functional groups, that have a diverse variation in structure, is not entirely

understood.

Investigating Zeta Potential

To optimize the quantity of OOIP that can be recovered from oil reservoirs, the
specific interactions of ionized salts (from brine and connate water) and reservoir
relevant molecules (surfactant-like species found in oil) at a charged surface must be
studied; these interactions can be described by the effective surface charge. This
charge is often referred to as the “zeta potential,” which describes the interactive electric
potential of a surface relative to the bulk solution surrounding a charged surface.
Measurement and quantification of a surface’s zeta potential can be used to help

explain representative changes in the adsorbed molecular species. Zeta potential



measurements can consequentially correlate with the effects that occur upon the
addition of metal ions and surfactants to the solution surrounding the surface. During my
dissertation research, zeta potential values were measured by monitoring the mobility of
the electroosmotic flow (UEOF, thoroughly defined in Chapter 2) using traditional
polydimethylsiloxane (PDMS) microfluidic devices. PDMS was chosen for its well-
studied properties, and chemical similarities that it shares with reservoir rock.?®°3%°
Microfluidic devices were chosen to study zeta potential for their microscale channel
dimensions that are comparable to the size of pore-throat structures in oil reservoirs and
for their capacity to perform yEOF studies. Reservoir relevant surfactants and cations

were used to model the overall system to better understand the dynamics of the

interactions and how they impacted zeta potential.

Assessing EOR Using Traditional Microfluidics

In addition to studying surface chemistry processes relevant to oil recovery, | also
developed a microfluidic device that incorporated reservoir rock to help understand
processes that occur in systems that are chemically and physically identical to oil
reservoirs. Typically, oil reservoir processes and new EOR techniques are investigated
using small-scale studies.>*****° While valuable information has been obtained from
small-scale studies, the success of specific EOR strategies is best predicted by real
field studies; unfortunately, these studies come at significant financial and time
costs.’®®® An alternative to large field studies are laboratory-scale “core flooding”
58,61

experiments that involve the injection of fluid into cylindrical reservoir rock samples.

When compared to field studies, laboratory-scale core flooding experiments express



reduced operational costs, increased rates at which results are obtained, and the
capacity to test multiple EOR strategies. Since the reservoir rock core samples must be
obtained from real oil reservoirs using specialized drilling equipment these experiments
are still relatively expensive; additionally, they require long equilibration times, and
necessitate specialized instrumentation for flow imaging due to the opaque nature of the
rock cores. Despite the advantages of laboratory-scale core flooding experiments, if
more effective EOR strategies are to be rapidly developed, then the cost and time
associated with experimental studies must be reduced further. In pursuit of a more
cost/time effective method to assess EOR methods, part of my graduate research
career was spent developing an analytical tool based on traditional microfluidics that
incorporated real reservoir rock samples.

Traditional microfluidic devices are typically categorized as fluid handling devices
that contain structural geometries smaller than the millimeter scale, which have been
created via molding, engraving, or extrusion. These sub-millimeter features can be

fabricated using a variety of polymer-based materials: polyamide,®® polycarbonate,®

65,66 68,69

polyethylene,® polymethylmethacrylate, polypropylene,®’ polystyrene,

972 and other polymer materials have been used.”® Furthermore,

polydimethylsiloxane,
many different methods can be used to create the sub-millimeter scale features in the
polymer material such as hot embossing,®® injection molding,’* casting,”® laser-
ablation,®® direct patterning using optical lithography’® and stereolithography,”” and
indirect patterning using soft lithography.”®’® Of these methods, soft lithography has

become a popular method for fabricating microfluidics due to its capacity for rapid

prototyping, relatively inexpensive nature, and high-resolution characteristics.®
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Soft lithography is a collective term describing fabrication of microfluidic devices
using an elastomeric stamp.”® Most commonly the elastomeric stamp is created by
depositing a sub-millimeter layer of photoactive polymer (SU-8) on a substrate (typically
a Si wafer) via spin coating, covering the polymer with an opaque mask that contains
translucent sub-millimeter features, then exposing the polymer to ultraviolet light that
permanently crosslinks the polymer only in the areas where the mask is translucent.’®
Uncrosslinked polymer is removed by soaking the substrate in solvent leaving behind
embossed features that make up the master elastomeric stamp (Figure 1.3). A portion
of the microfluidic device is then fabricated by pouring a curable polymer (typically
polydimethylsiloxane, PDMS) over the stamp, curing the polymer, then pealing the
cured polymer off the stamp leaving behind a negative replica of the stamp’s features.
Next, the cured PDMS that contains sub-millimeter features, and either another piece of
cured PDMS sans features or a piece of glass have their surfaces oxidized via plasma
treatment. Both portions of the device are brought into conformal contact after having
been sufficiently oxidized forming a permanently sealed microfluidic device (Figure 1.4).
The resulting traditional microfluidics can be used to study fundamental properties of
chemical systems and as an analytical tool to quantify analytes of interest.”®"°

Although many traditional microfluidic devices are created using the soft
lithography method and PDMS, microfluidic devices can be produced using a variety of
different fabrication methods, materials, and can contain a varying degree of complexity.
Since microfluidics exist as a diverse assortment of devices, they can be paired with a
diverse assortment of analytical methods. Microfluidics have been previously paired

85-87

with infrared detection,®*® Raman spectroscopy, nuclear magnetic resonance
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Addition of SU-8
via Spin Coating

UV-Light Exposure,
Remove Mask, and Wash
Off Unexposed Polymer

Finished Master Stamp

Figure 1.3. Creation of an elastomeric master stamp. Photoactive SU-8 polymer is
poured on a Si wafer that is then spun at high speed to acquire a layer of polymer
with desired thickness. A patterned mask is placed on the wafer/polymer, exposed to
UV-light, and then washed to remove any unexposed SU-8. Embossed features are
retained on the Si wafer creating the finished master stamp
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PDMS is Poured Over
Master Stamp

PDMS is Cured and
Pealed Off Stamp

PDMS is Sealed
via Contact with
“Blank” PDMS

Figure 1.4. Creation of a PDMS microfluidic device. Uncured PDMS is poured on the
elastomeric master stamp and cured. Cured PDMS is pealed off the stamp, oxidized
via plasma treatment, and brought into conformal contact with a piece of “blank”

PDMS to form a permanently sealed microfluidic device
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91-93 94-97

(NMR),%  surface plasmon resonance (SPR), absorbance detection,

98-101

chemiluminescence and electrochemiluminescence detection, fluorescence

105-110

electrochemical  detection, mass  spectrometry,** 113

detection, 192104

114-117 118-120

electrophoretic separation, current monitoring, and other detection
methods.*?**?* Pairing of various microfluidic devices with many different analytical
methods has led to the rapid exploration of environmental systems and the on-site
guantification of analytes that would typically be not be able to be performed using
traditional instrumentation.

While traditional microfluidics are capable of quantifying environmental analytes
and modeling various systems, their inherent ability to be as sensitive or selective as
their traditional counterparts is somewhat limited by their inherent design
characteristics. By design, microfluidic devices are fabricated using inexpensive
materials and limited usage of large technological components. To improve the sensing
properties of traditional microfluidics researchers have employed analyte

preconcentration,’**  nanoparticles,’®® combined UV/fluorescence detection,®?

7 128

photodiodes,*®® droplet generators,*’ low-cost printed circuit boards,*?® cooling

° and other specifically designed technologies.’*®*** Despite their intrinsic

devices,*?
limitations, improvement to device designs and protocols has helped traditional
microfluidic devices achieve Ilimit of detections (LODs), selectivity, and physical
dimensionality that are appropriate for many applications.

When trying to utilize traditional microfluidics to assess EOR methods one of the

most challenging aspects of generating these devices is replicating the physical and

chemical complexity found in natural rock. To recreate reservoir structures in

14



microfluidics researchers have employed digital scanning, computational structure
generation, and devices with channels packed with granular material or mineral
crystals.'*8133134 Eyen if the structure or reservoir rock is successfully recreated the
device may not be chemically representative of real reservoir samples, which limits the
experimental accuracy. With aspects of traditional microfluidics and current microfluidics
available for EOR research in mind, part of my graduate research career was spent
developing a tabletop-scale alternative to the current core flooding method by using a
traditional microfluidic device coupled with thin sections of reservoir rock samples. The
resulting microfluidic device, named herein as the Flow On Rock Device (FORD), did
not require that physical or chemical features be recreated since real reservoir rock

samples were utilized in the device.

Microfluidic Paper-Based Analytical Devices

In my final work as a Ph.D. candidate | deviated from studies of oil recovery to
develop a microfluidic device for measuring K* that could be applied to both human
health and environmental samples. In many cases evaluation of analytes pertaining to
human and environmental health must be accomplished outside the laboratory in
regions exhibiting limited resources. To further increase microfluidic device portability
another variety of microfluidic devices called microfluidic paper-based analytical devices
(WPADSs) can be employed. Much like their traditional microfluidic counterparts, yPADS
process microliter scale volumes of sample solution. yPADs are primarily composed of
a paper-based substrate (analytical grade filter paper) that have a hydrophobic barrier

deposited on the paper. The hydrophobic barrier determines where aqueous samples
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can travel in the yPAD and can be created using various methods: photolithography,**°

6 138

plotting with an analogue plotter,”*® ink jet etching,**’ plasma treatment,**® paper

0 1 2

cutting,’* ink jet printing,**° flexography printing,"** screen printing,** laser

143 wax printing,** and others.'?*1%51% All patterning methods provide the

treatment,
capacity to cheaply pattern a paper substrate with the highest financial burden being
~$0.10 (for 100 cm?, photolithography using SU-8 photoresist) down to the most
inexpensive patterning technique costing ~$0.00001 (for 100 cm?, ink jet printing using
alkyl ketene dimer).**%*>7 patterning uPADs using the wax printing method has
gained popularity since a wax printer can be purchased and used without modification
to produce 100 cm? of devices for ~$0.01.*** These relatively inexpensive devices are
easily produced by first printing a hydrophobic design on a paper substrate (Figure
1.5.A) followed by subsequent heating of the wax design with a hotplate (Figure
1.5.B).**? Applying heat to the patterned device causes migration of the wax through the
layer of paper creating a complete hydrophobic cross section. Migration of melted wax
causes the overall size of the designed features to shrink and the color of the deposited
wax to appear as a lighter shade. Chemical reagents are deposited after the
hydrophobic barrier is completed and the resulting device is sealed using hot lamination
or adhesive tapes. It should be noted that a new wax printer (the Xerox ColorQube is
commonly used in this area of research) can cost an upwards of ~$900. Despite the
initial wax printer expense, wax patterning is a simple, quick, and reproducible method
for mass-producing devices with sufficient resolution. These reasons have made wax

printing a common method for patterning yPADS.
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Figure 1.5. Fabrication of a wax printed yPAD. A) A hydrophobic wax design is
deposited on a paper substrate via a specialized printer. The wax design resides
atop the paper substrate. B) When the paper substrate is heated on a hotplate the
wax design melts and migrates through the paper substrate forming a completed
hydrophobic barrier. Migration of the melted wax causes shrinking of the originally
deposited features and the color of the wax to appear as a different shade
Much like traditional microfluidics, yPADs can exist as a variety of different
designs including components like simple spot tests, multiplexed channels, multiple
layers, and various other components.**®**® These complex geometries can be rapidly
prototyped via wax printing by creating new designs in software applications that are

then printed out. Besides rapid prototyping, JPADs possess additional advantages due
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to the characteristics of the paper substrate and the yPAD itself. The unmodified paper
substrate used to fabricate these devices is composed of hydrophilic cellulose fibers
that possess the capacity to perform passive pumping: this occurs when an aqueous
sample is introduced to the yPAD and flow occurs along the paper substrate due to
capillary forces provided by the fibers and void space between fibers.**°**° passive
pumping increases the portability of yPADs since no additional hardware, pump, or
electrical power source is required to induce flow within the device. In addition to
capillary forces, the void space between cellulose fibers can be used to store chemical
reagents.”™ The effectiveness of uPADs at storing chemical reagents is largely
dependent of the stability of the deposited chemical.'****? Passive pumping and
chemical reagent storage allow uPADs to function as portable analytical tools, which are
often described as a “lab-on-a-chip” due to their capacity to perform laboratory style
experiments on a single device. Paper’s porous and lightweight nature also provides the
ability of device layers to filter particulate matter from sample solutions and makes
MPADs easy to transport. In addition to single layer yPADs, 3D multilayered devices
that contain multiple layers of patterned paper substrate can be created by aligning and
stacking designed layers together.'*® Multilayer devices contain separated layers, which
can prevent stored chemical reagents from prematurely reacting, and pretreatment of
sample solutions to occur before arriving in test regions.** Furthermore, yPADs are
also relatively disposable due to the non-hazardous materials required to make the
physical device, overall inexpensive fabrication cost, reduced quantity of deposited

chemical reagents, and minimal sample volume required to perform experiments.™> The
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aspects of uPADs described above are what make these devices attractive for
quantifying analyte species in environmental settings where resources are limited.

Akin to their traditional microfluidic cousins, various detection methods can be
paired with pyPADs for quantifying specific analytes. These methods include

156,157

chemiluminescence, electrochemiluminescence,'®® fluorescence,*®® surface-

enhanced Raman spectroscopy,*®® separation,'®* preconcentration,*? colorimetric,*®1%*
and electrochemical techniques.'*®'®>1% The latter two methods, colorimetric and
electrochemical, are found most commonly in the literature. Although both
electrochemical and colorimetric methods are often employed, colorimetric methods are
preferred when designing yPADs to perform measurements in resource limited regions.

Colorimetric methods rely on a chemical color change that can be qualitatively
interpreted using the naked-eye; thus, no additional power source or hardware is
required to perform analysis unlike many quantitative methods (including
electrochemical quantification). The colorimetric based pPADs that function the most
qualitatively are colorimetric spot tests, these tests are simply fabricated by depositing
sensing reagents on a paper substrate. Spot tests can be a variety of sizes and are
designed to be a simple, usually circular, paper region surrounded by a hydrophobic
barrier. Colorimetric spot tests are used by pipetting a controlled sample volume onto
the top of the test spot where it will be contained by the hydrophobic barrier and
hydrophobic material used to seal the back of the spot; packaging tape is commonly
used to seal the back of wax printed devices. A color change will occur as sample

analyte reacts with the stored sensing reagents found in the test spot. Increasing the

concentration of analyte species found in sample solutions causes an increase in the
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color change that occurs when a sample solution in introduced. In its most basic form,
spot tests for specific analytes can be assessed by a simple “yes or no” depending on if
a color change occurs or not.*®” Additionally, colorimetric spot tests can be qualitatively
analyzed by comparing completed spot tests to color-coded concentration keys, which
is analogous to the functionality of pH test strips.*®® Analysis using the naked eye is
advantageous from a simplicity standpoint but observing the quality of color change
without quantitative methodology restrictions the LOD. If more quantitative analysis is
required, test spots can be digitally photographed and evaluated using image
processing software to analyze the color change of completed tests. Digital analysis of
the colorimetric tests increases analytical sensitivity and can decrease the observed
LOD.***"* Calibration curves can be obtained from the digitally processed colorimetric
data and used to determine the concentration of analyte in sample solutions. These
qualitative and quantitative spot test methods have been used to determine the

presence of illicit drugs,*’? explosive material residue,”® microorganisms,'’**" heavy

176 1

metals, and other specific analytes.!’* The wide variety of analytes and
advantageous characteristics of colorimetric yPAD spot tests make them a strong
candidate for use in resource limited regions but the constrained LOD is still a
considerable disadvantage. While quantitative digital analysis improves the LOD,
analytical techniques requiring additional infrastructure and power sources become
problematic in resource limited regions. Improvement of colorimetric yPAD’s LOD
without additional infrastructure has recently been made possible by applying

colorimetric chemistry to distance-based microfluidic devices.**"’
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Much like colorimetric spot tests, distance-based uPADs rely on a color change
produced from a chemical reaction between sensing reagents and analyte species. Due
to their functionality and appearance to that of thermometers, these distance-based
MPADs are often referred to as “chemometers.” Instead of analyzing changes to the
quality of the color, like in colorimetric spot tests, the “distance” of color change along a
paper-based microfluidic channel is observed for distance-based pPPADs (Figure

1.6).10477178 \When an aqueous sample is introduced to the distance-based pPAD

Ulplijeacted

CojpSlumed
by SEhsing

Direction of Flow mms)p

10 mM Analyte 25 mM Analyte 50 mM Analyte 100 mM Analyte

Figure 1.6. Simulation of distance-based PPADs tested with samples containing
different concentrations of analyte. Samples are added to an inlet on the device.
Sample will flow away from the inlet and the device’s channel will change color from
blue (unreacted sensing reagent) to reddish purple (sensing reagent that has reacted
with the analyte) as analyte is consumed. Actual experimental color change can vary
depending on the sensing reagents used. Increasing the concentration of analyte in
sample solutions causes the length of the color change to increase. On-device rulers
can be used to determine the length of the color change (typically mm scale)

capillary forces cause the sample to be passively pumped along the microfluidic

channel. As sample solution is wicked along the device’s paper channel the sensing
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reagents previously deposited on the yPAD consume the analyte. The yPAD channel
will change color where sensing reagents have reacted with the analyte, color change
will radiate away from the sample inlet in the direction of flow. When the analyte is no
longer accessible by the sensing reagents, the sample solution will continue to be
wicked along the yPAD channel despite the lack of additional color change. The length
or “distance” of the portion of the channel that has changed color can be measured to
determine analyte concentration. Longer lengths of color change correlate to greater
concentrations of analyte present in sample solutions. A collection of known sample
analyte concentrations can be analyzed using replicated distance-based devices to
acquire a calibration curve. With simplicity in mind, rulers can be printed parallel to the
MPADs experimental channel for the end user to use to determine the distance of the

color change. These paper-based analytical devices have been previously used to

164,178,179 164,180,181 182,183

quantify metals, small molecules, proteins, and other analytes.'””
The ability to perform relatively sensitive and quantitative measurements without the
use of additional hardware, software, infrastructure, or off-device analysis provides
motivation to researchers to further the development of distance-based yPADs.
Although traditional microfluidics and pPADs exhibit desirable characteristics like
increased portability, chemical reagent storage, reduced financial cost, and the ability to
be rapidly prototyped, they do display decreased LODs when compared to their
traditional instrumental counterparts. If microfluidics are to be used for investigating
environmental systems or quantifying specific analytes in complex environmental

samples then the LOD of these devices must be assessed. Distance-based yPADs

have been shown to detect Ni, Cu, and Fe in samples down to the 10 M range'’® while
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methods using Inductively Coupled Plasma Mass Spectrometry (ICP-MS) are able to

identify those same metals in the 10** M range.*®*

When compared to distance-based
MPADSs, the four orders of magnitude lower LOD for LCP-MS shows a clear advantage
in favor of the traditional method at quantifying trace amounts of metals in sample
solutions. According to the Environmental Protection Agency (EPA), the acceptable
concentrations of Ni, Cu, and Fe in drinking water are in the range of 10°, 10°, and 10°
M respectively.’®>*®” Although ICP-MS has an advantage over distance-based pPADs
at quantifying amounts of trace metals, if the assessment of potable drinking water is
the primary concern, the LODs expressed by distance-based yPADs are entirely
acceptable.

While the LOD of colorimetric/distance-based pPADs is situationally acceptable,
the inherent complexity of environmental samples suggests that the selectivity of yPADs
is also an essential characteristic to gauge if these devices are to be employed for
environmental analysis. To increase the selectivity of yPADs for specific analytes,
researchers have considered eliminating or masking interfering species via sample
pretreatment regions.!’?'%192 These pretreatment regions can bind interfering species,
adjust characteristics of sample solutions like pH, or reductively alter sample species to
adjust experimental selectivity. Furthermore, portions of devices can make use of the
filtration properties of the paper substrate to physically filter out particulate matter if it is
suspected to experimentally interfere.*®* The modifiable selectivity of pPADs along with
their inexpensive nature, portability, and appropriate LODs make these devices highly

effective for analytical measurements outside of a laboratory setting.
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Summary of Ph.D. Candidate Research

My research career at CSU, under the advisement of Dr. Charles Henry, was
associated with using microfluidic devices to investigate different aspects of
environmental systems. My first project involved exploration of the fundamental surface
chemistry related to oil recovery. The surface chemistry | was specifically interested in
was the cation bridging phenomenon that had been observed by previous researchers
but not entirely understood due to the lack of dynamic experimental evidence. By
monitoring the yEOF using traditional PDMS microfluidic devices, | was able to observe
the varying dynamic interactions that occurred at a charged surface when a like-
surfactant species was introduced in the presence of mono/divalent metal ions. This
research provided the scientific community with a better understanding of the cation
bridging mechanisms governing oil recovery and surface fouling mediated by
surfactants.

My second research project involved the design and fabrication of a traditional
microfluidic device to act as a possible alternative to existing laboratory scale core
flooding technology. While microfluidic devices capable of performing core flooding
experiments do exist, their capacity to accurately replicate the complex physical and
chemical characteristics of reservoirs is debatable. Instead of trying to replicate the
reservoir properties in a microfluidic device, | fabricated the Flow On Rock Device
(FORD) that incorporated actual reservoir rock samples. Fabrication of the FORD
circumvented the requirement of having to recreate physical structures and allowed
inclusion of the naturally occurring chemical properties found within the samples. This

research intended to promote rapid prototyping of EOR strategies by allowing core
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flooding experiments to occur more frequently at significantly reduced financial and
resource cost.

Finally, my third research project deviated from chemistry related to oil recovery
and involved development of a yPAD to quantify K* in complex environmental samples.
Before my research was published there was a complete lack of any non-
electrochemical method for quantifying alkali or alkaline earth metals using paper-based
devices. This problem was likely a product of the unavailability of aqueous soluble
sensing reagents. To thwart the lipophilicity of available sensing reagents, | employed
optode nanosensors that were then coupled with a distance-based detection mode in
uPADs. The resulting yPAD allowed sensitive and highly selective quantification of K* in
real undiluted human serum samples. While the device was originally intended to be
used for environmental sampling, the successful quantitation of K* in complex human
serum suggested that the device would also be capable of processing environmental

samples where selectivity is also pertinent.
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CHAPTER 2. OBSERVATION OF DYNAMIC SURFACTANT ADSORPTION
FACILITATED BY DIVALENT CATION BRIDGING

Dynamic evidence of the mechanism for surfactant adsorption to surfaces of like
charge has been observed. Additionally, removal and retention of surfactant molecules
on the surface were observed as a function of time. A decrease in surface charge is
observed when metal counter ions are introduced and is dependent on charge density
as well as valency of the metal ion. When surfactant species are also present with the
metals a dramatic increase in surface charge arises. We observed that the rate and
quantity of surfactant adsorption can be controlled by the presence of divalent Ca**.
Under isotonic conditions the introduction of Ca®" is also easily distinguishable from that
of monovalent Na* and provides dynamic evidence of the divalent “cation bridging”
phenomenon. Dynamic changes to surface charge are experimentally determined by
utilizing current monitoring to quantify the zeta potential in a microfluidic device. This
work was funded by BP plc and was published in the ACS journal Langmuir (2018, 34

(4), pp 1550-1556).

Overview

Charged surfactants give rise to complexities surrounding surface chemistry due
to their propensity to interact via a variety of mechanisms with surfaces. Absorption of
charged surfactants onto charged surfaces even when the surface has the same charge
has been observed and is understood to contribute to surface modification and/or
fouling.® Similarly, adsorption of mono/divalent cationic metals has also been shown to

alter effective surface charge. Unfortunately, in systems where both charged surfactants
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and cationic metals are present, the surface chemistry cannot be predicted by the
behavior of the individually adsorbed species. Previous research has hypothesized that
when a negatively charged surface is exposed to a like-charged surfactant and a
divalent cation is present, a phenomenon called ion binding or “cation bridging” results;
whereby the divalent species facilitates the interaction of a negatively charged
surfactant with a negatively charged surface.*® Although the mechanism and strength of
the interactions possibly vary from that of divalent species, it should be noted that
adsorption of a like-charged species has also been observed to occur in the presence of
monovalent ions.**** Evidence that currently supports the cation bridging phenomenon
was acquired using methods that probed the surface minutes, or even hours, between
alterations to surface chemistry and under static conditions.? Investigation of surfaces
using large intervals between measurements prevents acquisition of intermediate data
that could be critical for understanding dynamic systems.

To fully regulate surface chemistry, the specific interactions of charged
surfactants and divalent species at a charged surface must be studied with a technique
that provides time resolution. These interactions can be investigated by monitoring the
mobility of the electroosmotic flow (peor, cm?Vss™), which describes the velocity of
fluid flowing in response to an applied electric potential; pyeor data can be used to
determine the effective surface charge, or zeta potential. Zeta potential can be used to
describe the interactive electric potential of a surface relative to the bulk solution
surrounding a charged surface. Understanding the importance of zeta potential, and its
relevance to surface chemistry requires that the structure of the electric double layer

(EDL) be considered (Figure 2.1).
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Figure 2.1. lllustration of the electric double layer (EDL) before A) and after B) an increase in ionic strength of counter
ions. Note, all ions outside of the Stern layer have fully solvated shells and have been excluded in these diagrams
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A charged surface, which will hereafter be assumed to be negatively charged,
will specifically and non-specifically adsorb charged ion species. Specifically adsorbed
ions can possess a chemical or specific affinity for the surface in addition to Coulomb
interactions; non-specifically adsorbed ions are attracted to the surface by purely
Coulombic attractions.'? An imaginary plane runs through the center of the specifically
adsorbed ions’ charged spheres and is called the Inner Helmholtz Plane (IHP). lons
surrounded by a solvation shell are also attracted to the negatively charged surface and
can be adsorbed. Another imaginary plane runs through the center of the adsorbed
solvated ions’ charged spheres and is called the Outer Helmholtz Plane (OHP) or Stern
plane. The space between the IHP and OHP is called the Stern layer, which is the first
layer of the EDL and is where ions are specifically and non-specifically adsorbed.*? The
second layer of the EDL is called the diffuse layer, which is located farther away from
the charged surface than the Stern layer and starts after the OHP. The diffuse layer
consists of a mobile and immobile portion with the mobile portion being located farther
from the surface relative to the immobilized component. The thickness of the diffuse
layer is dependent on concentration of counter and co-ions in the solution, which affects
the magnitude of the charge density in the stern layer and thus the electric screening
length (k™) of the negatively charged surface; as counter ion concentration increases, k
! decreases and thickness of the diffuse layer decreases.'® Co-ions would cause k™ to
increase and thickness of the diffuse layer to increase. The plane where the mobile and
immobile portions of the diffuse layer meet is called the shear plane. Like the thickness
of the diffuse layer, the distance of the shear plane from the negatively charged surface

changes as a function of counter and co-ion concentrations; as counter ion
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concentration increases, counter ion free mobility decreases, the distance from the
surface that is required for a counter ion to move freely increases and the distance
between the charged surface and the shear plane increases.*®

The electric potential that exists between the charged surface and a point in the
bulk solution is called the surface potential. Similarly, the electric potential at the OHP
relative to a point in the bulk solution is called the Stern potential. Both the surface and
Stern potentials have been suggested to be inappropriate for describing the electric
potential that predicts the interactions that occur between charged surfaces and
surrounding bulk solution, this is due to the immobile nature of the ions associated with
those components of the EDL.**'* To accurately predict the interactions that occur
between a charged surface and bulk solution, the electric potential at the shear plane
must be used since the shear plane is the point in space where ions cease to remain
immobilized on a surface and begin to move with the surrounding solution.*® The
electric potential at the shear plane, relative to a point in the bulk solution, is called the
zeta potential. The importance of zeta potential can now be understood since it is
describing the potential at the point on the charged surface’s EDL where ions become
mobile in the diffuse layer and can effectively interact with the surrounding mobile ions
and bulk solution. Thus, measurement and quantification of a surface’s zeta potential
can be used to help describe representative changes to the structure of the surface’s
EDL. '®! Zeta potential measurements can consequentially allude to the effects that
occur upon the addition of salts and surfactants to the solution surrounding the surface.

The presence of a cationic species, such as Na* and Ca®*, has been shown to

decrease the magnitude of a negatively charged surface’s zeta potential.’®?* A
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decrease in zeta potential by cations is a result of a decrease in k™, which is due to an

increase in the positive charge density located at the stern layer (Figure 2.1). Similarly,

22,23 24,25

cationic and anionic surfactants can affect a negatively charged surface’s zeta
potential by modifying the charge density at the surface. Herein, we observe that when
a charged surface has been simultaneously exposed to both metal salts and
surfactants, outcomes that represent exposure by solely a salt or a surfactant in solution
are not evident and vary depending on the presence of either monovalent or divalent
counter ions while being independent from ionic strength.

In this study, we present dynamic real-time evidence of the cation bridging
phenomenon occurring at a polydimethylsiloxane (PDMS) surface between a 2-
naphthoate (2NA, structure shown in Figure 2.8) surfactant and divalent Ca**. We have
chosen PDMS to monitor effective surface charge since it is commercially available,
possesses chemical functionalities and charge properties that are well studied, and is
capable of being used to create inexpensive microfluidic devices.?*® It is important to
considered that the negative functionality exhibited by the PDMS surface is due to —Si—
OH (silanol) groups (pKa = 4) that are exposed at the material's surface.’*?
Quantifiable effective surface charge is described using zeta potential values that are
acquired via the utilization of electroosmotic flow (EOF) techniques and the current
monitoring method. The dynamic experimental results found within provide evidence
and support the following hypotheses: a) decreases in zeta potential are dependent on
the charge density and specific valence of counter ions, b) simultaneous presence of

divalent counter ions and surfactants results in an increase in zeta potential values that

is distinct from the presence of monovalent counter ions and is evidence of the divalent
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bridging effect, and c) changes in ionic strength can cause unstable changes in zeta

potential but are insignificant when effects imparted by specific cations are considered.

Experimental
Materials and Solutions

Reagents used for fabrication of microfluidic devices include SU-8 2050
photoresist (Microchem, Westborough, MA), Sylgard 184 elastomer and curing agent
(PDMS) (Dow Corning, Midland, MI), and 100-mm silicon wafers (University Wafer,
South Boston, MA). Aqueous solutions were prepared in 18.2 MQecm water from a
Millipore Milli-Q purification system (Millipore, Billerica, MA). Experimental stock
solutions were prepared from 2-(N-Morpholino)ethanesulfonic acid (MES, = 99.0%
purity, Acros Organics, Figure 2.2.A), L-Histidine (His, 98.5% purity, Fisher Scientific,

Figure 2.2.B), 2-Naphthoic acid (2NA, 98% purity, Aldrich), CaCl, (99% purity, Aldrich),

A O O B O

0/\/ S“oH </N | OH

HN NH,

Figure 2.2. Structures for the buffer components of sample solutions. A) 2-(N-
Morpholino)ethanesulfonic acid (MES) and B) Histidine (His)

MgCl, (98% purity, Fisher), NaCl (99% purity, Macron) and KCI (99.3% purity, Acros).
Individual stock solutions were prepared as follows: MES 0.3824 g in 20.00 mL H0,
His 0.1552 g in 20.00 mL H,O and 2NA 0.3444 g in 10.00 mL HPLC grad ethanol,

CaCl, 0.3329 g in 20.00 mL H,0, MgCl, 0.1428 g in 20.00 mL H,O, NaCl 0.1753 g in
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20.00 mL H;0 and KCI 0.1118 in 20.00 mL H,O. All experimental solutions contained
20.00 mM His and were made to have a pH of 6.0 + 0.1 by adjusting the concentration
of MES from 24.60-27.21 mM, which was required to maintain the desired pH when
2NA (1.00 mM) was added. To make two solutions of different ionic strengths, one
portion of the solution was diluted to 90% of its original concentration; these solutions
will hereafter be referred to as the “100%” and “90%"” solutions. All chemicals were used

as received without further purification.

Fabrication of Microfluidic PDMS Devices

Zeta potential values were acquired using straight-channeled microfluidic devices
to collect experimental data and were fabricated using a previously described method.*
A 4-in. silicon wafer was cleaned using isopropanol, methanol and H,O followed by
plasma cleaning at 150 W and 0.80 torr (atmosphere) for 5 min. The silicon wafer was
then coated with SU-8 2050 negative photoresist using a spin coater with settings
recommended by the photoresist manufacturer to achieve a 50 um layer. The coated
wafer was baked at 95 °C for 15 min. A digitally produced mask was then placed on the
photoresist, and the system was exposed to a near-UV light source for 80 sec. After
exposure and postbaking at 95 °C for 15 min, the wafer was developed in propylene
glycol methyl ether acetate leaving a positive relief patten on the wafer and was
followed by a final bake at 150 °C for 30 min. Once the master was completed, replica
molding was used to create channels in PDMS. A degassed mixture of PDMS and
Sylgard 184 elastomer curing agent (10:1) was poured onto the silicon wafer and cured

at 65 °C for 3 h. At that time, the PDMS was peeled off the silicon wafer, leaving a
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negative relief of the channels and reservoirs in the PDMS. An 8-mm-diameter punch
was used to open the reservoirs, and the PDMS was trimmed to size with a razor blade.
Irreversible PDMS sealing was used for the assembly of the microfluidic devices. A
PDMS replica and a microscope slide covered with a 25 um layer of cured PDMS were
placed simultaneously in an air plasma cleaner (Harrick plasma cleaner/sterilizer PDG-
32G) and oxidized for 40 s using atmospheric air. The two pieces were then brought
into conformal contact directly after removal from the plasma cleaner to form an
irreversible seal and were put in a 65 °C oven for 48 hr before use. Microfluidic devices
contained a 4 cm long channel with cross sectional dimensions of 50 x 50 ym and
solution reservoirs that were capable of holding 500 uL located on each end of the

channel.

EOF Measurements

Zeta potential values were calculated using the pegor, which was measured
experimentally using the current monitoring method.**3** The current monitoring method
relies on measuring changes in current as a function of time as solutions of different
ionic strength move through the channel. Initially one reservoir was filled with 350 L of
90% solution and then, using a syringe to create positive pressure, the channel was
manually primed with the 90% solution and the other reservoir was filled with the 100%
solution. A platinum electrode was placed in each of the wells before a constant electric
potential was applied (typically 2400 V) using a two-channel (one positive and one
negative) laboratory built high-voltage power supply. The total current flowing through

the system was measured as a voltage drop across a 38.5 kQ resistor using a
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multifunctional 1/O device (National Instruments, USB-6210) and monitored using a
laboratory designed LabView program. A schematic of the flow cell and electrodes has

been provided in Figure 2.3. The initial positive electric potential was applied for 40-50

HV Supply

Voltmeter

o)
AN <

Figure 2.3. Schematic of the flow cell, high-voltage (HV) supply and voltmeter that
was used to acquire EOF data. Pt electrodes (not shown) were attached to wire leads
and positioned in sample wells from the top

s depending on the solution’s observed mobility. At the end of 40-50 s a wait time of 15
s was instituted where no electric potential was applied allowing the solutions in the
device to reach a steady state before changing the applied electric potential. A negative
potential with a magnitude equal to the positive potential was then applied. The voltage
cycling process was repeated for 80—170 cycles (one cycle being positive then negative

potential).

Calculating peor and Zeta Potential
When an electric potential was applied, the time that was required for one
solution to completely displace the other solution in the microfluidic channel was

determined by taking the second derivative of the voltage data to determine the major
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inflection point.®® Values for the peor were calculated using the equation provided in

Figure 2.4 for each voltage cycle by averaging the displacement times of a cycle.
L2
V xtime

Figure 2.4

IJEOF =

Heor is mobility of the electroosmotic flow (cm?V™es™), L is length of channel (4
cm), V is the absolute value of the applied electric potential (most cases V = 2400 V)
and time is the time required for a solution to travel from one end of the channel to the
other (seconds). Once the peor was determined, it was converted to zeta potential using

equation found in figure 2.5.

_ “Heor X1

£ X &,

7

Figure 2.5
Z is zeta potential (mV), peor is electroosmotic mobility (cm?V?tes™), n is the

dynamic viscosity of water (8.9x10™ Pass, 25 °C), € is the relative permittivity of water

-12 2
(78.3), and ¢  is the permittivity of a vacuum (8.85x10 ~ C «J"em™). Zeta potential

measurements were made for a variety of surfactant and cation combinations as
detailed below. Values for permittivity and viscosity were based on 25 °C values
although room temperatures fluctuated between 21-22 °C. Herein, all true zeta potential
values are negative, but will be described as relative absolute values to facilitate

discussion.
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Results and Discussion
Effects of Buffer

The impact of buffer on zeta potential was established first. Using a solution
consisting of MES/His (27.60 mM/20.00 mM) buffer at pH 6 and NaCl (3.00 mM), the
device was allowed to run for 100 voltage cycles and the relative zeta potential values

as a function of cycle number were recorded in Figure 2.6. Zeta potential values
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Figure 2.6. Changes in zeta potential of a PDMS microfluidic device due to a solution

containing 2-(N-morpholino)ethanesulfonic acid (MES, 27.60 mM), L-Histidine (His,
20.00 mM) and NacCl (3.0 mM), monitored using the current monitoring method
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increased less than 2% over the course of the experiment, an increase likely due to
joule heating as a result of PDMS’s low thermal conductivity (0.15 W/m).** Under the
assumption that the increase in zeta potential values was due to joule heating,

interactions that occur between the negatively charged PDMS device’s surface and the
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buffer/salt components are immediate and unchanging over time. It should be noted that
1) the scale on the y-axis (relative change in absolute zeta potential) is from 0—-12 mV to
allow comparison of y-axes across all graphs included within the publication, and 2) the
real, non-absolute, zeta potential values herein are always negative and changes in

zeta potential will be discussed as changes to the magnitude of the zeta potential.

Effects of Counter lon Charge Density and Specific Valence

The impact of different metal cations was determined next. Initially, buffer was
used to establish the zeta potential (5.49 £ 0.03 mV, n = 10) before adding different
metals (Figure 2.7). After allowing the solutions to run in the device for 10 cycles, a
solution containing the buffer and KCI (3.00 mM) was loaded into the device.
Immediately a drop in zeta potential values to 2.76 + 0.02 mV (n = 15) was observed
and was due to an increase in ionic strength. As described above, increasing ionic
strength and therefore the concentration of counter ions in solution causes a decrease
in the k™ as counter ions contribute to the neutralization of the surface potential and a
decrease in zeta potential is observed. While keeping ionic strength constant KCl was
replaced by NaCl (3.00 mM) and zeta potential values (2.3 + 0.1 mV, n = 15) were
observed to slightly decrease. A decrease in zeta potential values between solutions
containing KCI and NaCl was attributed to an increase in charge density between the K*
and Na* counter ions. While keeping ionic strength constant, NaCl was replaced with
CaCl; (1.00 mM) while keeping the solution isotonic. Upon the addition of CaCl, zeta

potential values immediately and significantly decreased to 0.59 + 0.07 mV (n = 15).
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Figure 2.7. A solution containing a buffer (MES 27.60 mM, His 20.00 mM) is

replaced with solutions that contain the same buffer and the addition of various ionic

salts KCI (3.00 mM), NaCl (3.00 mM), CacCl;, (1.00 mM) and MgCl; (1.00 mM)
The decrease in zeta potential values was again likely due to an increase in charge
density going from Na* to Ca®". However, it is pertinent to recognize the change in
valency that occurs when removing monovalent Na* and introducing divalent Ca®*; as a
consequence, the considerable drop in zeta potential between the solutions containing
NaCl and CaCl, can be described as a result of the change in specific valence of the
counter ions present. It should be noted that the changes in zeta potential are not likely

due to the specific binding affinity of the PDMS surface for divalent cations since silanol

functional groups are known to interact weakly with alkaliine metals.®® Effects of
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changing the charge density of the counter ion present was seen again when CacCl, was
removed and MgCIl, was introduced resulting in a small decrease in zeta potential
values to 0.04 + 0.04 mV (n = 15). After the replacing the MgCl, solution with buffer
containing no metal cations, an increase in zeta potential values to 5.33 £ 0.05 mV (n =
10) was observed. The increase in zeta potential following the removal of MgCl,
occurred instantaneously and values differed by less than 3% of the original values. As
described above, changes in effective surface charge that arise from the introduction or
removal of a salt occur immediately and are relatively stabile over time as the solution
undergoes concurrent voltage cycles. It is also important to note that the changes in
zeta potential for all metals tested were immediate within the timeframe of data

collection suggesting very fast kinetics for surface adsorption.

Effects of Anionic Surfactants on Zeta Potential

Dynamic interactions of surfactants with a charged surface have been previously
documented.®”* Here, as depicted in Figure 2.8 when negatively charged 2-naphthoate
(2NA) was added to solution, an increase in the zeta potential value t0 9.7 + 0.1 mV (n =
40) was observed over time. The increase in zeta potential in the case of 2NA is due to
its negative charge at pH 6 (pKa = 4.17). Since the surface of PDMS is also negatively
charged at pH 6, the adsorption of 2NA to the surface does not occur instantaneously.
Conceptually, adsorption of negatively charged 2NA to a surface of like charge does not
seem favorable or likely. For adsorption to occur, 2NA must overcome Coulombic
repulsions via hydrophobic interactions or be facilitated by the screening of counter

ions.*® If attraction of 2NA to the surface overcomes repulsive forces then the
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Figure 2.8. At constant ionic strength and pH, a solution containing 2-naphthoate
(2NA) is introduced, an increase in zeta potential is observed and stabilization of

values occurs at cycle 40. Upon the removal of 2NA, a decrease in zeta potential
values over time is seen. Values do not return to pre-2NA values

adsorption of 2NA proceeds over time. Eventually repulsive forces overcome attraction
of the surfactant to the like-charged surface and zeta potential values stabilize as no
additional 2NA is permitted to adsorb.** Upon the removal of 2NA from solution, a
decrease in zeta potential over time was observed. Ensuing stabilization of zeta
potential values at levels higher than the starting values alludes to the retention of 2NA
on the PDMS’s negatively charged surface suggesting that simply removing the

surfactant from solution does not effectively remove it from the surface.** Retention of
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surfactant molecules on the surface has many implications where information regarding

specific surface charge and chemistry is required.***?

Effects of Divalent Counter lons on Surfactant Adsorption

We next evaluated the impact of mixed surfactant-metal cation solutions on zeta
potential. While keeping ionic strength constant, the zeta potentials for solutions
containing 2NA and different concentrations of NaCl and CaCl, were determined. Data

set A in Figure 2.9 had the lowest CaCl, concentration (0.25 mM) and the highest NaCl
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Figure 2.9. All solutions are kept at constant ionic strength and pH. All surfactant
solutions contain 1.00 mM 2NA. A) 2.25 mM NaCl and 0.25 mM CaCl, B) 1.50 mM
NaCl and 0.50 mM CacCl, C) 0.00 mM NaCl and 1.0 mM CacCl,
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concentration (2.25 mM). Data set B in Figure 2.9 contained 0.50 and 1.50 mM of CaCl,
and NaCl respectfully. Data set C in Figure 2.9 contained the highest concentration of
CaCl, (1.00 mM) and no NaCl. As shown in Figure 2.7, increasing the valency of
counter ions present in solution in the absence of the surfactant causes a decrease in
zeta potential. Figure 2.9 shows the opposite to be true when both surfactant and cation
are present. It is important to note that at equal concentrations of CaCl, and 2NA
(Figure 2.9.C) that the net effect on the absolute relative zeta potential is an increase
over time. An overall increase in surface charge would mean that the effects of the
surfactant on zeta potential outweigh that of the divalent Ca** species. Solutions that
contained 0.25, 0.50 and 1.00 mM CacCl, caused overall increases of 5.49 + 0.02, 6.64
+ 0.02 and 10.66 = 0.04 mV (n = 30), respectfully, in the absolute values of zeta
potential. This increase suggests that Ca®" was facilitating the addition of 2NA to the
surface and that we observed the dynamic effects of cation bridging on surface charge
since monovalent species have been shown to minimally contribute to the bridging
effect.* In addition, stabilization of zeta potential values occurs at an increasing number
of cycles (22, 33 and 37 cycles) as CaCl, concentration increased (0.25, 0.50 and 1.00
mM, respectfully). A potential explanation for why values require more voltage cycles to
stabilize, as CaCl, concentration increases, was due to the addition of bridging sites for
2NA. If CaCl, concentration increases, the availability of Ca** that can bridge 2NA to the
negatively charged surface increases. Addition of 2NA to the surface has been shown
to be a relatively slow process (Figure 2.8) and if adsorption to the surface were in part
dictated by the presence of Ca?*, increasing the quantity of divalent species would

increase the time required for the surface to equilibrate with the surrounding solution.
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Effects of lonic Strength on Surfactant Adsorption
Investigation of ionic strength’s effect on the adsorption of 2NA was investigated

next (Figure 2.10). While keeping ionic strength constant, a solution containing 1.50 mM
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Figure 2.10. All surfactant solutions contain 1.00 mM 2NA. lonic strength is not kept
constant to illustrate variation in zeta potential due to counter ion concentration and
ionic strength
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NacCl is replaced with a solution containing both 0.50 mM CaCl, and 2NA (1.00 mM for
all solutions that contain the surfactant); an expected increase in zeta potential is
observed over time. The 0.50 mM CacCl, solution (I = 11.68 mM) is replaced with a 1.00
mM CacCl, solution (I = 13.22 mM) that has a higher ionic strength but same 2NA
content. Upon addition of the higher ionic strength solution, an initial increase in zeta

potential is observed and is followed by a decay in surface charge over time. Similar
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results are again seen when a 1.50 mM CacCl; solution (I = 14.74 mM) replaced the
solution containing 1.00 mM CacCl,. Stabilized relative absolute zeta potential values for
solutions containing 0.50, 1.00 and 1.50 mM CaCl, are 7.50 £ 0.02, 7.58 £ 0.05 and
7.43 + 0.03 mV (n = 15), respectfully. Changes in ionic strength appeared to only briefly
perturb the equilibrated adsorption of bridged 2NA to the negatively charged surface
after initial stabilization of zeta potential values occurs. It is likely that the primary
Ca?*/2NA layer forms on top of the negatively charged surface and stabilizes as
indicated by unchanging zeta potential values in the presence of the 0.50 mM
CaCl,/1.00 mM 2NA solution. Increasing the concentration of Ca?* counter ions did not
cause additional 2NA to be directly bridged to the surface but rather caused the
formation of an unstable secondary Ca®*/2NA layer on top of the primary layer (Figure

2.11). Instability of the secondary Ca®*/2NA layer caused desorption of the secondary
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Figure 2.11. Suggested structure of the secondary Ca**/2NA layer that adsorbs
following an increase in ionic strength of the sample solution

2NA molecules and a decrease in relative surface charge until insignificant quantities of
secondary 2NA remain and zeta potential values return to that which were observed

before the increase in ionic strength.
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Conclusion

We have demonstrated that the effects of counter ions on surface charge
correlate to the charge density and specific valence of cations. Decreases in relative
absolute zeta potential values were shown to be greater as charge density increased
(K* < Na"; Ca** < Mg*") and as the valency of cations increased (Na* < Ca®"). As
expected, introduction of negatively charged 2NA caused a gradual increase in the
surface charge of negatively charged PDMS that stabilized over time. Divalent Ca®* has
been previously suggested to partake in a bridging effect that facilitates the addition of
surfactants to a negatively charged surface. We have observed dynamic changes in
surface charge confirming that adsorption of 2NA to negatively charged PDMS is indeed
partially controlled by the presence of Ca®". Following the formation of a stable
Ca®*/2NA layer on the surface additional adsorption of secondary Ca*/2NA, caused by
an increase in ionic strength, is unstable and decays over time. The dynamic
observations found within provide real-time evidence for the significance of cation
bridging and also illuminate the potential mechanisms for controlling these interactions.
These observations can be used to understand the fouling of surfaces by surfactants in
the presence of divalent species. Future works should investigate the possibility of
disrupting divalent cation bridging via competition of other cationic species that do not
promote surfactant adsorption while having high affinity for the surface. Surfactant
conjugation, functionalization and overall hydrophobicity should also be considered as

possible characteristics for understanding the effectiveness of divalent cation bridging.
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CHAPTER 3. MICROFLUIDIC DEVICES CONTAINING THIN ROCK SECTIONS FOR
OIL RECOVERY STUDIES

While there has been a shift towards renewable energy sources, oil remains an
important source of not only energy but also raw materials. Oil recovery is currently an
inefficient process with as much as 50% of the original oil remaining in a field.
Improvement of oil recovery techniques requires a model system that is both chemically
and physically representative to achieve accurate results. Current large laboratory-scale
systems use large cores drilled from target rock and large, high-pressure systems to
recreate oil recovery systems. The cores and associated equipment required to
accurately model oil recovery are expensive and time consuming to obtain and operate.
As a result, there has been a continual quest to develop alternative solutions that are
faster, less complicated, and less expensive while still providing accurate representation
of reservoirs. An alternative to large-scale models are optically transparent two or three-
dimensional microfluidic devices. Several examples of microfluidic devices used to
study oil recovery processes have been published.'* Unfortunately, most microfluidic
devices require complicated fabrication techniques, inaccurately replicate the reservoir
rock surface chemistry and geometry, and are made from materials not representative
of surfaces found in oil reservoirs. Herein, the Flow On Rock Device (FORD) is
described as an easy to fabricate microfluidic device that acts as a bridge between fully
synthetic microfluidics and large laboratory models due to incorporation of reservoir rock
samples directly into the microfluidic device. Results of flooding studies are presented

on shale and sandstone models as an example of the potential for this system in
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studying oil recovery. This project was funded by BP plc and has been accepted for

publication pending minor revisions in Microfluidics and Nanofluidics.

Overview

The retrieval of crude oil from natural mineral deposits is a complex process,
involving multiple recovery techniques. Fundamentally, oil recovery is controlled by a
combination of the physical structures present in the rock (pore-throat geometries) as
well as the chemistry of the rock and associated waters.>® Oil recovery is achieved by
displacing the oil with an immiscible fluid using primary and secondary recovery
techniques. Primary recovery techniques utilize the naturally occurring pressure
inherent to the reservoirs in combination with pumps to extract the crude oil. During the
secondary oil recovery process, injections of water or gas are used to displace oil to
force it from its reservoir. Despite the technological advances in primary and secondary
recovery techniques, 50—-60% of the original oil in place (OOIP) remains unrecovered in
many reservoirs.”® To improve OOIP recovery, enhanced oil recovery (EOR) techniques
such as flooding with CO, and low salinity brine have been used.”*® EOR can
significantly boost production and extend the production lifetime of a reservoir but
increases the cost per barrel of oil produced and can take an upward of 10 yrs before a
well location reaches full-scale deployment and productivity.***? Despite the risks, well
locations being targeted for EOR are distributed globally, and dissimilar geographical
locations result in the variance of chemical and physical characteristics among oil
reservoirs.’ Improving the efficiency of EOR methods using accurate small-scale

models would benefit production tremendously, reduce the risk of implementing these
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strategies, and potentially allow for rapid investigation of more environmentally friendly
methods of oil recovery.

To test EOR strategies, small-scale core flooding field studies have been
performed.”*?*® In general, core flooding studies typically involve the injection of a
displacement fluid into an oil-filled porous matrix. As displacement fluid is injected into
the matrix it forces the oil out, which is now considered “recovered oil.” As the efficiency
of the recovery strategy increases, the percentage of the OOIP that is recovered
increases. Small-scale studies have shown the injection of CO, or diluted brine to be
effective options for increasing the recovery of OOIP. Field studies offer the best
predictability for the effectiveness of specific EOR strategies, but come at significant
financial and time costs.***’

Laboratory core flooding experiments, which inject fluid into cylindrical reservoir
rock samples, are an important alternative to traditional field studies.'®*® Conducting
core flooding experiments in a laboratory reduces operational cost, decreases time
required to obtain results and permits the testing of multiple EOR strategies. However,
the large cores used in these experiments are expensive, require long equilibration
times, and require specialized instrumentation for flow imaging due to the opaque
nature of the rock cores. To further reduce the cost and time of developing an effective
EOR strategy, alternative laboratory-based methods are needed.

Optically transparent microfluidic devices containing two-dimensional features
that simulate the porous networks of oil reservoirs have been used to study oil recovery
processes.”**%?! One of the most challenging aspects of generating these devices,

however, is replicating the physical and chemical complexity found in natural rock. To
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replicate the porous network, multiple approaches have been developed. One method
involves digitally scanning the surface of a reservoir sample to produce a photomask for
fabricating microstructures.® Other fabrication methods have utilized computational
methods for channel design, followed by chemical etching, creation of packed beds of
granular material or growing mineral crystals to replicate networks that resemble porous
media.®>?*?* Fabricating porous networks that simulate reservoir rock requires
replication of the surface along with the use of materials that may not be chemically
representative of real reservoir samples. Here, we report a microfluidic model to study
oil recovery processes that incorporates reservoir rock directly into the device described
herein as the Flow On Rock Device (FORD) as an alternative to previous methods.
Design of the FORD and its fabrication method were developed with the goal of creating
a simplistic, inexpensive and easy to produce microfluidic device capable of performing
core flooding experiments using a variety of rock materials. Considering the desired
characteristics of the FORD its fabrication method was designed to be carried out in a

laboratory capable of soft lithography.

Experimental
FORD Fabrication

Semicircular sandstone and shale reservoir rock core samples with a diameter of
3 cm and thicknesses between 200-400 um were provided by BP plc (Figure 3.1.A and
3.1.C). The varying surface morphologies of sandstone and shale were obtained using
a ZeScope optical profilometer (Zygo, Middlefield, CT, US) and are shown in Figure

3.1.B and 3.1.D, respectively. Surface roughness values are given as Sq (root mean
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Figure 3.1 A and B) Sandstone sample mounted on a glass slide and an image of
the sandstone sample’s surface taken with optical profilometry. C and D) Shale
sample mounted on a glass slide and an image of the sandstone sample’s surface
taken with optical profilometry

85 um

square height). Core samples received from BP plc arrived mounted on glass
microscope slides using double-sided tape. To create the microfluidic device, a tape
(Scotch Magic Tape™) well was built around a reservoir rock core sample (Figure

3.2.A). Next, a 10 mm diameter, 4 mm thick circular polydimethylsiloxane (PDMS) disk

A

Figure 3.2 A-D) lllustration of the method to fabricate the FORD. E) Finished FORD

was generated from a sheet of cured PDMS using a biopsy punch (Robbins

Instruments, Chatham, NJ). All PDMS was prepared with a prepolymer to curing agent
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(Krayden Sylgard 184, Denver, CO) ratio of 10:1. Two 1.5 mm diameter inlet/outlet
holes were punched 2 mm from the cylinder’s outer edge using a biopsy punch (Figure
3.2.B). A laser cut (30 watt CO, Epilog Zing Laser, Golden, CO) holder used to position
the glass slide during experiments and to hold the PDMS punch in place during core
flooding experiments was cut from sheet polymethylmethacrylate (PMMA, Fort Collins
Plastics) (Figure 3.2.C). Inlet/outlet tubing (Western Analytical Products, PTFE 0.020”
ID x 1/16” O, Lake Elsinore, CA) was inserted by hand through the 1.5 mm diameter
holes. 4 x 6-32 %" bolts were used to keep the holder together and were hand
tightened. Next, 15 g of PDMS was prepared and partially cured for 14 min at 80 °C.
The partially cured PDMS was poured around the PDMS cylinder and inlet/outlet tubing
(Figure 3.2.D). The completed device was then allowed to cure for 24 hr at 60 °C before

use (Figure 3.2.E).

Core Flooding

A 10 mL plastic syringe containing the aqueous green food dye (green food
color, Great Value, Bentonville, AR) and a 10 mL glass syringe containing heavy
mineral oil (Fisher Scientific, Fair Lawn, NJ) were attached to a three-way valve. The
three-way valve was attached to the inlet tubing in the FORD. Two syringe pumps (New
Era Pump Systems Inc, Farmingdale, NY) were used to control the flow rate of the
syringes. To perform oil-wet experiments, mineral oil was pumped through device at 4
ML/min. Once the device was filled with mineral oil the pump was turned off and the
device was allow to equilibrate for 1 hr. After equilibration, the pump for the green dye

was started and the device was flooded with green dye at 4 yL/min. Typically, flow rates
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stabilized after ~1 hr, which is about how long it took fluids to travel from the three-way
valve to the device. Green dye was pumped through the device for 40 min after the
breakthrough event occurred. Next, mineral oil was again pumped through device at 4
ML/min. For water-wet core flood experiments, aqueous green dye was used to initially
flood the device, then mineral oil was pumped through the device followed lastly by
green food dye again. Images illustrating fluids flowing in the FORD were abstracted
from videos (15 frames/min) taken with a Dino-Lite handheld microscope (AM4112NT,
Torrance, CA). All image analysis was performed using ImageJ software (National
Institutes of Health). The dimensions of fingering events were assessed by randomly
selecting 12 sets of fingers, followed by measuring the fingers using the ruler tool in
ImageJ. The quantity of fingers per unit area was determined by manually counting the
fingering events in 16 randomly selected areas.

It is important to mention that when core flooding experiments were carried out at
4 yL/min, flow occurred through the rock features and was easily observed. These flow
rates are equivalent to superficial injection velocities as high as 4.01 ft/day in traditional
core floods, which is considered within the normal flow rate range for core flooding
experiments.'>*2° |n contrast, when fluid was forcefully pumped through the FORDs at
1 mL/min, the flooding chamber bowed and fluid flowed over the rock surface (Figure

3.3).

Results and Discussion

Microfluidic devices capable of core flooding experiments currently involve

recreation of a porous network to act as a matrix using materials common to
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Fi 3.3A) Aquous green foo dye flows through the rock sample in the device at 4

pML/min. B) Aqueous green food dye flows over the rock sample in the device when

flow is increased to 1 mL/min
microfluidics. While these devices have been used for important studies of oil recovery
processes, they have the potential to be chemically and/or physically dissimilar to actual
reservoir rock.???*2"% Here, a straightforward fabrication method that integrates
reservoir rock into a microfluidic as a bridge between fully synthetic microfluidic devices
and core samples is presented. Figure 3.2 shows the steps involved in the fabrication
process. Starting with reservoir rock thin sections mounted on a microscope slide, a
tape well was built around the rock sample to contain the PDMS that would seal the
flooding chamber (Figure 3.2.A). To act as the conformal layer of the FORD device, a
PDMS disk containing fluidic ports was positioned on the rock and held in place using a
laser cut compression device (Figure 3.2.B). PDMS is readily accessible in many
laboratories and is easy to work with, making the method useful for broad adaptation. A
laser cut portion of PMMA was then used to hold the PDMS cylinder on the surface of
the rock sample (Figure 3.2.C). Uncured PDMS was poured around the PDMS cylinder

to create the flooding chamber and seal the device without the use of high heat, plasma

treatment, or chemical adhesives (Figure 3.2.D). Sealing the chamber in this manner
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minimizes chemical alteration to the rock’s surface. It should be noted that the FORD
fabrication process requires instrumentation and materials found in many laboratories.
The hands-on portion of the fabrication process requires approximately 45 min.

After developing the fabrication method, core flooding experiments were
performed. By definition, two opposing states are defined in oil recovery studies, water-
wet and oil-wet.?” If an aqueous phase is in contact with the surface and the contact
angle is small (6 < 60°), the surface is defined as water-wet. If the aqueous phase
contacts the surface at a larger angle (6 > 120°) and/or oil is in contact with the surface,
the surface is defined as oil-wet. Contact angles that exist between these two
parameters define a wettability state defined as intermediate- or mixed-wet.?"?** For
the purposes of these proof-of-concept studies, water-wet and oil-wet samples were
tested. Within the FORD, wettability was selected by exposing a surface first to either
aqueous dye or mineral oil creating a water-wet or oil-wet surface, respectively **. By
using mineral oil and aqueous dye fluids, differences in core floods due to initial wetting
conditions can be observed.®* Under water-wet conditions both sandstone and shale
FORDs exhibited movement of a flat displacement front when mineral oil is pumped into
the device (Figure 3.4). When aqueous dye is again pumped through the device to
displace the oil, small fingering breakthrough events are observed with no evidence of a
flat displacement front. The small fingering events could not be quantified in this work
due to the magnification required to observe the entire flooding chamber during
experimentation. In the future, alternative imaging methods that can quantify the
fingering will be developed. The water fingers travel almost exclusively towards the

flooding chamber’s outlet and residual mineral oil can be observed in the rock’s pores
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Figure 3.4 A) FORD is initially flooded with green food dye at 4uL/min. B—-E) FORD
is progressively flooded with mineral oil to displace green food dye. A flat
displacement front is observed and indicated with blue arrows. F) The mineral oil
phase has finished displacing the green food dye

(Figure 3.5). Under oil-wet conditions, both sandstone and shale FORDs display initial
fingering events instead of a flat displacement front when aqueous dye is used for
flooding (Figure 3.6). The higher surface roughness of the sandstone samples
(sandstone, Sy = 25.86 + 0.70 ym; shale, Sq = 18.65 + 0.13 ym) result in pronounced
fingers that are 84 + 13 pm wide (n=12); drops of aqueous dye spanning multiple pores
are also observed with diameters of 296 + 85 ym (n=12) (Figure 3.7.B). Shale samples
exhibit fingers that are 58 = 11 ym (n=12) wide, as well as aqueous drops that are 170
+ 38 ym (n=12) in diameter. Not only does shale exhibit a decrease in the finger width

compared to sandstone but also a visible increase (sandstone = 2.4 + 0.5 fingers/mm?,
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Figure 3.5 Under water-wet conditions aqueous green food dye is pumped through
the FORD to displace mineral oil. Green food dye is observed to travel almost
exclusively towards the outlet.

mir

Figure 3.6 A) FORD is initially flooded with mineral oil at 4uL/min. B—F) FORD is
progressively flooded with green food dye to displace mineral oil. Fingering events
are observed

shale = 5.4 + 0.7 fingers/mm?, n = 16) in the relative number of fingering events (Figure

3.7.E).
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Oil Phase (4 yL/min) => Aqueous Phase (4 pL/min) => Oil Phase (4 yL/min)
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Figure 3.7 A and D) Initial flood with mineral oil
flooding chamber has not been completely wetted with oil prior to displacement. B

and E) Green food dye is pumped into device at 4 pL/min to displace mineral oil. C
and F) Mineral oil is pumped into device at 4 uL/min to displace green food dye

It is important to note that only model fluids have been tested in the FORD. To
fully assess the utility of the FORD, consideration should be given to the compatibility of
the device with potential EOR strategies. Due to the chemical and solubility
characteristics of PDMS, testing EOR strategies that involve caustic or organic solvent
should be avoided *2. While it is unfortunate that these fluids cannot be used within the
FORD, fluids with these characteristics should also be avoided when using existing
microfluidics capable of core flooding. If thermal EOR strategies are sought, heating of
the FORD above 250 °C should be avoided to prevent thermal degradation.®® Failure as

a result of internal pressure within the FORD was not thoroughly investigated but fluid

injection velocities of 1 mL/min were found to cause the PDMS layer to bow, which
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resulted to fluid flowing over instead of along the rock sample’s features. Because of
this, it can be assumed that high internal pressures will likely cause undesirable flow
above the rock sample before the device reaches an internal pressure that causes it to
critically fail. With any analytical tool there are limitations to consider and the FORD is
no exception. Despite the incompatibility of some EOR strategies with the FORD, there
are still many core flooding methods that can be investigated.

Two-dimensional micromodels capable of carrying out immiscible visual and non-
visual core flooding experiments can be found in the literature.?>?*343 Similar to the
FORD and naturally occurring reservoir rock, existing micromodels can contain diverse
distributions of pore sizes between 100 and 1000 um and have shown differences in
flooding behavior due to initial wetting conditions.?*%***3"38 Other phenomena like
capillary fingering, trapped residual non-wetting fluid and variations in displacement fluid
fronts occur in both current micromodels and the FORD.**?*%324 Although similar results
are seen, observations within the FORD potentially provide additional information and
are more representative of flooding that occurs within a reservoir due to the use of
actual reservoir rock and thus represents an important bridge between fully synthetic

microfluidic devices and traditional core floods.

Conclusion

We have designed and fabricated a microfluidic device called the Flow On Rock
Device (FORD) that incorporates naturally occurring reservoir rock core samples into
microfluidic devices for studying oil recovery. Because the FORD utilizes reservoir rock

samples, design and fabrication of complex porous two-dimensional networks using
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microfabrication is unnecessary. Another benefit of the FORD lies in its simplistic
fabrication process that involves three simple steps and less than 45 min of active labor.
The FORD also requires no chemical, plasma or intense heat treatment to form a
sealed microfluidic device, minimizing unintended chemical modifications to the rock.
Core flooding experiments were successfully performed using both sandstone and
shale to demonstrate the broad applicability. The FORD successfully illustrated the
predictable differences in behavior due to initial wetting conditions in flooding
experiments and exhibited common phenomena like capillary fingering, trapped residual
non-wetting fluid and variations in displacement fluid fronts.>*?* The difference of
fingering events that occur on sandstone and shale illustrates the need to model core
flooding using porous networks that are specific to the field sites targeted for EOR.
Moving forward we will perform core flooding experiments that include fluids that are
typically used in EOR and study the impact of the presence of ionic species with the

goal of improving oil recovery efficiency.
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CHAPTER 4. SELECTIVE DISTANCE-BASED K" QUANTIFICATION ON PAPER-
BASED MICROFLUIDICS

In this study, paper-based microfluidic devices (UPADs) capable of K*
quantification in aqueous samples, as well as in human serum, using both colorimetric
and distance-based methods are described. A lipophilic phase containing potassium
ionophore | (valinomycin) was utilized to achieve highly selective quantification of K* in
the presence of Na*, Li* and Mg?* ions. Successful addition of a suspended lipophilic
phase to a wax printed paper-based device is described and offers a solution to current
approaches that rely on organic solvents which damage wax barriers. The approach
provides an avenue for future alkali/alkaline quantification utilizing yPADs. Colorimetric
spot tests allowed for K™ quantification from 0.1-5.0 mM using only 3.00 yL of sample
solution. Selective distance-based quantification required small sample volumes (6.00
ML) and gave responses sensitive enough to distinguish between 1.0 and 2.5 mM of
sample K*. yPADs using distance-based methods were also capable of differentiating
between 4.3 and 6.9 mM K* in human serum samples. Distance-based methods
required no digital analysis, electronic hardware or pumps; any steps required for
quantification could be carried out using a naked eye. This work has been published in

the ACS journal Analytical Chemistry (2018, 90 (7), pp 4894—-4900).

Overview
Alkali and alkaline earth metals like K*, Na* and Ca** ions are known to impact
human and crop health.'? Prolonged inadequate biological availability of these

elements in food and drinking water can lead to many complications involving the
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neurological, metabolic, and skeletal systems in animals.** Crops grown in soils without
sufficient quantities of K* give rise to plants with poor health and decreased production.®
A portion of a population’s ability to function as a healthy society is dependent on food
production, potable water availability, and adequate nutrition. Beyond food and water,
precise measurement of these metals is also pertinent for human health and can be
critical for successful recovery in medical settings.®’ Considering that alkali/alkaline
earth metals contribute significantly to both human and plant health, the quantification of
these metals can be considered essential to maintaining a healthy population.

Current systems for quantifying alkali/alkaline metals involve colorimetric or
electrochemical methods. Unfortunately, performing analysis using electrochemical
methods necessitates instrumentation that requires a power source. Electrochemical
methods also often require trained professionals to successfully quantify ion
concentrations. Microfluidic paper-based analytical devices (UPADs) capable of
electrochemical detection have been employed to partially circumvent the limitations of

traditional electrochemical systems;®°

these devices can be disposable, are less
expensive, possess reasonable portability, ease of usability, reasonably low detection
limits and even passive solution pumping. However, yPADs utilizing electrochemical
methods are also limited by the requirements of traditional electrochemical
instrumentation that include the need for trained professionals and powered hardware.
MPADs designed for use in developing regions would ideally be simple and electronic
free to increase portability and ease-of-use. Paper-based quantification methods
utilizing colorimetry offer an instrument free approach that cannot be achieved with

traditional quantification techniques.'®*2
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Recent publications have shown that colorimetric and distance-based methods
have the capacity to successfully quantify metals using pPADs.**** Colorimetric
methods rely on color changes that occur because sensing molecules react with the
analyte in question; generally, more color change is equated to more analyte. Some
devices exhibit color changes that are capable of being monitored using the naked eye
which increases portability but at the cost of limiting assay sensitivity."> The full
capability of colorimetric devices is realized when the color change is digitally
scanned/photographed then analyzed using image processing software but this
approach requires hardware and electronics.***°

Distance-based uPADs depend on changes in color or fluorescence along a
channel that contains sensing molecules.’*'"** As sample travels along the channel,
the sensing molecules on the channel consume analyte causing a color change. After
the analyte has been consumed no more color change occurs even though the sample
solution continues to travel along the channel. The distance at which the
color/fluorescence change ends can be correlated to analyte concentration. Distance-
based methods offer the ability to perform single step analysis since quantification of
analyte in samples does not require any additional image analysis or external analysis
equipment like in the case of colorimetric-based devices or electrochemical methods.
Both colorimetric and distance-based detection methods for alkali/alkaline metals in
MPADs exhibit the advantages of paper-based devices while not containing components
that would require advanced training to operate. However, distance-based quantification
requires no additional hardware or instrumentation thus increasing portability and

facilitating deployment to regions without access to additional technologies.
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Many examples involving the quantification of transition metals on yPADs have
been published,**?° however, there are few reports involving the colorimetric or distance
based-detection of alkali/alkaline metals on paper. Given that alkali/alkaline metals
affect human and environmental health, there is certainly a desire for portable,
inexpensive quantification methods but a lack of yPAD compatible sensing materials
has thwarted development of these devices. Sensing materials like potassium
ionophore 1, sodium ionophore IV and calcium ionophore IV have been shown to be
highly selective for their respective metal ions.”?** Some of these ionophores are
naturally occurring compounds with specific ion binding motifs that provide high
specificity but are limited in applications due to their hydrophobicity and required
lipophilic solvents. Addition of lipophilic sensing reagents to yPADs requires that the
interactions between the lipophilic phase and the hydrophobic barrier be minimized due
to the lipophilic solvent’'s ability to dissolve the hydrophobic wax barrier that is
commonly utilized to fabricate uPADs.??® Additionally, sensing components that require
a lipophilic solvent like THF cannot be used due to the quantity of sensing component
that is lost to the hydrophobic barrier. For these reasons, ionophores can normally not
be used to directly quantify species of interest in aqueous samples using UPADSs.
However, publications involving optode nanosensors have provided a functional method
to bypass the hydrophobic characteristics of ionophores by suspending a lipophilic
organic phase that contains ionophores and other sensing components in H,O as
microemulsions.?”*

Optode nanosensors are classified as organic spheres that are suspended in an

aqueous solution and act as optical sensors.?” The nanosphere-sized organic phase
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droplets function as a reaction vessel containing sensing species that would not
normally dissolve in an aqueous phase. Instead of trying to bring the lipophilic sensing
components into the aqueous phase where the metal ion analyte is present, the optode
transports the analyte into the organic phase interior of the nanosphere. Transportation
of the ionic analyte from the aqueous to the organic phase is performed by the
ionophore species giving rise to high selectivity.3 To balance the positively charged
metal ions that are brought into the optode, an ion exchanger is employed that will
transfer cations to the surrounding aqueous phase to retain electrical neutrality.
Continued consumption of the metal ion analyte results in the depletion of the ion
exchanger and a positively charged species must still be removed for the organic phase
to retain its net charge of zero. A chromoionophore present in the optode becomes
deprotonated to accommodate for the sustained consumption of the metal ion analyte
and depleted ion exchanger. Upon deprotonation, this chromoionophore will visually
change color. The resulting color change in solution indicates a titration endpoint that is
largely dictated by the ion exchanger loaded into the organic phase. Aqueous solutions
containing suspended optodes have been shown to selectively quantify alkali/alkaline
metals in biologically and environmentally relevant concentrations.3?*°

Optodes offer a unique functionality that takes advantage of the selectivity of
ionophores while circumventing their hydrophobicity. With this in mind, we have created
MPADSs that utilize the organic nanospheres as a tool to deposit the sensing components
during fabrication while retaining the lipophilic phase’s ability to selectively quantify K*
metal ions. Wang et al. demonstrated that lipophilic solutions, based on chemistry

previously explored by Xie et al., containing ionophores can be added to portions of
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paper and possess the ability to colorimetrically quantify Na* in sample solutions.?”*

However, the requirement of using THF as the lipophilic solvent instead of suspending
the organic phase as nanospheres in H,O prevented the ionophores from being used in
MPADs. We have found that suspension of the organic phase in H,O allows for the
evaporation of incompatible THF before depositing the spheres on paper and
circumvents the lipophilic solvent requirement. To the best of our knowledge, optode
materials have not been utilized in yPADs that operate using distance-based methods
to quantify alkali/alkaline metals. Herein we have described wax printed yPADs that
employ colorimetric and distance-based methods to selectively quantify relevant K*

concentrations in aqueous solutions.

Experimental
Materials and Equipment

Potassium ionophore |, chromoionophore | (CH1), sodium tetrakis[3,5-
bis(trifluoromethyl) phenyllborate (NaTFPB), Pluronic F-127, bis(2-ethylhexyl)sebacate
(dioctyl sebacate, DOS, 297% purity), tetrahydrofuran (THF, anhydrous, 299.9% purity),
potassium chloride (299.0% purity), sodium chloride (299.5% purity), lithium chloride
(299.0% purity), magnesium chloride hexahydrate (99% purity), sodium hydroxide
(297% purity), tris(hydroxymethyl)aminomethane and concentrated hydrochloric acid
(HCI) were acquired from Sigma-Aldrich® (St. Louis, MO) and used without further
purification. Level 1 and level 2 control serum was acquired from Pointe Scientific, Inc.
(Canton, MI), was reconstituted using 5 mL of 18.2 MQ*cm water, and used without

further purification. Pointe Scientific, Inc. provided values for K* concentration in serum
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samples. Aqueous solutions were prepared in 18.2 MQ*cm water from a Millipore Milli-
Q® purification system (Millipore, Billerica, MA). Whatman™ No. 4 qualitative-grade
filter paper was purchased from GE Healthcare UK Limited (Buckinghamshire, UK).
CorelDraw® software was used to design the hydrophobic wax barrier for all fabricated
devices. Hydrophobic wax barriers were printed on filter paper using a commercial wax
printer (Xerox Colorqube® 8870). Devices were sealed using Scotch™ heavy duty
packaging tape purchased from 3M® (St. Paul, MN). Photographs for colorimetric
analysis were taken using a Motorola Z Play cellphone and homemade light box.

ImageJ software (National Institutes of Health) was used for image analysis.

Nanosphere synthesis

Potassium ionophore | (7.85 mg), NaTFPB (1.78 mg), CH1 (0.75 mg), Pluronic F-
127 (5.0 mg) and DOS (6—8 mg) were dissolved in 3.0 mL of THF; this solution will
hereafter be referred to as the “cocktail.” 1.5 mL of H,O was vortexed at 1000 rpm and
0.5 mL of the cocktail solution was injected into the H,O via pipette. Compressed air (~
8 psi) was blown into the vial containing the nanosphere suspension for 70-80 mins to
evaporate THF and concentrate the suspension until the remaining solution weighed

60% of the initial injected cocktail’'s mass.

Dynamic Light Scattering
Dynamic light scattering (DLS) measurements were performed with a ZetaNano
ZS (Malvern Instruments Ltd., Worcestershire, UK) device equipped with a He/Ne laser

operating at 633 nm as a light source and an avalanche photodiode as a detector. The
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experiments were carried out at a scattering angle of 173° in standard plastic cuvettes.
The hydrodynamic radii were calculated from the average of 5 individual measurements
for which each correlation function was accumulated for 20 s. The translational diffusion
coefficients were obtained from the correlation functions using the second order
cumulant fit.3*® Concentrated optode suspensions contained nanosphere particles 178 +

3 nm in diameter with a polydispersity index of 0.071.

UPAD Fabrication

To create a hydrophobic barrier, pieces of Whatman™ No. 4 filter paper
containing a wax printed design were placed design side down on a 150 °C hotplate for
90 s. A single 4” x 5” x 1/8” piece of aluminum was placed on top of the filter paper to
ensure the paper kept conformal contact with the hotplate. For distance-based devices,
portions of the devices designated to be reservoirs were removed using a 4 mm punch.
The nanosphere suspension used for detection was pipetted onto colorimetric and
distance-based devices using 6 x 0.75 gL and 5 x 5 pL aliquots respectively. Devices
were dried for 90 s between applied aliquots using compressed air. For distance-based
devices a single piece of packing tape was used to seal the top of the device followed
by one reservoir space being removed using a 4 mm punch to allow for sample
injection. Three layers of packing tape were applied to the backs of both colorimetric

and distance-based devices to seal the device and provide rigidity.
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K" Quantification and Metal/pH Interference Studies

Colorimetric and distance-based K* detection was carried out using 3.00 and
6.00 uL of sample respectively. Colorimetric-based devices were photographed after
having been exposed to sample solutions for 5 min. The length of region that changed
color in distance-based devices was measured 5 min after injection of sample using a
standard metric ruler. Metal interference studies using Na*, Li* and Mg?* were all
performed using 100.0 mM concentrations that were present concurrently with the K*
sample. pH interference studies were carried out using solutions containing 5.0 mM
KCI, 10.0 mM Tris and HCI to adjust the pH to 6, 7 and 8 (9.9, 9.3 and 5.6 mM HClI,

respectively).

Image Analysis

All image analysis was carried out using ImageJ software. Images were
processed by separating the color channels into red, green and blue. The red channel
was used to quantify the colorimetric changes that resulted from the addition of sample
solutions. The mean pixel intensity of device spots was determined using ImageJ
software tools to create analysis zones that were perfectly circular and 150 image pixels
in diameter. Mean pixel intensities were imported into Excel (14.6.0, Microsoft®) for
analysis. The colorimetric titration curve in Figure 4.3 was acquired by smoothing data

using GRAMS/AI™ software (Thermo Fisher® Scientific).
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Results and Discussion
Colorimetric-Based Detection

A few recent examples of detection and quantification of alkali earth metals in
aqueous samples have been published using colorimetric methods;**** however, these
recent methods are either incompatible with yPADs or involve a multilayered uPAD.
With simplicity in mind, addition of nanosphere suspensions to wax printed paper-based
spot devices was initially accomplished using one 5.00 uL aliquot followed by allowing
the H,O to evaporate until the device was dry. Although the organic nanospheres are
present in the H,O solution, evaporation of the H,O causes the organic phase to deposit
on the paper as a bulk phase. Wang et al. previously showed that the bulk organic
phase is capable of K* quantification suggesting that suspended nanospheres act purely
as a vehicle that facilitates deposition of the organic phase onto a PYPADs.** The
resulting device, which contained the organic sensing phase, allowed for K* detection in
the range of 0.1-5.0 mM using 3.00 pL of solution sample and a logarithmic fit was
applied which gave a R? value of 0.986 (Figure 4.1.A, n = 5). 10.0 mM K* was also
tested in these devices but there was no color change between 5.0 and 10.0 mM
suggesting that the device was saturated beyond 5.0 mM K*, which is common with
colorimetric yPADs.*”*® Detection spots exhibited the “coffee ring” effect (Figure 4.1.B)
making naked-eye detection difficult due to non-homogeneous color change.*** To
minimize the coffee ring effect, 6 x 0.75 uL (4.50 uL total) aliquots of the nanosphere
suspension were pipetted on to the spots and were allowed to dry between suspension
applications (Figure 4.1.C). Total drying time was increased to 9 mins from 5 mins when

using the multiple aliquot method instead of a single aliquot method. Multiple low
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Figure 4.1. A) Calibration curve for spots with the coffee ring effect (orange) and
spots without rings (green). B) Colorimetric spot tests that exhibit the “coffee ring”
effect and were fabricated using a single aliquot of the sensing phase suspension. C)
Colorimetric spot tests exhibiting homogeneous sensing phase distribution via

multiple applied aliquots
volume aliquots provided detection spots with a seemingly homogeneous distribution of
the lipophilic phase on the surface. K* detection performed using spots that did not have

the coffee ring effect gave smaller error bars when compared to spots that possessed
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the rings (Figure 4.1.A, R? = 0.988, n = 5). It should be noted that K* concentrations are
quantified using only 3.00 yL of sample solution meaning that relatively small sample

volumes are required to analysis.

Distance-Based Detection

Quantification of alkali/alkaline earth metals in yPADs has been previously
reported via the use of colorimetric methods but require an external camera and
software for analysis that limit portability and simplicity.*®** To further increase
portability, minimalism, and usability in regions with limited infrastructure a distance-
based yPAD was designed that costs ~$0.70 (plus fabrication labor) per assay. Our
distance-based devices were shown to be effective at quantifying 1.0-10.0 mM of K*
using 6.00 pL of aqueous sample (Figure 4.2). Quantification of K* was carried out
using distance-based devices designed to have channels that were 30 mm long and 1
mm wide; paper portions of the device on either end of the channel were also removed
so the channel ended at hydrophobic regions created using packaging tape. Removing
the channel ends allowed for complete injection of aqueous samples and the ability to
quantify the concentration of sensing molecules per unit area since no reagents or
sample are lost to sample loading or waste regions. Before adding sample solutions, the
channels are a distinctive blue and change to a reddish-purple color upon the addition
of samples containing K*. The color transition from the region exposed to K* (reddish-
purple) to the region where K" is no longer present (blue) due to consumption by the
lipophilic phase is sharp and easily identified by eye. Color transitions occurred at 5.5 +

0.5, 9.5 + 0.4, 13.6 = 0.5 and 18.8 + 0.8 for 1.0, 2.5, 5.0 and 10.0 mM K" respectively
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Figure 4.2. Quantification of K* using a distance-based pyPAD. The sample K*
concentrations analyzed were 1.00, 2.50, 5.00 and 10.0 mM. Each device was testing
using 6.00 uL of aqueous sample
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(RSD: 9.1, 4.2, 3.7 and 4.3%, n = 5). Even in the case of the largest standard deviations
acquired for distance-based tests showed that the devices possessed the sensitivity to
successfully quantify and identify 1.0 mM versus 2.5 mM K" in a 6.00 yL sample.
Limiting the sample volume required to perform quantification tests provides a
significant advantage when compared to other methods that may require larger sample
volumes. It should also be noted that devices were used immediately following
fabrication to acquire experimental results but devices stored in a cool dark place for 7
days did not show any additional varience.

As with most titration methods, the color transition (endpoint) that is identified by
the device’s user was hypothesized to occur at a distance different than the actual
equivalence point. Comparison of the color transition and equivalence point were
compared by collecting pixel data from one device tested with 10 mM K”. A single line of
pixels along the device was analyzed, graphed and smoothed for interpretation (Figure
4.3). Finding the equivalence point of the graph required that the maximum slope of the
curve be determined by taking the second derivative of the smoothed data. A graph of
the second derivative will give a major inflection point at the position of maximum slope.
After the second derivative was taken, a major inflection point at 21.3 mm was found
suggesting that the equivalence point exhibited by the device does indeed occur after
the color transition (18.8 mm) that is used to quantify sample solutions. Although the
observed color transition and true equivalence of the device do not agree, the ability of
the device to quantify K* in aqueous sample is unaffected as long as the devices are

calibrated and used consistently.
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Figure 4.3. Red channel mean gray pixel intensities were collected along a straight
line from a device tested with 10 mm KCI (green). Data were then smoothed using
GRAMS/AI software and plotted (black). The smoothed data are representative of a
titration curve that provides an equivalence point at 21.3 mm
Device Selectivity
Potassium ionophore | (valinomycin) is well studied and well known for its K*
binding constant that is 100,000 times larger than its Na* binding constant. ??*** The
ionophore’s high selectivity makes it an excellent choice for quantifying K* especially
when dealing with aqueous samples that likely contain other ion sources. To test the
colorimetric devices for K* selectivity 1.0, 10.0 or 100.0 mM of NaCl was added to

sample solutions. Table 4.1 illustrates the differences in colorimetric responses for K* as

a function of [Na']. It is clear from these results that the introduction of Na* does not
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Table 4.1. Colorimetric quantification of K* in the presence of Na'. All values are the
mean gray pixel intensity for the isolated red channel

_ 0.1 mM K* 1.0mMK* | 10.0 mM K*

0.1 mM Na* 40.03 53.72 91.30
1.0 mM Na* 40.60 53.34 91.74
10.0 mM Na* 41.20 54.30 91.28
100.0 mM Na* 41.33 54.55 91.93

affect the colorimetric results significantly. Quantification of 0.1, 1.0 and 10.0 mM K" is
still able to be colorimetrically determined even in the presence of 100.0 mM Na®.
Interestingly, when 100.0 mM Na" is present while performing distance-based
experiments the color transition occurs 1.5-3.0 mm farther down the channel than when
just K" is present. To determine if the increased distance of the color transition was a
selectivity issue, LiCl and MgCl, (100.0 mM) were both added to sample solutions since
potassium ionophore 1 is known to have inconsequential or zero binding affinity for Li*
and Mg?*.** Samples containing Li* and Mg®* were found to increase the distance of the
color transition by 1.5-3.0 mm like Na" (Figure 4.4, n = 3). Considering the increased
distance of the color transition in the presence of Li* or Mg?*, and lack of significant
selectivity of potassium ionophore | for either ion, the change in the distance of the color
transition due to Na" is believed not to be a selectivity issue but more likely the result of
changes in activity coefficient and flow rate as a result of the increased ionic strength. A
solution containing 10 mM KCI, and a solution containing both 10 mM KCI and 100 mM
NaCl exhibit activity coefficients of 0.800 and 0.811 respectively. Increasing the ionic

strength decreased the flow rate. Sample solutions containing 10 mM KCI + 100 mM

92



24 r

E OKClI

= OKCI + NaCl (100 mM) e
220 | —Kcl+LiCl (100 mM)

g KCI + MgClI2 (100 mM) _,,CI)
5 [

o = e

516 I

3

E )

5

s12 & -

g

5 O

o 8 F ,’

I 0

o 4 1 [ 1 1 1

0 2 4 6 8 10
KCI Concentration (mM)

Figure 24.4. Distance-based quantification of K* in the presence of 100 mM Na®, Li*
and Mg~*

NaCl required 220 = 5 s (n = 3) to travel 20 mm while a sample solution containing only
10 mM KCl required 202 £ 2 s (n = 3) to travel the same distance. This decrease in flow
rate combined with the moderate increase in activity coefficient is likely the source of
the change in distance of the color transition. In yPADs a decrease in flow rate has

.** Due to the null binding

been previously observed to correlate to an increase in signa
affinity of potassium ionophore | for Li*/Mg®', it is reasonable to assume that a
significant increase in signal when these species are present is due to a decrease in
flow rate. The cause of the change in flow rate is still under investigation.

Distance-based devices were also tested using undiluted human control serum

samples to determine the effectiveness of the distance-based yPADs at quantifying
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potassium in real biological samples. Interestingly, the color change resulting from the
serum samples was redder when compared to the color change of aqueous K* samples
and made determination of the color transition relatively more difficult but still attainable.
Human control serum samples containing 4.3 + 0.5 (level 1 serum) and 6.9 + 0.5 mM K*

(level 2 serum) gave distance-based responses of 14.6 + 0.9 and 16.9 + 0.6 mm,

respectively (Figure 4.5, n = 4). According to the calibration curve, the level 1 and 2

Level 1
Serum

Level 2
Serum

10.0
mM KCI

Figure 4.5. Distance-based quantification of K in level 1 and 2 human serum
compared to an aqueous sample containing 10.0 mM K*

serum samples should have given responses of 13.3 and 16.0 mm. The increase in
distance response was again likely due to a decrease in flow rate but this time caused
by an increase is viscosity. Levels 1 and 2 serums required 320 £ 20 and 520 + 20 s,
respectively, to travel 20 mm within the yPAD channel, which is a considerable
decrease in flow rate compared to values discussed above. It should also be noted that
serum samples traveled a shorter total distance when compared to aqueous samples
containing only K*; this is again likely due to an increase in viscosity of the serum

samples. For the level 2 serum samples the channel changed from blue to a darker red
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color instead of reddish-purple making it more difficult to identify the color transition,
which was likely due to the naturally occurring yellow color exhibited by that serum
sample. Although the flow rate decreased dramatically, the distance-based yPAD was
capable of distinguishing between 4.3 and 6.9 mM K" in real serum samples. An
increase in the distance of the color transition due to flow rate suggests that selectivity
of the organic sensing phase is retained when applied to paper-based microfluidics.
Since flow rate can be accounted for during device calibration, these devices illustrate
the capability of ion quantification in complex/multi analyte systems as well as in real

biological samples.

pH Independence

Given that devices employed in medical diagnostics or environmental analysis
operate under a wide range of conditions we tested our distance-based devices in a
range of pH values. To test for pH dependency of our devices, we used 5.0 mM KCl in
all sample solutions along with 10.0 mM Tris and varying quantities of HCI to adjust the
pH to 6, 7 and 8 (9.9, 9.3 and 5.6 mM HCI respectively). Upon addition of sample
solutions at pH 6, 7 and 8, color transitions occurred at 17.2 £ 0.3, 16.8 + 0.3 and 15.5 +
0.5 mm (n = 3) respectively. Color transition for the sample containing 5.0 mM KCI and
no buffer occurred at 13.6 £ 0.5 mm. A shift in the distance of the color transition using
samples that contain a buffer is expected due to the buffer’s previously observed
propensity to interfere with the CH1 sensing component.*® Sample solutions at pH 6 and
8 provided the greatest difference at which the color transition occurred (17.2 and 15.5

mm); this 2 orders of magnitude change in [H'] still only resulted in less than a 10%
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increase in the distance of color transition. Previous literature has shown that the
response of CHL1 is highly pH dependent but pH effects can be minimized by carrying
out the measurement in an exhaustive mode, that is the analyte is completely
consumed by the sensing components.*’*® Nanospheres suspended in an aqueous
solution have the capacity to perform titrations using an exhaustive mode since
solutions can be continually mixed until all K* is consumed and equilibrium is reached.
Unfortunately, the bulk sensing phase loaded on to the yPADs does not possess the
surface area of the suspended nanospheres and consumption of K* occurs slower as
sample solution flows along the channel. Due to these inherent disadvantages of
uPADs it is difficult to exhaustively consume the K* analyte. However, a <10% shift in
the distance of color transition can easily be accounted for either during the device’s
fabrication or in a calibration curve even if an exhaustive titration mode is not plausible.
It could also be possible to increase the consumption of K by reducing the flow rate
within the device; using a pore filler such as sugar would reduce the rate of capillary

flow and possibly shift the device towards more of an exhaustive mode.*°

Conclusion

The ability to selectively quantify alkali/alkaline metals in aqueous solutions is
critical to both human and environmental health. Unfortunately, there are currently no
electronic free and portable quantification methods with the ability to measure
alkali/alkaline metals. Paper-based microfluidics offer a platform to minimize equipment
required to make sophisticated chemical measurements. Highly selective lipophilic

ionophores located in organic nanospheres provide the capacity to colorimetrically
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quantify specific alkali/alkaline metals but these methods still require that devices be
digitally recorded and processed with software. yPADs utilizing distance-based methods
possess portability, disposability and cost effectiveness while requiring no additional
electronic equipment. Herein, we have demonstrated for the first time yPADs capable of
both colorimetric and distance-based methods using a wax printed paper-based device
for the quantification of alkali earth metals. Although the yPAD described herein was
fabricated using a wax-printing method, the method used for depositing the sensing
reagents should be compatible with all paper-based devices regardless of fabrication
method. Our devices can selectively, and with minimal pH dependency, quantify K* ions
in aqueous solutions while also being sensitive enough to distinguish between 1.0 and

2.5 mM K" in aqueous samples as well as 4.3 and 6.9 mM K in human serum samples.
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CHAPTER 5. CONCLUSION

As the global population continues to grow and resources continue to be
consumed, there is an increased demand for the ability to rapidly assess environmental
systems using robust, inexpensive, and portable analytical tools. These tools are sought
by all kinds of groups: from industrial entities that want to accurately develop more
efficient processes, to people in living resource limited regions that desire the ability to
inexpensively assess their environment to prevent exposure and improve crop yields.
Due to recent technological advances and fulfillment of the aforementioned criteria,
many researchers have suggested the use of microfluidics to fulfill this growing need.
Throughout my graduate career | have utilized microfluidics as an analytical tool in a
variety ways that pertain to the environment. Within this dissertation | have discussed 1)
the usage of traditional polymeric microfluidic devices to study fundamental properties
of surface chemistry 2) the design and fabrication of a microfluidic device to study fluid
dynamics within convoluted media and 3) the development of a microfluidic paper-
based analytical device (WPAD) to selectively quantify K* in complex samples.

During my first project, we used the current monitoring method paired with a
traditional polymeric microfluidic device to observe relative changes to zeta potential.
This was done to dynamically investigate the hypothesized cation bridging phenomenon
that was suggested by the existing literature to be the limiting factor for the efficiency at
which oil recover could occur.?® Beyond oil recovery, the impacts of cation bridging can
also be understood as a contributing factor for surfactant surface fouling.*> Cation

bridging involves the interaction of a negatively charged surface with a like-charged
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surfactant species that is facilitated by divalent metal ions. Specifically, researchers
found that systems containing Ca** reproducibly increased adsorption of surfactants to

like-charged surfaces.>®

While the effect of cation bridging had been previously
observed by other researchers, the actual mechanism by which Ca®" facilitates
surfactant adsorption was not entirely understood due to the lack of time resolved
binding studies. By using the current monitoring method paired with microfluidics we
were able to observe relative changes to the surface binding environment as a function
of time. When performing our experiments we found that adsorption of negatively
charged 2-napthoate to a negatively charged surface increased as the concentration of
Ca®" increased. Interestingly, we also observed that increasing system Ca®* caused
equilibration time of surfactant adsorption to increase. Another experiment alluded to
the effects of metal ion charge density. When two metal ions of the same formal charge
(K*/Na* or Ca?*/Mg®") were introduced, the metal ion with the greatest charge density
caused a greatest change to the surface charge. These observations provide important
time-resolved evidence for the cation bridging effect and contribute to the scientific
community’s understanding of this phenomenon. Future research pertaining to cation
bridging must investigate how divalent metal ions’ charge density contributes to the
adsorption of surfactants. Other topics pertaining to the structure of the surfactant
(conjugation, functionalization, hydrophobicity, etc.) could provide further insight into
cation bridging. Combination of the methods we used with surface selective sum
frequency generation (SFG) spectroscopy could also provide information on the
orientation of adsorbed surfactant molecules in the presence and absence of divalent

metal ions.
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My next project involved the design and fabrication of a microfluidic device to
model fluid interactions within an oil reservoir. During the oil recovery process the
natural pressure of an oil reservoir is initially used to recover oil. As that pressure
diminishes aqueous fluids must be pumped into the reservoir to displace/recover
additional oil, this process is called “core flooding”.”® Development of more efficient
core flooding strategies will allow oil recovery to continue in mature reservoirs where
infrastructure is already in place, which minimizes further environmental impact.’
Current large-scale methods for testing core flooding strategies are expensive and can
take years to acquire experimental results.*®*! In an effort to reduce operational cost
and experimental times, small-scale methods taking place in a laboratory setting have
also been used to model core flooding.*? However, these methods utilize large reservoir
rock core samples that are expensive, require long equilibration times, and require
specialized instrumentation for flow imaging due to the opaque nature of the rock
cores.’®* To avoid the disadvantages of both large and small-scale core flooding
methods researchers have proposed using specifically designed and commercially
available microfluidic devices to carry out core flooding experiments. Unfortunately
these devices have their own disadvantages: the accuracy at which they replicate the
chemical and physical properties of the reservoir rock.™?’ To improve on the
micromodels available, we developed the polymeric-based microfluidic Flow On Rock
Device (FORD) that incorporated thin slices of real reservoir rock core samples. By
incorporating reservoir rock samples directly into the device we avoided the need to
physically recreate the reservoir rock sample’s physical characteristics. Furthermore,

the chemical properties of the reservoir rock sample are inherently present within the
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sample and do not need to be simulated during core flooding experiments. While using
the FORD we observed predictable fluid-fluid interactions and variation in the quantity of
unrecoverable oil when controlling the initial wetting conditions of the rock sample.
When samples of different morphologies (sandstone vs. shale) were used, the physical
variance of the reservoir rock samples was also observed. The FORD is important to olil
recovery research because it is a chemically and physically representative device that is
inexpensive, does not require specialized instrumentation, and can be used to rapidly
test different oil recovery strategies designed for specific reservoirs.

Lastly, my third project involved the creation of a yPAD capable of quantifying K*
in aqueous samples. Human and crop health are both effected by alkali and alkaline
earth metals found in the environment.*®?° Typically, electrochemical methodologies are
used to quantify these metals.?"** While effective, these methods require the use of an
electrical power source that increases their cost and complexity, reduces their portability
and limits experimental quantification to laboratory settings. If experimental
quantification of alkali/ne earth metals is to occur outside of the laboratory, then portable
power-free analytical tools must be developed. Colorimetric pyPADs have been
suggested for portable field quantification due to their capacity to store experimental
sensing reagents and ability to process aqueous sample volumes without the need for
external pumps. Until the research described in this dissertation, there has not been an
power-free JPAD available to selectively and quantitatively measure alkali/ne earth
metals.?* The lack of yPADs to quantify these metals is largely due to the absence of
corresponding aqueous soluble colorimetric sensing reagents. Recently, researchers

have found that the lipophilicity of sensing reagents can be circumvented by the use of
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spherical lipophilic reaction vessels called “optode nanosensors” that are suspended in
aqueous solutions.”® To create colorimetric PPADs capable of detecting K* we
deposited K* sensing optodes on a filter paper substrate. By using optodes paired with
colorimetric yPAD spot tests we found that we were able to increase the sensitivity and
quantifiable range of K* exhibited by existing devices. Additionally, and were also able
to develop the first yPAD capable of quantitatively assessing the concentration of K*
using a distance-based analysis mode. This distance-based yPAD was observed to be
highly selective and capable of differentiating between 4.3 and 6.9 mM K" in real
undiluted human serum. Successful analysis using complex human serum alludes to
the high selectivity and sensitivity of the distance-based uPAD and suggests that this
device would also be appropriate for analyzing highly complex environmental samples.
The development of this yPAD technology provides a foundation for new inexpensive,
selective, and portable devices to quantify alkali/ne earth metals in environmental and
biological samples. Multiplexed yPADs capable of simultaneously quantifying multiple
alkali/ne earth metal analytes are now possible due to the highly selective nature of
optode nanosensors. Optodes can also be used to create “elimination zones” within
MPADs to selectively remove interfering ions that would otherwise hinder a specific
assay. Optimized variations of this distance-based device could also be used as a point-

of-care analytical tool to assess human health.
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APPENDIX 1. QUANTIFICATION OF ENVIRONMENTAL PHOSPHATE USING
MICROFLUIDIC PAPER-BASED ANALYTICAL DEVICES

In this appendix, the quantification of environmental phosphate using microfluidic
paper-based analytical devices (UWPADs) will be discussed. The objective of the
following discussion is to provide a foundation for future research using the author’s
preliminary experimental observations combined with recent advances found in the
literature to ultimately create an integrated sensor for phosphate and potassium.
Complications and challenges performing phosphate quantification will be presented. It
should be mentioned that Mr. Kieran Simske (SBME undergrad) helped with
development of the diameter-based phosphate quantification and that his efforts were

greatly appreciated.

Overview

Phosphate contributes significantly to plant biological processes and is
associated with agricultural crop health and vyield. Plants acquire phosphate by
absorbing the essential nutrient from soil and water through roots.™? All kinds of living
organisms require phosphate to perform crucial biological processes including oxidative
phosphorylation that forms adenosine triphosphate (ATP), which is used to transport
cellular energy.? In plants failed formation of ATP causes reduced seasonal yields and
undesirable effects on reproductive health.> Although its presence is essential,
excessive biological phosphate concentrations can result in well documented phosphate
toxicity that causes cellular damage and health complications.*® In general, plant

species are more likely to experience insufficient phosphate concentrations than
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toxicity. Low phosphate concentrations in plants can occur when soil/water sources are
depleted and/or when not enough phosphate is applied to agricultural soil/water via
fertilizer. Since inappropriate phosphate concentrations can lead to biological
complications in agricultural plants, quantification of environmental phosphate is critical
for optimizing the crop health.

Phosphate is typically quantified using methods requiring bulky and expensive
instrumentation that includes: 1 and 2D Nuclear Magnetic Resonance, Infrared and
Raman Spectroscopy, Quadrupole-Time of Flight MS/MS, High Resolution-MS,
Nanoscale Secondary lon Mass Spectrometry, X-ray Fluorescence, X-ray Photoelectron
Spectroscopy, X-ray Absorption Spectroscopy, and Ultraviolet—visible spectroscopy, the
later of which is the most common.® While these methods are effective, they are not
portable and limit quantification to a laboratory setting. Unfortunately, this lack of
portability prevents people living in resource limited regions from assessing the
phosphate content found in their agricultural soil/water. In an attempt to provide
disadvantaged peoples with the capacity to quantify phosphate, highly portable
microfluidic paper-based analytical devices (UPADs) have been suggested as an
alternative to typical instrumentation.

To quantify phosphate using colorimetric yPAD spot tests, researchers have
relied on a colorimetric reaction that forms a blue-colored phosphoantimonyl-
molybdenum complex (PMB). Under acidic conditions, the reaction of uncolored
potassium antimony (lll) - tartrate hydrate, ammonium molybdate tetrahydrate, and
orthophosphate first produce an intermediate antimony-phosphomolybdate complex.

Reduction of this intermediate complex results in blue-colored PMB.® Unfortunately, the
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potassium antimony (lll) - tartrate hydrate and ammonium molybdate tetrahydrate
species will undergo reaction in a sufficiently acidic environment even in the absence of
phosphate. To help avoid premature reactivity and implement this chemistry in yPADS,
Jayawardane et al. proposed separation of the inorganic reaction species from the
reducing component using multiple layers within their device that was shown to be

effective for quantifying 0.2-10.0 ppm phosphate in water samples.”®

Using
Jayawardane et al.’s research as a starting point, we attempted to widen the range of

quantifiable sample phosphate concentrations and improve the device’s stability.

Experimental

Potassium antimony (Ill) - tartrate hydrate was acquired from Alfa Aesar (Ward
Hill, MA). Ammonium molybdate tetrahydrate was acquired from Fisher Scientific (Fair
Lawn, NJ). p-toluenesulfonic acid was acquired from Sigma-Aldrich (St. Louis, MO).
Ascorbic acid was acquired from Mallinckrodt Baker Inc. (Paris, KY). Potassium
Phosphate was acquired from EMD Chemicals Inc. (Gibbstown, NJ). All chemical
species were acquired from their respective manufacturer and used without further
purification. Aqueous solutions were prepared in 18.2 MQ*cm water from a Millipore
Milli-Q® purification system (Millipore, Billerica, MA). Whatman™ No. 4 qualitative-
grade filter paper was purchased from GE Healthcare UK Limited (Buckinghamshire,
UK). CorelDraw® software was used to design the hydrophobic wax barrier for all
fabricated devices. Hydrophobic wax barriers were printed on filter paper using a
commercial wax printer (Xerox Colorqube® 8870). Devices were sealed using hot

lamination pouches (0.3 mm thick) from 3M® (St. Paul, MN). Photographs for
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colorimetric analysis were taken using a Motorola Z Play cellphone. ImageJ software
(National Institutes of Health) was used for image analysis.

To fabricate the yPAD, pieces of Whatman™ No. 4 filter paper containing a wax
printed design were placed design side down on a 150 °C hotplate for 90 s. A single 4" x
5” x 1/8” piece of aluminum was placed on top of the filter paper to ensure the paper
kept conformal contact with the hotplate. After the paper was removed from the hotplate
and allowed to cool to room temperature (~1 min), reagents were added to two separate
layers of paper. 10 yL of an acidic reagent solution containing 2.0 M p-toluenesulfonic
acid and 11.4 mM ascorbic acid was added to one paper layer and 10 yL of an
inorganic reagent solution containing 0.6 mM potassium antimony (lll) - tartrate hydrate
and 0.1 M ammonium molybdate tetrahydrate (solution was saturated with the
molybdate species) was added to the other layer of the device. Layers of the device
were allowed to dry under flowing compressed air (~8 psi) for ~5 minutes before being
used. While the paper layers dried, 8 mm holes were punched in one side of the hot
lamination pouches to act as a sample inlet; this was accomplished using a disposable
biopsy punch. Once the device layers were dried and the lamination pouches were
prepared, the two device layers were stacked and aligned under the 8 mm holes in a
hot lamination pouch, which was then all inserted into a hot laminator at 350 °C and cut
to size (Figure Al.1l). Diameter-based devices were prepared using the same
methodology except that inorganic solutions were deposited in analysis regions by
briefly submerging the layer of paper in the stock “inorganic solution.”

To use the yPAD and acquire experimental results, 50 uL of sample solution was

added to the sample inlet. The sample solution remained on the device for 4 min to
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Figure Al.1. Assembly of the layers for the colorimetric phosphate yPAD. The
inorganic solution contains 0.6 mM potassium antimony (ll) - tartrate hydrate and 0.1

M ammonium molybdate tetrahydrate. The acidic solutions contains 2.0 M p-
toluenesulfonic acid and 11.4 mM ascorbic acid

observe the colorless to blue color change. After 4 min of reaction time, excess sample
was removed by gently blotting the sample inlet with an absorbent tissue. A smart
phone was then used to take a photo of the front face of the device. The camera was
positioned ~10 cm directly above the device while glare was kept to a minimum (no
flash was used). Images were then processed using ImageJ software by isolating the
blue color channel and determining the mean gray pixel intensity within the
experimental spot region. Mean gray pixel intensities were collected then imported into

Excel (Microsoft) to calculate calibration curves and experimental standard deviations.
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Results and Observations
Effective Concentration Range

We were able to replicate and improve on colorimetric spot test results originally
obtained by Jayawardane et al.” Since many people living in resource limited regions
need to know if their crops are receiving adequate phosphate concentrations, the initial
objective of this project was to create a colorimetric yPAD capable of quantifying a
wider range of sample phosphate concentrations than the existing devices. The device
put forth by Jayawardane et al. was shown to be effective for 0.2—10 ppm but our device

was effective for 1-1000 ppm (Figure Al.2). We were able to widen the effective range
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Figure A1.2. A calibration curve accompanied by correlating experimental spot tests
for sample solutions containing 1-1000 ppm phosphate
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by simply depositing ~20 times more reagent in detection zones when compared to
Jarawardane et al. It should be noted that our detection zones were 8 mm in diameter
while Jayawardane used 3 mm diameter detection zones. Despite increasing the
surface area of our detection zones, the concentration of reagent species per unit area

was still a relative increase when compared to the previous paper.

Stability

Stability of these devices is also a concern due to the reactivity of the reagents in
an acidic environment and their ability to be readily reduced. Jayawardane et al.
partially increased their device’s stability by separating their reducing agent (ascorbic
acid) from the rest of the reagents (antimony/molybdate species). However, they ended
up sacrificing their device’s stability while trying to increase the solubility of ammonium
molybdate tetrahydrate by dissolving both inorganic species in sulfuric acid before
deposition. As previously mentioned, the antimony and molybdate species will undergo
premature reactivity in the presence of a sufficiently acidic environment. To increase
stability in our device we used 18.2 MQ*cm water (no additional acidic or basic
component) to make the inorganic solution that was used to fabricate the device.
However, a sufficiently acidic environment is still required for the desired reaction to
occur so we added our chosen acid component (p-toluenesulfonic acid) to the solution
containing the reducing agent (ascorbic acid). This new “acidic solution” was deposited
on one layer of the device while the “inorganic solution” was added to a separate layer
(Figure A1.1). Our preliminary test results showed that the colorimetric phosphate tests

were stable for 14 days but the time at which the devices are no longer effective was
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not thoroughly investigated. Jayawardane et al.’s initial device was shown to be stable
for 48 hours but that could be extended to up to 20 days if entire device was sealed and
not open to environmental air. They found that sealing their device prevented oxidation
of the reducing agent (ascorbic acid), which was why their unsealed device was only
stable for 48 hours. An easy way to prevent ascorbic acid’s oxidation without having to
seal the device is by lowering the pH of its surroundings.” By combining our acidic
component (p-toluenesulfonic acid, used to decrease toxicity) and reducing agent
(ascorbic acid) we were able to 1.) prevent premature reactivity of the inorganic species
and 2.) prevent the oxidation of ascorbic acid. Jayawardane et al.’s completely sealed
device does express stability up to 20 days, a sample inlet needs to be punched before
being able to use the device; this decreases design simplicity and requires the device’s

user to provide means of opening the device.

Diameter-Based yPAD

In an attempt to design a yPAD capable of more quantitative phosphate analysis,
a diameter-based yPAD was investigated (Figure Al1.3). It is worth mentioning that the
possibility of using diameter-based devices was not thoroughly explored but the initial
experimental results that were obtained are discussed below. Colorimetric diameter-
based quantification in yPADs relies on outward radial flow of aqueous samples and the
resulting colorimetric color change between sensing components and the analyte.
Sample solutions flow outward from the injection site positioned in the center of the
device and, much like in colorimetric methods, a color change occurs when sensing

components chemically react with the analyte. Sample solutions continue to flow
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Figure A1.3. Acidic components of the phosphate test are deposited in the small
inner region of the large black ring and the inorganic species are deposited in the
“Analysis Zone.” No color change will be observed before the sample solution is
added. B.) Following the addition of a sample solution, a blue PMB ring appears in
the “Analysis Zone.” The diameter of the PMB ring is measured by determining the
numbers located at the edge of the ring. The diameter of the simulated ring in 3.B
would be determined to be 36 mm

outward, even after all the analyte has been consumed, but there will be no additional
color change. Instead of analyzing the intensity of the color change, diameter-based
devices are analyzed through measurement of the diameter of the colored ring, which is
then correlated to specific analyte concentrations. It should be noted that the top layer
of the device is designed to be a large black wax “donut,” which prevents the sample

solution from laterally wicking anywhere besides the analysis zone in the bottom layer.
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When diameter-based devices were tested there did not appear to be an
observable difference in the blue-colored PMB ring that formed. However, after the
devices were completely dried (=8 hrs) a purple-colored ring was observed (Figure

Al.4). Although this purple-colored ring was difficult to observe, it did express

Figure Al.4. Diameter-based experimental results using aqueous samples
containing 10, 100, and 1000 ppm phosphate (A, B, and C respectively). Devices
were allowed to completely dry before images were taken. The red bracket found in B
and C depict the width of a purple-colored ring that appears to increase in width as
sample phosphate concentration increases

an increase in diameter as the sample phosphate concentration increased. It is possible
that the purple-colored ring took 8 hrs to form or that it was just not observable until the
device had completely dried due to the color contrast of the wetted paper substrate. If
future research does indicate that the purple-colored ring can be used to quantitatively
measure sample phosphate concentrations, changes to the device that could give a
more pronounced ring should be investigated. Broadly, a more stark appearance of this
ring could be obtained by modifying the specific quantities of each inorganic species or
control of the acid/reducing agent components concentration. Due to the complexity of
the PMB reaction, the purple ring could be the product of a side reaction or a species
that underwent further reduction as the device sat for prolonged times. Due to the lack

of experimental observations using the diameter-based device it is difficult to draw
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specific conclusions; however, the appearance of a colored ring that changes with
analyte concentration could be exploited in future research to develop a more

quantitative method for measure phosphate in yPADS.

Future Directions

Since we were able to simply increase the effective analyte detection range of
the colorimetric test by increasing the reagent concentration, attempts to further modify
the range should start with this aspect. If the naked-eye method is to be used instead of
digitally processing experimental results, an increase to the test spots’ diameters might
be considered to facilitate qualitative analysis. Changes to the diameter of the
colorimetric detection zone can be easily made but the reagent to area ratio must be
controlled for the device to remain effective; furthermore, this ratio should be optimized
to create the most effective yPAD. Stability of devices can be improved by depositing
the inorganics species in a neutral environment and by investigating the possible usage
of alternative acidic components. Future attempts at developing a phosphate detecting
MPAD should be made by combining the acidic component with the reducing agent even
if ascorbic acid is not used. By combining these two components, the probability of
premature reactivity occurring is reduced while oxidation of the reducing agent is
minimized. The minimum quantity of the acidic component required to cause desirable
reactivity should also be determined since minimizing the concentration of acid in the
device reduces the device’s toxicity/corrosiveness. If more quantitative analysis is
desired, diameter-based methods should continue to be developed possibly by

increasing the observable color of the purple-colored ring.
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Conclusion

Improvement to the colorimetric detection of phosphate on yPADs must be made
so that disadvantaged people around that globe can assess their agricultural soil/water,
which could lead to more successful crops. Herein, improvements to existing
colorimetric yPAD methods capable of phosphate quantification have been made.
Eliminating acidic components from layers of the device where inorganic species were
deposited increased stability. Storing the acidic component with the reducing agent
(ascorbic acid) prevented oxidation of the ascorbic acid caused by atmospheric air.
Diameter-based methods, while not heavily developed so far, offer the potential to be
more quantitative than their purely colorimetric counterparts without the need for digital

image processing.
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