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ABSTRACT 
 
 
 

PUMP-FREE MAGNETOPHORESIS FOR IMPROVED POINT-OF-CARE DIAGNOSTICS 
 
 
 

Infectious diseases are one of the largest health burdens for low-income countries and claim 

millions of lives every year. The loss of life in low-income countries is largely due to the lack of 

access to preventative healthcare and appropriate diagnostic testing. Several health agencies have 

recognized the need for improved diagnostics to reduce the burden of infectious diseases. The 

following works described in this thesis are focused on improving the capabilities of point-of-care 

(POC) testing to improve patient healthcare. 

Microfluidic devices are a popular approach for diagnostics because they offer reduced 

assay times, reduced sample volume, and are small (<10 cm). Additionally, microfluidic devices 

can be used with magnetophoresis to improve sensitivity and specificity. However, traditional 

microfluidic devices have difficulty translating to the POC because of tedious and expensive 

fabrication. Microfluidic paper-based analytical devices (µPADs) are a popular alternative to 

traditional microfluidics due to the natural capillary action through cellulose fibers and simple 

fabrication. µPADs are portable, low-cost, and do not require external instrumentation, making 

them ideal for POC settings. However, µPADs often suffer from poor analytical performance 

resulting in failing to translate to POC testing. In Chapters 2, 3 and 4 of this thesis, I described 

combining µPADs with magnetophoresis to improve the analytical performance without 

sacrificing the advantages of µPADs.  Coupling magnetophoresis with µPADs is a novel approach 

and was not reported until the publication of chapter two. 



 

 iii 
 

 Chapter 2 of this thesis describes the first reported example of paper-based 

magnetophoresis. Magnetophoresis has always needed external pumps to drive flow, however we 

demonstrate the ability to perform magnetophoresis completely pump-free in a µPAD. We 

demonstrated the ability to detect E. coli at 105 colony forming units (CFU)/mL with a fluorescent 

label in a pooled human urine sample. Chapter 3, describes improvements to the device described 

in chapter 2. The limit of detection was improved by three orders of magnitude and calculated at 

4.67 x 102 CFU/mL in pooled human urine, which is below detection limits for commercial urinary 

tract infection tests. Colorimetric detection was used instead of fluorescence detection to eliminate 

any instrumentation needed and create an easy read-by-eye assay. Additionally, the device design 

was modified to incorporate a burst valve to generate more consistent laminar flow and simplify 

user-end steps. We envision this technology to be used a platform for future paper-based devices 

incorporating magnetophoresis for improved POC devices. 

 In Chapter 4 of this thesis, we describe a new platform for microfluidic magnetophoresis 

that simplifies user-end steps further through a simple magnet sliding operation. Here we introduce 

a Magnetophoresis Slider Assay (MeSA) for sequential binding and washing steps without the 

need for any external instrumentation. A competitive biotin assay and a sandwich immunoassay 

are demonstrated to display the functionality of this new platform. The limit of detection was 

calculated at 1.62 x 103 CFU/mL using colorimetric detection. The MeSA is extremely user-

friendly, provides sensitive and rapid results (<15 min), and can be applied to a wide range of 

applications. 
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CHAPTER 1. INTRODUCTION 

1.1 Global Health and Current Diagnostics 

The Global Burden of Disease (GBD) project provides a tool to measure health loss by 

estimating the number of health life years lost globally.1 GDB is commonly measured in terms of 

disability-adjusted life years (DALYs) that accounts for the years of healthy years lost due to 

mortality and disability as a result of disease. Globally, non-communicable diseases are the largest 

health burden, where cardiovascular diseases alone accounted for loss of almost 400 million 

DALYs in 2019. In comparison, communicable diseases (tuberculosis, HIV, malaria, etc.) 

accounted for the loss of 320 million DALYs in 2019.2 Non-communicable diseases account for 

largest loss of DALYs in high income countries. However, communicable-diseases such as 

infectious diseases are the major cause of loss of DALYs in lower-income countries with the 

largest burden on Africa (Figure 1.1).2-4 Moreover, in just the last two decades, pandemics such as 

the Ebola virus in 2013, cholera in 2015, zika virus in 2015, and most recently the corona virus 

pandemic in 2020 have claimed millions of lives.5  

 

Figure 1.1 Comparison of the burden of disease in the United States to Africa in 2019 outlined by DALYs, where 
non-communicable diseases are shown in red and communicable diseases shown in blue with injuries shown in grey. 
One DALY equals one lost year of healthy life.2 
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The lack of appropriate access to healthcare accounts for large loss of DALYs in low 

income countries.6 High income countries have access to current gold standard pathogen detection 

methods including culturing, western-blot (WB), polymerase chain reaction (PCR) or enzyme-

linked immunosorbent assay (ELISA). 7 Culturing, PCR, and ELISA are highly sensitive methods 

but are expensive, time-consuming, and require trained personnel. However, low-income countries 

do not have access to these expensive laboratory techniques, and current low-cost diagnostic tools 

are inadequate creating a large health-care gap. Consequently, to prevent severe outcomes from 

infectious diseases in low-income countries, improved diagnostic tools are needed. The World 

Health Organization (WHO), Centers for Disease Control, and the Bill and Melissa Gates 

Foundation all recognize the need for improved and appropriate diagnostics to reduce DALYs 

resulting from infectious diseases in low-income countries.8-10   

Point-of-Care (POC) testing is defined as testing that is performed near or at the site of the 

patient with result leading to improved quality of patient care.11 In 2003, the WHO published 

criteria for the ideal diagnostic that can be applied to all levels of the healthcare system in 

developing and developed countries.8, 12 These criteria is known as ASSURED and states tests 

should be Affordable, Sensitive, Specific, User-friendly, Rapid and Robust, Equipment-free, and 

Deliverable to end users.12, 13 The first POC tests for diagnosing malaria became commercially 

available in the early 1990s.14 Since then, researchers have dedicated significant effort into the 

development of POC assays for infectious disease.15 It is difficult for tests to meet all of the 

ASSURED criteria, so researchers focus on the most important for the given assay dependent upon 

the end goal. For example, tests that are the most accurate and sensitive (culturing, 

PCR,ELISA,WB) trade-off affordability and accessibility.12, 16 In contrast, rapid diagnostic tests 

(e.g. lateral flow assays) are the most affordable and accessible but often trade-off sensitivity and 



 

 3 
 

specificity.12, 17, 18 A popular alternative is to combine microfluidic technology with laboratory 

based tests to meet the ASSURED criteria.19 The development of improved diagnostics that meet 

these criteria are critical to reducing DALYs from infectious diseases in low-income countries. 

1.2 Microfluidic Devices 

The first microfluidic device was created in 1970 by Terry et al. for rapid gas analysis using 

a silicon wafer.20 Microfluidic devices since then have expanded to using glass, quartz, 

poly(methylmethacrylate) (PMMA), and poly(dimethylsiloxane) (PDMS).21, 22 Microfluidic 

devices are often small (< 10 cm x 10 cm), easy to operate, offer rapid detection, and have the 

ability to transport small volumes (µL, nL, pL) making them ideal for POC testing.22-24 Since 1970, 

microfluidics have become a popular approach for pathogen detection because of these 

advantages.22, 25 Immunoassays are a common pathogen detection method based on antibody and 

antigen interactions that allows for highly sensitive and specific detection.9, 26, 27 The combination 

of immunoassays and microfluidics is popular for rapid and sensitive POC diagnostics. However, 

inconsistencies with antibody purity, low affinities, and binding site recognition result in decreased 

sensitivity and specificity.28 To improve sensitivity, one method researchers use for signal 

amplification is to use enzyme/substrate systems.29 Antibodies can be conjugated to enzymes 

through covalent cross-linkage to serve as detection antibodies. The substrate is converted into a 

colored product that can be turned over thousands of times by the enzyme, enhancing color 

formation and increasing sensitivity. Consequentially, this is why ELISA is such a popular method 

for pathogen detection. Enzymes such as horseradish peroxidase (HRP), alkaline phosphatase 

(AP), and beta-galactosidase (B-Gal) are some of the most common enzymes.30 Each enzyme has 

numerous substrates available that need to be selected based on selectivity, color, and visualization 

for the given assay.31 One of the most common enzyme/substrate pairing is HRP and 3,3’,5,5’ - 
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Tetramethylbenzidine (TMB) because of the availability of HRP and the enhanced sensitivity of 

TMB. Additionally, to increase sensitivity and specificity for enzyme/substrate systems, the use 

of magnetic beads is a popular approach. Primary or secondary antibodies can be conjugated to 

magnetic particles which then capture the target analyte. The magnetic complex can then be 

magnetically isolated to remove any unbound species.32, 33 Microfluidic manipulation of magnetic 

particles can be used for a wide range of applications and is referred to magnetophoresis.34 

1.2.1 Microfluidic Magnetophoresis 

Microfluidic magnetophoresis is the process of using an external magnetic field to remove 

magnetic species from a sample a matrix during flow.34  Microfluidic magnetophoresis has been 

used for a wide range of applications and is popular for biological assays because it is a gentle 

manipulation technique for whole cells, proteins, and large magnetic complexes.34 To fully 

understand magnetophoresis we must recognize the parameters that govern the magnetic 

manipulation. Magnetism in materials is caused by the spin of electrons and their orbital motion 

around the nucleus.35 Materials can be classified into three categories based on their number of 

unpaired electrons and their response to an external magnetic field, including diamagnetic, 

paramagnetic, and ferromagnetic. Diamagnetic materials do not have any unpaired electrons and 

are non-magnetic. Copper, zinc, gold, and water are some of the most common diamagnetic 

materials.36 Paramagnetic materials have a small number of unpaired electrons and are weakly 

magnetic, examples are tungsten, chromium, and aluminum.37 Ferromagnetic materials have a 

large number of unpaired electrons and are strongly magnetic, examples are iron, cobalt, and 

nickel.35, 38 In the presence of a magnetic field, electrons of diamagnetic materials will become 

slightly unbalanced and small magnetic dipoles will be created that oppose the applied field. 

Inversely, electrons of paramagnetic and ferromagnetic materials will align with the applied field 
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and will be attracted toward the field.34, 35, 39, 40 Upon removal of the applied field, electrons in 

paramagnetic materials will return to original orientation, whereas, electrons of ferromagnetic 

materials will remain aligned with the applied field. In this case, ferromagnetic materials such iron 

are referred to as permanent magnets because they will retain their magnetization.35, 38 Some of the 

strongest permanent magnets can be made with alloys such as neodymium iron boron (NdFeB) 

being the most common permanent magnet. Magnetic susceptibility () is a dimensionless measure 

of a materials degree of magnetization to an applied field. Diamagnetic materials have negative 

susceptibilities, and paramagnetic and ferromagnetic materials will have positive susceptibilities. 

However, Magnetic susceptibility is only one parameter we must consider to understand 

microfluidic magnetophoresis and the force acting on each magnetic particle during flow.25, 35, 38-

41 The following sections will describe the flow and magnetic forces that govern microfluidic 

magnetophoresis. 

1.2.2 Magnetic Force 

The magnetic field lines of a given magnet can only reach a certain density with a material 

and is quantified by the materials magnetic permeability (µ) and the number of field lines per area 

is given by the magnetic flux density (B). The flux density is inversely proportional to distance 

and so will decrease rapidly as distance increases. After taking the applied field into account, the 

force on a particle within a magnetic field depends on the volume of the particle (Vp) and the 

difference in magnetic susceptibilities between the particle itself and the surround medium (𝜒𝑝 −𝜒𝑚 =  ∆𝜒). By combining these parameters the equation for magnetic force (Fmag ) experienced 

by a particle can be expressed with Equation 1 shown below.34, 39, 42 

𝐹𝑚𝑎𝑔 = 𝑉𝑝×∆𝜒𝜇0 (∇B)𝐵                                           (1) 
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B and B are the magnetic flux density and the gradient respectively. A difference in magnetic 

susceptibilities is required to induce a magnetic force on a particle and can be either positive or 

negative. Magnetophoresis can be then classified into two categories, positive and negative. For 

positive magnetophoresis, the magnetization of the microparticles is greater than the magnetization 

of the surrounding media resulting in the microparticles migrating toward the magnetic field 

maxima. Positive magnetophoresis is the most common form and is used for particles with 

intrinsically magnetic properties such as red blood cells, magnetic microbeads, and magnetotactic 

bacteria. Negative magnetophoresis is a label-free technique where diamagnetic particles are 

suspended in a paramagnetic medium and migrate away from a high magnetic field. Negative 

magnetophoresis can be used to sort, focus, trap or mix diamagnetic particles by varying magnet 

placement through the flow cell.25, 34, 43-45  

1.2.3 Microfluidics and Magnetic Particles 

In microfluidic devices operating under laminar flow with a low Reynolds number the 

dominant force acting upon a magnetic microparticle is hydrodynamic drag force Fd which can be 

estimated from the stokes law and the relative velocity given by Equation 2.34 

𝐹𝑑 = 6𝜋𝜂𝑟(𝑈𝑓 − 𝑈𝑝) × 𝐶𝑤 

Where 𝜂 (kg/ms) is the viscosity of the medium, r (m) is the radius of the microparticle, and Uf  

(m/s) and Up (m/s) are the velocities of the fluid and the microparticles, respectively. Cw is a 

constant accounting for the effect the channel wall has on the drag force of the microparticle. The 

magnetic field is typically applied perpendicular to the flow channel where paramagnetic particles 

will become magnetized in the presence of the applied field and dragged into the field. The 

deflection of the magnetic particles, Udefl (m/s), can be described by the sum of the magnetically 

(2) 
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induced flow velocity, Umag (m/s) and Fd given by Equation 3.34, 39, 42  

𝑈𝑑𝑒𝑓𝑙 =  𝑈𝑚𝑎𝑔 + 𝐹𝑑 

Umag is the ratio of the magnetic force exerted on the microparticle by the magnetic field to the 

hydrodynamic drag force shown in Equation 4.46  

𝑈𝑚𝑎𝑔 =  𝐹𝑚𝑎𝑔𝐹𝑑  

When we insert Equation 1 into Equation 4, providing a consistent magnetic field and medium 

viscosity, Umag becomes dependent upon the size of the microparticle and magnetic susceptibility. 

Umag is proportional to the radius of the microparticle squared, and to the magnetic susceptibility 

of the given particle shown by Equation 5. Following this relationship, particles of different sizes 

and magnetic properties will be deflected from the laminar flow differently.42, 46 

𝑈𝑚𝑎𝑔 ∝ 𝑟2𝜒𝑝 

1.2.4 Magnetophoresis Applications 

By selecting magnetic microparticles of different sizes susceptibilities, complex 

separations are possible using microfluidics. The Pamme group pioneered the field of microfluidic 

magnetophoresis and developed multiple assays for pathogen detection. In 2004, Pamme et al. 

showed the ability to separate magnetic beads based on size and magnetic susceptibility, allowing 

for the possibility of multiplexed detection using varying magnetic beads sizes.46 Nagasom et al. 

then used this technique to multiplex the assay to sort S. typhimurium and E. coli 0157 from spiked 

food broths.47 Additionally in 2014, Phurimsak et al. demonstrated the ability to sequentially bind 

a capture antibody, analyte, and detection antibody to a magnetic bead to form immunomagnetic 

complex during automated flow in a glass microchip (Figure 1.2).48 They demonstrated the ability 

(3) 

(4) 

(5) 
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to perform a sandwich immunoassay during flow with magnetic beads to eliminate the need for 

tedious pipetting steps.45, 49 However, traditional microfluidic devices require external pumps to 

drive flow, trained personnel, and are difficult to fabricate, limiting their portability to the POC 

and failing to meet the ASSURED criteria.19, 34 

          

Figure 1.2. Schematic of microfluidic magnetophoresis used for sequential binding of magnetic immunocomplex 
for the detection of CRP.48 

1.3 Paper-Based Microfluidics (Contents of this section were taken and combined from a published review 
article, in which I was listed as an author, with edits and modifications.)29 

Paper-based microfluidics have been developed to address limitations of traditional 

microfluidic devices.50, 51 Researchers have developed paper-based microfluidics for a wide range 

of applications resulting in tens of thousands of publications with point-of-care diagnostics 

remaining at the center for motivation.9, 52, 53 Paper offers natural capillary action, a high surface 

to area ratio, and the ability to store reagents within the cellulose fibers making paper a popular 

choice for low-cost diagnostics.13, 54 As a result, paper has long been used for chemical 

measurements, with the first example dating to the 1700s when litmus paper was invented using 

pH sensitive chromophores.29 More recently, paper-based microfluidics have been developed for 

medical diagnostics, environmental testing, and food-based testing.29, 55, 56  
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Paper-based microfluidics for POC testing have shown tremendous potential for health 

monitoring. Paper diagnostics have been developed to detect biomarkers, proteins, pathogens, 

DNA, glucose, and several other analytes.57-59 Additionally, paper-based devices are popular for 

environmental testing because they are portable where testing can be performed on-site without 

the need to transport sample to centralized laboratories.29, 60, 61 The Henry group developed two 

distance-based paper-based microfluidics to quantify aluminum concentration in water samples 

without the for need pretreatment or preconcentration.62 In that work a chemometer and radial 

device were developed using a ligand to treat the paper fibers to produce a fluorescent signal in 

the presence of Al (III).62 Screening of chemical contaminants, bacteria, and whole viruses are a 

major concern for the food industry.63 The WHO reports over 600 million people are diagnosed 

with foodborne illnesses with 420,000 deaths each year globally.64 Paper-based devices for food 

safety are advantageous for low-cost, robust, and rapid on-site screening.65, 66 Developing paper-

based devices for bacteria detection is the most popular because E. coli and Salmonella cause over 

a million foodborne illnesses each year in the United States.67, 68 The following sections will review 

paper-based technologies will corresponding fabrication and detection methods.  

1.3.1 Lateral Flow Assays 

The first Lateral flow assay (LFA) first appeared in 1959 and LFAs remain the most 

common form of paper-based devices for diagnostic testing.29, 69, 70 LFAs have been developed to 

detect a wide range of analytes including antibodies, pathogens, nucleic acids, and biomarkers.29, 

71 LFAs operate using the natural capillary action of cellulose with the use of capture and detection 

antibodies for a colorimetric or fluorescent readout. Figure 1.3 shows a schematic of the basic 

operation of a traditional LFA using antibody coated nanoparticles. After sample is added to the 
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sample pad, flow initiates via capillary action and then flows into the capture membrane where the 

capture antibodies are stored.29, 69, 71  

 

Figure 1.3. Schematic of traditional lateral flow assay assembly and binding operation. 

The home pregnancy test and more recently the COVID-19 home test kits are possibly the 

most impactful LFAs that have been developed.72 However, arguably the most impactful POC 

device is the blood glucose monitor initially developed in the 1970s.73 It operates using the same 

technology as a LFA with immobilized reagents on a test strip, however, electrodes are 

incorporated into the strips to improve sensitivity and specificity.29, 57 A small drop is blood is 

added and then reacts with an immobilized enzyme (glucose oxidase) and the electrodes measure 

the current produced from the oxidation of glucose and provides a rapid readout of current glucose 

levels.57, 74 The test strips are inexpensive (< $0.10) and are stable for up to a year.75 Millions of 

these tests are used daily all over the world and represent the gold standard for POC testing.29, 60 

Flow generated in these test strips are all non-directed, meaning that once sample is added flow 

initiates and stays in a singular flow path. To create more complex POC testing able of detecting 

for multiple analytes at once with stored reagents, researchers needed to be able to direct flow in 

paper with defined channels as in traditional microfluidics. 
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1.3.2 Microfluidic Paper-Based Analytical Devices 

In 2007, the Whitesides group introduced the first example of paper-based microfluidics 

fabricated using a photoresist able to detect glucose and presence of proteins simultaneously.76 

This allowed fluid to be directed to multiple detection zones to where associated reagents were 

stored in the cellulose. In 2009, Carrilho et al. demonstrated the use of wax printing to create 

hydrophobic channel barriers to replace the more complicated fabrication of photoresist.50 Herein 

they showed that wax printing is a cheap and simple fabrication to create paper-based microfluidics 

and coined the term microfluidic paper-based analytical devices (µPADs). 

1.3.3 Fabrication 

The first example of paper with a fluidic channel was introduced in 1949 by Müller and 

Clegg.77 They created paraffin-patterned paper by melting paraffin and then transferring it to filter 

paper. The transferred paraffin created a hydrophobic channel to direct flow for automated paper 

chromatography. Then in 2007, the Whitesides’ group mainstreamed the ability of paper-based 

microfluidics using photolithography with a photoresist to create fluid channels. Photolithography 

involves complex fabrication and expensive equipment and reagents limiting the application for 

mass production and translating to the POC.78 This led them to move to cheaper fabrication with 

wax-printing and since then many fabrication techniques have been introduced. 

µPADs can fabricated by either using patterned hydrophobic barriers to define fluid 

channels or to cut the paper to the fluid channel design desired.79 These methods include, 

photolithography, wax printing, screen-printing, inkjet printing, laser toner printing, stamping, 

wax-dipping, drawing, and laser etching and are outlined in Table 1.1.78, 80 Wax printing has been 

the most common fabrication method since 2009, however the commercial printer used for this 
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technique was discontinued in 2017.80, 81 These printers are now hard to come by and the wax for 

the printers either has to molded independently or bought from a third party. Thus, wax printing 

has seen a decline since 2017 and alternative fabrication methods are needed. Two of the most 

popular alternatives to wax printing are inkjet and laser toner printing.78, 81 Multiple ink materials 

such as, alkenyl ketene dimer (AKD) and UV curable acrylates have used with µPADs.29, 60, 80 

Laser toner printing is a faster method than inkjet and is advantageous for large scale fabrication 

but requires high temperatures that can damage the paper. Other non-printing techniques such as 

stamping, wax dipping or drawing are excellent for rapid prototyping of µPADs. However, these 

fabrication techniques suffer from poor resolution when compared to other methods. Lateral 

spreading of the patterning reagents within the paper also creates large variability in channel 

dimensions.29, 60, 82 Laser cutting using a CO2 laser is often used with commercial hydrophobic 

coated paper (parchment paper/wax paper). Laser cutting can also be used with standard 

hydrophilic paper but backings are required to enhance device capability.80  

Table 1.1 Overview of paper-based microfluidic fabrication techniques and advantages and disadvantages 
associated to each method. 
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1.3.4 Detection Methods 

With the wide range of fabrication techniques there is also a wide range of detection 

methods used for µPADs. Since the introduction of µPADs by the Whitesides group with 

colorimetric detection, other groups have investigated alternative detection methods including, 

electrochemical, and fluorescence.62, 83-85 

1.3.4.1 Colorimetry 

Colorimetric detection remains the most common method for paper-based devices due to 

several advantages for POC diagnostics.86, 87 Paper offers a white background for high contrast to 

color change for good signal-to-noise ratio.88 Colorimetric detection can be used for qualitative or 

quantitative measurements to avoid the use of any external instrumentation. Color changes can be 

achieved by pH sensitive probes, enzymatic conversion of substrates, and aggregation of NPs.87 

Litmus paper using pH sensitive dyes, either weak acids or bases are cheap, and relatively stable 

but do not provide a quantitative readouts.89 Enzymatic conversion of substrates provide sensitive 

and quantitative results and allow for correlation of analyte concentration to signal intensity.90 

Multiple enzyme-substrate pairs are readily available and can be selected based on optimal pH and 

specific activity.31, 90 However, enzymes are susceptible to degradation and therefore not preferred 

for long term stability.91 Nanoparticles are an alternative and have been widely used in lateral flow 

assays and µPADs and can be tuned based on size, shape and color of the NPs.92 Anfossi et al. 

demonstrated the ability to use multicolored gold and silver NPs (AuNPs/AgNPs) in a multiplexed 

assay for the detection of food allergens.93 Colorimetric detection methods can be used to detect a 

wide range of analytes making  them ideal for POC diagnostics.94 
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1.3.4.2 Electrochemistry 

Electrochemical detection is an alternative that offers improved sensitivity and specificity 

over colorimetry. In 2009, the Henry group published the first demonstration of electrochemical 

detection integrated with paper-based analytical devices. The detection of glucose, lactate, and uric 

acid in biological samples was demonstrated.95 Since this electrochemical paper-based analytical 

devices (ePADs) have been integrated for the detection of multiple analytes from heavy metals to 

cardiovascular biomarkers.56 Most ePADs consist of three-electrode systems with a working, 

counter and reference electrode. However, many techniques exist to incorporate the electrodes into 

paper-based devices including screen printing, stencil printing, heat-pressing, and microwires.96-98 

Various types of electrode materials have been used with ePADs such as gold, silver, platinum, 

and carbon. Electrodes can be surface modified with functional groups and antibodies increasing 

selectivity of assays. For example, Channon et al. demonstrated dithiol functionalized Au 

microwires for detection of intact Zika virus particles incorporated into a µPAD. However, the 

easiest electrochemical detection is the direct detection of electrochemically active analytes such 

as metals and redox active molecules.99, 100 

1.3.4.3 Fluorescence  

Fluorescence is another detection approach that can improve sensitivity over traditional 

colorimetric techniques.101 Fluorescence occurs by a molecule absorbing energy and promoting 

electrons to a higher energy level and then the electron relaxes back to its ground state and emits 

a photon. The emitted photons can then be measured for intensity and correlated to the conjugated 

target analyte concentration. Fluorescence has highly sensitive emission profiles, spatial 

resolution, and high specificity making it a popular approach for detection.102, 103 Fluorescence can 

be applied to qualitative or quantitative measurements making it a diverse detection method. 
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µPADs using fluorescence have ranged from heavy metals to pathogens.85, 104, 105 There are several 

types of fluorescent probes that can be incorporated including fluorescent dyes (fluorophores), 

quantum dots, and other types of fluorescent small molecules.29, 103 Fluorescent probes offer the 

ability to be quenched providing a “on” or “off” signal for simple qualitative measurements.56, 106 

Liang et al. reported a 3D paper-based microfluidic device using nitrogen-doped quantum dots as 

the fluorescence reporter for the highly sensitive “turn on” detection of H2O2 released from living 

cancer.107 Fluorescence is a highly sensitive detection method but is often difficult to translate to 

the POC because external instrumentation is needed.101 Additionally, some paper has 

autofluorescence properties that can interfere with detection of an analyte by increasing 

background signal.108 

1.3.5 Shortcomings of Paper-Based Microfluidics 

Paper has a long history for chemical analysis with a wide range of applications.51 Paper-

based microfluidics have had a large impact on diagnostic testing since the 1970s with the 

commercialization of LFAs.71, 76, 109 Paper-based microfluidic technology has shown great 

potential, however paper devices are difficult to get commercialized because of inherent 

shortcomings. Poor detection limits, degradation of reagents, difficulty for multiplexed detection, 

and complicated user steps all limit these devices from becoming successful outside of 

laboratories.22, 29 Focusing on improving sensitivity, multiplexed detection, and simplifying user 

steps are critical to create improved paper-based technologies to overcome the difficulty of 

commercialization.16, 29, 56, 80 Improved paper-based devices need to be cost-effective, rapid and 

portable to translate to the POC. We believe that by combining the advantages of paper with other 

inexpensive materials such as transparency films and adhesives improved devices can be achieved.  
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1.4 Hybrid Paper-Based Microfluidic Devices 

The natural capillary action of paper allows for fluid transport through cellulose fibers, 

however, it limits the transport of large objects such as bacteria or magnetic beads to flow freely.110, 

111 Multilayered paper-based devices to create hollow fluid channels was first reported in 2013 by 

Renault et al.110 Here, fluid travels through hollow channels rather than through a cellulose 

network providing the ability for large particles to flow freely.110 In 2018, Channon et al. expanded 

upon this with the development of multilayered µPADs fabricated using double-sided tape to 

create different hollow channel heights.112 They demonstrated a 145-fold increase in flow rate 

when compared to single layer µPADs. Here, they reported the correlation between channel height 

and flow rate the ability to tune flow rate without the use of any external pumps. 112, 113 However, 

these multilayered devices still use the cellulose network of paper to drive flow as well as capillary 

action of the hollow channel. Particles and analytes can become trapped in the cellulose fibers 

reducing signal. To overcome this, recent work by the Henry group has reported multilayered 

devices fabricated using transparency film with double-sided adhesive (DSA) (Figure 1.4).114  

                    

Figure 1.4. Schematic of hybrid µPADs. (a) Assembly of device with sample inlets and an inserted paper pump at 
the end of the device. (b) Device assembly with each layer outlined with alternating transparency and DSA layers. 
(c) Cross-sectional view from a-a’ shown in (a). 

(c) 
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These devices use DSA layers to define fluid channels that can be designed in computer 

aided design (CAD) software for highly accurate dimensions. By using transparency and DSA, the 

device channels do not become saturated with excess volume as in traditional µPADs. Paper waste 

pads can be inserted at the outlet of the channels to act as pumps to continuously wick fluid through 

the channel so large sample volumes can be used. Paper pads with stored reagents can be inserted 

into the devices to perform sequential reagent delivery opening the possibility for complex assays. 

The use of these improved hybrid devices will be described in detail in the following sections. 

Complex microfluidic magnetophoresis assay are described using these devices to demonstrate 

capability of hybrid µPADs. It is our hope with these devices to overcome long-term shortcomings 

of paper-based devices to create a new platform for POC devices. 

1.5 Improved Devices Using Magnetophoresis 

The following works describe improved devices that address existing gaps in the field of 

POC diagnostics. Currently, centralized laboratories, trained personnel and expensive 

instrumentation are needed for gold standard diagnostic testing. However, low-income countries 

do not have appropriate healthcare access causing a high mortality rate from infectious diseases. 

Here, we describe devices that take a step towards creating ideal diagnostic testing to meet the 

ASSURED criteria. 

First, we demonstrate the first example of paper-based magnetophoresis free of any 

external pumps to drive flow. Magnetophoresis is a powerful tool for isolating and concentrating 

target analytes and has always needed external pumps to drive flow making it difficult to translate 

to the POC. We first demonstrated the ability to use pump-free magnetophoresis to detect E. coli 

from a human urine sample through fluorescence detection. We believe this is a pivotal step to 

make more sensitive and specific diagnostic testing available to low-resource settings.  
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Second, we improved the initial device to further refine this technology to the POC. Here 

we improved the limit of detection my three orders of magnitude for the detection of E .coli  while 

also improving upon the device design to create a more user-friendly assay. We incorporated a 

capillary driven device free of any wax printing with several key features. A colorimetric 

enzyme/substrate system was used for easy read-by-eye analysis and making the device 

completely free of any instrumentation. Also, as will be described, a burst valve was created by 

tuning the device design to create more consistent generation of laminar flow. Additionally, we 

added a wash buffer reservoir behind the sample inlet to ensure all magnetic beads would reach 

the high magnetic field and thereby improving signal. 

Third, we describe a new platform for microfluidic magnetophoresis that simplifies user-

end steps through a simple magnet sliding operation. Here we introduce a magnetophoresis slider 

assay for sequential binding and washing steps without the need for any external instrumentation. 

A competitive biotin assay and a sandwich immunoassay are demonstrated to display the 

functionality of this new platform. The assay is extremely user-friendly and provides sensitive and 

rapid results (<15 min). 

Since µPADs were established in 2007, there have been thousands of publications on 

µPADs but very few have been implemented into resource-limited settings. The lack of success 

for µPADs is attributed to the lack of sensitivity and complicated user-end steps. Here, we believe 

we have made critical progress in creating improved diagnostic tests to be used in low-resource 

settings.  
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CHAPTER 2. PAPER-BASED PUMP-FREE MAGNETOPHORESIS 

 

Microfluidic magnetophoresis is a powerful technique that is used to separate and/or isolate 

cells of interest from complex matrices for analysis. However, mechanical pumps are required to 

drive flow, limiting portability, and making translation to point-of-care (POC) settings difficult. 

Microfluidic paper-based analytical devices (µPADs) offer an alternative to traditional 

microfluidic devices that do not require external pumps to generate flow. However, µPADs are 

not typically used for particle analysis because they are slow and particles become trapped in the 

porous fiber network. Here we report newly developed fast-flow microfluidic paper-based 

analytical devices (ffPADs) to perform magnetophoresis. ffPADs use capillary action in a gap 

between stacked layers of paper and transparency sheets to drive flow at higher velocities than 

traditional µPADs. The multi-layer ffPADs allow particles and cells to move through the gap 

without being trapped in the paper layers. We first demonstrate that ffPADs enable magnetic 

particle separations in a µPAD with a neodymium permanent magnet and study key factors that 

affect performance. To demonstrate utility, E. coli was used as a model analyte and was isolated 

from human urine before detection with a fluorescently labeled antibody. A capture efficiency of 

61.5% was then obtained for E. coli labeled magnetic beads in human urine. Future studies will 

look at the improvement of the capture efficiency and to make this assay completely off-chip 

without the need of a fluorescent label. The assay and device described here demonstrate the first 

example of magnetophoresis in a paper based, pump free microfluidic device. This chapter was 

published in Analytical Methods.32  I was the first author and was the sole writer of the published 

work. All experiments were conducted by myself or one of the other listed authors with assistance 

from Dr. Ilhoon Jang and Dr. Cody Carrell. 
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2.1 Introduction  

Improving medical diagnostics is a key need to reduce the 15 million deaths a year 

worldwide from infectious diseases.1 While significant improvement has been made in the field, 

patients in many parts of the world still cannot access early diagnosis which is crucial for adequate 

care.2-5  For example, sepsis patients treated within one day of showing symptoms had a 10% 

mortality rate, while those treated after three days had a 50% mortality rate.6  Current infectious 

disease detection methods include culturing, polymerase chain reaction (PCR), and enzyme-linked 

immunosorbent assay (ELISA).1, 7 These methods are widely accepted because of their ability to 

identify bacteria with low limits of detection.8-10 However, all require trained personnel, can take 

hours to days to complete, and cost at least $10 per test.11 Consequently, a simple, rapid, and 

reliable point-of-care (POC) diagnostic for the detection of infectious diseases that is both sensitive 

and selective is needed. Land et al. recently recommended POC technologies to meet a 

REASSURED criteria.12 These criteria are defined as real-time connectivity, ease of specimen 

collection, affordable, sensitive, specific, user-friendly, rapid and robust, and equipment-free. 

µPADs are one technology that meets many of these requirements but suffers from slow fluid 

velocity and poor limits of detection.2, 13 One technique known to improve detection limits and 

selectivity of an assay is to separate target analytes from the sample matrix.14   

In this work, we are focused on isolating bacteria from complex matrices to remove 

interferents, concentrate the target cells, and improve detection performance. The cell 

separation/isolation process can be tedious, so microfluidic platforms have been developed to 

automate and simplify this process.15 A popular microfluidic separation approach is 

magnetophoresis, which separates cells in continuous flow using a permanent magnet to move 

magnetically labeled cells from one flowing stream to another.16 However, magnetophoresis 
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requires external pumps to drive flow, limiting their portability and usefulness for POC 

applications. µPADs transport fluid via capillary action, which eliminates the need for external 

pumps,17 but are not currently used for magnetophoresis because particles and cells become 

trapped in the paper fibers and fluid velocities generated in µPADs are not fast enough for 

continuous separation.18 In this work we address both challenges by creating fast flow in a 

modified multi-layer µPAD.2, 13, 19-21 Fast-flow µPADs (ffPADs) are created by stacking two layers 

of wax-printed paper around laser cut double sided adhesive to create channels or gaps. The 

channels between paper layers enable fast flow without trapping particles. The velocities in the 

multi-layer µPAD increase by 145x or more compared to single-layer µPADs. The fast-flow 

phenomenon seen with this method of fabrication was characterized in depth previously in 

Channon et al.19, 20 Taking advantage of this fast-flow phenomenon provides a way to make paper-

based magnetophoresis possible.19 Herein we describe the first example of a paper-based, pump-

free magnetophoretic device and demonstrate its capabilities by detecting bacteria in urine. We 

envision the µPAD designed here for rapid detection of E. coli and other bacteria and viruses 

would benefit both food safety and human health diagnostics.   

2.2 Materials and Methods  

2.2.1 Materials 

Whatman 1 chromatography paper was purchased from GE Healthcare Sciences. Wax 

patterns were printed using a Xerox ColorQube 8870 and an IsoTemp hot plate (Fisher Scientific) 

was used to melt the wax. A benchtop digital microscope (Dino-Lite AF4915) was used for laminar 

flow colorimetric experiments. Two fluorescent Dino-Lite digital microscopes with excitation 

wavelengths of 400 nm and 570 nm (Dino-Lite AM4115T-CFVW and Dino-Lite AM4115T-

YFGW) were used for fluorescence detection and analysis. All videos were imported into ImageJ 
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for analysis. A cylindrical ¼” x ¼” Neodymium Iron Boron (NdFeB) permanent magnet, grade 

N52 (K&J Magnetics, INC.) was used to create an external magnetic field. Other magnet types 

and shapes were investigated; however, the cylindrical magnet was chosen because of the smaller 

size while maintaining strong field lines.  All magnetic beads were purchased from Spherotech 

Inc. (Lake Forest, Illinois). E. coli antibodies (bs-2033R/bs-2033R-A555) were purchased from 

Bioss Antibodies. The buffers used in this work were 0.1 M phosphate-buffered saline (PBS) and 

0.1 M PBS with 0.1% Tween-20 (PBST). The two antibodies were diluted in PBS. Human pooled 

urine was purchased from Lee BioSolutions (Maryland Heights, MO).   

2.2.2 Device Design and Fabrication 

The µPADs discribed here were designed in CorelDRAW X4 and then printed onto 

Whatman grade 1 chromatography paper and a cellulose acetate transparency sheet (3M PP2950). 

Next, the paper was placed on a hot plate at 150°C for 90 s to create hydrophobic barriers. Grade 

467 and 468 double-sided adhesives were used to define the gap height, and the channel pattern 

was cut out using a CO2 laser cutter (Epilog Zing Laser Cutter and Engraver). The multilayered 

device was then assembled in 8.5”x11” sheets by first applying the double-sided adhesive to the 

transparency and applying consistent pressure with a pouch laminator set at room temperature. 

Finally, the top paper layer was placed directly onto the double-sided adhesive using a guide to 

provide necessary alignment to create the ffPAD.  

2.2.3 Magnetophoresis System Setup 

A range of fluorescent carboxyl magnetic particles from 2.0 µm to 44.1 µm were purchased 

from Spherotech Inc. and diluted from 5 mg/mL to 1 mg/mL in phosphate buffered saline (PBS). 

All 44.1 µm diameter particles used in these and following studies were labeled with a yellow 
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fluorophore onto the surface of the particles with an excitation wavelength from 400-500 nm and 

emission from 450-550 nm. Imaging was done with the Dino-Lite microscope (400 nm). All 

dilutions of particles were made in phosphate-buffered saline, pH 7.2, kept at room temperature 

and protected from light. Solutions were vortexed for 30 s before use (Scientific Industries Vortex 

Genie 2).  The Grade N52 permanent magnet was placed on top of the device and placement was 

optimized for consistent and ideal separation results based on magnetic field lines. Images of the 

fluorescent particles within the gap of the device were taken using the fluorescent DinoLite 

microscope.   

2.2.4 E. coli Growth and Sample Preparation 

E. coli DH5- was used as the model bacteria in this work; it was grown in Universal 

PreEnrichment Broth (Sigma-Aldrich, pH 7) overnight in a shaker at 37°C and 220 rpm. The 

bacteria concentration was quantified by serial dilution and plating on lysogeny broth (LB) agar 

plates. Serial dilutions of this solution were made using PBS or human pooled urine.   

2.2.5 E. coli Detection Using Immunomagnetic Separation and H-Cell Device in Human Urine 

The enzymatic assay presented by Srisa-Art et al. was modified for DH5- fluorescence 

detection (Figure A1.1).22 The entire assay was performed on the benchtop at room temperature. 

First, 44.1 µm streptavidin coated paramagnetic beads (SpheroTech) were vortexed for 30 s at 

room temperature. Second, the beads were conjugated to a biotinylated anti-E. coli antibody in a 

microcentrifuge for 20 min on a rotator. Third, an immunomagnetic separation (IMS) was 

performed using a magnet (DynaMag-2 magnet, Thermo Fisher Scientific, Inc.) to isolate and 

concentrate the magnetic bead-antibody complex by removing the supernatant and resuspending 

the content in 100 µL of PBS. Fourth, the bead-antibody complex was added to 1 mL of E. coli 

spiked urine and incubated on a rotator for 20 min. Another IMS step was performed to 



 

 31 
 

isolate/concentrate the sample and to remove the supernatant. The complex was washed twice with 

PBS-Tween (0.1%) to remove any unbound species. Finally, an anti-E. coli AlexaFluor-555 was 

conjugated to the bead complex for 20 min on a rotator. The final complex was then washed twice 

using IMS with PBS-Tween. The complex was then resuspended in 50 µL of urine. 30 µL of the 

complex was then added simultaneously to the device with 30 µL of PBS buffer to create capillary 

driven laminar flow. The permanent magnet was placed on the adjacent channel at the desired 

detection zone. After 30 s the fast flow has stopped and analysis of E. coli capture was performed.   

2.2.6 Image Analysis  

Videos of all experiments were taken with the DinoLite microscopes and pictures were 

then exported to be analyzed in NIH ImageJ. The images were split into red, green, and blue 

channels for  elimination of background signal and analysis. Fluorescence intensity plots were 

created with proportional mean grey scale values.   

2.3 Results and Discussion  

2.3.1 Device Dimensions and Laminar Flow 

An H-cell device was created from paper and transparency film to demonstrate capillary 

driven laminar flow was possible. The device was assembled by stacking packing tape, paper, 

double-sided adhesive, transparency together as shown in Figure 2.1a. Figure 2.1b shows the cross-

sectional view of the channel once the device is assembled. ffPADs yield faster sustained flows 

than traditional µPADs, as demonstrated in Figure 2.1c, where the liquid 6 cm from the inlet in a 

ffPAD with 360 µm gap has a speed of 0.62 cm/s versus 0.0035 cm/s in traditional single-layer 

µPAD.19 The gap height can be controlled by changing the number of double-sided adhesive layers 

placed between the paper and transparency layers. Modeling of this phenomenon recently 
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published by Channon et al. describes flow dominated by Laplace pressure for the first 1-2 cm.20 

Shown by a still image in the supplemental, the fluid flow in the gap of the device is dragging the 

liquid in the paper layer. The flow in the gap is then dominated by a “moving wall” of liquid, 

resulting in a shear flow within the paper and a linear velocity profile.19, 20 The modeling described 

is confirmed by the experimental results shown in Figure 2.1c, where there are high initial 

velocities of over 4 cm/s for a 360 µm gap height that decay over distance.20 The fluid velocities 

in the devices shown here have similar flow characteristics and show the same experimental results 

described by Channon et al.19, 20 Although ffPADs have shown faster velocities as compared to 

traditional µPADs, the maximum Reynolds number (Re) in the multi-layer device was calculated 

to be 2.0, which occurred in the 360 µm gap configuration, confirming that flow is extremely 

laminar. Based on the studies showing sustained high velocities, we were led to hypothesize that 

magnetophoresis was possible because ffPADs have a large enough gap height for the majority of 

suspended particles to avoid being trapped in the cellulose fibers.4, 19, 23  

                         

Figure 2.1. Assembly and flow characteristics of microfluidic paper-based analytical devices (µPADs). (a) Schematic 
of fast flow µPAD assembly. (b) Cross-sectional view of channel of fast flow µPADs, with flow to-ward/away from 
the observer. (c) Plot showing flow velocities with respect to gap height.   
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We next sought to demonstrate laminar flow in the ffPAD configuration because consistent 

laminar flow is needed for magnetophoresis to avoid convective mixing between the two parallel 

flowing streams in the H-cell.24 A ffPAD with two inlets containing red and green dyes showed a 

distinct interface between the two liquid streams, again confirming laminar flow was established 

in the device with only slight diffusional mixing (Figure 2.2a). Following the demonstration of 

fully developed laminar flow, the effect of inlet angle was quantified using the absolute mixing 

index (AMI) as a measure of total mixing. AMI indicates the extent of mixing and operates on a 

scale of  0-1, where 0 indicates a completely mixed state and 1 indicates a completely unmixed 

state. Photographs above each graph in Figure 2.2b show each device and the main channel where 

the analysis is performed. Devices I, II, and III were all consistent with a 3 mm wide channel with 

only changing the angle of the inlet. Where device I had a 90˚ angle, device II had a 180˚ angle 

and device III had a 15˚ angle. Devices I and II showed inconsistent flow with relatively large 

standard deviation of ±1 shown in blue. In device III a 15° angle between the two inlets led to less 

mixing and more reproducible laminar flow. Device IV was fabricated incorporating the optimal 

angle geometry with a 270° fan at end of the channels that produces steady flow in paper analytical 

devices.21, 25 Inserting the fan decreased variability and increased AMI (Figure 2.2b). Device IV 

showed the most reproducible laminar flow along with the least mixing denoted by an AMI of 0.7 

with only diffusional mixing occurring. As a result, the Device IV geometry was selected for 

subsequent studies. 
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Figure 2.2. (a) Image taken of fast-flow µPAD with laminar flow. (b) Images taken of the middle channel to 
analyze AMI. The corresponding graphs show the effect the angle has on consistency of laminar flow by quantifying 
the amount of mixing of each device.  

 

2.3.2 Understanding Particle Behavior 

Once velocities and laminar flow parameters were characterized, particle separation via 

magnetophoresis was investigated. Since the bottom layer of the ffPADs was made from 

transparency film, it was possible to image the magnetic particles inside the gap. Figure 2.3a shows 

a qualitative schematic of expected particle trajectories, where magnetic particles move across the 

laminar flow interface and are trapped by a permanent magnet. The NdFeB permanent magnet was 

placed on the top side of the device on the edge of the channel. 2 µm, 8 µm, and 44.1 µm magnetic 

particles were tested. The sizes were selected based on commercial availability. 2 µm and 8 µm 

particles were retained within the paper fibers resulting in no observable movement across the 

parallel flowing streams and significant fluorescent background in the channel (Figure 2.3b and 

2.3c). Whatman 1 chromatography paper has an average pore size of 11 µm, which resulted in 

trapping particles size smaller than 11 µm in the device. In addition to particle size, the magnetic 

(mm) 
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susceptibility changes proportionally with the size of the particles. As a result, the 44.1 µm 

particles remained in the gap area between paper and transparency film and could be moved across 

the laminar flow barrier with ease (Figure 2.3d). The 44.1 µm magnetic particles also accumulated 

near the magnet. As a control, the trajectories of the 44.1 µm particles were obtained in the absence 

of a magnetic field. Without the field present, the particles largely followed the liquid streamlines 

and did not cross the parallel streams’ interface (Figure 2.3e). The ability to pull the 44.1 µm 

particles from one stream to another with the magnetic field under continuous flow is the first time 

magnetophoresis has been demonstrated in a pump-free device to the best of our knowledge.  

After confirming magnetophoresis in ffPADs, the concentration dependent signal was 

evaluated by analyzing the fluorescence intensity of captured particles by taking the mean grey 

scale intensity of the area at magnet. Figure 2.3f shows the normalized fluorescence intensity 

variation as a function of particle concentration. The linear calibration curve shows the fluorescent 

signal increasing with increasing particle concentration with corresponding error bars taken from 

a standard deviation with an n of 3 for each concentration.  

                  

Figure 2.3. Magnetophoresis in µPAD (a) Overview of magnetophoresis concept where the white dashed lines 
indicate the laminar flow interface. (b) 2µm magnetic particles. (c) 8µm magnetic particles. (d) Control image of 
particles flowing in the absence of a magnetic field. (e) 44µm magnetic particles undergoing positive magnetophoresis. 
(f) Calibration curve of fluorescent intensity of particle capture via concentration. 
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2.3.3 Improvements in Device Design 

The effect of gap height on particle capture was investigated. Pamme et al. showed in a 

glass microchip that if fluid velocities are above 0.2 cm/s then little to no deflection of magnetic 

particles occurs.  Conversely, if velocities are lower than 0.04 cm/s the magnetic moment will be 

more pronounced and inherently influence the particle deflection trajectory.26 Since the velocity 

and magnetic field vectors are orthogonal, faster flow decreases particle deflection caused by a 

constant magnetic field, as described by the equation shown in Figure 2.4. The fluid velocity in a 

ffPAD is controlled by the gap height between the layers, so the gap height was varied to study 

these competing effects.19 ffPAD gap heights of 60, 70, 120, 230, 290, 360, and 500 µm were 

tested using 44.1 µm magnetic particles and the fluorescent intensity of captured particles 

analyzed. A gap height between 230 and 290 µm yielded the highest number of magnetic particles 

captured by the magnet (Figure 2.4a). In the ffPAD, a velocity exceeding ~1.5 cm/s prevented the 

particles from being captured. When the velocity was lower than ~0.5 cm/s the particles were 

retained in the paper fibers particle and accumulation at the magnet was not observed.      

Figure 2.4. (a) Optimization of particle capture with respect to gap height characterized by fluorescent intensity. 
Correlated equation showing the relationship of the velocity of the particle with respect to the fluid and magnetic 
velocity. (b) Photograph and theoretical capture efficiency in the device with optimized gap height. 
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 In addition to optimizing gap height, the shapes of the outlet channels were studied. The 

magnetic particles follow a curved deflection trajectory. To account for this trajectory and improve 

the efficiency of particle capture, the device geometry was modified to match the general shape of 

the trajectory. A thin wax line was also printed on the top paper layer directly down the center of 

the channel to improve flow reproducibility. The particles then deflect only in the gap of the device 

and mixing in the paper is minimized (Figure A1.3). Additionally, a larger fan with a 14 mm 

diameter was used with the upper channel versus a 9.5 mm diameter fan on the lower channel. The 

larger fan is used to continually wick the solution from the upper channel and particle inlet to 

transport more particles to the detection zone and improve capture efficiency (Figure 2.5a). The 

magnetic field is shown with an overlay of a schematic of the device and magnetic particles 

following the field lines and being attracted toward the high gradient (Figure 2.5b). The shape of 

the outlet channels were designed to match that of the magnet field lines to further improve capture 

of the magnetic particles. 27 After optimization of the device was completed the capture efficiency 

was then investigated yielding capture of 61.5% ± 5.8 (n=4) with similar efficiencies for increasing 

concentrations. Other studies have shown capture efficiencies anywhere from 44% to 100% with 

permanent magnets, however all previous studies were conducted in traditional microfluidic 

channels using pumps.28  Concentrations from 0.05 mg/mL to 0.3 mg/mL were selected because 

of the ability to physically count the number of particles in a 30 µL sample. The lowest capture 

was reported for the highest concentration because particles will aggregate at higher 

concentrations.  The calculated capture efficiency of 61.5% was further analyzed and it was 

determined that many of the large 44.1µm particles sediment to the bottom of the inlet and are 

trapped before reaching the capture magnet.  If the particles left in the inlet were able to reach the 

capture zone, a theoretical yield of 85.6% would result (Figure 2.4c). This is calculated by counting 
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the number of particles left in the inlet versus the total number of particles added (n=4).  A washing 

step of buffer immediately after the initial addition showed an increase of ~5%.   

                      
Figure 2.5. (a) CAD rendering of the device design and photograph of the fabricated µPAD. (b) Magnetic field 

gradient of a N52 cylindrical NdFeB permanent magnet overlay with fluid channel. Red spheres indicate magnetic 

particles. Magnetic flux density estimated to be 1300 gauss or 130 mT near the center of the channel. 

2.3.4 E. coli Magnetophoresis in Urine  

Escherichia coli (E. coli) is a common bacterium found in food and water that causes 

millions of infections per year in the US. E. coli accounts for 70-95% of all urinary tract infections 

(UTIs).29 An immunomagnetic sandwich E. coli assay in urine was performed to demonstrate the 

ability to carry out analysis on real samples. To verify that the 44.1 µm beads would capture E. 

coli, the streptavidin coated beads were modified with biotinylated anti-E. coli and incubated with 

107 CFU/mL E. coli labeled with a fluorescent secondary antibody. As shown in Figure 2.6c and 

Figure A1.2, fluorescently labeled bacteria are bound to the surface of the magnetic beads. To 

demonstrate that the device could process a complex sample matrix, the optimized 
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magnetophoresis assay was performed using human urine. 30 µL of the streptavidin magnetic bead 

antibody complex was incubated in a urine sample spiked with E. coli during the antibody 

conjugation. A full schematic of the conjugation process can be found in the supporting 

information.  After conjugation was complete, the complex was resuspended in urine and the 

detection of the labeled E. coli was shown in the device via magnetophoresis along with a blank 

(Figure 2.6a and 2.6b).  Next, serial dilutions from 107 CFU/mL to 101 CFU/mL were used to 

create a dose-response curve (Figure 2.6d). The LOD in the device of 105 CFU/mL is not as low 

as a colorimetric response seen previously by our group of 102 CFU/mL for IMS methods,22 but  

still demonstrates proof-of-concept. Detection limits could be improved in a few ways. First, 

enzymatic amplification instead of a fluorescent tag has been shown to improve the LOD 

especially in µPADs. Second, if the lower concentrations of E. coli were cultured prior to 

conjugation it would improve the LOD as well.30, 31 The final complex was introduced into the 

device and compared against the blank to see significant capture E. coli in the device in less than 

30 s. Further investigation will be done to try to improve the capture efficiency with sequential 

washing steps to fully wash any complexes left in the inlet,  and by adding a surfactant to the buffer 

to decrease particle-transparency interactions. Fluorescence detection is convenient for rapid 

detection of the complex, however we found it was limited by intensity when trying to record the 

entire channel. 
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Figure 2.6. Detection of fluorescently labeled bacteria in µPAD magnetophoresis. (a) Inverted image of positive 
magnetophoresis of E. coli complex. (b) Negative control assay (without E. coli). False color has been applied for  
visualization (c) Fluorescent microscope image taken of bound E. coli to bead. (d) Dose-response curve of  E. coli in 
urine in the device. 

2.4 Conclusions and Future Directions 

In this work, the first example of a pump-free paper-based magnetophoresis device is 

demonstrated. The novel design shows efficient capture and detection of magnetic particles made 

possible by the fast flow system with sustained high velocities. Device dimensions, particle size, 

gap height, and magnet placement and strength were all studied to improve particle capture and 

reduce convective and diffusional mixing between the two flow streams. A capture efficiency of 

61.5% was obtained and further investigation is being done to improve this as described above. 

Even though this capture efficiency is not as high as other magnetophoretic devices, this device 

represents a novel approach to a technique that has not previously been demonstrated in paper. 

The current method for this assay involves several off-chip steps, but future work will also seek to 

integrate all steps to minimize assay complexity. We envision additional new potential diagnostic 

platforms possible because of the technique described. Future work will target adapting the system 

to incorporate the off-chip manipulations onto the device and to detect multiple pathogens at once. 
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CHAPTER 3. PROGRESS TOWARD A SIMPLIFED UTI DIAGNOSTIC: PUMP-FREE 
MAGNETOPHORESIS FOR E. COLI DETECTION 

 

Urinary tract infections (UTIs) are one of the most common infections across the world 

and can lead serious complications such as sepsis if not treated in a timely manner. Uropathogenic 

E. coli (UPEC) represent 75% of all UTIs. Early diagnosis is crucial to help control UTIs, but 

current culturing methods are expensive, time-consuming, and can lack sensitivity. Existing point-

of-care (POC) methods fall short because they rely on indirect detection from elevated nitrates in 

urine rather than detecting the actual bacteria causing the infection. Magnetophoresis is a powerful 

method used to separate and/or isolate cells of interest from complex matrices for analysis. 

However, magnetophoresis typically requires complex and expensive instrumentation to control 

flow in microfluidic devices. Coupling magnetophoresis with microfluidic paper-based analytical 

devices (µPADS) enables pump free flow control, simple operation, and low cost. Early 

magnetophoresis µPADs showed detection limits competitive to traditional methods but higher 

than targets for clinical use. Here, we demonstrate magnetophoresis using hybrid µPADs that rely 

on capillary action in hydrophilic polyethylene terephthalate (PET) channels combined with paper 

pumps. We were able to detect E. coli with a calculated limit of detection of 2.40 x 102 Colony 

Forming Units per mL (CFU/mL). This chapter has been submitted to Analytical Chemistry and 

accepted with revisions. I was the first author and was the sole writer of this work. All experiments 

were conducted by myself or one of the other listed authors with assistance from Dr. Ilhoon Jang 

on the initial device design. 

3.1 Introduction 

UTIs occur when microbial pathogens infect the urinary tract of the urethra, bladder, 

ureters, and/or kidneys. UTIs are the one of the most common bacterial infections accounting for 
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more than 200,000 deaths worldwide per year.1 UTIs are most prevalent in women with up to 50% 

of women experiencing at least one UTI during their life, and one in five women experiencing 

recurring UTIs.2, 3 Another major concern is catheter-associated UTIs (CAUTIs), most commonly 

found in nursing homes and hospitals.4 Catheters are prone to infection and commonly lead to 

complications such as sepsis, bladder stones and endotoxic stock.5 CAUTIs develop in over 80% 

of patients with even higher rates for elderly patients.4-6 Finally, a recent study found that in 2019 

there were more than 404.6 million UTI cases resulting in 236,786 deaths and UTIs contributed to 

5.2 million disability-adjusted life years (DALYs) worldwide.7  

Early detection is crucial to help control UTI cases and related deaths. The ideal UTI 

diagnostic assay needs to be less than 10 min, inexpensive, portable, and applicable at the point-

of-care (POC) to enable rapid, and effective treatment.8 Current diagnostics fail to reach patients 

at the POC due to cost, the need for trained personnel, and controlled temperature, which requires 

that they be performed in a laboratory setting. The few diagnostics used at the POC fail to test for 

the pathogenic bacteria that cause UTIs.2 Nitrate diagnostic tests are the most common, in the form 

of dipsticks, have been used since the 1970s. Instead of testing for Uropathogenic E. coli (UPEC), 

which accounts for 75-90% of all UTIs, nitrate dipsticks test for elevated nitrate levels.2-6, 8 Which 

can be caused from numerous bacteria that are present in urine even without a UTI reducing the 

test accuracy.6, 9, 10 While dipstick nitrate tests are inexpensive and readily available, an improved 

diagnostic is needed that can detect UPEC at low levels to diagnose UTIs earlier and more 

accurately. By creating a diagnostic that can accurately detect UPEC, doctors can provide the 

correct antibiotic rather than a general antibiotic that leads to reduced recovery times and antibiotic 

resistance.11 
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µPADs consisting of porous materials are a popular format for POC diagnostics because 

they are not only generating a fluid flow by capillary action but also are portable and cost effective 

sensors.12-15 The home pregnancy test is the most popular example of an influential POC 

diagnostic.12, 16 In recent years, µPADs have been used to detect metals in water, foodborne 

pathogens, virus and bacterial infections with success.16-21 In these studies, immunoassays, 

enzymatic, electrochemical and magnetophoresis assays were used in the µPADs with success. 

However, µPADs are often criticized for poor sensitivity and specificity when compared to 

traditional laboratory assays (e.g. ELISA and PCR) where tests can detect 102 CFU/mL.21 To 

improve sensitivity and limits of detection to similar levels, sample concentration and washing 

steps are needed.16, 22 However, this is challenging to do in µPADs without substantial manual user 

intervention, decreasing ease-of-use.  

One solution for improving UTI detection is magnetophoresis. Magnetophoresis is the 

process of manipulating a magnetic particle bound to an analyte of interest in the presence of an 

external magnetic field and has shown promise for diagnostic assays.23, 24 Traditional microfluidics 

using glass chips and polydimethylsiloxane (PDMS) have dominated magnetophoreisis.19, 20, 23 For 

example, Phurimsak et al, demonstrated enzymatic magnetophoresis with traditional microfluidics 

using a glass chip to sequentially bind reagents while washing sample during flow, reducing the 

amount of user steps needed for detection.20 However, until recently, magnetophoresis has required 

external pumps to drive flow, limiting the portability and usefulness for POC applications. 

Although µPADs transport fluid via capillary action, which eliminates the need for external 

pumps, but was only recently used for magnetophoresis,25 because particles and cells become 

trapped in the paper fibers during flow, limiting their ability to be separated. 
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Magnetophoresis coupled with µPADs presents an alternative POC method for UTI 

detection by automating the concentration and washing steps, while improving sensitivity relative 

to other PAD methods. The Henry lab recently adapted a magnetophoresis-based assay into a 

µPAD to demonstrate the first example of a paper-based pump-free magnetophoretic device.25 In 

this work, DH5-alpha E. coli, a model for UPEC, was immunomagnetically labeled and 

fluorescence was used for detection. The device created was free of any external pumps and total 

assay time from sample addition to detection was less than one minute. However, the use of 

fluorescence provided a limit of detection of 105 CFU/mL in human pooled urine, which is higher 

than target clinical levels. 

Although an important step towards a promising technology, several improvements are 

needed to translate pump-free magnetophoresis into an effective POC device. First, in paper 

devices, only a portion of the conjugated magnetic beads make it through the device, reducing 

sensitivity. Second, multiple user steps were required, impacting ease-of-use. To meet the 

detection limits needed for easy, sensitive detection at the POC both needs must be addressed. We 

report an updated pump-free system here that addresses these challenges and achieves simplified 

operation and significant improvements in detection limit. 

3.2 Material and Methods 

3.2.1 Materials 

Hydrophilic transparency 9984 sheets were purchased from 3M. Double-sided adhesive 

sheets (3M9726-ND) were purchased through DigiKey. A cylindrical ¼” x ¼” Neodymium Iron 

Boron (NdFeB) permanent magnet, grade N52 (K&J Magnetics, INC.) was used to create an 

external magnetic field. Other magnet types and shapes were investigated; however, the cylindrical 
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magnet was chosen because of the smaller size while maintaining strong field lines. All magnetic 

beads were purchased from Spherotech Inc. (Lake Forest, Illinois). E. coli antibodies (bs-

2033R/bs-2033R-A555) were purchased from Bioss Antibodies (Woburn, Massachusetts). The 

buffers used in this work were 0.1 M phosphate-buffered saline (PBS) and 0.1 M PBS with 0.1% 

Tween-20 (PBST). The two antibodies were diluted in PBS. 1-step Ultra 3,3’,5,5’-

tetramethylbenzidine (TMB)-ELISA substrate solution (34028) was purchased from 

ThermoFischer Scientific (Waltham, Massachusetts). Human pooled urine was purchased from 

Lee BioSolutions (Maryland Heights, MO). 

3.2.2 Magnetophoresis System Setup 

A housing was designed using CAD software (OnShape) and incorporated alignment 

features, inlet sample ports, and a magnet holder. The housing was 3D printed using a FormLabs 

Form3 SLA printer. The NdFeB permanent magnet placement was optimized for efficient positive 

magnetophoresis, and the housing was designed to hold the magnet in the correct position and 

orientation.  

3.2.3 Device Construction and Operation 

The device consists of five alternating layers of 9984 transparency and 467 double-sided 

adhesive. The double-sided adhesive layers are laser cut to outline the fluid channels. To create 

more reproducible results and consistent magnetophoresis, we needed to generate consist laminar 

flow through the main channel in the device. To accomplish this, both flow streams need to enter 

the main channel simultaneously. We accomplished this goal using recently described burst 

valves.122The device is first assembled with a bottom layer 9984 transparency (layer 1) followed 

by the first double sided adhesive layer cut for the lower fluid channel shown in Figure 3.1a. The 



 

 48 
 

third layer is transparency film cut out to create a burst valve between the top and bottom double 

sided adhesive channels (layers 2 and 4). The fourth layer is double-sided adhesive with the top 

fluid layer cut out incorporating a sample addition inlet and a buffer wash inlet. Placing a wash 

buffer inlet behind the sample inlet ensures all the sample gets washed through the device. The 

fifth layer is a transparency layer cut to fit the inlet holes and seal the device.  

Operation of the device starts with addition of blue dye at stage 1. Then at stage 2, yellow 

dye is added and both blue and yellow dyes meet at a junction point. Once both fluids meet at a 

junction point flow is then initiated into the main channel (Figure 3.1c). Stages 1-5 in Figure 3.1c 

demonstrate how fluid is added and remains laminar while completely washing the sample 

through the device (red dye) with only small diffusional mixing. At stage 1 and 2, the blue and 

yellow dyes are added and laminar flow begins once both reach the junction point. At stage 3 and 

4 the red dye is added to simulate the sample where it is completely washed through the device 

while maintaining laminar flow. At stage 5, the red dye has been completely washed through 
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ensuring the maximum amount of sample reaches the detection zone, improving the detection 

limit.    

              

 Figure 3.1. (a) CAD rendering of assembly of the device with alternating layers of transparency film and double-
sided adhesive with layer assembly 1-5. (b) Device construction with 3D printed housing. (c) Demonstration of 
laminar flow with simultaneous delivery of reagents into the main channel with food dye. Stage 1-5 shows the 
addition of each reagent (blue, yellow, and red) while maintaining laminar flow. 

3.2.4 E. coli Growth and Sample Preparation 

E. coli DH5-Alpha was used as the model bacteria in this work; it was grown in Universal 

Enrichment Broth (Sigma-Aldrich, pH 7) overnight (12-16hr) in a shaker at 37°C and 220 rpm. 

The bacteria concentration was quantified by serial dilution and plating on lysogeny broth (LB) 

agar plates. Serial dilutions of this solution were made using PBS or human pooled urine.  

3.2.5 E. coli Detection Using Immunomagnetic Separation 

The enzymatic assay presented by Srisa-Art et al. was modified for DH5-Alpha 

detection.22 The entire assay was performed on the benchtop at room temperature and displayed 

in Figure 3.2. First, 100 µL of 2.5mg/mL 8µm streptavidin coated paramagnetic beads 

(SpheroTech) were vortexed for 30 s at room temperature. Second, the beads were conjugated 

to 5 µg/mL of biotinylated anti-E. coli in a microcentrifuge tube for 20 min on a rotator. Third, 
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an immunomagnetic separation (IMS) was performed using a magnet (DynaMag-2 magnet, 

Thermo Fisher Scientific, Inc.) to isolate and concentrate the magnetic bead-antibody complex 

by removing the supernatant and resuspending the content in 100 µL of PBS. Fourth, the bead-

antibody complex was added to 1 mL of E. coli spiked urine and incubated on a rotator for 30 

min. Another IMS step was performed to isolate/concentrate the sample and to remove the 

supernatant. The complex was washed twice with PBS-Tween (0.1%) to remove any unbound 

species and blocked with 5% bovine serum albumin (BSA). Finally, 5 µg/mL of anti-E. coli 

horseradish peroxidase (HRP) was conjugated to the bead complex for 20 min on a rotator. The 

final complex was then washed twice using IMS with PBS-Tween and blocked with 5% BSA. 

The complex was then resuspended in 100 µL of urine to give a bead concentration of 2.5 

mg/mL. 10 µL of the complex was then added to the device with 30 µL of PBS buffer and 65 

µL of Ultra-TMB to create capillary driven laminar flow. The permanent magnet was placed 

on the adjacent channel at the desired detection zone. After 30 s the fast flow has stopped, and 

analysis of E. coli capture was analyzed by mean grey scale intensity with ImageJ from a 

smartphone picture.  



 

 51 
 

            

Figure 3.2. Schematic of immunomagnetic separation process of sequential binding of magnetic complex. (a) 
Binding schematic of immunomagnetic separation process of conjugating the magnetic bead sandwich complex. (b) 
Schematic of the enzyme-substrate reaction of TMB with HRP. (c) Flow schematic of reagent additions into the 
device with the full sandwich E. coli complex, where PBS is added first, then TMB is added second, and finally the 
magnetic bead complex is added last.  

3.2.6 Image Analysis 

Images were taken using a smartphone of the paper waste pads where the color develops. 

Images were imported into ImageJ, inverted, converted to 8-bit and intensity measurements were 

taken following published protocols. A consistent area where the blue color forms in the detection 

zone was measured (Figure A2.1). Mean grey scale intensity plots were created using a 4-

parameter logistical (4PL) regression curve. 

3.2.7 Paramagnetic Magnetic Beads 

Commercially available 8µm paramagnetic streptavidin labeled beads were purchased 

from SpheroTech Inc (Lake Forrest, Illinois). The beads were purified through immunomagnetic 
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separation washes of PBST to remove any unbound streptavidin molecules before use. The beads 

were then resuspended in PBS at 2.5 mg/mL and store at 4˚C before use.  

3.3 Results and Discussion 

3.3.1 Immunomagnetic Conjugation 

To address sensitivity issues with the original magnetophoresis device, we transferred from 

a fluorescent label to an enzymatic label for visual color formation. Enzymatic labels such as 

horseradish peroxidase (HRP) are commonly used to label target analytes in traditional ELISAs.27, 

28 Colorimetric reactions between enzymes and specific substrates provide fast reaction rates with 

easy-to-read signals.27-29 HRP and TMB are a well-known enzyme-substrate pair that produce a 

strong color change from colorless to bright blue in the presence of peroxide (Figure 3.2b). HRP 

is readily available, inexpensive, stable and has a high turnover rate, making it an ideal enzyme 

for POC diagnostics.28 Using a colorimetric system allows for easier read-by-eye detection for a 

simple qualitative test if desired. Furthermore, smartphone apps have been used in the past to take 

a picture of the detection zone, perform a color intensity measurement and then provide a 

concentration dependence.30, 31 The magnetic complex was washed after each labeling step to 

ensure all supernatant is removed before the next labeling step. Off-chip conjugation requires 

multiple pipetting steps and user manipulation which is not ideal for a POC assay. However, the 

complex was shown to be stable after two weeks at 4˚C, indicating that the magnetic bead complex 

can be shipped with the capture antibody already labeled. Future iterations of this system will be 

aimed at reducing the number of off-chip steps to include the washing and incubation steps being 

performed on-chip with little user-manipulation.  
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3.3.2 Device Design and Assembly 

In a previous publication we demonstrated the first paper-based pump-free 

magnetophoresis device.25 However, the first version of the device did not provide sufficiently low 

detection limits to be of significant use clinically and require very precise control of sample 

addition to establish laminar flow. To solve the laminar flow challenge, we changed the device 

design to take out user error associated with sample addition to generate laminar flow. In 2019 

Jang et al, introduced burst valves into paper-based microfluidics to control flow by controlling 

the geometry channel intersections in an assembled multi-layer device.26 Building on this concept, 

we incorporated a burst valve into the working device to establish laminar flow more reproducibly. 

The burst valve works by controlling the geometry of the 3rd layer of transparency as shown in 

Figure 3.3a. The pointed geometry of the 3rd layer allows the user to add one sample at a time 

without flow being initiated into the main channel until both fluids meet at the junction point in 

layer 3 as shown in Figure 3.1c.  

Secondly, we observed in the first version of the device magnetic beads were left in the 

sample inlet after flow stopped. To solve this, we added a sample inlet in between the wash buffer 

reservoir and the junction area to wash the magnetic beads completely out of the sample inlet 

(Figure 3.3b). In order to make a buffer flow consistently, a flow channel is designed around the 

inlet hole. Another advantage of the sample inlet is that the sample could be added in the middle 

of the operation without an air bubble problem. The wash buffer reservoir successfully washes the 

magnetic beads from the inlet to the detection zone as shown by red food dye in Figure 3.3c. Once 

the fluid reaches the paper waste pad at the end of the device flow is driven by wicking through 

the cellulose. Flow features of the developed device are achieved without usinga complicated 

pump or valve system. For stages 1 through 4, the flow is driven by the capillary acting on a 
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hydrophilic film. However, once the fluid reaches the paper waste pad at the end of device is driven 

by wicking through the cellulose (Figure 3.1). 

         

Figure 3.3. (a) CAD assembly rendering of the current paper-magnetophoresis model. (b) Photography of fully 
assembled device from 3b while undergoing flow using food dye. (c) Photography of a device undergoing flow after 
the red food dye has been washed through.  

3.3.3 Flow Optimization 

It is crucial to establish consistent laminar flow in this device to avoid mixing of the 

sample containing secondary-HRP antibody and TMB. The use of valves is common practice to 

control fluids by controlling the geometry and design of the channels.32, 33 By establishing 

consistent parallel flow from the two fluid inlets, we can control parallel flow with only 

diffusional mixing of the TMB and sample. Optimal sample volumes were investigated to 

determine which conditions allowed for reproducible laminar flow without unintended mixing. 

Volume ranges from 10-40 µL of wash buffer were investigated, along with 30-70 µL of Ultra-

TMB and 5-20 µL of bead-sample. 30 µL of buffer with 65 µL of Ultra-TMB were chosen as 

they gave the most reproducible flow results. If too much fluid was added to the device, the burst 
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valve initiated before both flow streams reached the junction point due to increased Laplace 

pressure. 10 µL of bead-sample was chosen because it was the smallest amount of sample that 

would still give strong enough signal for analysis while conserving sample. Additionally, the 

order of the sample and reagent addition was investigated to determine flow success rate to 

ensure the device can be operated by untrained users at a POC settings. It was determined that 

the optimal order of sample additions to generate the most consistent flow was to add 30 µL of 

wash buffer and then 65 µL of Ultra-TMB. After the first two steps were completed, flow 

reached the burst valve and flow in the main channel was initiated. 10 µL of the sample 

containing magnetic particles was then added to the sample inlet. The 30 µL of wash buffer 

loaded behind the 10 µgµL sample addition washed all the magnetic beads through while flow 

remained laminar through the main channel as shown in Figure 3.1c. Paper waste pads were 

inserted at the end of the capillary device to continuously wick fluid through the device while 

laminar flow was maintained.  

3.3.4 Device Operation with Housing Assembly 

A 3D printed housing was designed for the device to improve assay operation. An 

integrated magnet holder keeps the magnet in the correct orientation during the assay, while a 

window is included to visualize color formation of the blue oxidized TMB. A sample inlet port 

keeps all reagents contained during the assay for improved ease-of-use. Finally, alignment and 

friction boss features keep the capillary device in place and the top and bottom parts of the housing 

held securely together. Operation of the device is outlined in Figure 3.4. Once conjugation of the 

urine sample to the magnetic beads has been completed, the full assay can be broken down into 

three steps: (1) 30 µL of PBS wash buffer into the top sample port, (2) 65 µL of TMB substrate 

solution is loaded into the bottom sample port, (3) 10 µL of magnetic bead complex is added to 
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the sample inlet. After 10 min from sample addition, the device can be read for either a positive or 

negative E. coli sample. Presence of blue color indicates a positive sample, while no blue color 

being present indicates a negative sample. The photograph taken in Figure 3.4 of the blue color 

formation resulted from the processing of a urine sample with 106 CFU/mL E. coli.  

 

Figure 3.4. Photographs of device assembly and operation to color formation of a positive E. coli sample. Sample 
shown in picture was from 10^6 CFU/mL 14-day old conjugation. 

3.3.5 Colorimetric E. coli Detection 

Colorimetric E. coli detection was conducted initially using phosphate buffered saline 

(PBS) as a sample matrix and was then conducted in human pooled urine to mock a real urine 

sample. Here, E. coli cultured in universal growth medium was diluted to concentrations from 102 

to 107 CFU/mL. Results for E. coli diluted in PBS and urine are shown in Figure 3.5a and 3.5b, 

respectively. The data was fit to a 4-parameter logistic curve (4PL) commonly used for 

immunoassays because of the antibody binding limiting kinetics of the sandwich immunoassay.17, 

34 LODs of 2.40 x 102 CFU/mL (PBS) and 4.67 x 102 CFU/mL (urine) were calculated using the 

4PL (3𝜎 + µ̅). In the urine-based assay, the conjugation of the immunomagnetic sandwich, as well 

as the final complex were both conducted in urine. Future iterations of this assay will be aimed at 

performing the conjugation and washing steps on-chip so showing the assay is still functional in 

urine is crucial moving forward. An LOD of 4.67 x 102 CFU/mL was calculated for the human 

urine assay. By creating a wash-through style device while also using an enzyme substrate 
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detection system we were able to improve our limit of detection by 3-fold from the previous work, 

which demonstrates the capability of this device to detect bacteria from complex samples in the 

early stages of infection.  

 

Figure 3.5. 4PL regression curve for the E. coli immunoassay. (a) Immunoassay curve with the conjugation of E. 

coli in PBS. (b) Immunoassay curve with the conjugation of E. coli in the presence of human pooled urine and then 
resuspended in urine to run the assay. 

3.4 Conclusions and Future Work 

UTIs remain one of the most common infections and current UTI diagnostics fall short. A 

rapid, inexpensive, sensitive, and easy to use assay is urgently needed. Early detection of UTIs in 

health-care settings such as hospitals and nursing homes is crucial to prevent serious infection and 

reduce misuse of antibiotics in these settings. Here we have shown the capability of µPADs 

coupled with magnetophoresis as a powerful POC device that rivals traditional laboratory methods. 

In this work we developed a power-free capillary driven device that detects E. coli from a complex 

matrix with detection limits of 102 CFU/mL in buffer and 4.67 x 102 CFU/mL in urine. The device 

could generate laminar flow consistently as well as transport magnetic particles to the detection 

area completely. Importantly, this device can be used for many analytes other than E. coli. By 

simply changing the specific antibodies, other organisms, biomarkers, and DNA could also be 
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detected. The assay described is an easy-to-read test that can provide feedback for patients in 10 

min or less. Quick assay times will help control UTIs in the community and healthcare settings. 

Future work for this project will involve transferring conjugation and washing steps to be 

conducted on-chip with little to no user intervention. We believe a one-step magnetophoresis UTI 

assay would impact patient care in at home settings and healthcare. In future iterations of this 

device, we will be working with local hospitals and nursing homes to start to test this platform 

with patient samples.  
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CHAPTER 4. MAGNETOPHORESIS SLIDER ASSAY (MeSA): A SIMPLE PLATFORM 
FOR POINT-OF-CARE DIAGNOSTICS 

 

Infectious diseases account for millions of deaths each year worldwide. To reduce the 

number of infectious disease related deaths, diagnostic testing needs to be more accessible to 

patients in low-income countries as well as developed countries. Current diagnostic methods rely 

on centralized laboratories, trained personnel, and are time intensive, limiting translation to the 

point-of-care (POC). Microfluidic devices are a popular alternative for diagnostics due to reduced 

assay times, reduced sample volume, and lower cost. Microfluidic devices are small (<10 cm) and 

can perform complex assays. Microfluidic paper-based analytical devices (µPADs) are a popular 

approach to help translate diagnostics to the POC but historically suffer from poor sensitivity when 

compared to established laboratory methods. Magnetically labeling analytes allows samples to be 

sorted resulting in improved sensitivity and specificity. Microfluidic magnetophoresis is the 

process of manipulating magnetic particles in a magnetic field and offers the ability to wash and 

concentrate a sample during flow. However, until recently, magnetophoresis has not been used in 

conjunction with µPADs because magnetophoresis requires complex and expensive 

instrumentation to control flow. Coupling magnetophoresis with µPADs enables pump-free flow 

control, simple operation, and low cost. Early magnetophoresis µPADs showed detection limits 

similar to traditional methods, but higher than targets for clinical use. In this work, we demonstrate 

a novel, simple Magnetophoresis Slider Assay (MeSA) that is free of any external instrumentation 

and offers a new platform for POC diagnostics. We demonstrate the assay’s capability through 

biotin competitive assays and a sandwich immunoassay for E. coli detection. The calculated limit 

of detection for E. coli was 1.62 x 103 colony forming units per mL (CFU/mL). The work described 

is a novel and simple microfluidic platform that has potential for a wide range of future 
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applications. This chapter is in preparation for submission. I was the first author and was the sole 

writer of this work. All experiments were conducted by myself with this assistance of Alli Dolence 

and Jason Boes. 

4.1 Introduction 

Infectious diseases account for millions of deaths each year globally, and approximately 

one third of all annual deaths.1 In 2020 alone, 10 million people were diagnosed with tuberculosis 

and 1.5 million people died from their infections.2 The World Health Organization (WHO) states 

that Point-of-Care (POC) diagnostics are critical to reducing the number of infectious disease 

related deaths each year.3, 4 POC testing is performed at or near the location of the patient, reducing 

the time needed to obtain a result.5 However, current diagnostics are not accessible to all patients 

at the point of care, especially for those in low resource settings.6, 7 To make current diagnostics 

more accessible to patients in need, assays need to be rapid, simple, and field-deployable.8 The 

COVID-19 pandemic demonstrated the need for accessible diagnostics effective for pathogen 

detection.9 Coupling existing laboratory techniques with microfluidic technology is a popular 

approach to improve sensitivity, specificity, and ease of use while making diagnostic testing more 

accessible.10 

Microfluidic devices are able to handle small sample volumes precisely without tedious 

user intervention making them ideal for POC testing.3, 10 Microfluidic devices have been developed 

to detect bacteria, viruses, heavy metals in water, and other infectious agents.3, 10-13 Traditional 

microfluidic devices have been fabricated using photolithography with silicon wafers, glass, 

quartz, and/or poly(dimethylsiloxane) (PDMS) using methods that are expensive, time intensive, 

and use harsh chemicals.14-17 An alternative to traditional microfluidics is microfluidic paper-based 

analytical devices (µPADs). µPADs are paper-based microfluidic devices with patterned 
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hydrophobic barriers to define fluid channels. There are several techniques to fabricate 

hydrophobic channels including; wax printing/dipping, photoresist, parafilm stamping, or as 

simple as drawing with a crayon.18 µPADs are cheap, portable, and easy to fabricate in resource-

limited settings.15, 19 However, µPADs historically suffer from poor sensitivity and specificity 

when compared to traditional microfluidic techniques and established laboratory practices such as 

PCR and ELISA.20, 21 To improve sensitivity and specificity of µPADs, sample washing and 

concentration steps are needed.15, 22, 23 

Magnetophoresis is the process of manipulating magnetic particles using a magnetic field. 

It allows magnetic particles to be moved through a sample matrix so that the captured targets can 

be concentrated and pulled through wash buffers to remove any non-specifically bound substances, 

improving assay sensitivity and specificity.24, 25 The Pamme group pioneered the field of 

magnetophoresis using PDMS and glass chip systems and external pumps to drive flow.24, 26, 27 

They have demonstrated the ability to conjugate magnetic particles during flow, detect multiple 

analytes such as C-reactive protein, E. coli and Salmonella, and to multiplex assays. Their work 

demonstrates the ability of magnetophoresis to simplify tedious laboratory techniques. However, 

traditional magnetophoresis is difficult to translate to the POC because of the need for external 

pumps, limiting portability.24-28 Immiscible filtration assisted by surface tension (IFAST) is a 

magnetophoresis technique that eliminates the need for external pumps. IFAST is a process to 

wash a magnetic complex by using a permanent magnet to drag the complex through an immiscible 

phase.29 While these methods address some of the problems with magnetophoresis, they still 

require complex fabrication and/or use of external pumps.   

Recent work demonstrated the first example of magnetophoresis in µPADs without the 

need for external pumps for the detection of E. coli.30 The limit of detection (LOD) was 105 
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CFU/mL of E. coli with no need for external pumps.30 Even though this work demonstrated a proof 

of concept for magnetophoretic µPADs, several improvements were identified to make the method 

viable for POC settings. First, the reported LOD in human pooled urine is at the upper limits of 

clinically relevant levels. Second, several manual pipetting steps were required. Third, along with 

the motivation to transfer away from wax printing, magnetic particles can become trapped in the 

cellulose fibers, making magnetophoresis difficult.31 

In this work, we report a hybrid magnetophoresis µPAD building off the previous 

magnetophoresis and IFAST work to simplify user manipulation without the need for external 

pumps. In this assay, a solution containing magnetic particles is added to the center of a capillary 

flow microfluidic device. A magnet under the inlet traps particles but allows sample to flow to 

outlets where reagents are rehydrated. To perform the assay, particles are pulled between reservoirs 

by translating the device relative to a fixed magnet. We refer to the assay as the Magnetophoresis 

Slider Assay (MeSA) based on the manipulation of particles by sliding the device. As proof of 

principle, we demonstrate a competitive assay for biotin and sandwich immunoassay for E. coli. 

To our knowledge this is the first example of this type of system coupled with µPADs. The MeSA 

described is a novel and simple platform that shows potential for a wide range of applications that 

can advance the microfluidic diagnostics. 

4.2 Materials and Methods 

4.2.1 Materials 

Hydrophilic transparency 9984 sheets were purchased from 3M. 467 and 468 Double-sided 

adhesive (DSA) sheets (467-MP-ND/468-MP-ND) were purchased through DigiKey. Glass fiber 

membrane (GFDX203000) was purchased Millipore Sigma (Burlington, MA). A cylindrical ¼” x 
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¼” Neodymium Iron Boron (NdFeB) permanent magnet, grade N52 (K&J Magnetics, INC.) was 

used to create an external magnetic field. Other magnet types and shapes were investigated; 

however, the cylindrical magnet was chosen because of the smaller size while maintaining strong 

field lines. The DynaMag Magnet was used for magnetic separations and purchased from Thermo 

Fisher Scientific (Waltham, MA). Streptavidin-coated paramagnetic beads (SVM-05-5H) were 

purchased from Spherotech Inc. (Lake Forest, Illinois). Biotin-HRP (29139) and 1-step Ultra 

TMB-ELISA (34028) were purchased from Thermo Fisher Scientific. Biotin (58-85-5) and 55K 

Polyvinylpyrrolidone (PVP) were purchased from Sigma-Aldrich (St. Louis, MO). E. coli 

antibodies (bs-2033R/bs-2033R-A555) were purchased from Bioss Antibodies (Woburn, MA). 

The buffers used in this work were 0.1 M phosphate-buffered saline (PBS) and 0.1 M PBS with 

0.1% Tween-20 (PBST). The two antibodies were diluted in PBS before use. Human pooled urine 

was purchased from Lee BioSolutions (Maryland Heights, MO) and was not subject to IRB 

approval.  

4.2.2 Device Construction  

The optimized device consists of five alternating layers of 9984 transparency film and 468 

DSA with a reagent glass fiber pad on each end of the device. The device was first assembled with 

a bottom layer of transparency film, followed by the first DSA layer outlining the fluid channel. 

The third layer of transparency was placed on top of layer two and was used to seal the fluid 

channel. Reagent pads were then loaded into the end wells. The following layer of DSA was then 

placed on top of the reagent pads followed by a final transparency layer to seal the whole device 

with vent holes on each end. Each layer has a hole in the middle of the device to allow sample to 

flow down to the bottom fluid channel. Devices were assembled in sets of three and then cut into 

singular devices before running the assay. 
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4.2.3 Glass Fiber Membrane Preparation 

 Glass fiber membrane was first cut into 6 cm x 6 cm squares and loaded into a petri dish. 

Excess 1% PVP prepared in DI water was added to the petri dish and the glass fiber membrane 

was soaked for 10 min to fully coat the membrane. Excess PVP was then discarded into waste and 

membranes were placed onto a mesh for drying. Each membrane square was then dried overnight 

at 37˚C. Following drying, the membrane was cut into circles using a 4mm biopsy punch. 

Membrane circles were then stored in a sealed container with silica packets until use. 

4.2.4 Imaging Process 

 Images of each device were taken with a smartphone and imported into ImageJ for data 

analysis. A white background was used for each image and the smartphone was focused on same 

part of the TMB reagent pad before each image. Devices were placed in precisely the same spot 

under a light to control the consistency of the images. 

4.2.5 Immunomagnetic Separation (IMS) 

 Before binding steps, the streptavidin magnetic beads were aliquoted from a stock solution 

and washed with PBS to remove excess streptavidin not bound to the beads. The DynaMag Magnet 

was used to remove the magnetic beads from solution to remove the supernatant. The beads were 

then resuspended in PBS at the desired concentration for each assay.  

4.2.6 Biotin Competitive Assay 

The 3,3’,5,5’ - Tetramethylbenzidine (TMB) reagent pad was loaded with 30 µL and dried 

at 37˚C in an oven for 1 h. The Biotin-HRP reagent pad was loaded with 10 µL at 1 mg/mL and 

dried at 37˚C for 1 h. Biotin solutions (0.5 mg/mL – 10 mg/mL) were prepared in PBS and 
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incubated with 1 mg/mL of 0.4 µm streptavidin magnetic beads for 30min while rotating at room 

temperature. A magnetic separation was conducted after conjugation to remove any unbound 

biotin and the resulting solution was washed with PBS-Tween (0.1%) and then resuspended into 

PBS at 1 mg/mL. 60 µL of resulting solutions were then loaded into each device and the device 

was ran following established protocols.  

4.2.7 E. coli Sandwich Immunoassay 

The TMB reagent pad was loaded with 30 µL and dried at 37˚C for 1h. 10 µL of the 

secondary anti-E. coli- HRP antibody was loaded onto the second reagent pad at 40 µg/mL and 

dried at 37˚C for 1h. First, 100 µL of 2.5 mg/mL 0.47 µm streptavidin magnetic beads were 

vortexed for 30 s at room temperature. Second, the beads were conjugated to 5 µg/mL of 

biotinylated anti-E. coli in a microcentrifuge tube for 20 min on a rotator. Third, IMS was 

performed using a magnet (DynaMag) to isolate and concentrate the magnetic bead-antibody 

complex by removing the supernatant and resuspending the content in 100 µL of PBS. Fourth, the 

bead-antibody complex was added to 1 mL of various concentrations of E. coli diluted in PBS and 

incubated on a rotator for 30 min. Another IMS step was performed to isolate and concentrate the 

sample, and to remove the supernatant. The complex was washed twice with PBS-Tween (0.1%) 

to remove any unbound species and blocked with 5% bovine serum albumin (BSA). Finally, 60 

µL of the magnetic bead complex at varying concentrations of E. coli was then loaded into the 

device. 
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4.3 Results and Discussion 

4.3.1 Device Design and Assembly  

Traditional microfluidic magnetophoresis has demonstrated the ability to perform complex 

assays.23-26 However, it is difficult to use in resource limited settings because of the need for 

external pumps. IFAST offers the advantages of magnetophoresis without the need for external 

pumps but involves complicated fabrication of a PDMS-glass microchip. We wanted to combine 

the advantages of IFAST with hybrid capillary devices to improve magnetophoresis µPADs. 

Previous studies have shown the ability to rehydrate stored reagents on diagnostic membranes to 

then be sequentially bound.32, 33 In this work, we have created a simple diagnostic platform, MeSA, 

that replaces the need for multiple pipetting steps with simply sliding a magnet. We have created 

a hybrid µPAD that operates by manually sliding a magnet to sequentially bind and wash magnetic 

complexes. The device is free of any external instrumentation or complex fabrication. The devices 

are small (80mm x 20mm) and easily portable, making them ideal for POC testing.  

The device assembly is shown in Figure 4.1a with blue arrows denoting how the fluid flows 

through the device. First, sample is added into the inlet and fluid flows down through the device 

until it reaches the bottom fluid channel outlined by the laser cut DSA. Second, capillary action 

initiates and fills the fluid channel. Third, the fluid flows upward to rehydrate the reagent pads. 

The reagents stay localized at the pad because after rehydration there is excess sample in the inlet, 

allowing hydrostatic pressure to prevent fluid flow back toward the inlet (Figure A3.1).34, 35 

Additionally, this keeps the fluid in the channel free of reagents and allows it to act as a wash 



 

 70 
 

buffer during the sliding operation. Vent holes are cut into the top layer of transparency to allow 

air to escape, preventing air bubbles from forming in the fluid channel.  

                               

Figure 4.1. (a) CAD rendering of device assembly with alternating transparency and double-sided adhesive layers 
with blue arrows to indicate the operation of the fluid flow through the device. (b) Photograph of the fully assembled 
device. 

4.3.2 Flow Rate Optimization 

In 2018, Channon et al. reported the ability to control flow rate in multi-layer µPADs by 

varying the channel height.34, 36 For the MeSA, optimal channel height and flow rate are critical 

variables to produce consistent flow and elution of reagents from the reagent pads. Two DSA types 

were investigated to control flow rate, 3M-467 and 3M-468, which have 60 µm and 120 µm 

thicknesses respectively. Two measurements were taken to determine the optimal channel height 

and consistency of flow with varying fluid amounts from 40-100 µL. First, the time elapsed until 

fluid reached the reagent pad was measured and then the time elapsed until the pads were fully 

rehydrated. Yellow and blue food dye were dried on the reagent pads to visualize flow and the 

time to rehydrate. (SI.1) Devices assembled with 467 DSA with a 60 µm channel height displayed 

high variability and slower flow to reach/rehydrate the pad. Devices assembled with 468 DSA, 
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however, displayed smaller error and a decrease in time to reach/rehydrate the pad (Figure 4.2). 

We hypothesize this is due to the lower surface area to volume ratio with higher channel heights. 

Following this optimization, devices were assembled using 468 DSA. To reduce sample volume 

and rehydration time, 60 µL was chosen as the ideal sample volume.. However, we demonstrate a 

wide range of sample volumes are compatible with this device. 

         

Figure 4.2. Flow rate optimization of varying device channel height with varying sample volume. 
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4.3.3 MeSA Operation 

The MeSA was first demonstrated using the four simple user steps displayed in Figure 4.3 

using a competitive biotin assay. First, 60 µL of 1 mg/mL of streptavidin magnetic beads were 

loaded into the device sample inlet with a 1x peroxide buffer where a permanent magnet was held 

stationary underneath the device. 15 s was allotted for flow to initiate via capillary action and to 

rehydrate each of the reagent pads. Second, the magnet was slid to the first reagent pad loaded 

with biotin-horse radish peroxidase (HRP). When sliding the magnet over the beads, they are held 

at the high magnetic field of the magnet. The magnet and beads were moved under the reagent pad 

to allow for the most contact between the beads and the biotin-HRP. Third, the magnetic beads 

underwent a 1 min incubation to allow conjugation of the biotin-HRP to the streptavidin magnetic 

beads. Fourth, the magnet and conjugated beads were then moved back across the device to the 

TMB reagent pad to allow the enzymatic reaction to occur (Figure 4.3). Once the magnetic beads 

with conjugated biotin-HRP reached the TMB pad, the oxidation of TMB began with the presence 

of H2O2 from the peroxide buffer. TMB oxidized to a blue product; the blue color intensity is 

dependent to the amount of peroxidase present which can then be correlated to concentration using 

ImageJ software.37 After 10 min, images were taken for data analysis for the optimizations and 

following assays.  

Additionally, the speed at which the magnet is slid across in step four was investigated. 

Here, we were interested to see how fast the end-user can slide the magnet across the device 

without losing signal. We found that at four seconds was the threshold for the timing of step four 
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without losing signal. Any amount of time more than four seconds showed similar color intensity 

(Figure A3.2) 

 

Figure 4.3. Assay operation following four steps. (1) Sample was inserted and within 15s the pads are rehydrated. (2) 
Magnetic beads were then slid from inlet to Biotin-HRP reagent pad. (3) A one-minute incubation was then allotted 
for biotin-streptavidin conjugation. (4) Magnetic beads are then slid across the device to the TMB pad for the 
enzymatic reaction to occur. 

4.3.4 Data Evaluation 

For each test condition (n=3), the TMB-HRP enzymatic reaction was timed, and images 

were taken using a smartphone in a controlled light environment. Images were imported into 

ImageJ, inverted, transferred to 8-bit, and split into RBG channels as described in the experimental 

section. Mean grey scale intensity measurements were taken following published protocols.32 The 

placement of bead complexes under the TMB pad varied slightly, so a consistent circular area was 

measured in each image where the highest intensity blue oxidized TMB color forms (Figure A3.1). 
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Mean grey scale intensity plots were created for the optimization, biotin, and E. coli assay 

experiments. We found that the red channel provided the largest signal to background difference 

for the measurement. Quantification of the intensity of the blue formation is then calculated using 

Equation 6 shown below.  The mean grey scale intensity, IM, is calculated by dividing the test 

intensity, It, by a control intensity, Ic. The control intensity is the same measured area of the blank 

background. 37, 38                         

                  𝐼𝑀 = 𝐼𝑡𝐼𝑐      

4.3.5 Biotin Assay Optimization 

To improve the function of the assay, several parameters were modified including PVP, 

biotin-HRP, and TMB concentrations and incubation time. Previous works demonstrated the 

ability of PVP to provide sufficient blocking of membranes while allowing for recovery of 

reagents.33, 39 1% PVP blocker of reagent pads yielded the highest blue color intensity and was 

adopted for subsequent studies (Figure 4.4a). Biotin-HRP optimization demonstrated the ability to 

show a concentration dependence of peroxidase (Figure 4.4b). Varying volumes of TMB were 

investigated and 30 µL of TMB was determined to give the strongest blue oxidized TMB intensity 

(Figure 4.4c). Finally, the incubation time of the streptavidin magnetic beads with biotin-HRP was 

investigated. It was found that incubation times longer than 60 s did not result in any further 

increase in signal. 

(6) 
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Figure 4.4. Assay optimization experiments. (a) PVP optimization at varying concentrations. (b) Biotin-HRP 
concentration optimization. (c) TMB volume optimization. (d) Magnetic beads with biotin-HRP incubation time. 

4.3.5 Biotin Competitive Assay 

A biotin competitive assay was performed as a proof-of-principle demonstration. 

Competitive assays are widely popular for the detection of small molecules and a common format 

for at home drug testing kits. These assays are based on the competitive binding between target 

analytes present in the sample and immobilized antigens that are labeled to detection antibodies. 

Competitive assays are ideal for the detection of small molecules because there is typically only 

one epitope available on the antigen to bind.40 Here, concentrations from 0 to 10 mg/mL of 

unbound biotin were reacted with 1 mg/mL streptavidin magnetic beads in a microcentrifuge tube 

for 30 min while rotating. Upon mixing, the streptavidin coated magnetic beads binds to the free 

biotin. A magnetic separation was then performed to remove any remaining unbound biotin. As 
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the sample is introduced into the device, the sample is carried via capillary action to the reagent 

pads where the biotinylated horseradish peroxidase is immobilized.  

The competitive biotin MeSA was then completed, Figure 4.5 shows the relative 

colorimetric intensity versus the biotin concentration added to the streptavidin magnetic beads. 

Here, we demonstrate the competitive assay in PBS and human pooled urine with spiked peroxide 

buffer to provide H2O2 for the enzymatic reaction to occur. Each curve was fit to a four-parameter 

logistic curve (4PL). A 4PL logistic curve is commonly used for immunoassays because of limiting 

binding kinetics.41 Limits of detection (LOD) was calculated for each assay at the low 

concentration/high-signal end of the curve as the concentration that produced signal two-standard 

deviations of the zero biotin signal below the zero biotin signal.42 The LOD was calculated to be 

1.3 mg/mL for the assay in PBS and 0.91 mg/mL for the assay in human pooled urine. 

For successful operation of this MeSA, magnetic beads need to be visualized to ensure 

successful transfer of beads across the device. Due to this, a higher concentration of streptavidin 

magnetic beads is needed. The high concentrations of biotin needed to see a hinderance of signal 

intensity is due to each streptavidin molecule having four identical binding sites for biotin. To 

improve sensitivity of this assay, future iterations will focus on starting with biotinylated 

magnetic beads rather than streptavidin coated magnetic beads. We will create competition 

between biotinylated magnetic beads and streptavidin-HRP. Varying concentrations of free 

biotin and streptavidin-HRP will be premixed and then immobilized onto the reagent pad. The 

free biotin will block binding sites for the biotin magnetic beads on the streptavidin-HRP. By 

using this format for future experiments, it will allow us to still use a high concentration of 

magnetic beads to visualize bead transfer and improve sensitivity for this competitive biotin 

assay. 
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Figure 4.5. (a) 4PL logistic curve of a biotin competitive assay performed in PBS. (b) 4PL logistic curve of biotin 
competitive assay in human pooled urine. 

4.3.6 Sandwich Immunoassay for E. coli Detection 

Sandwich immunoassays are also commonly used for the detection of small molecules and 

pathogens. In a sandwich immunoassay, the target analyte is sandwiched between a capture and 

detection antibody. The signal intensity is proportional to the concentration of the analyte. 

Detection of DH5-alpha E. coli was conducted using a magnetic sandwich immunoassay to show 

the versatility of the device described. A biotinylated-E. coli antibody was conjugated to the 

streptavidin magnetic beads in a microcentrifuge tube. Varying concentrations of E. coli were then 

conjugated to the magnetic bead complex. Clinical ranges for E. coli in urinary tract infection 

diagnostic tests are commonly found to be in the range of 105 CFU/mL. The data was fit to a 4PL 

logistic curve and the LOD of 1.62 x 103 CFU/mL was calculated demonstrating the assay 

capability (Figure 4.6).41, 43 
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Figure 4.6. 4PL logistic curve of the sandwich E. coli assay at varying concentrations.  

4.4 Conclusion and Future Work 

Many existing diagnostic tests are performed in centralized laboratories, require trained 

personnel, and are time intensive. POC diagnostic testing such as µPADs has historically been 

critiqued for low sensitivity however, recent advancements in microfluidics coupled with 

magnetophoresis has showed promise to improve diagnostics. Here, we have described a novel 

platform for diagnostic assays using the MeSA. A biotin competitive assay and sandwich 

immunoassay for E. coli detection were completed to demonstrate versatility and functionality. 

The MeSA is a user-friendly, rapid, and portable platform that we envision to be used for a wide 

range of POC diagnostics. Future iterations of this device will focus on device optimization to 

reduce reagent concentrations and improving sensitivity through integration of electrochemical 

sensors.44, 45 
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CHAPTER 5. CONCLUSIONS AND FUTURE WORK 

5.1 Chapter Overview 

Infectious diseases are the largest health burden for low-income countries and claim 

millions of lives every year.1-3 The loss of life in low-income countries is largely due to the lack 

of access to preventative healthcare and appropriate diagnostic testing.1, 4 The World Health 

Organization (WHO) recognizes the need for improved and effective POC diagnostics to reduce 

infectious disease burden.5 To maximize impact in low-resource settings, diagnostics should 

aim to meet the ASSURED criteria outlined by the WHO.6, 7 Microfluidic devices are a popular 

approach for diagnostics because they offer reduced assay times, reduced sample volume, and 

are small (<10 cm). Additionally, microfluidic devices can be used with magnetophoresis to 

improve sensitivity and specificity. However, traditional microfluidic devices have difficulty 

translating to the POC because of tedious and expensive fabrication. Microfluidic paper-based 

analytical devices (µPADs) are a popular alternative to traditional microfluidics due to the 

natural capillary action through cellulose fibers and simple fabrication. µPADs are portable, 

low-cost, and do not require external instrumentation making them ideal for POC settings.  

Combining microfluidic technology with recent advancement in µPADs offers a 

promising alternative to improve diagnostic testing. However, traditional microfluidics and 

µPADs have not yet been successful outside of the laboratory because of limitations such as 

difficult or expensive fabrication, complicated user-end steps, and insufficient sensitivity or 

specificity.8-10 We believe that by combining existing technologies with novel paper-based 

techniques, we can overcome these challenges to provide diagnostics capable of reducing the 

burden of infectious diseases. Here we have described advancements in paper-based 
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technologies that address gaps in current testing and will hopefully lead to improved diagnostics 

in the long-term. 

First, the first example of a pump-free paper-based magnetophoresis device is 

demonstrated as an alternative to traditional microfluidic magnetophoresis.11 Traditional 

magnetophoresis uses external pumps to drive flow and was not coupled with µPADs because 

the need for sustained high flow velocities to continuously separate magnetic particles. 

Channon et al, demonstrated a 145-fold increase in flow rates with multilayered µPADs over 

single layer µPADs.12 Following this work, we hypothesized that multilayered µPADs could 

enable pump-free magnetophoresis. We created multilayer µPAD using wax-patterned 

chromatography paper and DSA to create increased fluid flow rates needed to achieve paper-

based magnetophoresis. Optimization studies were completed to improve the assay sensitivity 

and user-end steps. A sandwich immunoassay was completed for the detection of E. coli 

through fluorescence detection with a limit of detection measured at 105 CFU/mL. Here, we 

demonstrated the first example of paper-based magnetophoresis without the need for external 

instrumentation to drive flow. We envision this work to be used to create more complex POC 

diagnostics without sacrificing cost or portability. However, moving forward we wanted to 

improve sensitivity of the assay as well as user steps associated with the assay.  

The second project described focuses on improvements of the first device to further this 

technology to the POC. First, only a portion of the conjugated magnetic beads made it through the 

first device because particles would become trapped in the cellulose fibers and beads would be left 

in the sample inlet. To solve this, we added a wash buffer reservoir behind the sample inlet to wash 

the magnetic beads completely out of the inlet. Additionally, we moved away from wax-patterned 

paper to a completely transparent device with a burst valve incorporated to establish more 
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consistent laminar flow. Second, we improved the limit of detection by three orders of magnitude 

from the first device described in Chapter two. Here, we report an updated pump-free system with 

improved sensitivity with a simplified operation of microfluidic magnetophoresis for the detection 

of E. coli. Multiple off-chip manipulation steps were still needed for this assay, increasing 

complexity. For this assay to make a large impact for POC diagnostics, ideally all off-chip 

manipulation should be done on-chip without multiple user steps.  

To make this technology more applicable to POC testing, we took a new approach that 

simplifies user-end steps through a simple magnet sliding operation. Here, we introduce a 

Magnetophoresis Slider Assay (MeSA) for sequential binding and washing steps without the need 

for any external instrumentation. A biotin competitive assay and sandwich immunoassay for E. 

coli detection were completed to demonstrate versatility and functionality. The MeSA builds off 

previously published work of the IFAST system and sequential binding of traditional 

magnetophoresis but does not need external pumps or complicated user end steps. Here we 

demonstrate the ability to a conjugation on-chip that we previously had to do off-chip with multiple 

pipetting steps. The MeSA is a user-friendly, rapid, and portable platform that can be adapted to 

incorporate more off-chip conjugation on-chip. Future iterations of this device will focus on device 

design to perform a complete a full sandwich immunoassay with a simple magnet sliding 

operation.  

5.2 Future Directions 

We have demonstrated the ability to perform magnetophoresis in paper, store reagents 

directly on the device, and conjugate magnetic beads with a simple sliding operation. Future work 

will aim to eliminate the need for any off-chip manipulations by combining parts of the works 

described. Work from Jang et al. described in Chapter one demonstrates the ability to rapidly mix 
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reagents in the main fluid channel. We hypothesize that if we combine the rapid mixer with the 

work from Chapter three and four, we can minimize off-chip manipulations. Figure 5.1a is a CAD 

rendering of the proposed device assembly. Figure 5.1b is a top-down view of the device with 

reagent placement. Here the analyte sample and magnetic beads with bound primary antibody are 

loaded into the device. Capillary action initiates and the magnetic beads mix with the analyte and 

the analyte is bound to the primary antibody. The bound magnetic complex is then concentrated at 

the permanent magnet and the excess unbound analyte will flow into the paper waste pad. The 

magnetic complex is then slid over to bind the secondary-HRP antibody pad and then finally to 

the TMB pad for the enzymatic reaction to take place. The device would eliminate any off-chip 

manipulations if used with  commercially available magnetic beads with bound primary antibodies. 

Additionally, further work will aim for multiplexed detection using electrochemical detection to 

improve sensitivity over colorimetric detection. 

 

Figure 5.1. (a) CAD rendering of the device assembly with alternating layers of transparency and double-sided 
adhesive (DSA). (b) Top-down view of the assembled device with corresponding reagent addition and operation of 
the device. 

The work described in this thesis is a step to overcome the shortcomings of traditional 

microfluidics and µPADs. We report the first example of paper-based magnetophoresis to combine 

the advantages of microfluidic magnetophoresis with µPADs. By combining these existing 
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laboratory practices, we can create diagnostics that have a better chance of becoming 

commercialized and fit the ASSURED criteria.  

5.3 Steps to Commercialization 

 For a device to be commercialized in the United States there are several steps that must be 

met in accordance with the Federal Drug Administration (FDA) guidance and regulation. Medical 

devices need to obtain a FDA 510(k) clearance to be marketed legally. To obtain a 510(k) clearance 

the medical device must choose a predicate device that is substantially equivalent for safety and 

effectiveness to another legally marketed device through the FDA. When preparing a 510(k) 

clearance the first step is to determine the type of device to be commercialized. Devices are 

classified into three types, class I, class II, and class III. Class type is determined based on the risk 

to the patient/use,  the intended use, and indications for use. Class I devices are the lowest risk to 

the patient/user where class III are the highest risk and come with general controls and also 

premarket approval (PMA).13 Following the FDAs code of regulations title 21, the devices 

described in this thesis are the most similar to E. coli serological tests under immunology and 

microbiology devices with product codes GMZ, GNA, GMY. The E. coli serological tests are 

classified as class I and are subjected to general controls and exempt from PMA.14 Second, class I 

devices under a 510(k) notification must have appropriate documentation including technological 

characteristics and performance testing.13, 15 Appropriate documentation can be found in the 

guidance documents database and often will have recognized consensus standards for products. 

Typical consensus standards will often include, design controls, authorized book keeping, 

nonclinical testing, clinical comparisons, shelf life data, biocompatibility research, appropriate 

labelling of devices, and bench performance testing.13, 15, 16 More specifically, the FDA guidance 

documents can be referenced on predicated devices to find the applicable performance testing 
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requirements and recognized consensus standards. However, for GMZ, GNA, and GMY products 

codes there are no recognized consensus standards linked to these products.17 The FDA will require 

similar testing to predicate devices, so to find the appropriate testing needed, the 510(k) summary 

of predicate devices must be referenced to find the testing completed. For example, for the 

predicate device ImmunoCard STAT! EHEC (K062546) for E. coli EHEC strain detection is a 

qualitative, rapid and single use test. The performance testing conducted for this predicate device 

included; clinical sensitivity/specificity, precision/reproducibility, linearity/reportable range, 

analytical LOD/sensitivity, assay cutoff, and indeterminant range.18 For the devices described in 

this thesis, I anticipate all of these tests would need to be completed along with shelf life testing 

of all the reagents being used. Additionally, the FDA can be contacted directly with questions 

regarding 510(k) submissions or there are multiple consulting firms for handling 510(k) 

submissions.19  Finally, after all of the testing has been completed, the complied information must 

be submitted to the FDA for review. Review and approval can take up to 180 days, following 

approval, the device can then be registered and listed with the FDA.13-16, 20  

As the technology described in this thesis is still in the research and development phase, 

we are hopeful to progress toward commercializing these devices following FDA guidelines.13-17 

More work needs to be done to further this field; however, I believe these works are a crucial step 

to demonstrate the possibility of coupling these two technologies. In the future, I hope to continue 

to work on assay development for diagnostic testing and one day see my work being used to 

improve healthcare. 
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APPENDIX 1. SUPPLEMENTARY INFORMATION – PAPER-BASED PUMP-FREE 
MAGNETOPHORESIS 

 

 

 

 

 

 

 

 

 

Figure A1.2. Fluorescent microscope image of 44µm magnetic bead sandwich complex with a fluorescent tag 
conjugated to the E. coli bound through immunomagnetic conjugation. 

 

 

 

Figure A3.1 Immunomagnetic separation schematic displaying sequential binding and washing steps of the 
magnetic bead sandwich. 
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Figure A1.3. Photograph of positive magnetophoresis with 44µm fluorescent magnetic beads. 
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APPENDIX 2. SUPPLEMENTARY INFORMATION – SIMPLIFIED UTI DIAGNOSTIC: 
PUMP-FREE MAGNETOPHORESIS FOR E. COLI DETECTION 

 

 

Figure A2.4. Schematic of the imaging process after 10 min elapsed for the enzymatic reaction. 
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APPENDIX 3. SUPPLEMENTARY INFORMATION – MAGNETOPHORESIS SLIDER 
ASSAY : A SIMPLE PLATFORM FOR POINT-OF-CARE DIAGNOSTICS  

 

 

Figure A3.5. Photographs to visualize fluid flow at various time points. Fluid reaches the time point at 5 sec and 
then pads are rehydrated by 10-15 sec. 

 

Figure A3.2. The amount of time needed to be allowed for magnetic beads to properly transfer with the magnet 
across the device. 
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APPENDIX 4. CAPILLARY DRIVEN IMMUNOASSAY SYSTEM FOR COVID-19 

Herein a novel capillary driven immunoassay (CaDI) is described that fully automates the 

reagent delivery and washing steps of a sandwich enzyme linked immunosorbent assay (ELISA) 

for the detection of SARS-CoV-2. The device uses a capillary driven microfluidic front end 

to sequentially supply sample, reagent, and wash buffer to a nitrocellulose test zone to perform an 

enzymatic sandwich immunoassay. After adding sample all remaining reagents and washing steps 

are automated and the full assay is run in < 15 min. Reagent storage and drying studies are 

described to optimize activity of immobilized reagents. Results can be read by eye for a 

positive/negative answer, or a smart phone image can be analyzed for quantitative results. The 

assay and device described here demonstrate a novel microfluidic paper-based technology that can 

be applicable to a range of assays by simply swapping out reagents immobilized in the reagent 

pads. The details of this work are my contributions to the larger COVID-19 project that involved 

several people including Dr. Ilhoon Jang, Dr. Cody S. Carrell, Jeremey Link, Elijah Barstis, Rae 

Bellows and John O’Donnell. These contributions will be part of multiple publications that are in 

preparation. Contents of this section were taken and combined from a published review article ,in 

which I was listed as an author, with edits and modifications.1, 2  

A4.1 Introduction 

As of March 2022, more than 433 million people have been infected, and over 5.9 million 

people have died worldwide from SARS-CoV-2.3 SARS-CoV-2, the causative agent of COVID-

19, is primarily spread in droplets expelled from the mouth, nose, and upper respiratory track.4, 

5 The virus is most infectious directly before and after the onset of symptoms so  rapid diagnostics 

are crucial to properly screen people to reduce transmission. The ideal screening diagnostic 

would be operational outside of a laboratory, have high clinical specificity and sensitivity (i.e. low 
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false positive and negative rates), simple enough so that an average untrained user could run the 

test, and fast enough to screen large numbers of people (<15 min).6  Laboratory-based well plate 

Enzyme-Linked Immunosorbent Assays (ELISAs) offer higher sensitivity and 

specificity than lateral flow assays (LFA), but  require expensive instrumentation and trained 

technicians so rapid, on-site testing is not possible. This work describes a disposable ELISA device 

that is as simple to use as an LFA, but as sensitive as a well-plate ELISA. The device utilizes 

capillary-driven flow channels made of transparency films and double-sided adhesive combined 

with paper pumps to drive flow. As a result, devices are inexpensive (~$1) and can be made in 

large quantities. The geometry of the channels and storage pads enables automated sequential 

washing and reagent addition steps with two simple end-user steps. An enzyme label is used to 

produce a colorimetric signal instead of a nanoparticle label in order to amplify signal and increase 

sensitivity, while the integrated washing steps decrease false positives and increase reproducibility. 

Here, we describe a colorimetric assay to detect SARS-CoV-2 using a horseradish peroxidase 

(HRP) secondary antibody and 3,3,5,5 tetramethylbenzidine (TMB) as a chromogenic substrate. 

A4.2 Experimental Procedures 

A4.2.1 Drying and Blocking Procedure 

A range of blockers were investigated including PBS-Tween 20 (PBST), commercial 

Stabilguard and Superblock, and aged casein. PBS was used a control as in there were no 

surfactants, proteins or other detergents added to reduce non-specific binding. Fluorescent-488 

anti-IgG was striped on the nitrocellulose at 1 mg/mL and was blocked with corresponding 

blockers and then dried for 2h, 4h, 6h, and 12h in an oven at 37˚C. Fluorescent measurements were 

taken before and then after extraction buffer was flowed over the nitrocellulose to determine the 

amount of antibody left on the nitrocellulose.  
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A4.3 Results and Discussion 

A4.3.1 Assembly and Sequential Binding Operation 

The CaDI is designed by stacking alternating layers of patterned hydrophilic 

polyethylene film and double-sided adhesive to create hollow channels for flow. A nitrocellulose 

test strip is connected to the outlet of the device and a waste pad is used to create pump-free, 

capillary driven flow. Immobilized capture antibody is striped onto the test line. The assay uses 

extraction buffer to dilute nasal swabs and lyse whole virus to expose N Protein for detection. 

Conjugate release pads embedded in the channels contain the reagents needed for each step of the 

assay (Figure A4.1). Pad 1 contains the secondary antibody conjugated to HRP and pad 2 contains 

the chromogenic substrate TMB. After sample containing N protein is added, the N protein first 

flows over the test line and is bound to the capture antibody. Next, the extraction buffer rehydrates 

pad 1 and the secondary antibody-HRP flows over the test strip and is bound to the N protein. 

Finally, the TMB is released into the channel and flows over the test strip for the enzymatic 

reaction to occur. (Figure A4.1b).  

 

Figure A4.6. (A) Molecular level representation of the immunoassay taking place on the nitrocellulose using an 
HRP-labeled antibody. (B) Simulation with food dye of the reagent addition and washing steps. The yellow food-
dye represents the HRP-labeled antibody, and the blue represents the TMB substrate. (C) 3D rendering of the CaDI 
channels showing the sequential steps. 
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A4.3.2 Blocking and Drying Optimization  

To prevent non-specific binding of detection antibodies and resulting in false signal the 

unoccupied sites on the nitrocellulose must be blocked. Blocking buffers and solutions such as 

highly purified proteins, bovine serum albumin (BSA), and aged casein are commonly used to 

block membranes and in laboratory well plate ELISA. Commercial blocking solutions are also 

widely available but the formulations are proprietary. To improve signal-to-noise ratio, and overall 

stability of immobilized antibodies, a blocking and drying study was conducted. Figure A4.2 

displays inverted fluorescent intensity of each blocked nitrocellulose membrane at various time 

points. Aged casein and superblock showed the highest retention of fluorescent intensity at each 

time point after reflowing the strips with extraction buffer. Interestingly, Stabilguard and PBST 

failed to retain most of the antibody on the test line until sufficient drying after 12hr or more. 

Moving forward after these studies, we were able to adapt our blocking and drying procedures to 

improve signal. Long-term stability of the activity of the dried antibodies is needed to further 

conclude the best blocker for this assay, however, the data presented gave us crucial information 

moving forward to improving the signal of the assay. 

                  

   Figure A4.7. Inverted fluorescent intensity of varying drying conditions using multiple blockers. 
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A4.3.3 Comparison to Traditional ELISA 

To test the CaDI as an immunoassay platform we compared the performance of the single-

inlet antigen assay to a standard well-plate ELISA. In both formats, the same pair of antibodies 

were used. Figure A4.3 shows the difference between the well-plate ELISA and the CaDI using 

serial dilutions of a recombinant N protein. The well-plate ELISA only slightly outperforms the 

CaDI but the detection limits are on the same order of magnitude at <100 PFU/mL.  The small 

difference between the two can be attributed to the difference in the instrumentation used 

for quantification: A UV/Vis spectrophotometer with a 0.5 cm path length vs a cell phone image 

inside a homemade light box. Images of the CaDI test strips are shown in Figure A4.3b. The 

ELISA requires 15 pipetting steps, over one hour of analysis time, and an expensive instrument 

for quantification. The CaDI only requires one pipetting step, 15 min from sample addition to 

result, and can be read by naked eye. The results in Figure A4.3a demonstrate the CaDI’s ability 

to provide the performance of a complex, laboratory-based ELISA with the simplicity of a 

standard LFA. The nitrocellulose strips in Figure A4.3b were shown to 22 untrained end-users 

who were asked to list each as positive or negative based on the presence or absence of a test line. 

Figure A4.3c shows the results of that survey. The concentration where at least 95% of 

respondents listed a positive result, which is the FDA requirement for naked-eye detection limit, 

was at 150 PFU/mL, or three times the quantitative detection limit.  
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Figure A8.3. (A) Comparison between CaDI and a well-plate laboratory ELISA. (B) Shows actual images of the 
nitrocellulose strips shown to 22-untrained users who were asked to list each strip as positive or negative. (C) 
Percentages from the untrained users correctly identifying a positive or negative strip. 

A4.4 Conclusion 

Here, we demonstrate a capillary driven immunoassay that fully automates the reagent 

delivery and washing steps of a sandwich ELISA while retaining the simplicity of an LFA. The 

CaDI novel design allows for a range of applications where antibodies can easily be swapped out 

to fit the corresponding assay. Various blockers were investigated to improve assay function and 

future work will continue to do long-term stability studies. Comparison of the CaDI device to a 

laboratory ELISA showed the ELISA only slightly outperforming the CaDI system.  
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APPENDIX 5. 3D PRINTED PARTS FOR MICROFLUIDCS AT THE POINT-OF-CARE 

Here, I described 3D printed parts for microfluidic device housings and flow cells. The 

works describes methods and applications for 3D printing. Device housings are described for the 

CaDI work described in Appendix 4 and magnetophoresis work from Chapter three. Additionally, 

a 3D printed microfluidic flow cell with integrated microelectrodes for pathogen detection is 

described. The works described were solely designed and optimized by me with assistance from 

Dr. Cynthia McCord for integrating the electrodes into the final part described in this appendix. 

A5.1 Introduction 

3D printing offers a wide range of applications from the aerospace industry to the food 

industry.1, 2 Multiple types of 3D printers are commercially available and generally classified into 

seven categories, including binding jetting, directed energy deposition, material extrusion, material 

jetting, powder bed fusion, sheet lamination, and photopolymerization.3-5 In the last two decades 

3D printing has become increasingly popular for the field of microfluidics for flow cells and device 

housings.6 Here, I will be describing 3D printed parts for microfluidics using a stereolithography 

(SLA) printed classified under photopolymerization. SLA printers cure liquid photopolymer resin 

into solid parts through UV light exposure.7 A light source produces a 405nm laser and then is 

focused by a mirror to cure one layer at time (Figure A5.1).8 3D printed parts can be designed in 

computer assisted drawing (CAD) software and then directly uploaded to the printer. SLA printers 

provide high surface resolution making it ideal for microfluidics. 
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Figure A5.9. Schematic of normal SLA printer. 

Device housings for point-of-care (POC) diagnostics are critical to develop assays for 

commercialization.9 Current commercially POC test incorporate housings to enhance user-

friendliness.9 For traditional LFAs containing a test and control line, housings or cassettes will 

have a viewing window for the user to easily read results. The most common example, being the 

home pregnancy test (Figure A5.2a).10 Housings are often simple snap fitting plastic pieces to seal 

the device from contamination, and to avoid improper use. Additionally, housings have been 

developed to incorporate nasal swaps with LFAs (Figure A5.2b).11 

 

Figure A5.10. (a) Image of a home pregnancy test with housing. (b) Photograph Binax COVID-19 home test kit with 
integrated nasal swap.  
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A5.2 3D Printed Parts 

A5.2.1 Capillary-Driven Immunoassay (CaDI) Housing 

In appendix 4, we discuss a novel technology for the detection of SARS-COV-2 by 

sequential delivery of reagents. To further this technology towards commercialization, I developed 

a device housing. Here, I designed key features in the housing to improve user friendliness and 

reproducibility of the assay. The housing is a two-part design with a top and bottom that push 

together using friction boss fittings for a tight seal. A test-viewing window and sample inlet port 

were added to the top part. Device alignment features were added into the bottom part to ensure 

consistent device placement. Pull tabs were added onto each end of the bottom part to allow for 

two parts to be separated if needed (Figure A5.3). 

 

Figure A5.11. Photograph of CaDI device and CAD rendering of the device housing. 
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A5.2.2 Manetophoresis Device Housing 

In Chapter three, I describe a capillary driven pump-free magnetophoresis device that 

addressed improvements from the device discussed in Chapter 2. A housing was designed to 

improve user-friendliness and create more reproducible magnetophoresis. The housing is designed 

similar to the housing described above with sample inlets, viewing window, alignment features 

and friction boss fittings. Additionally, a magnet hole was designed to fit the ¼” NdFeB permanent 

magnet used for this assay perfectly. By placing the magnet in the exact right orientation every 

time, the magnetic particles will be attracted to the high magnetic field in the same flow path every 

time increasing assay consistency. Figure A5.4 shows a CAD rendering of the device housing and 

a photograph of the device in the housing. 

 

Figure A5.12. (a) CAD rendering of magnetophoresis device housing. (b) Photograph of microfluidic 
magnetophoresis device assembled with device housing.  

A5.2.3 Microfluidic Flow Cell with Electrochemical Detection 

 3D printed microfluidics have become a widely popular alternative to traditional 

microfluidics. 3D printing microfluidic devices eliminates the need for tedious fabrication 

techniques with traditional microfluidics. In 2000, Renaud et al reported the first SLA printed 
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microfluidic cell for rapid mixing. 12 Many groups have expanded to bacterial detection using 

fluorescence and electrochemical methods.2, 13 The Henry group has recently investigated cheap 

thermoplastic electrodes (TPEs) as an alternative to expensive commercial electrodes.14 TPEs have 

been integrated with ePADs discussed earlier for pathogen detection and can be heat-pressed into 

polymethylmethacrylate (PMMA) to create electrode arrays.15-17  

Here, I describe unpublished work for a microfluidic flow cell with integrated TPEs for 

pathogen detection. The device is a two-part design with a 3D printed top and a PMMA bottom 

with an integrated TPE array (Figure A5.5). The TPE array was designed with eight working 

electrodes with a corresponding counter and reference electrode. The two parts are sealed together 

using six NdFeB permanent magnets. A gasket is used to outline the fluid channel and is 

compressed to seal the fluid channel when the device is assembled. The top part was designed with 

a sample inlet and outlet that can be drill tapped to fit a syringe pump to drive flow. After flow is 

initiated through the syringe pump, the fluid follows the outlined channel and flows over the 

electrode array for pathogen detection. The device was tested and able to handle 1mL/min of 

solution without any leaking occurring resulting in high throughput of sample. 

 

Figure A5.13. (a) CAD rendering of the 3D printed flow cell assembly. (b) Photograph of actual device with copper 
wire for connections to TPE array. 
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A5.3 CONCLUSIONS 

3D printed microfluidics is a rapidly growing field to fabricate cheap alternatives to 

traditional methods. SLA 3D printing allows for rapid prototyping with high surface resolution 

making it an ideal choice for microfluidics. Here, I demonstrate the ability to create 3D printed 

parts for microfluidic flow cells and device housings. The work described can be adapted for 

multiple device designs for point-of-care diagnostics.  
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APPENDIX 6. RAPID DETECTION OF CHRONIC WASTING DISEASE PROPOSAL 

Specific Aims: 

Chronic Wasting Disease (CWD) is a fatal and highly contagious neurological disease that 

affects cervid species including deer, moose, and elk. Since its discovery in 1967 in Larimer 

Country, Colorado, CWD has spread to 25 states as of January, 2021.1 CWD is classified as a 

transmissible spongiform encephalopathy (TSE) or prion disease, meaning normal cellular prions 

will misfold abnormally. CWD is similar to other prion diseases such as Alzheimer’s and 

Parkinson’s disease where abnormal prions replicate using normal cellular proteins.2, 3 

Unfortunately, similar to Alzheimer’s and Parkinson’s, there is no cure for CWD so early detection 

is currently the best way for disease mitigation. Current diagnostic approaches rely on the isolation 

of misfolded prions found in brain tissue of the infected animals. Common detection approaches 

include real-time quaking-induced conversion (RT-QuIC), immunohistochemistry (IHC), and 

enzyme immunoassay (EIA). 1, 4-7 These methods are expensive, time and labor intensive, and 

require trained personnel in a laboratory setting. Sampling is done by taking retropharyngeal 

lymph nodes (RLN) or orbex (OB) tissue which must be removed from the animals post-mortem. 

The samples are then sent for testing where results can take weeks. During this time, the hunters 

will process the animal, which wastes time and resources on a potentially inedible animal. In 2020 

alone, the state of Colorado spent 75 dollars per CWD test totaling to over one million. CWD 

mitigation is not only a major problem for Colorado but also for 24 other states. A rapid diagnostic 

for CWD that hunters can use post-harvest would save state agencies millions of dollars and allow 

hunters to accurately diagnose infected meat in the field before processing and consuming. Here, 

we will describe a rapid and portable enzyme immunoassay for CWD detection. We are aiming to 

take a simplistic approach to detect prions sensitively and accurately. The assay utilizes three well 
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known concepts: prions binding to stainless steel; heparan sulfate affinity to prions; and the 

enzyme-substrate reaction of horseradish peroxidase and 3,3’,5,5’ Tetramethylbenzidine (TMB). 

Firstly, a stainless-steel probe will be directly inserted into lymph node tissue to collect prions onto 

the surface of the probe. A RLN tissue will be selected because it is the first place prions replicate 

and has the highest infectivity.8 The infectious, abnormal prions are protease resistant while the 

normal cellular prions are not. This allows us to insert the probe into proteinase K for the digestion 

step of the normal cellular prions, leaving only the abnormal form left on the probe. Following the 

digestion step, a heparan sulfate-HRP label will be conjugated to the abnormal prions. Once the 

abnormal prions are labeled with an enzyme, we will use TMB to produce a blue colorimetric 

signal (Figure A6.1). If there are no infectious abnormal prions present, then there will be no blue 

color formation. Results can be read by eye for a positive/negative answer, or a smart phone image 

can be analyzed for quantitative results. I am the sole writer of this work and this proposal is in 

preparation for future grant submissions.  

 

 

Figure A6.1. Schematic of the sequential binding process of the assay with the colorimetric detection of TMB-Blue 
in the presence of PrPSc. 
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Aim 1: Develop a proof-of-concept assay with CWD infected mice 

The Henry lab will optimize the three steps of the assay using samples derived from mice. 

Stainless steel binding conditions, PrPC digestion, and heparan sulfate affinity will all be studied 

and optimized.  

Significance: Current methods for CWD can take up to 4 hours to complete and sometimes weeks 

for results to be returned. The proposed system will greatly impact data collection of infected 

cervid herds, time-to-answer for hunters and save money for local agencies. We will start with 

testing CWD infected mice tissue to establish proof-of-concept for the assay and a baseline for a 

limit of detection.  

Innovation: Current testing for CWD is performed in a laboratory setting using IHC or RT-QuIC 

assays. Current detection methods are not field deployable and cannot be operated by untrained 

users. The system described will be able to translate to the point-of-need (PON) to be operated by 

untrained users. 

 

Aim 2: Demonstrate accurate testing of CWD using RLN samples from deer 

Significance: Following the development of a working CWD assay using infected mice tissue, we 

will transfer to testing for CWD levels in deer RLN samples. This will demonstrate assay capability 

to field testing. This assay will help hunters easily and accurately test their own sample in the field, 

removing any guess work and consumption of infected meat.  

Innovation: To the best of our knowledge there are no portable diagnostics to rapidly and 

accurately detect CWD. 

Significance: We are aiming to create a simple, rapid, and portable diagnostic assay from a RLN 

sample for CWD detection. CWD is a fatal neurological disease that is rapidly affecting the cervid 
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population across North America and has now been found in South Korea and Europe.1, 9 To slow 

the spread of CWD, rapid diagnostics are needed to properly diagnose infected cervids. The most 

promising CWD diagnostic assays are RT-QuIC and a traditional enzyme linked immunosorbent 

assay (ELISA). RT-QuIC assays involve amplifying prion proteins using quaking-induced 

conversion of normal cellular prion proteins (PrPC) to the infectious abnormal scrapie prion protein 

(PrPSc).10 Whereas a laboratory well-plate ELISA uses capture  and detection antibodies specific 

to PrPSc. Both assays are expensive, require trained personnel, complex instrumentation, and are 

unsuitable for field testing.4, 11, 12 To improve CWD diagnostics to the PON, the assays must 

become portable, easy to use and provide faster results without relinquishing limits of detection 

(LOD). 

In this project, we will adapt proven analytical methods to create rapid detection of CWD 

that will be able to translate to the PON. To our knowledge, there are currently no portable and 

rapid CWD diagnostics.11, 12 The proposed system will translate to the PON, eliminating the need 

for trained personnel and complex instrumentation. The PrPC and PrPSc prions have a strong 

affinity to bind to stainless steel.13, 14 Herein, a stainless-steel probe will be inserted into a RLN 

tissue sample to bind PrPC and PrPSc. The PrPC will then be degraded using Proteinase K (PK) 

while leaving the PrPSc intact and bound to the probe.15 After degradation of the PrPC, the probe 

will be incubated with Heparan Sulfate (HS) conjugated to horseradish peroxidase (HRP). We will 

use 3,3’,5,5’ Tetramethylbenzidine (TMB) to provide a rapid colorimetric reaction from clear to 

blue in the presence of HRP and H2O2. The assay proposed here will eliminate the need for 

instrumentation used in RT-QuIC assays and ELISAs such as thermal cyclers, fluorometers and 

other expensive laboratory instrumentation. The assay described will be an easy-to-read, PON 

diagnostic test that the untrained user can operate. We hypothesize a stainless-steel probe 
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method with colorimetric detection can be used to detect PrPSc sensitively and specifically 

from a RLN tissue sample in 30 min or less.  

Innovation: Our proposal in innovative in the following ways: 

• Creating the first portable CWD diagnostic to be used by untrained users at the PON. 

• The current gold standard methods for detecting CWD are labor intensive and involve 

complicated instrumentation. The assay described will be cost effective and provide timely 

answers for hunters. 

Approach: 

Overview: Portable detection of CWD from a RLN will be performed by completing two aims. 

The first aim will focus on determining if this novel assay will work with the proposed sequence 

of binding steps using infected mice tissue. In this aim, the focus will be on optimizing the 

conjugation conditions for each step of the assay starting with the conjugation of prions to the 

probe. pH, reagent concentrations and incubation times will be investigated and optimized to 

ensure proper binding and detection. In the second aim, we will focus on transferring the assay 

from infected mice tissue to deer RLN samples. The second aim will provide useful information 

and data to show the ability of the assay to perform at the PON. 

Team: The Henry, Giess and Zabel labs at Colorado State University are well versed in creating 

portable diagnostics. The Henry and Giess labs have successfully collaborated on 22 publications 

aimed at detecting infectious diseases with enzyme detection at the point-of-care.12, 16-23
 The 

Zabel lab is a part of the Prion Research Center here at Colorado State University and has 43 

publications surrounding prion research. Dr. Zabel utilizes novel mouse models for CWD that 
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have led to numerous publications surrounding prion replication, disease progression and 

transmission.23-26  

Background and theoretical basis: 

Abnormal prions replicate by the recruiting and denaturing the normal cellular proteins, 

turning the PrPC into the PrPSc form. The PrPSc form takes the normal PrPC and uses it as a substrate 

to propagate itself. 27 CWD is classified as a spongiform brain disorder because PrPSc degrades the 

tissue around them and forms holes in the brain (like a sponge). Misfolded prions don’t degrade 

and are resistant to proteinase digestion, so they remain on any surface that a deer licks, sniffs etc. 

This includes materials, such as wood, soil, cement, and stainless steel making the spread of the 

prions very prevalent.14 Once a cervid is infected with CWD it is always fatal but can take several 

years for symptoms to develop. Symptoms include weight loss, stumbling, lethargy, and other 

neurological conditions. While the incubation time of the disease can be up to several years, 

cervids can spread the disease as soon as they become infected making early detection of CWD 

important. Early detection is difficult because sampling is currently done post-mortem by 

removing the lymph nodes. Antemortem testing is difficult because prion levels in blood and urine 

are relatively low compared to concentration levels in lymph nodes. Post-mortem testing of lymph 

nodes has since become the standard to achieve the best limits of detection. Creating a field-

deployable test capable of testing antemortem and post-mortem is ideal to improve current 

diagnostic testing. 

We will develop an assay using the knowledge that prions bind well to stainless steel while 

the PrPSc form is resistant from proteinase while the cellular PrPC form will completely degrade in 

the presence of proteinase K. This allows for detection of the PrPSc separate from the PrPC form. 



 

 114 
 

The following results are relevant to this proposal and demonstrate the capabilities of our 

laboratories and the science of the proposed system. (1) Infectivity of scrapie prions bound to 

stainless steel surface. In a 1999 publication, scrapie prions were found to bind and retain activity 

on a 0.15 x 5mm stainless steel wire through extensive washes.28 The binding of prions to stainless 

steel has since become commonplace for diagnostics.14, 29 For our assay, we will use this practice 

to initially bind prions to a small stainless steel probe. (2) Efficient prion disease transmission 

through common environmental materials. A study in 2017, found that prions will bind quickly 

and efficiently to several surfaces. Stainless steel, wood, cement, and glass were all found to find 

prions to the surface within minutes and retain activity after multiple washes. 14 (3) Protease-

sensitive scrapie prion protein in aggregates of heterogeneous sizes. A 2002 publication showed 

that prion infected tissue contains protease sensitive prions.  By incubating the tissue for 30 min 

at 37˚C the infectious scrapie prion protein was retained while the normal prion protein was 

eliminated from the tissue. Herein, this incubation step will allow us to cleave off the normal prion 

PrPC and only leave the infectious form present on the stainless-steel probe to then label. (4) 

Identification of the Heparan Sulfate Binding Sites in the Cellular Prion Protein. In 2002, a 

publication reported that by using biosensor and enzyme-linked immunosorbent assay they showed 

direct heparin and HS-binding activity in recombinant cellular prion protein.30 Once our assay has 

gone through the PK incubation step to cleave off the normal prion form, only the PrPSc will be 

left to be labeled with HS-HRP conjugate. The HS-HRP conjugate can then be incubated with 

H2O2 and TMB to provide a colorimetric reaction yielding the blue oxidized TMB product. 

Proposed Experiments: 

Aim 1: In this aim, we will create a novel CWD diagnostic to detect PrPSc by a colorimetric 

label to be read by the naked eye. 
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The goal of this aim to develop the full assay conditions in laboratory-controlled settings 

to optimize each reagent addition and conjugation steps. In this aim, each conjugation step will be 

done with appropriate washing steps in a well plate following published conditions to ensure proof-

of-concept.12, 31 

Objective 1: Optimize binding conditions for prions to a stainless-steel probe 

A thin stainless-steel wire will be optimal for field testing to make it easier for hunters to 

insert into the lymph nodes and recover prions bound to probe. Samples of PrPSc infected tissue 

will be collected from infected mice from the Zabel lab. Prions have a high affinity to bind to the 

surface of stainless steel and this process happens quickly. 28, 32 Probe size will be investigated 

along with washing procedures and the incubation times of the probes into the infected tissue. 

Incubation times will be optimized starting with 30 seconds and up to 2 min. The binding 

efficiency will be tested with enzyme-substrate amplification of HS-HRP and TMB. By using the 

HRP-TMB interaction we will be able to correlate the amount of prions bound at each time point 

to the color intensity formed. The color intensity at each time point will be analyzed with UV-Vis; 

absorbance measurements will be correlated to concentration. The lowest incubation time yielding 

the blue oxidized form of TMB will be adopted into the next objective.  

Objective 2: Optimize degradation conditions of PrPc using PK 

Following the binding of prions to the stainless-steel probe, the PrPC form needs to be 

degraded to test for the presence of the protease resistant PrPSc form. PK has been shown to 

effectivity degrade PrPc. 33, 34 After PK digestion, only the PrPSc will be left bound to the stainless-

steel probe enhancing the specificity of the assay. Standard conditions that will be investigated 

include incubation time, washing steps, PK concentration, temperature range, and pH. Initial 
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conditions will follow standard procedures and be optimized from them to meet the needs of the 

portable assay. 34-36 After the PK digestion, the samples will be analyzed to determine degradation 

via western blot. 37, 38 

Objective 3: Optimize the binding conditions of HS-HRP to PrPSc. 

Following objective 2 and 3, the binding conditions of HS-HRP to PrPSc will be 

investigated to optimize the enzyme-substrate reaction from TMB clear to TMB blue. HS has been 

shown to bind well to prions, and after the PK digestion only the PrPSc will be left for conjugation. 

30, 39, 40 Washing procedures, concentration and incubation times of the conjugate will be 

investigated and optimized. Non-specific binding of the heparan sulfate to the probe will be 

investigated and can be mitigated by use of commercially available blockers. Colorimetric results 

will be determined by adding TMB to the samples and analyzing color intensity with ImageJ 

software. 

Objective 4: Optimize the TMB conditions and time-to-answer for the assay 

After the previous conjugation steps have been optimized, the TMB conditions will be 

investigated to produce the optimal TMB color formation in the presence of HS-HRP bound to 

PrPSc. The Henry lab and Geiss lab have experience with traditional well-plate ELISAs using HRP-

TMB for a detection scheme. A commercially available Ultra TMB substrate solution will be used 

that requires no pretreatment steps before use. When oxidized, TMB will turn from a clear solution 

into a blue solution after one electron loss. Traditional color formation is set to be analyzed at 30 

min; Color formation starts in as little at 10 seconds at high concentrations of HRP. For this simple 

yes/no diagnostic test, the user can read the test as soon as color forms cutting down the time to 

answer.  



 

 117 
 

Objective 5: Comparison of detection limit with IHC to working assay 

Comparison of the detection limits from the stainless-steel probe assay will be compared 

to IHC or RT-QuIC for validation in collaboration with the Zabel lab. Current LODs for standard 

methods using RLN samples range from 10-6 to 10-8 µg/g of sample. We anticipate a LOD of  10-

5 µg/g initially based on reported ELISA LODs.1, 7 

Potential Pitfalls and Workarounds:  

(1) PK digestion has been shown to completely degrade PrPC after 30 min – 1 hr incubation 

time at 37˚C of the probe and leave only the PrPSc.34, 37, 38 To make this test as rapid and portable 

as possible, we will need to optimize the digestion to decrease the time it will take for digestion. 

This diagnostic would also be deployed during the hunting season, which occurs in the fall/winter 

resulting  temperatures lower than 37˚C. Small portable precision heaters have been shown to be 

an effective alternative to expensive laboratory equipment.41, 42 Here we will look to deploy one 

of these portable heater options. The digestion time and multiple temperature ranges will be 

investigated to determine the best combination, while still translating to the PON. (2) Heparan 

sulfate and Heparin promote prion replication by binding to normal and abnormal prion proteins.43 

A potential pitfall could be the nonspecific binding of the HS to the normal prions. If nonspecific 

binding occurs, then it would lead to false positives with the TMB colorimetric substrate. In this 

case we can work around this by using an anti-PrPSc antibody labeled with HRP (Figure A6.2). 

Commercial blockers would be used in addition with the antibody to ensure no nonspecific binding 

occurs. (3) Our target LOD is 10-2 to be competitive with  IHC and RT-QuIC, however, if 

sensitivity is too low then we will investigate the following approaches to improve sensitivity. 

First, concentration of HS-HRP will be optimized by investigating varying concentrations to 

ensure the most enzyme turnover as possible with TMB-Clear into TMB-Blue. Second, longer 
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incubation times and/or agitation of the probe into the tissue may be needed to coat the probe 

sufficiently with prions. Third, the probe material will be investigated, by testing how well the 

probe binds prions initially and retains prions after multiple washing and binding steps. Results 

published by Pritzkow et al. showed that wooden tooth picks and cement bound and retained the 

highest prion levels onto the surface after multiple washing steps.14 More porous materials like 

wood or cement might increase false positives so we anticipate PK digestion to be more efficient 

on a stainless steel.  

 

Figure A6.2. Molecular level schematic of the stepwise conjugation steps of reagents using PrPSc specific antibody. 
with enzyme and substrate reaction. 

 

Aim 2: In this aim we will investigate testing RLN samples from post-mortem cervids for 

CWD detection 

The goal of this aim is to translate the working assay from aim 1 with mice infected tissue 

to cervid RLN samples. We will first test harvested RLN samples from CWD positive deer in a 

laboratory setting and then will transfer to field testing cervid with the collaboration of Colorado 

Parks and Wildlife. We will investigate LODs with cervid tissue and the ability of the assay to be 

portable for untrained users to operate.  
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Figure A6.3. Schematic of the stepwise workflow from mice to RLN harvested samples to field testing of cervids. 

Objective 1: Confirm assay conditions from infected mice tissue to cervids 

The mice tissue that will be used in aim 1, will be inoculated with the PrPSc protein 

harvested from captive mule deer in collaboration with the Zabel lab and Colorado Parks and 

Wildlife. In this aim, we will focus on ensuring the translation from the infected mice tissue to 

direct sampling of the RLN tissue of captive mule deer. This objective will focus on investigating 

each binding step outlined in aim 1 to ensure sufficient binding and detection of the PrPSc form 

from cervid RLN samples. 

Objective 2: Investigate RLN tissue viability from cervid samples 

RLN tissue starts to degrade less than 1 min after death, so it is advantageous to sample 

immediately after harvest. In this objective, we will investigate the maximum lifetime of CWD 

positive tissue that is still able to be detected with our assay. We will start by testing RLN 

immediately after harvest and subsequent testing every week until no signal is present while the 

tissue is kept at 4˚C. Additional viability tests will be conducted with frozen RLN tissue to 

determine a lifetime when tissue is kept at -20˚C. 

Objective 3: Determine the LOD using cervid RLN samples 

The goal of this objective will be to replicate the sensitivity of the assay found in aim 1. 

The work in this objective will be completed in a laboratory setting and results will be compared 
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against RT-QuIC and IHC. The heterogeneity of cervids will be investigated to understand the 

sensitivity and specificity of the assay. 

Objective 4: Develop Standard Operating Procedures (SOPs) for each binding step and 

fabrication 

Improper use of well vetted home diagnostic kits is common and have been well 

documented.44 Creating an easy-to-use diagnostic kit is critical for when developing POM 

diagnostics. The test may work perfect in the laboratory by trained users, however if it cannot be 

operated by untrained users then it will fail to translate to the PON. In this objective a full SOP 

will be created and tested to ensure easy comprehension and use for all users.  

Objective 5: Field testing on post-mortem cervids with collaboration of Colorado Parks and 

Wildlife 

In collaboration with the Zabel lab, and the Colorado Parks and Wildlife we will conduct 

field testing on post-mortem cervids as earliest as the 2022-2023 hunting season. In the initial 

sample testing, we hope to test 100 deer and/or elk to collect a large enough sample size to show 

the viability of the working assay.  

Potential Pitfalls and workarounds:  

(1) Contamination of probe with competing proteins is a potential pitfall that we will 

investigate. After the initial binding of prions to the stainless-steel probe, competing proteins may 

also be present on the probe. In this case, the PK digestion is a crucial step in the assay to ensure 

only the PrPSc form is left to bind to HS-HRP. If we do encounter non-specific binding from 

competing proteins, we will investigate two workarounds. First, by using blockers to restrict 

binding sites on the competing proteins. Second, use of a monoclonal anti-PrPSc-HRP in the place 
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of HS-HRP, could improve selectivity because the monoclonal antibody will be specific to the 

antigen epitope. (2) The heterogeneity of cervids and sensitivity with varying levels of infectivity 

is a potential pitfall. To translate to the PON the assay will need be able to handle a wide range of 

prion levels in a consistent manner. Longer incubation times, washing steps and concentrations of 

reagents will be investigated to produce consistent results from low infection levels to high 

infection levels. During aim 2, we will optimize the assay to be performed in a timely manner but 

also remaining consistent for low levels of CWD. (3) Temperature is a potential pitfall that can 

impact the assay working correctly. The PK, HS-HRP and TMB will need to be kept cooled before 

use to avoid degradation. The temperature of the tissue sample will also need to be cooled quickly 

if analysis does not happen directly after harvest. This will be a concern when this assay is ready 

for portable detection. For portable detection we will develop an assay kit that is packed with ice 

packs to keep the reagents cold until use.  

Summary: 

This proposal aims to demonstrate a rapid, portable, and inexpensive CWD assay using a 

novel diagnostic assay. CWD is spreading rapidly through free ranging and captive cervids 

creating a need for portable diagnostics to slow or stop disease transmission. We will combine 

proven techniques to create a working portable assay. The assay will be run via PrPSc binding to 

stainless steel probe followed by labeling with an enzyme to produce a colorimetric signal that can 

be read by eye. Importantly, this proposed assay could dramatically change the detection for CWD 

and help mitigate the spread of CWD. There are several innovations presented in this proposal. 

First, there are no current rapid and portable diagnostic tests for CWD detection.  The method 

described will enhance time to answer for hunters and state agencies for CWD in cervids. Second, 

the current gold standard methods for detecting CWD are labor intensive and involve complicated 
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instrumentation. We will create a user-friendly assay that will cut down on time to answer from 

weeks to minutes. Finally, this proposal will create a portable CWD diagnostic that could 

potentially save millions of dollars in testing and refund fees, not only in Colorado but across the 

United States. We are hopeful that the proposed assay can provide the type of CWD screening 

needed to slow the spread of CWD and eventually protect cervid herds from a fatal disease.  
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