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ABSTRACT

DEVELOPING PAPER-BASED DEVICES FOR MAPPING AGRICULTURAL PESTICIDES

AND ENVIRONMENTAL CONTAMINANTS

The detection of environmental contaminants is important to ensure the health of both
humans and the environment. Currently, detection is done by instrumentation like liquid or gas
chromatography coupled with mass spectrometry. While sensitive and selective for multiple
analytes, these instruments suffer from disadvantages like large size, high sample cost, and the
need for a trained analyst to run the samples. As an alternative, microfluidic paper-based analytical
devices (WPADs) are becoming more common as inexpensive, fast, easy to use devices to detect
and quantify a variety of analytes. My research has been focused on developing pPADs for three
different analytes: pesticides, PFAS, and heavy metals.

In order to ensure proper crop protection and pest management, it is important to manage
and optimize pesticide application. Currently, this is done by water-sensitive papers, which often
inaccurately portray the presence of pesticide due to humidity and extraneous water droplets that
are not pesticide. In Chapter 2, I have developed a method that uses filter paper to capture a
fluorescent tracer dye that has been mixed with the pesticide and then sprayed over the crop. The
filter papers are imaged with a lightbox and Raspberry Pi camera system and then analyzed to
determine percent coverage. After optimization and validation of the method to WSP, the filter
paper method was used to evaluate pesticide distribution in a citrus grove in Florida (Chapter 3).
The data from these field studies was used to make recommendations for which application method
is best for the different types of pesticides.
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Paper-based devices are inherently limited by the inability to control fluid properties like
mixing. In order to incorporate mixing but also retain a small device that does not require external
power to initial flow, a microfluidic device was fabricated out of two glass slides. A staggered
herringbone pattern is laser ablated into the slides, and a channel is formed by double-sided
adhesive (Chapter 4). Mixing was quantified using blue and yellow dyes. A reaction between
horseradish peroxidase and hydrogen peroxide was used as a representative enzymatic reaction
and also to determine enzyme kinetics. Since the microfluidic device is made of glass, it is also
compatible with non-aqueous solvents. Paper-based devices do not work well with organic
solvents because the hydrophobic wax on the paper is dissolved by the solvent.

In Chapter 5, the dissertation returns to traditional uPADs for environmental contaminants.
Per- and polyfluoroalkyl substances (PFAS) are class of compounds that are highly persistent,
toxic, bioaccumulative, and ubiquitous. While multiple instrument-based methods exist for
sensitive and selective detection in a variety of matrices, there is a huge need for a fast,
inexpensive, and easy-to-use sensor for PFAS detection. This would enable widespread testing of
drinking water supplies, ensuring human health. A pPAD was developed for the detection of
perfluorooctane sulfonate (PFOS) where the ion-pairing of PFOS and methylene green forms a
purple circle. The diameter of the purple circle can be measured by the naked eye with a ruler or
with the help of a smartphone to correlate the diameter back to PFOS concentration. At a cost of
cents per sample, this uPAD enables fast and inexpensive detection of PFOS to ensure safe
drinking water.

A common issue with environmental uPADs is the relatively high limits of detection
compared to what is needed for regulatory purposes. It can be challenging to lower the limits of

detection without incorporating an external pretreatment and/or preconcentration step. As uPADs
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are small and handle only a small volume of sample (<120 pL), there is the possibility of increasing
the sample capacity of the device but without significantly increasing the device size or analysis
time. By adding multiple layers of absorbent filter paper underneath radial device for heavy metal
detection, the sample volume increased to 1 mL, decreasing the limit of detection for a radial
copper detection card from 100 ppb to 5 ppb (Chapter 6).

The research presented here achieves the goal of developing nPADs for environmental
contaminants. They can be used in different ways to visualize the presence of the contaminant for

monitoring and management purposes, ultimately ensuring human and environmental health.
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CHAPTER 1: INTRODUCTION

1.1 Environmental Contaminants

The presence of humans on Earth has significantly contributed to environmental pollution. '
Various industries like mining, agriculture, burning of fossil fuels, urban development, improper
disposal of chemical solvents, and material production release harmful chemicals into the
environment.> These environmental contaminants include but are not limited to heavy metals,
pesticides, pharmaceuticals, personal care products, persistent organic pollutants, bacteria,
explosives, and perfluorinated species.>* As these chemicals travel through the environment, they
can pose a threat to the health of the ecosystem, as well as to humans through drinking water
pollution.

Environmental contaminants can put environmental and human health at risk, causing
mutagenic, carcinogenic, and teratogenic effects. Pollution (including air, water, occupational, and
soil sources) is considered one of the world’s biggest health risks, a leading cause of disease and
death worldwide according to a recent Global Burden of Disease study (Figure 1.1).>* Another
recent report by the World Health Organization (WHO) reported that 3 in 10 people worldwide
lack access to clean drinking water, with the majority of those people (~92%) living in poor or
middle-income countries.>° While the best way to reduce water pollution would be to reduce the
input of contamination in the first place, it is important to monitor the presence and spread of

contamination, especially in resource-limited settings, to ensure safe drinking water.
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Figure 1.1 Global estimated deaths by major risk factor and cause. Total pollution includes air, water,
occupational, and soil sources. Figure obtained with permission from Landrigan et al., 2018.

1.2 Traditional Detection Methods

There are many detection methods available to monitor environmental contaminants and
trends in their distribution. Many of these methods are laboratory-based, like liquid
chromatography (LC), gas chromatography (GC), or inductively coupled plasma (ICP) coupled
with mass spectrometry (MS), depending on the analyte. The EPA has developed and validated a
set of standard protocols that are used to demonstrate compliance with government regulations. '
For example, heavy metals are often analyzed by ICP-MS,!! and pesticides can be quantified by
LC-MS/MS.!? While these instrumental methods are sensitive and selective, they are also non-
portable, expensive, time-consuming, and require trained lab personnel to run. Environmental
analysis often occurs in remote locations where sample transport back to the lab is not ideal, like

carrying many liters of water back to a lab from a Superfund site or collecting drinking water



samples from various homes. The instruments mentioned before (LC-MS, GC-MS, ICP-MS) are
usually not easily portable due to solvent, power, and pressure requirements. In addition, many
areas of contamination are in resource-limited settings like developing countries.” To monitor
environmental contaminants at the site of interest and potential contamination, methods that are
fast, inexpensive, and portable are more desirable. These types of methods also empower citizens

to evaluate their own drinking water.

1.3 Microfluidic Paper-Based Analytical Devices (nPADs)

When contaminant levels above the regulatory limits are found in the environment,
immediate action should be taken to evaluate the status of the site and decide how to proceed to
reduce the contamination. In some cases, a treatment like a sorbent or ion exchange can be
applied,'® while monitored natural attenuation (a more passive approach) is also recommended by
the EPA.'* A sensor-like device as an alternative and complementary detection method would
provide real-time information about the presence of contaminants at a much lower cost than
traditional instrumentation. The data can then be used to make immediate decisions regarding
remediation, ensuring human and environmental health. '

An emerging platform for point-of-need (PON) detection of environmental contamination
is microfluidic paper-based analytical devices (WPADs). Paper has been used as a substrate for
chemical testing for centuries — like the use of litmus paper in pH strips starting in 1784.'¢ In 2007,
the Whitesides group at Harvard University demonstrated patterning small (i.e., microfluidic)
channels on paper with a SU-8 epoxy-based photoresist. This hydrophobic barrier served to direct
fluid flow, resulting in a device to detect glucose and protein in urine.!” A new branch of paper-

based PON devices followed, with thousands of papers being published and increasing numbers



each year (Figure 1.2). Using paper as a substrate is beneficial for PON purposes as it is disposable,
inexpensive, flexible, biocompatible, easy to manipulate, and safe to handle.!®>* The hydrophilic
nature of the paper fibers induces capillary flow to draw the sample through the paper, eliminating
the need for external instrumentation to drive fluid flow and contributing to making the devices
portable and disposable.”* Recent reviews highlight common themes and future directions of
WPADs 2022, 2431
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Figure 1.2 Publications per year for the search term “paper based analytical device” in Web of Science.
Accessed 05.06.2021.

There are various methods for fabricating uPADs and forming the hydrophobic channels
to direct fluid flow, including wax printing, photolithography, screen-printing, inkjet printing, and
laser treatment.?** 2> Wax printing is the most common as the procedure is rather simple and enables
researchers all over the world to quickly prototype and manufacture devices with limited
equipment. To wax print a device, a design is printed on a piece of filter paper with a printer that
uses solid ink wax instead of liquid ink (like in an inkjet or laser printer).>? Then, when the device
is heated in an oven or on a hot plate, the wax melts into the paper, forming a 3-dimensional
hydrophobic barrier (Figure 1.3).2* This barrier directs fluid flow through the paper, with the

capillary action of the paper acting as a passive pump.
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Figure 1.3 Fabrication of wax-printed paper-based analytical device (WPAD). Figure obtained with permission
from Martinez et al., 2010.

Paper is also ideal for storing and immobilizing reagents, eliminating the need for multiple
external user steps of adding reagents. The reagents are also used to design a uPAD for a particular
analyte.?® For example, a complexing agent might be used to form a colored complex with certain
heavy metals.>* For biological assays, an enzyme can convert a chromophore in the presence of
the analyte, generating a measurable response.?* Enzyme-linked sandwich immunoassays (ELISA)
have been performed on paper.>> For redox-active molecules, electrochemical methods like
chronoamperometry or voltammetry can be applied by incorporating electrodes into the uPADs.3®
The aggregation or separation of nanoparticles (gold and silver nanoparticles, quantum dots,
carbon dots) can be measured with different methods: surface plasmon resonance, colorimetry,
electrochemistry.?? They can also be synthesized to be specific for an analyte or analyte class by
tuning the nanoparticle composition, size, and morphology.>’

uPADs use a variety of detection techniques, like colorimetry, fluorimetry, or

electrochemistry.®® For colorimetry, the analyte of interest reacts with a reagent that has been



preloaded in the detection region, producing a color change. This simple readout can be measured
by naked eye and provide a yes/no answer as to whether an analyte is present or not. For more
quantitative analysis, the degree of color change or distance of color formed can also be
measured.*®*> Smartphone apps have been developed to analyze the color change and compare the
result to a calibration curve.** Fluorimetry and electrochemistry usually outperform colorimetry in
terms of quantification like sensitivity and detection limits, but more instrumentation is required. >
Recent efforts have been promising in terms of miniaturizing the instrumentation and making it

more portable.**

1.4 Challenges of Colorimetric pPADs for Environmental Monitoring (This section is based
on a review article on which I wrote the section on Environmental Monitoring, with modifications
and edits for this document)*

The properties of uPADs described above, especially for colorimetric ones, make uPADs
ideal for environmental monitoring; however, they also come with challenges. The devices ideally
need to detect and quantify analytes at levels at or below those set by regulatory agencies such as
the U.S. EPA and WHO.*® Depending on the analyte, these limits can be in the ppt — ppb range;
however, the LODs of colorimetric pPADs are often in the ppb — ppm range.?* %’ An external
preconcentration step can help detect low concentrations but that adds extra time and steps to the
analysis. Since the regulatory limits are based on toxicology studies for different organisms, it is
important to keep these in mind when developing a colorimetric pPAD — to maximize the
applicability in the real world.

The devices must be selective for the intended analyte or class of analytes. Depending on
the mechanism for color formation, there can be interferences from other similar analytes.*** For

example, heavy metal detection on pPADs often relies on complexation with a colorimetric



indicator. Since heavy metals can have similar chemical properties, the resulting color of the
complex is the same. Masking agents can be used to reduce the interference from competing
metals.*’ In addition, environmental samples often contain interferences from the sample matrix,
like organic and inorganic ions, organic matter, and surfactants, any of which could affect
detection, depending on the analyte of interest.* 3956 Sometimes pretreatment steps like
purification and/or preconcentration are required which increases cost and time and decreases ease
of use of a uPAD.%"-3® Reagent stability is also critical, since the devices may need to be transported
and used under a wide range of temperature, humidity, and sunlight conditions.***° Proper storage
conditions, like a sealed container, can protect devices from humidity and light.®! Finally, there
has been significant progress in data processing by moving from large, expensive, lab-based
instruments to smartphones and image analysis software to provide fast, quantitative data.
However, there are still many variables that need to be controlled to ensure reproducible data
processing — like variable lighting at field sites. The use of lightboxes, algorithm correcting, and
machine learning can all help to improve data processing in variable conditions, 28 8- 62 63

In this thesis, I will be discussing how I have developed pPADs for PON environmental
analysis. These devices have been designed to detect different analytes in the environment:
pesticides, heavy metals, and perfluoroalkyl substances (PFAS). The work in the following
chapters describes how pPADs can address the shortcomings of traditional analytical methods and
provide alternative or complementary detection methods. The challenges in developing

colorimetric uPADs that were mentioned will be kept in mind, as well as the overall goal of

maintaining simplicity to provide fast and easy to use devices.



1.5 Measuring Spatial Distribution of Pesticides

Crop protection relies on the application of pesticides to control insects and other pests that
negatively impact crops. For adequate protection and also to reduce extraneous pesticide in the
environment, it is important to ensure efficient and adequate pesticide application and distribution
within the crop. Excessive pesticide use can cause pest resistance and have unintended toxicity on
other organisms.®*®° In humans, pesticides can irritate the skin or eyes, cause cancer, or negatively
impact the nervous, hormone, or endocrine systems.®® An optimized pest management program
will reduce costs and time spent applying pesticides, increasing profits for the farmer. Thus, it is
important to measure the distribution of pesticide application to ensure application efficiency.

Currently, water-sensitive papers (WSP) are used to measure the spatial distribution of
pesticides.®”"% The paper cards are attached to a crop and turn from yellow to blue in the presence
of water during pesticide application.®”- ®® WSP are very general as they react to any sources of
water, not just pesticide, so they often produce false positive results, especially in humid
environments. Therefore, in Chapter 2, I developed a new method to evaluate the spatial
distribution of pesticides in crops. The method uses paper as a substrate and a fluorescent dye as a
surrogate for the pesticide (Figure 1.4). The method is less expensive, faster, and more accurate

than the current industry standard of water-sensitive paper.”°

v" Measured pesticide distribution
é v" Optimized pesticide application

v Improved pest management
HO

Figure 1.4 Schematic of newly developed method for evaluating pesticide distribution (Chapter 2).
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The spatial distribution of pesticides is not well measured in many crops, especially in
dense orchard trees like citrus trees.’”' This lack of data is critical when attempting to design a pest
management plan for certain diseases. For example, citrus greening disease is a crop disease that
is widespread in amongst citrus groves in Florida, China, and Brazil — all major citrus producers.’?
The disease has decreased production in Florida by 74% since 2005.”* The main management plan
is to apply pesticides to the citrus trees to reduce the population of psyllids, the vector of the
disease.”” 7 The psyllids prefer to reside on the underside of leaves, so pesticide application
throughout the tree and especially the bottom of the leaf is important.”> In Chapter 3, we applied
the newly developed paper-based method in a citrus grove in Florida. The field studies
demonstrated how the new method is used to determine pesticide coverage under a variety of
spraying settings (Figure 1.5).”! This data was used to advise on an improved pest management

plan for treating citrus greening disease.

Heterogeneous pesticide distribution in
citrus tree canopy

Bottom of Leaf Top of Leaf
§J .’ Percent
= %i - Coverage (%)
(=]
% % 100
> E 75
e o 50
0 .
e - 25
3
| - [ ol 0
Inner Outer Inner Outer
Canopy Depth

Figure 1.5 Schematic of measuring spatial distribution of pesticide in citrus trees (Chapter 3).

1.6 Mixing in Passive Flow Microfluidic Devices

My initial work in Chapters 2 and 3 about pesticide detection used a uPAD that can be read
without a reagent performing a chemical reaction. However, there are few applications where a
surrogate like the fluorescent dye can be used. Most chemical analysis requires chemical reactions

and therefore also mixing. A disadvantage of most uPADs is that flow is dependent on the inherent
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pore structure of the paper, making it difficult to control qualities of fluid flow other than direction.
Sample evaporation and paper swelling can occur, which contribute to unexpected changes in fluid
flow.”*7 Rapid mixing is important for many complex reactions, especially for multi-step
reactions with multiple components. The mixing in uPADs cannot be manipulated due to the
reliance on the pore structure of the paper. Traditional microfluidic devices (not paper-based
devices), such as those made of materials like polydimethylsiloxane (PDMS), generate flow
through syringe pumps and can therefore manipulate mixing. These types of devices are unsuitable
for point-of-need settings due to the bulky size and electricity requirements of the associated
equipment.

In Chapter 4, a new passive flow device made of glass and double-sided adhesive is
described. The device keeps the advantages of microfluidic devices such as small sample size,
portability, and no external instrumentation while achieving full mixing of 2 sample droplets in <7
cm and <10s.%° This device was modified for measuring organophosphate pesticides on the skin

of fruits and vegetables in Appendix 4.%!

1.7 Detection of Perfluorinated Substances (This section is modified from a review article on
which I was the first author, with modifications and edits for this document)®

1.7.1 Overview

Per- and polyfluoroalkyl substances (PFAS) are a class of compounds that have recently
become an area of significant concern. Originating from a variety of materials like stain repellents,
nonstick coatings, cleaning products, and aqueous film forming foams (AFFFs), PFAS are
ubiquitous in environments all over the world, even in the Arctic.33% They can be found in
drinking water, surface water, soils, wildlife, plants, the atmosphere, and human food sources as

well.%61% The high strength of the C-F bond makes PFAS thermodynamically stable and resistant
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to typical environmental degradation pathways, like biodegradation and photolysis.!° 192 This
recalcitrance in the environment led to the moniker of “forever” chemicals.

Due to their widespread application and use, PFAS are continually released during
production, product use, and disposal via point and nonpoint sources into the environment. !> The
highest PFAS concentrations have been recorded near wastewater treatment plants, firefighter
training areas, landfill sites, and industrial sites.!%* These sources drain into environmental waters
and ultimately our drinking water. Human exposure to PFAS is of high concern because they build
up in the human body and have been linked to a variety of human health issues, including prostate
and kidney cancer, thyroid disease, and diabetes.”> 15-1% Studies have suggested that the toxicity
comes from PFAS acting as an agonist for peroxisome proliferator-activated receptor alpha
(PPAR). The activation of PPAR« interferes with the proper transcription of many target genes,
leading to cancer development and other diseases.!*!!!

The United States Environmental Protection Agency (EPA) has set a health advisory level
of 70 ppt (70 ng L) for lifetime exposure of perfluorooctanesulfonic acid (PFOS) and
perfluorooctanoic acid (PFOA) in drinking water.!!? Despite this guideline (which is currently not
legally regulated), drinking water levels of up to 3000 times the lifetime advisory level have been
reported in Colorado, North Carolina, and other hotspots across the US.!!3!15 It is estimated that
54 — 83% of the US population (179 — 272 million people) has been exposed to PFOS and PFOA

contamination in their drinking water, indicating potential widespread contamination across the

country.!1®
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There are over 5000 CAS numbers that are classified under PFAS, and the identity of most
of them is unknown.!!” PFOS and PFOA (Figure 1.6) have been studied the most since they have
been manufactured the longest.!!'® ' The U.S. EPA lifetime health advisory level was determined
based on exposure studies of these two PFAS.'?° However, there are so many other related
compounds that contribute to overall PFAS occurrence and possible toxicity. Studies are ongoing
to evaluate the cumulative toxicity of PFAS and also of newly developed short-chain alternatives
like GenX (hexafluoropropylene oxide dimer acid, HFPO-DA) *-121-122 A5 we begin to understand
more about the global distribution of PFAS and replacement PFAS chemicals such as GenX and

how toxic they can be, it is important to have a fast and cost-effective way to detect PFAS. !

RFRFRFRS o EFEFEF O FRFEFQP R FR FR FR F
% F S F.
7 OH FWOH “oH OH
FFFFFFF FO FFFFFF FF FFFF FFFFF FFF
perfluorooctanesulfonic perfluoroheptanoic  perfluorohexanesulfonic 8:2 fluorotelomer alcohol
acid (PFOS, C8) acid (PFHpA, C7) acid (PFHxS, C6) (8:2 FTOH)
F.F O
FRFRFRF O RFRFRF O RFRF F 0
o]
B s I e 3
N FFF F
FFFFFFFF FFFFFF FEE Fd o J FFF
perfluorooctanic acid perfluoroheptanoic  perfluorobutanesulfonic ~ hexafluoropropylene oxide
(PFOA, C8) acid (PFHpA, C7) acid (PFBS, C4) dimer acid (HFPO-DA, GenX)

Figure 1.6 Example of common per and poly-fluoroalkyl substances (PFAS).

1.7.2 Current Methods for PFAS detection

Many laboratory-based techniques have been developed to detect PFAS using traditional
analytical instruments.!%* 123128 The EPA currently has three approved methods for PFAS analysis:
Methods 533, 537, and 537.1.12-13! These methods call for a polystyrene-divinylbenzene (SDVB)
solid-phase extraction (SPE) step to concentrate the sample, followed by analysis with an LC-
MS/MS fitted with a C18 column. All three methods are sensitive with LODs ranging from 0.71
— 16 ppt for 29 PFAS compounds but they are limited to drinking water samples and have a
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minimum 35 min LC-MS/MS run time.'*% 3! As of May 2021, the EPA is working on validation
to include other matrices like surface water, groundwater, wastewater, soil, sediment, and
sludge.!?

Other methods exist for the analysis of multiple PFAS in a variety of matrices, as recently
reviewed by Amin et al., although these methods have not been validated by the U.S. EPA.!?® For
example, variations of liquid chromatography coupled with mass spectrometry offer targeted

analysis with sensitive quantitative determination in aqueous matrices, including drinking

129,133 134-136 137,138

water, groundwater, surface water, river water,'*” seawater,’® and wastewater.'>>

141-143 and fluorometric detection'** can also provide LODs comparable to

140 Ton chromatography
MS, but these methods require extensive pretreatment and/or derivatization with a fluorophore
prior to analysis. Gas chromatography can only detect volatile, semi-volatile, and neutral PFAS
which makes it less popular than LC!!'7> 123128 and the limits of detection are dependent on the
detector. Capillary electrophoresis is portable but has poor detection limits (2-33 ppm). 4> 146
While the instrumental methods are effective at the right time and place, they are limited
by high instrument costs and the requirement of a laboratory with trained personnel. Costs of $300-
$600 per sample are prohibitive in routine monitoring and do not allow for widespread sampling
and testing of common PFAS.'*” To properly evaluate human risk of PFAS exposure, a simpler,
faster, less expensive, and ideally field-based method is needed. Sensors, or devices that respond
to an analyte and transform the chemical information into an analytically useful signal, have the
potential to meet this demand for PFAS monitoring.'* While PFAS exist in many matrices and
detection therein is important, the detection of PFAS in aqueous matrices is a good first step to

evaluate the risk of human exposure and the distribution of PFAS. Routine monitoring of water

samples would allow more frequent testing to comply with regulations, providing actionable data
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to water quality managers. A fast detection method can help identify critical areas of PFAS
contamination where remediation efforts should be focused.!> Without the need for a central
laboratory, the general public could test their own drinking water using a fast and inexpensive test.
A sensor for PFAS would not replace the traditional analytical techniques like LC-MS and GC-
MS but instead complement their analysis by being able to provide real-time analysis at the point
of decision.”

A colorimetric uPAD is ideal for PFAS analysis as it would provide a fast, easy-to-use,
portable device. Currently, this does not exist. A variety of sensors have been developed but they
often require long reaction times, multiple user steps, and/or external instrumentation for
analysis.®? The Naidu group in Australia has developed a colorimetric test kit for PFOA detection,
the asktCARE kit, based on the complexation between ethyl violet and PFOA. ' 1> After liquid-
liquid extraction, the color of the resulting ion pair is measured by a smartphone. While the test
kit is commercially available and is currently being used by Royal Australian Air Force defense

bases,'*

it still requires many steps so running multiple samples at once would take up time and
space. In Chapter 5, I present a colorimetric uPAD for the quantification of perfluorooctane

sulfonate (PFOS) which achieves results in one step and <10 min. !
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1.8 High Volume Heavy Metal Analysis

There has been much progress in the development of uPADs, especially given the massive
increase in publications over the last few years. However, there is still the big limitation of high
LODs which inhibits the use of pPADs in the real world.*’ One way to improve the limits of
detection is to increase the number of moles of analyte that flow through the device. Moving from
a color-changing spot test'>? to a distance-based device'>? to radial distance-based quantification®”
has increased the sample capacity from a few pL to 150 pL but the LODs are still high (Figure
1.7). Pretreatment steps like solid-phase extraction can concentrate a sample but this adds extra
time, money, and user steps which is not necessarily desired for in-field and high-throughput
analysis. There have been some reports of analyte concentration on pPADs, including heating 3%

136 and ion concentration polarization,'>” but all of these methods require some degree of external

instrumentation.
Fe Ni
M -
: Cu
A. Spot test device for Fe, B. Distance-based C. Radial distance-based detection
Ni, and Cu detection detection of Ni, Fe, and Cu cards for Zn, Fe, Mn, and Cu

Figure 1.7 Examples of a spot test (A), distance-based device (B) and radial distance-based device (C). Figures
obtained with permission from Mentele et al., 2012, Cate et al., 2015, and Hofstetter et al., 2018.

Traditionally, pPADs are limited in terms of sample capacity, mostly requiring sample

volumes of 1 — 100 pL. Some pPADs have been modified to accommodate higher volumes to
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introduce more analyte molecules to the pPAD. For example, Kudo et al. quantified Zn>" ions in
a 1 mL sample on a colorimetric spot test with absorbent pads held together in a 3D-printed
holder.!>® While the sample completed flow in 3 min, the holder increases the device cost, and
high-throughput analysis would be challenging due to the device setup. The spot test needs to be
removed from the holder and scanned for quantification. Shimada et al. used a distance-based
format to detect Fe*" but a sample volume of 1 mL took 9.5 hrs to flow through the device.'>
Heavy metal detection by colorimetric uPADs especially suffers from high LODs, as heavy
metals are only allowed at ppb or ppt levels by the Safe Drinking Water Act.*® Colorimetric pPADs
for heavy metals have achieved limits of detection of 0.1 — 100 ppm which are higher than
recommended for drinking water.?3 43 47- 48, 160-162 A sample concentration step or higher sample
volume is needed to detect contaminants in drinking water at their appropriate levels. Chapter 6, |
present a new format for a colorimetric radial distance uPAD that does not require any holder or
external instrumentation to increase the sample capacity by 10x. The results can be read in <1 hr

by the naked eye and the LOD was decreased by 100x.'%3

1.9 Conclusion

In summary, the work described in this thesis is aimed towards developing and improving
point-of-need pPADs for environmental contaminants. An improved method was developed to
evaluate the spatial distribution of pesticides and support informed pest management decisions. In
order to establish mixing by passive flow, a glass microfluidic device was designed and executed.
PFAS, a class of contaminants of emerging concern, can now be detected and quantified with a

colorimetric pPAD. Finally, heavy metal detection with uPADs suffers from high limits of
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detection so a new device format has been proposed, improving colorimetric detection at the point

of need.
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CHAPTER 2: FLUORESCENT DYE PAPER-BASED METHOD FOR ASSESSMENT OF
PESTICIDE COVERAGE ON LEAVES AND TREES: A CITRUS GROVE CASE STUDY

Crop disease management depends on efficient and adequate pesticide distribution to
reduce pest population. Instrument-based methods to evaluate the spatial distribution of pesticides
are available, but they are not field-compatible because of instrument size, cost, E\Hld extensive
sample preparation. The current standard of water-sensitive papers is field-compatible; however,
these papers often produce false positives due to reaction with water from sources other than the
pesticide mixture. Thus, we developed a novel method in which a fluorescent dye is sprayed over
a crop with circles of filter paper (samplers) attached to the leaves. After collection, a lightbox is
used to take pictures of the samplers, and an algorithm analyzes each image for percent coverage
to visualize the pesticide distribution within the crop. This method produces results quickly and
inexpensively compared to current methods and can be applied to any crop to inform best pesticide
application strategies. This work was published in Journal of Agricultural and Food Chemistry.!

Mridula Bontha (2™ author) developed the Python script to analyze the images of the samplers.

2.1 Introduction

The agricultural industry relies heavily on the application of pesticides for disease control
and sustainable crop pest management.> Depending on the crop, 10-20% of crops are lost to
insects. Pesticide application is an inefficient process, with less than 0.1% of the volume sprayed
actually reaching the target pest.* To prevent insect resistance, product loss, and environmental
pollution, efficient and adequate distribution of pesticide is necessary.””’ Correct adjustment and
calibration of sprayers or new types of applicators can help in optimizing pesticide application, but
to quantify the improvement, a reliable and easy to use method is needed to determine pesticide

distribution within the crop as well as how well the individual leaves are covered.
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The current industry standard for evaluating insecticide distribution is water-sensitive
papers (WSP, Figure 2.1A). These paper cards can be attached to any crop and react in the presence
of water. The coating on the paper, bromophenol blue, changes from yellow at pH 3.0 to blue at
pH 4.6.8 While easy to use, these papers often result in false positives in that a blue spot appears
from water other than the insecticide mixture, such as humidity in the air or dew on the crop,
inaccurately representing insecticide distribution.”'? As a result, water-sensitive papers should not
be used when the relative humidity is above 80%,'? limiting their application in humid regions.
For instance, in Florida, the relative humidity is above 80% approximately half the time.'* As a
result, a study where many WSP are distributed throughout a crop would result in inaccurate
representations of insecticide presence due to reaction with the water vapor in the air as well as
dew on the leaves. The cards cost approximately $1.40 USD per card,'!> which is costly when
performing an in-depth study of a larger crop like a fruit orchard with hundreds to thousands of
samples across multiple trees.

Beyond cost concerns, the water-sensitive papers can be used to provide qualitative results
by naked eye analysis, but computer-based image analysis is needed to quantify the results. These
programs (DropletScan, DepositScan, Drop-Vision Ag, SnapCard, and more) usually require
scanning the water-sensitive paper and importing it to a mobile phone application or computer
program.'® 17 The analysis programs are limited by the resolution of the scanner or camera and the
algorithms differ in how they differentiate droplets, producing different results for the same
samples.'! 191? Especially at heavier application rates, droplet overlapping causes problems when
results are presented in terms of droplet size.?’ Because of this, percent area covered is the most

reliable metric to report and evaluate as a measure of pesticide application efficiency. ' %!
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To analyze pesticide residues on plant leaves, traditional laboratory-based methods are also
common. For example, chromatographic, fluorometric, and spectroscopic methods are common to
detect pesticide residues in and on a variety of substrates, like leaves, vegetables, soil, and human
skin.?*?” Gas or liquid chromatography in conjunction with mass spectrometry have been used to
determine pesticide presence in leaves. This method requires sample pretreatment or leaf
extraction.?®** For detection on leaves, a fluorescent tracer is mixed with the pesticide, sprayed on
the leaves, washed off the leaf, and analyzed by fluorimetry.®!-** In a similar fashion, a metal tracer
(potassium nitrate, zinc nitrate, or magnesium chloride) can be sprayed onto filter papers attached
to leaves. The filters are extracted in nitric acid and the tracer analyzed via atomic absorption
spectrometry.’ These methods are expensive, time-consuming, and labor-intensive, requiring
sample preparation and instrumental analysis which limit field analysis. The rinsing and extraction
processes also eliminate the ability to differentiate between coverage on the two sides of the leaf.
This distinction is important in mapping pesticide coverage within a crop. In order to adequately
target a certain pest, sometimes pesticide coverage on both sides of the leaf, or even specifically
the bottom side, is essential, and a method that can treat each side of the leaf as independent
samples is needed.

Here we present the development of a novel, fluorescent-based method that is easy to
deploy and accurately measures pesticide distribution in any crop. The method uses circular discs
of filter paper that are clipped to the leaves of the crop and allows for both sides of the leaf to be
independently analyzed. A fluorescent dye is mixed with the pesticide to be sprayed over the crop
and the samples. The method is not harmful to the environment and can be used in the field to
quickly achieve results. Lab-based studies were used to develop the method in a controlled

environment. However, it is not possible to truly recreate the environment in which a pesticide is
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sprayed. While the temperature, humidity, and wind can be simulated, a spraying chamber cannot
recreate the tractor or airplane that is used in the field. A spraying chamber does not have the
capacity to spray at the same application rate due to the limited number of nozzles and pressure.
Additionally, to perform an in-depth study of spatial distribution, hundreds of samples are needed
for statistical significance. Thus, to demonstrate the validity and feasibility of the method
developed in this study, we conducted a field-scale study within a large citrus grove in Venus,

Florida.

2.2 Materials and Methods

2.2.1 Overview

An original method was developed to evaluate the spatial distribution of pesticides within
crops. The method is shown in Figure 2.1D. Whatman filter paper Grade 1 (GE Healthcare
Sciences) was used as an inexpensive, easily obtainable substrate for sample collection. Circles
(diameter 47 mm) of filter paper were cut with an Epilog Zing CO» laser cutter. These filter circles
(samplers) were clipped to the leaves of the crop with 9/16” binder clips (Figure 2.1C). A dye was
added to the pesticide mixture which is sprayed onto the crop via different methods (e.g. tractor,
airplane). Samplers were collected and analyzed with a homebuilt lightbox (Appendix 1.1) and

simplified computer system with a camera (Raspberry Pi) (Figure 2.1B).
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1. Attach filter 2. Spray crop 3. Collect filters 4. Take picture of
paper to leaf and filter with filter with Raspberry
red dye Pi camera

Figure 2.1 A. Water-sensitive paper. B. Lightbox with Raspberry Pi. C. A filter paper sampler clipped to the citrus
leaf. D. Schematic of method.

2.2.2 Image Acquisition and Analysis

A Raspberry Pi single-board computer with a wide-angle camera attached to the computer
with a 15-pin ribbon was used to collect images (Raspberry Pi 3 Model B, Keyestudio Camera).
The camera has a resolution of 5 MP and a pixel size of 1.4 x 1.4 um. The Raspberry Pi was
encased in a transparent case (KuGi) to protect the internal components and was controlled via
VNC Viewer (Virtual Network Computing) and a laptop. The terminal window was used to enter
commands to take pictures of the samplers (Appendix 1.4). After all the pictures were taken, they
were analyzed in ImageJ (open source, NIH)*” or by a custom Python script (Appendix 1.5). The
degradation and benchmark experiments were analyzed in Imagel. Briefly, the image was split

into three channels, and the red channel was chosen. The thresholding command was used to select
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just the droplets from the background. The ‘Measure’ command calculated the percent coverage
(% area). The fieldwork images were analyzed with a custom Python script. Briefly, K-means
clustering was used to identify three constituent colors (black, yellow, green) for each image. The
RGB (red, green, blue) values were converted to their equivalent in HSV (hue, saturation, value)
space. The thresholded values for each color generate a mask for the dye and background regions.
Each mask was used to identify and then count the number of sample (yellow) and background
(green) pixels, so the minimum spot size is 1 pixel. These counts were then converted into a
percentage to determine the percent area that the dye covers on a sampler (Eq. 1). To count the
number of particles and determine particle size, the colored image was converted to grayscale and
a Gaussian blurring filter was applied to smooth the edges. Contouring, a curve joining all the
continuous points along the boundary of a spot, was applied to identify individual droplets. A CSV
(comma-separated value) file was generated containing the percent area coverage, number of

particles, and particle size for each sampler image.

sample

x 100

Equation 1. Percent Coverage =
q 9 sample+background

2.2.3 Dye Selection and Degradation Test

To visualize the presence of pesticide collected on the filter paper samplers, three
fluorescent tracer dyes were evaluated. A non-fluorescent dye could have been used but the
contrast of the fluorescent dyes against the background was stronger, making the spots easier to
see and analyze. Three fluorescent tracer dyes were tested for usability in the field: a yellow-green
fluorescent dye (Risk Reactor IFWBCS), a red fluorescent dye (Risk Reactor IFWC7), and brilliant

sulfaflavine (MP Biomedicals). The two dyes used from Risk Reactor are water-soluble, UV tracer
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additives, NSF-certified and EPA-approved, meaning that the dye is bio- and photodegradable.
The yellow-green dye fades in 2-3 days while the red dye fades in 5-7 days. Cai and Stark (1997)
determined that brilliant sulfaflavine used as a pesticide tracer is relatively resistant to
photodegradation compared to other dyes studied.’® Because all three dyes would eventually
degrade, it was necessary to test how fast the dye would degrade between spraying and collection
time to ensure stability between deposition and analysis. Two degradation studies were performed:
one in a solar simulator and one under actual field conditions in Florida.

A solar simulator (Atlas MTS Suntest CPS) was used with the following settings to mimic
settings in Florida: temperature = 25°C, solar radiation = 609 W/m?, 1500 W Xenon lamp. Samples
were prepared by spotting 10 drops (1.25 uL) of each dye (1 ppm in water) on Whatman filter
samplers with three replicates for each dye. Pictures were taken before exposure in the solar
simulator and at the following time points after exposure: t =15, 30, 45, 60, 90 min. Pictures were
taken with the lightbox-Raspberry Pi set up and analyzed in Image] (NIH).3” The red color
intensity difference between before and after exposure was calculated for each time point. From
this preliminary study, the red fluorescent dye was selected to move forward based on its properties
of biodegradability, low cost, and light stability.

A second degradation study was performed in the field in Venus, Florida. Samples were
prepared by dropping a total of 5 ul of a pesticide-dye mixture on each filter circle. The pesticide-
dye mixture was a cocktail of 1500 ppm red dye, 3 uL/mL Malathion (insecticide), and 0.3 pL/mL
Dyne-amic. A set of 4 samplers (1 blank and 3 samples) was prepared for each of the following
time points: t =0, 10, 20, 30, 45, 60, 75, 90, 120 min. Pictures were taken of all samplers prior to
exposure in the sun. In Florida, all samplers (except t=0 min) were taped to a piece of cardboard

and placed in direct sunlight. Weather data was provided by a weather station in Venus, Florida
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(Table A.1.1). After each time point, a set of samplers was collected and stored in foil until
analysis. After sun exposure, all samplers were imaged again and analyzed in ImageJ. The change

in color intensity was calculated.

2.2.4 Benchmark to Water-Sensitive Paper (WSP)

To ensure that this method performs at least equal to or better than the existing method, a
benchmark validation experiment was performed under controlled conditions. A DeVries
Generation 4 Research Track Sprayer (DeVries Manufacturing, Hollandale, MN)* equipped with
one TeelJet 8002EVS8 nozzle (Spraying Systems Co., Wheaton, IL) were used to spray a dye
solution (2500 ppm) on samplers and WSP at various nozzle pressure and speed combinations (5
— 40 psi, 1 — 3 mph). The nozzle was 26 inches above the samplers. After spraying, the samplers
were collected and stored in foil until analysis. The lightbox-Raspberry Pi system was used to take
pictures of the samplers, and a flatbed scanner was used to image the WSP. The pictures were

analyzed using Image] for percent coverage.

2.2.5 Field Study Description

Samples were collected during four field campaigns at a citrus grove in Venus, Florida.
Meteorological data for each trip was provided by the grove. Trips in February and May 2018
served as pilot studies to optimize the method. In October 2018, a full-scale field study was
performed. For each field study, the samplers were hung in citrus trees in predetermined locations
at various canopy heights, canopy depths, and sides of leaf (top and bottom). To evaluate the filter
paper method with different application methods (aerial, ground), and trees ages (young, old),

samplers were placed in four groups of trees: aerial young, aerial old, ground young, ground old.
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With 48 samplers and 3 field blanks per tree, and 5 trees per treatment group, a total of 255
samplers were collected for each treatment group. For each field study, a dye was added to the
sprayer tank with pesticide and water, mixed thoroughly, and sprayed on the citrus trees and
samples with the appropriate sprayer. Field study, experimental, and weather details are found in
Table Al.1. Samples were collected within an hour of spraying to minimize photodegradation and
were stored in foil packets until analysis. Pictures were taken of each sampler in the lightbox -
Raspberry Pi system and analyzed for percent coverage and droplet size with the custom Python

script (Appendix 1.5).

2.2.6 Statistical Analysis

JMP Pro 13 (SAS Institute Inc., Cary, North Carolina, USA) was used for statistical
analysis. A significance level of p <0.05 was used to check statistical significance. The assumption
of normality, homogeneity of variance, and linearity were checked with normal probability plots

and residual plots, respectively.

2.3 Results and Discussion

2.3.1 Method Development and Optimization

To determine the optimal window for sample collection, a degradation study was
performed under real conditions in Florida. From the initial study, a red rhodamine-based
fluorescent dye was selected due to its resistance to photodegradation, environmental friendliness,
low cost, and low reactivity towards pesticides (Figure A1.1).** Samplers with a pre-determined
volume and concentration of dye were prepared and exposed to the sun. The samplers were

analyzed at various time points with the lightbox-Raspberry Pi system. The change in red color
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intensity from before and after sun exposure was calculated. There was a significant difference (p
< 0.05) between before and after sun exposure starting at 20 min of exposure (Figure 2.2).
However, with the sample size of the full-scale study, it was logistically impossible to collect all
the samplers within 20 min of spraying, so 1 hr was accepted as the window to collect the samples

without compromising them.
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Figure 2.2 Color intensity of red dye droplets on filter paper versus time exposed to sun. The intensity was
measured in Image]. Star (*) indicates significant difference between exposure and after exposure (n=3) (p <0.05).
Each point represents the average of 3 points, and the error bars are +1c around the mean.

2.3.2 Benchmark to Water-Sensitive Paper (WSP)

A benchmark study was performed to demonstrate that the developed filter paper method
performs comparably to the existing method of water-sensitive papers (Figure 2.3, Table A1.3).
The samplers and WSP were sprayed with 15 combinations of pressure and speed (5-40 psi, 1-3
mph). Multiple applications rates were used to replicate different settings that are used to apply
pesticide in the field. At 5 psi (the lowest pressure tested), the dye dripped out of the nozzle,
resulting in blotchy samplers and WSP. This pressure is not relevant to field settings, so those data
were not reported. The other application rates are commonly used in the field.*! The filter paper
method performs comparably to the WSP (Figure 2.4), with similar coverage for each trial. At 3
mph, the filter samplers do have a significantly higher percent coverage compared to the WSP due

to the absorbency of the Whatman filter paper compared to the WSP. The droplets spread more,

37



resulting in higher percent coverage (Figure A1.2). However, as long as the sampling method is
consistent throughout a study (i.e. not mixing filters and WSP), the spatial distribution of pesticide
can still be analyzed. In fact, the absorbency of the filter samplers contributes to even fewer false
positives since they dry faster compared to the WSP, resulting in no smearing when the samples

are collected. The WSP need 30-40 min to completely dry, compared to less than 10 min for the

filter samplers.
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Figure 2.3 Representative images of filter samplers and water sensitive paper (WSP). The filter samplers are the
top row of each set while the WSP are the bottom row of each set. A spraying chamber was used to spray a dye
mixture on both the filter samplers and WSP. Images of the filter samplers were taken with the lightbox-Raspberry
Pi camera system while the water-sensitive papers were scanned.

Both the filter samplers and WSP follow consistent trends when grouped by speed and
pressure (Figure 2.4). As speed increases, percent coverage decreases, because there is less time
for the dye to get on the filter samplers or WSP.*>* As pressure increases, coverage also increases.

It should be noted that this is not what happens in the field; droplet size decreases as pressure
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increases, so the spray acts more like a mist. In the field, the spray is more subject to drift which
will result in decreased coverage.** However, in the controlled environment of a spray chamber

where there is very minimal drift, coverage does increase with pressure increase.
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Figure 2.4 Average percent coverage by nozzle speed (mph) and nozzle pressure (psi). The red symbols are the
filter paper samplers while the blue symbols are the water-sensitive papers (WSP). Each point represents the
average of 5 replicates, and the error bars are +16 around the mean.

In addition to validating the filter paper sampler method against the WSP, this benchmark
study demonstrates that the filter paper sampler method (as well as the water-sensitive papers) can
discern differences in speed and pressure settings, making the filter paper method useful for nozzle
calibrations. Each pesticide comes with a recommended application rate based on the crop. That
rate, measured in gallons per acre (GPA), is achieved by the manipulation of the type of nozzle as
well as the spraying speed and pressure (Figure A1.3, Appendix 1.2). Therefore, performing a
nozzle calibration to ensure the proper GPA is necessary before each pesticide application. The
filter paper method can discern between changes in speed and pressure and thus guide management

decisions to achieve the correct application rate with adequate coverage for best pest management.
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2.3.3 Field Studies

To demonstrate the feasibility of the newly developed filter paper method in real conditions
instead of under the limitations of a spraying chamber, a field study was conducted in a citrus
grove in Florida. During the first full field study in October 2018, four groups of trees were selected
to evaluate the filter paper method: two application types (aerial vs ground) and two tree ages
(young vs old). The filter paper samplers were clipped to the top and bottom of the leaves in various
locations in the trees (Figure 2.1C). After spraying the dye over the citrus trees and the samplers,
they were collected and analyzed with the lightbox. The samplers were grouped by application
type, tree age, and side of leaf (top or bottom) to compare the coverage of the filter samplers
(Figure 2.5, Table A1.4, Table A1.5). Percent coverage is defined as the percent of a sampler that
is covered by the dye. There is a significant difference between all groups, as indicated by the stars
across the box and whisker plot, except aerial young bottom and aerial old bottom, and ground
young bottom and ground old bottom. In all cases, the tops of the leaves received significantly
more pesticide than the bottom of the leaves. We are assuming that the presence of dye is consistent
with the presence of pesticide based on ongoing studies.** In addition, trees with the pesticide
mixture applied via tractors (ground application) had a significantly higher average percent
coverage compared to the aerial application. This indicates that ground application gives more
complete leaf coverage and thus a better application approach than aerial application. A more
detailed discussion of the spatial distribution of pesticide within the citrus trees will be reported in

the future.
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Figure 2.5 Box and whisker plot showing percent coverage of all samples, grouped by application type (aerial vs
ground), age of tree (young vs old), and side of leaf (top vs bottom). The stars (*) indicate a significant difference (p
< 0.05, n = 120) between the two groups connected by the line. No significant difference is indicated by “nd.”

It should be noted that high percent coverage does not necessarily mean that the pesticide
concentration is high enough to kill the pest that is targeted. Depending on the type of pesticide
(systemic vs contact) as well as the time of pesticide degradation, 100% coverage is not necessarily
warranted. There is also a limitation to this method at high coverage levels in that once the filter
sampler is saturated with dye, the image analysis system will still report a coverage of 100%.

However, of the 1020 samples that were analyzed in the field trial, only 4% (41 samplers) had a
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coverage of 80%. Most samplers had a much lower coverage. “Adequate coverage” is often

considered 15%,* so the upper limit of coverage (i.e. saturation) is not relevant.

2.4 Conclusions

We have developed a new method to evaluate pesticide distribution using a red fluorescent
dye that is captured on a filter paper sampler and analyzed by a lightbox-camera system to achieve
fast results, improving cost and ease of use over other methods. It is not subject to false positives
like the water-sensitive papers, and dries much quicker as well, preventing smearing (<10 min vs
30-40 min). The sample substrate, Whatman filter paper, is inexpensive and easily obtainable. The
samplers are clipped to the top and bottom of each leaf, which allows for independent analysis of
each side of the leaf. This distinction is not possible with other fluorescent or spectroscopic
methods. Since the fluorescent dye is added to the tank with the pesticide, a study of spatial
distribution can be scaled as desired, with per sample cost decreasing as study size increases. The
lightbox-camera system costs less than $100 to build and is a one-time cost. Together with the dye
cost as the main consumable, this 1000 sample study cost $0.42 per sample, compared to $1.40
per sample if the water-sensitive paper had been used.'’ The lights inside the box provide a
dependable and even light source, eliminating any interference or inconsistency from ambient
light. Taking pictures of and analyzing 100 samples takes 10-15 minutes. With these improvements
over current methods, this novel filter paper method can be used by farmers to evaluate the spatial
distribution of pesticides within any crop and use that information to optimize spraying parameters

and disease control.
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CHAPTER 3: HIGH SPATIAL RESOLUTION FLUORESCENCE IMAGERY FOR
OPTIMIZED PEST MANAGEMENT WITHIN A CITRUS GROVE

Huanglongbing (HLB), or citrus greening disease, has significantly decreased citrus
production all over the world. The disease management currently depends on the efficient
application and adequate distribution of insecticides to reduce the density of the disease vector, the
Asian citrus psyllid. Here, we use a novel fluorescent-based method to evaluate insecticide
distribution in an HLB-infected citrus grove in Florida. Specifically, we evaluated six different
locations within citrus trees, the top and bottom sides of leaves, the effect of application approach
(tractor vs airplane), and different application rates. We found that despite the insecticide
distribution being highly variable among the different locations within a tree, the top of the leaves
received an average increase of 21 times more than the bottom of the leaves. Application by tractor
also resulted in a 4- to 87-fold increase in insecticide coverage compared to aerial application,
depending on the location in the tree and side of leaf. When taken into context regarding the type
of insecticide that is applied (systemic vs contact), these results can be used to optimize a pest
management strategy to effectively target psyllids and other pests while minimizing the time and
money spent on insecticide application and reducing risk to the environment. This work has been
submitted for publication in Phytopathology.' Rachelle Rehberg (2™ author) assisted with sample
collection during the field studies and is also currently working on quantifying pesticide
concentration as a continuation of this work.? Dr. Hannah Miller and Dr. Daniel Blascke Carrao

also assisted with the field studies.
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3.1 Introduction

Crop protection depends on the efficient application of insecticide to control the insects, or
vectors that spread crop diseases. For example, the Asian citrus psyllid, Diaphorina citri, serves
as the vector for the bacterial pathogen Candidatus Liberibacter spp., which causes Huanglongbing
(HLB). When the psyllids feed on the phloem sap, they infect the tree with HLB, resulting in citrus
trees with blotchy, mottled leaves, discolored fruit, and a weakened root system.®, HLB has
significantly affected productivity and fruit quality, with severe economic effects.* In the United
States, the production of oranges for processing decreased 72% between the 2007 and 2018 due to
HLB.>® At present, there is not a “silver bullet cure” for HLB.?> Management and reduction of this
disease requires a systems approach, including destroying infected trees, using disease-free
rootstock and scion grafts, and optimizing insecticide application.””

The use of insecticides is one of the main management strategies to reduce the Asian citrus
psyllid population and therefore the transmission of HLB.!% 1! As female psyllids prefer to lay
their eggs on the underside of new flush,* protecting the bottom of those young leaves on the
outside of the tree is vital for preventing the spread of HLB. However, insecticide application is
expensive, with yearly costs of over $1,000 per acre for just insecticides, compared to pre-HLB
costs of $800 per acre for both insecticides and fertilizers.!> Ensuring adequate and efficient
distribution of insecticides within the citrus tree can improve psyllid management as well as reduce
the cost and environmental impact of insecticide application. !> 4

There are two types of insecticides, contact and systemic. Contact insecticides kill the
insect by coming into contact with it and absorbing through the skin. It is very important for the
leaves to receive a good distribution of insecticide to ensure the highest probability of actually
hitting the pest. Systemic insecticides are absorbed by the roots or leaves (depending on drench or
foliar application) and translocate through the plant via the xylem and the phloem.!’ It kills the

47



pest when the pest ingests the phloem sap. Systemic insecticides can reach other areas of the tree
and still be effective against pests if the area with the pest did not initially get covered with
insecticide. Full coverage of the leaves is not as imperative for the systemic insecticide to be
effective.®

The spatial distribution of insecticides within crops has not been fully studied. Water-
sensitive papers or Kromekote cards have been used to evaluate the effect of application rate, spray
volume, droplet size, sprayer type, ground speed, and meteorological conditions on spray
deposition on individual leaves.!”?> However, the spatial distribution within the entire crop canopy
has not been evaluated in full. Onions, tomato, pepper, oat, wheat, and pineapple plants have been
analyzed for canopy penetration, but these are all small plants with sparse plant material to be
covered with insecticide.'® 2>?® The results from these studies cannot be translated to larger
orchard crops like fruit trees as they have a larger and denser canopy which is more difficult to
penetrate with insecticide. The canopy penetration in citrus trees specifically has been evaluated
by a few studies, with the finding that the outer canopy has a higher spray deposition than the inner
canopy.?"*2*! These studies applied metal or fluorescent tracers that were collected on the leaves
or a cotton ribbon and then rinsed off for analysis.?!*?* However, this approach does not account
for differences between the top and bottom of the leaf. Differentiation between the side of the leaf
is essential since psyllids are primarily located on the underside of the leaf.’! Knowing exactly
where the insecticide is distributed within the tree can inform better management practices for
optimizing insecticide application and development of more efficient spraying technology.

Here we use the previously developed and validated filter paper method from Chapter 2 to
evaluate the spatial distribution of pesticides in citrus trees in a citrus grove in Venus, Florida.

With large scale studies with over 1000 samples, we show the heterogeneity of pesticide
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application within the trees based on canopy height, canopy depth, and side of leaf. We also show
how changing the application rate resulted in altered pesticide distribution within the trees and on
either side of the leaf. Finally, the numerical results obtained by these studies provide conclusions
that are used to inform best practices for applying systemic and contact pesticides in citrus trees.
These best practices are recommended to properly target psyllids for the management of citrus

greening disease but can also be applied towards other insects and pests.

3.2 Materials and Methods

3.2.1 Overview
A novel fluorescent-based method was used to evaluate the spatial distribution of
insecticides.?? The method was developed and validated in Chapter 2, and is briefly described here

(Figure 3.1C). Details for the field studies can be found in Table A2.1. Circles (diameter 47 mm)

1. Attach filter 2. Spray crop 3. Collect filters 4. Take picture of
paper to leaf and filter with filter with Raspberry
red dye Pi camera

Figure 3.1 A. Lightbox with Raspberry Pi camera used to take pictures of filters. B. A filter paper sampler clipped
to a citrus leaf. C. Schematic of method.
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were cut out of Whatman Filter Paper No. 1 with an Epilog Zing CO; laser cutter. Numbers to
label each circle were also cut during this step. These filter circles (samplers) were clipped to the
leaves of the citrus tree with mini binder clips (9/16”) (Filter 3.1B). A red fluorescent dye (Risk
Reactor IFWBC7) was added to the insecticide mixture which was sprayed onto the crop via
conventional sprayers attached to either a tractor or an airplane. Samplers were collected within
an hour of spraying to minimize photodegradation and stored in foil packets until analysis. Pictures
of each sampler were taken with a lightbox and simplified computer with a camera (Raspberry Pi)
(Figure 3.1A). The pictures were analyzed for percent coverage with a custom Python script
(Appendix 1.5).2? Percent coverage is defined as the percent of a sampler that is covered by the

dye — insecticide mixture.

3.2.2 Field Study Description

Samplers were collected during two field campaigns at a commercial citrus grove in Venus,
Florida, in October 2018 and April 2019. Meteorological data for each trip was provided by the
grove. Pesticide application details are summarized in Table A2.1. For all studies, the samplers
were hung in citrus trees in various locations to test variables like canopy height (upper, middle,
lower), canopy depth (inner, outer), and side of leaf (top, bottom) (Figure 3.2). With 48 samplers
distributed amongst the 12 locations and 5 trees as replicates, 240 samplers were collected for
each treatment group (20 samplers for each location). Two application approaches (aerial, ground)
and two tree ages (young = 1 year old, old = 3 years old) were evaluated for a total of four treatment
groups: aerial young, aerial old, ground young, ground old. All trees were sprayed aerially with an
airplane equipped with 86 flat fan #15 nozzles (Figure 3.2A). For ground application, there were

two different sprayers. The young trees (1 year old) were sprayed with a side sprayer (Newton
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Crounch). The horizontal nozzle boom has 2 TXR80049VK nozzles (Teejet) facing down and each
vertical boom has 4 TXR80017VK nozzles (Teejet) facing inward (Figure 3.2C). The older trees
(3 years old) were sprayed with a speed sprayer (FM Copling) with 18 D3-C25 nozzles
(Albuz/Teejet) on each side (Figure 3.2B).

Canopy Depth

| Inner | Quter

Upper

Middle

Canopy Height

Lower

Figure 3.2. (Left) Representative citrus tree to show sampler locations. Trees were divided to investigate canopy
depth (inner and outer) and height (upper, middle, and lower). Each sampler was attached on the top and bottom
of a leaf in each canopy height and depth section, along with on each coordinate side of the tree (North, East,
South, and West) for addition replicates. This scheme generated 48 samplers per tree. (Right) An airplane (A) was
used to apply pesticide to both young and old trees. A speed sprayer (B) was used to spray pesticide on older trees
(>2 years old) while the side sprayer (C) was used to spray young trees (<2 years old).

3.2.3 Statistical Analysis

Statistical analysis was performed using the JMP Pro 13 software package (SAS Institute
Inc., Cary, North Carolina, USA). A significance level of p < 0.05 was used for statistical
significance. The assumption of normality, homogeneity of variance, and linearity were checked
with normal probability plots and residual plots, respectively. For October young top, October old

top, and April old top, percent area coverage was selected to satisfy the normality assumption. For
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all others, a base-10 logarithm transformation was selected. A mixed model was used to assess the
significance of canopy depth and canopy height on percent coverage, by calendar month, tree age,
and side of leaf. Factorial ANOVAs and Tukey post-hoc tests were done for each parameter
combination to check for statistical significance. To determine the effect of the side of leaf on
percent coverage at each location within a tree in each group, the student’s t-test was used with
significance at p < 0.05. To compare the results from the October and April field studies at a certain
location within the tree, the student’s t-test was used with significance at p < 0.05. Throughout all
analyses, a random effect for leaf was included to account for measurements on both the top and

bottom of each leaf.

3.3 Results and Discussion

3.3.1 Overview

In this study, we evaluated the spatial distribution within different locations in citrus trees
as well as each side of the leaf. During the first field study in October 2018, four groups of trees
were selected to evaluate the effect of application approach (aerial vs ground) and tree age (young
vs old). Samplers were distributed throughout the tree as shown schematically in Figure 3.2. At an
initial glance, the application pattern between ground and aerial application is quite different
(Figure 3.3). The aerial application has individual and distinct droplets, while the ground

application samplers are more evenly covered for both types of sprayers.
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A. Aerial B. Ground

Top

Bottom

Figure 3.3 Representative images of Whatman filter paper circles (samplers) collected from the field
demonstrating the varying spray pattern for insecticide sprayed via aerial (A) and ground (B) application, as well
as the difference between the top and bottom of the leaf. The percent coverage (%) is labeled for each sampler.

Percent coverage is defined as the percent of a sampler that is covered by the dye —
insecticide mixture. In 78% of the samplers, the top of the leaves received an average of 22 times
more dye than the bottom of the leaves (Table A2.2). In addition, trees with insecticide applied via
tractors (ground application) had a significantly higher average percent coverage compared to the
aerial application, indicating that ground application results in more complete coverage of the
leaves. The coverage on top of the leaves when sprayed by a tractor was 10 times higher than when
sprayed by airplane, and the bottom of the leaves had 35 times higher coverage with tractor
application (Table A2.3). However, the implication that ground application is a better application
method compared to aerial application because it has a higher percent coverage needs to be taken
into context with the type of insecticide being applied (i.e., contact versus systemic mode of
action). Since contact insecticides need to come into direct contact with the insect to kill it by
absorbing through its skin, the small distinct spots in Figure 3.3A are not ideal because the
probability of hitting the insect with a small droplet is low. This also leaves unprotected areas on
the leaves for the insect to avoid the insecticide.* It could still be effective if the insect walks
through the spot to encounter the insecticide;'® however, volatilization and degradation decrease

the active concentration of insecticide over time.** Good coverage on the bottom of the leaf is very
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important for contact insecticides to kill the Asian citrus psyllid since they primarily reside and
feed on this side of the leaves. However, presence of insecticide and uniform coverage on the
bottom of the leaf is less important for systemic insecticides since the insecticide will be absorbed
into the leaf from both sides.

It is important to note that the variability of the field study data is quite high, and the error
bars often overlap (Figures A2.2, A2.4). This is not a result of the method used for determining
the spatial distribution of pesticides. It does, however, indicate the nonuniformity of insecticide
application, even within each location in the tree, with percent relative standard deviation ranging

from 24% to 346% among the treatment groups (Tables A2.5, A2.6).

3.3.2 Aerial Application

It is important to consider the distribution of insecticide within the citrus tree and how it is
affected by the application approach and age of the tree. Figure 3.4 shows the percent coverage for
the top (orange) and bottom (blue) of the leaf at the six locations evaluated in each tree with
pesticide application by airplane. The samplers on the tops of leaves did not have a significant
difference between any of the locations except for the inner lower location of the young trees.
Equal coverage among all locations within the tree shows efficient application and is ideal for pest
management to protect all parts of the tree. Systemic insecticides, like imidacloprid, can take days
to weeks for full uptake in mature citrus trees, so insecticide coverage on the inside of the tree as

well as the outside is recommended for full protection.>’
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Aerial Application

Young Trees
Inner Outer
@) Top of leaves
‘ Bottom of leaves
Upper
Middle
A*ab A*ab
Lower '.
B*a A*a

Figure 3.4. A bubble plot showing the percent area coverage of samplers with insecticide applied aerially to young
trees. Samplers are grouped by canopy depth (outer, inner) and canopy height (upper, middle, lower). The left
bubble (orange) of the pair is the top of the leaf, and the right bubble (blue) is the bottom of the leaf. The size of
the bubbles corresponds to percent coverage, with the text in each bubble showing the average of 20 filter samplers.
Letters indicate significant difference: bubbles connected by different letters are significantly different from one
another, while bubbles with the same letter are not significantly different (Tukey HSD test, p < 0.05). Capital
letters are only for the top of the leaf, while lowercase letters are for the bottom. A star (*) indicates a significant
difference between the top and bottom side of the leaf at that location.

As would be expected with application from above, the top of the leaves of the young trees
received significantly more insecticide than the bottom in most cases, by a factor of 47 (Figure
A2.2, Table A2.2). For a systemic insecticide that absorbs into the leaf, higher coverage on the top
of the leaf would suffice as long as the insecticide concentration inside the plant is high enough to
kill the insect being targeted. The old trees were also sampled, but due to a miscommunication

with the pilot, the trees were not sprayed properly. Therefore, those data are not presented.
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3.3.3 Ground Application

For ground application, two sprayer types were evaluated: a side sprayer for the young
trees (1 year old) (Figure 3.2C) and a speed sprayer for the older (3 years old) trees (Figure 3.2B).
The two sprayers have different nozzle arrangements. The side sprayer has 3 panels of nozzles: a
vertical panel on either side of the tree and a horizontal panel that passes over the tops of the trees.
One would expect the outer and upper leaves of the young trees to get higher coverage than the
inner, middle, and lower sections of the tree due to closer proximity to the nozzles.?! However, our
findings show no statistical difference among the top of the leaves for the different locations, but
the general trend does match what is expected based on the arrangement of the nozzles. The outer
and upper regions of the tree receive more pesticide (Figure 3.5). Due to the horizontal panel of
nozzles traveling above the trees, the tops of the leaves receive 9 times more pesticide compared
to the bottom, with significant differences at all locations except for the inner and outer upper
locations (Table A2.4, Figure 3.5). The upper canopy is less dense compared to the rest of the tree,

which means the samplers and leaves are not blocked by other leaves.
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Ground Application

Outer

Old Trees

Inner Outer

Young Trees
Inner
Upper
Middle ‘.3%
A*b
Lower .0 2%
A*ab

A*ac

(me(~@ =0
A*a A*a
Aa Abc

¢ @o

AB * ab AC * ab
@ (0
B*ab D*b

) Top of leaves
. Bottom of leaves

Figure 3.5. A bubble plot showing the percent area coverage of samplers with insecticide applied via tractors
(ground application). Samplers are grouped by young (<1 year old) and old trees (2-3 years old), then by canopy
depth (outer, inner) and canopy height (upper, middle, lower). The left bubble (orange) of the pair is the top of the
leaf, and the right bubble (blue) is the bottom of the leaf. The size of the bubbles corresponds to percent coverage,
with the text in each bubble showing the average of 20 samplers. Letters indicate significant difference: bubbles
with different letters are significantly different from one another, while bubbles with the same letter are not
significantly different (Tukey HSD test, p < 0.05). Capital letters are only for the top of the leaf, while lowercase
letters are for the bottom. A star (¥) indicates a significant difference between the top and bottom side of the leaf

at that location.

The speed sprayer for the old trees has one vertical panel of nozzles that spray the

insecticide with a high pressure and application rate (200 psi, 35 gallons per acre (GPA)) which is

meant to increase the spray deposition to the inside of the tree.’' Ideally, there would be no

difference in canopy height (upper vs middle vs lower) due to the vertical panel or canopy depth

(inner vs outer); however, this is not the case. There is a significant difference between the outer

upper and lower locations, the outer middle and lower, as well as the inner upper and lower

locations (Figure 3.5). This may be due to improper adjustment of the nozzle boom in relation to

the canopy, where the end of the boom does not reach high or low enough. There is also a

significant difference between the outer and inner canopy at the middle and lower locations, with



the outer canopy receiving on average 8.8 times more dye-insecticide mixture (Table A2.4). It has
always been a challenge to reach the inside canopy of an orchard tree.>% 3! 3¢ Our results show that
an application rate of 35 GPA does not provide insecticide coverage on the inside of the tree. The
force of spray is also meant to agitate the leaves enough so that more pesticide gets on the bottom
of the leaves, but there is a significant difference between the top and the bottom of the leaves at
each location. The tops of the leaves receive 8.9 times as much dye-insecticide mixture, indicating
that pesticide application is not as uniform as it is thought to be (Table A2.2).

With both sprayers, the outer canopy receives more insecticide than the inner canopy, by a
factor of 8.8 for the old trees (speed sprayer) and 3.0 for the young trees (side sprayer) (Table
A2.4). Depending on where the insect prefers to reside, higher coverage on the outer canopy may
suffice instead of having equal coverage throughout the tree. To target a specific insect, their
movement within the crop should be used to inform the best application. For example, the psyllids
that carry HLB prefer the underside of the new flush which is on the outer part of the tree but they
can still move to the inside of the tree.>” An application approach that effectively covers the bottom
of the leaves is necessary for a contact insecticide, while adequate coverage on the top of the leaves
would suffice for a systemic insecticide. However, while “adequate” coverage has been
recommended as 15% coverage,*® the concentration of the pesticide still needs to be high enough
to actually kill the pest being targeted. Based on preliminary results, there is a significant
correlation (p = 2.2e-16, Figure A2.5) between pesticide concentration and percent coverage).?
Spraying the tree with low pesticide concentration but high spray coverage is ineffective as the
pesticide concentration is likely not high enough to be toxic to the insect, leading to pesticide
resistance.? The trees probably need to be sprayed again, increasing the time and money associated

with pest management.>’
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3.3.4 Impact of Changing Spraying Settings

To evaluate the impact of changing the application rate on pesticide distribution, a second
field study was performed in April 2019. The nozzle pressure was increased or decreased (thus
changing the application rate) while all other sampling parameters remained the same. For the
young trees, the application rate was decreased from 35 GPA to 20 GPA, resulting in a 2.3-fold
decrease in coverage for the top of the leaves and a 5.8-fold decrease for the bottoms (Figure 3.6A,
Table A2.5). There was a significant decrease in coverage on both the tops and bottoms of the
leaves at most locations a result of the decreased application rate (Figure A2.6A).

For the old trees, the application rate was increased from 50 GPA to 90 GPA. This
increased application rate resulted in higher coverage on both the top and bottom of the leaves
(Figure 3.6B). Most notable is the statistically significant increase on the bottom of the leaves at
each location (Figure A2.6B). The coverage on the bottom of the leaves increased by a factor of
12, most likely due to increased agitation of the leaves, while the top of the leaves only increased
by a factor of 1.6 (Table A2.6). The top of the leaves at inner lower and middle locations also had
a significant increase in coverage (Figure A2.6B).

Overall, the percent coverage of pesticide on the leaves improved using this higher
application rate. While increasing the application rate may seem like an obvious choice to improve
insecticide application, this higher application rate used with the same insecticide concentration
cannot be used for every application because the insecticide concentration would reach the limits
set by the Environmental Protection Agency. These regulations are in place to reduce health risks
to humans and the environment.*’ In addition, intensive insecticide application can lead to
insecticide resistance and have negative impacts on other insects that naturally help reduce the

citrus population.*! A higher application rate could be used with a lower insecticide concentration
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to ensure that the bottom of the leaves and the inside of the leaves are targeted, but the insecticide
concentration might not be high enough to kill the psyllids. In addition, a higher application rate
results in smaller droplets that are more susceptible to drift, resulting in more insecticide lost to

the environment.>’

Field Study 1 Field Study 2
A. Young Trees: 35 GPA Young Trees: 20 GPA
Bottom of Leaf Top of Leaf Bottom of Leaf Top of Leaf

—

Upper
Upper

-

Canopy Height
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Canopy Height
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Inner Outer Inner Outer Inner Outer Inner Outer 100
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Figure 3.6 Comparison of Field Study 1 (Oct 2018) and 2 (Apr 2019) in young (A) and Old (B) trees. For the
young trees, the application rat was decreased from 35 gallons per acre (GPA) to 20 GPA during Field Study 2.
For the old trees, the application rate was increased from 50 GPA to 90 GPA during Field Study 2. Each 2D density
plot is representative of half a tree, divided into the 6 sampling locations. Each cell corresponds to one sampler,
with a total of 20 samplers per location. The percent coverage is represented by a color scale, from 0% (yellow)
to 100% coverage (blue). The white cells are missing samplers.

3.4 Conclusions and Implications

In this study, we have demonstrated how application rate and type affect the pesticide
distribution within a citrus tree. Application by airplane resulted in significantly higher coverage
on the top of the leaves. The young trees were sprayed with a side sprayer which resulted in higher

pesticide coverage on the upper and outer parts of the tree as well as higher coverage on the top of
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the leaves. When the application rate was decreased from 35 to 20 GPA, overall coverage
decreased. The older trees were sprayed with a speed sprayer and a higher application rate (50
GPA). While there was still more coverage on the top of the leaves, the difference was not as great
compared to application by the airplane or side sprayer. When the application rate was increased
from 50 to 90 GPA, coverage on the bottom of the leaves significantly increased.

The results of a systematic study of pesticide application should be used to evaluate the
effectiveness of current spraying techniques to make improvements given the pest to be targeted
and which pesticide is being applied (Figure 3.7). For long-term protection of a large grove, a
systemic insecticide applied by airplane is recommended. While it may take a few weeks for the
insecticide to be fully taken up by a tree, it offers weeks to months of protection.*> With a systemic
insecticide, coverage on the bottom of the leaves and inner part of the tree is less critical, so the
time saved by aerial application is more beneficial. When psyllids are present and a quick
knockdown of the psyllid population is needed, the areas of high psyllid population, like the
borders of the grove,’ can be sprayed with a high application rate and high insecticide
concentration.? For routine maintenance, contact insecticides should be applied on a rotating basis
via tractor-based approaches to ensure high coverage within the entire tree and both sides of the
leaf. High coverage will increase the probability of directly hitting the insect with pesticide. Care
should be taken to rotate among different classes of insecticides to reduce the progression of
resistance. While this study used the management of Huanglongbing in citrus trees as a case study,
the fluorescent-based filter paper method can be used in any crop to evaluate the efficiency of any

pest management approach.
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Figure 3.7 Decision tree for ideal pest management based on desired pesticide protection.
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CHAPTER 4: DESIGN AND APPLICATION OF A SELF-PUMPING MICROFLUIDIC
STAGGERED HERRINGBONE MIXER

The rapid mixing of reagents is critical to a wide range of chemical and biological reactions
but is difficult to implement in microfluidic devices, particularly in capillary action / passive
pumping devices or in point-of-need environments. Here, we develop a self-pumping asymmetric
staggered herringbone mixer made from only laser-ablated glass and tape. This lab-on-a-chip
platform is capable of rapid flow (0.14 mL min™!, 1 cm s™!) and fast mixing (<10 s) without external
forces or pumps and is amenable to the flow of non-aqueous solvents. Furthermore, the degree of
mixing and flow rates are easily tunable through the length and depth of the herringbone grooves,
and the thickness of the double-sided tape that defines the channel height, respectively. The device
utility is demonstrated for chemical and biological assays through the reaction of Ni(Il) and DMG
in ethanol/water and the enzymatic reaction of o-dianisidine with peroxidase, respectively. This
work has been published in Microfluidics and Nanofluidics.! Dr. Rob Channon developed the
device and optimized the fabrication method. Dr. Wei Wang developed and fabricated the
superomniphobic paper. I optimized and performed the mixing, Ni-DMG, and peroxidase
reactions.

4.1 Introduction

Microfluidic and lab-on-a-chip devices are transformative tools for carrying out chemical
and biological reactions across a wide range of disciplines, from drug discovery to biomarker
monitoring.> > These applications are driven by the small sample volume requirements, high device
portability, and inexpensive setup and reaction costs compared to conventional approaches. Three

key current challenges in the microfluidics / lab-on-a-chip community are i) generating fluid flow
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cheaply and easily in point-of-care environments, ii) the ability to transport non-aqueous solvents,
and iii) the fast and complete mixing of reagents.*®

The most common approach to generate fluid flow in microfluidic devices is through
syringe pumps, but these are unsuitable for point-of-care flow generation due to the bulky size and
requirement of electricity. Portable plug-and-play pumps or valves have been designed to
overcome this challenge, though they are often application-specific (e.g., fixed flow rates).””
Capillary action-based flow is also used with hydrophilic materials such as paper or glass, although
the flow rates can be slow and integration of complex designs (e.g., mixing and sensing modules)
can be challenging.!®!!

Many microfluidic devices are made of materials (like polydimethylsiloxane and paper)
that are incompatible with non-aqueous solvents. This limits the scope of microfluidic devices.'?
Cyclic olefin copolymers and hybrid materials such as fluorinated polymers coated onto PDMS
can accommodate non-aqueous solvents, but the preparation of these materials is often more
complex and expensive.* '3 Paper-based devices are ideally suited for point-of-care environments,
however, the flow rates are generally slow and the inks used to define channels are not stable in
non-aqueous solvents.'* 13

Micromixers are critical components to conduct chemical or biological reactions and/or to
sense analytes in microfluidic or lab-on-a-chip devices.'® Micromixers can be divided into active
and passive mixers. Active micromixers employ an external stimulus to mix fluids, including
magnetic beads, temperature, pressure, acoustics, digital droplets or an electric field.!”?! Active
mixers typically provide a high degree of mixing and are especially useful for systems with low

Reynolds numbers (Re < 1), to overcome low flow rates and high viscosity, but these mixers are

unsuitable for point-of-care devices due to the added cost and increased size that comes with the
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integration of an external power source to a microfluidic device.?? Passive micromixers rely on
shrewd device designs to enhance advective and diffusive mixing without external forces, for
example, serpentines, splitting then recombination of streams, multiphase flow, and integration of
obstacles, grooves or ridges.!”!> 2326 Compared to active mixers, passive micromixers typically
require longer channel lengths and longer mixing times to achieve complete mixing. Furthermore,
there are very few effective passive micromixers for capillary-based flow systems.?”->

Among passive mixers, herringbone mixers are particularly popular due to the efficient
mixing over short channel lengths. Herringbone devices feature an array of grooves in the wall of
a microfluidic channel.! Fluid enters these grooves and recirculates into the main channel,
generating complex circulating flows that result in fluid mixing. The speed and extent of mixing
are controlled by the length of the herringbone, the channel dimensions, and the flow rate.*?
Patterning herringbones into both the top and bottom channel walls has been shown to improve
the mixing efficiency, although this is difficult to implement depending on the fabrication
procedure and device materials.?> 3% 3* Herringbone micromixers have been employed for
micromixing in a range of applications,*> 3¢ but rarely in point-of-care environments.

In this work, we demonstrate for the first time an asymmetric two-faced staggered
herringbone passive micromixer combined with a passive/capillary action flow device. Our design
is based on a self-pumping device made from glass and tape which is simple, inexpensive, and fast
to manufacture. This novel fabrication approach provides fast flow rates and rapid mixing that
have not been achieved previously in other passive flow herringbone devices. To demonstrate the

scope of this point-of-care device, we investigate the application of the microfluidic device with

two kinetically fast chemical and biological reactions.
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4.2 Materials and Methods

4.2.1 Fabrication and Operation of Herringbone Device

Microfluidic devices with herringbone grooves were fabricated via a simple cutting and
stacking method. Three sets of herringbone grooves were rastered onto each glass slide (Glass D,
Nexterion) with a laser cutter (Epilog Zing), operated at a resolution of 500 dpi, 100% laser power,
and 25% scanning speed. Each of the 3 sets of herringbones consisted of 15 herringbone grooves
with a width of ~285 — 300 pum, depth of ~120 um, and inter-groove spacing of ~530 um (i.e.,
valley to valley), which was achieved through 8 laser engraving scans (Figure A3.1). The angle
between the long and short grooves is 105.7°. The channel height, herringbone groove depth were
optimized to provide the most efficient mixing.3? 3 After fabrication, the glass slides were cleaned
by ultrasonication in acetone for 10 min, rinsed with DI water and dried with nitrogen.

To join the glass slides and define the channel height and width, double-sided tape (3M
Scotch) was carefully cut with a laser ablator and aligned on the glass slide to form a ~3 mm wide
Y-shaped channel (~50 um channel height) over the herringbone structures (Figure A3.2). A
template was used to ensure proper alignment. Another glass slide with herringbone structures was
placed on the tape layer and firmly pressed to form the microfluidic device. An asymmetric design
was employed where the herringbone grooves in the top face of the channel were oriented in an
offset pattern to the bottom face to enhance the mixing (Figure 4.1A).%3* A coating of 3M instant
adhesive (SF 100) was applied to the sidewall with the channel inlets to prevent undesired
spreading of liquid droplets upon contacting the device entrance. Prior to experiments, the device
was cleaned by flushing with ethanol, then water, and dried thoroughly with nitrogen.

To demonstrate the rapid mixing of our self-pumping microfluidic devices, Liquid droplets
containing reagents were placed on a piece of superomniphobic paper, which displays extreme
repellence to liquids with a wide range of surface tension.’’*’ The droplets were spaced
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accordingly to line up with the entrance of the microfluidic device. The device was moved toward
the droplets until contact with the glass initiated fluid flow into the channel. The experiments were
recorded with a digital camera (Canon) and then analyzed using NIH ImageJ software (Appendix

3.1).

4.2.2 Fabrication of Superomniphobic Paper

Superomniphobic paper was fabricated through liquid phase silanization of Whatman filter
paper 8, as previously described.*">** The filter paper was exposed to oxygen plasma for 10 min
and then immersed in a mixture of 20 mL hexane and 600 puL of heptadecafluoro-1,1,2,2-
tetrahydrodecyltrichlorosilane (FDTS) for 3 days at room temperature. The paper was then washed

with hexane and dried with nitrogen.

4.2.3 Ni-DMG Reaction

The colorimetric reaction of nickel with dimethylglyoxime (DMG) was used as a
representative inorganic reaction (Figure A3.3). A solution of 2.25 mM nickel (nickel (II) sulfate
hexahydrate, Sigma Aldrich) was prepared in 1:1 mix of ethanol and pH 5 acetate buffer. A
solution of 4.5 mM DMG (Fluka) was prepared in 50% v/v ethanol: DI water. 50 pL droplets of

each reagent were mixed in the device.

4.2.4 HRP-H>O: Reaction
The enzymatic turnover of H>O» by horseradish peroxidase was used as a representative
biological reaction to evaluate enzyme kinetics using the herringbone device (Figure A3.4). Ten

solutions of H>O» (Sigma Aldrich) were prepared in DI water between 0.001 mM and 0.06 mM
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(0.005% - 0.2% v/v). A 0.018 M solution of o-dianisidine dihydrochloride (Sigma Aldrich) in DI
water was used for all experiments. A 32.5 U mL"! solution of horseradish peroxidase (HRP, Sigma
Aldrich, peroxidase from horseradish Type VI, >250 U mg"') was prepared in DI water
immediately prior to use. All solutions were prepared in DI water instead of buffer due to the
higher o-dianisidine (OD) solubility in DI water. In the device, a 30 uL droplet of a 50:50 mixture
of OD and HRP was mixed with a 30 uL droplet of H>O». Videos were recorded for each reaction
and analyzed in Image] (Appendix 3.1). The determination of Michaelis-Menten constants is

described in Appendix 3.2.

4.3 Results and Discussion

Given the challenges associated with mixing in passive flow devices, we sought to
determine if we could use herringbone-based mixing devices to achieve mixing in a capillary flow
device. Our device design (Figure 4.1A) was adapted from that used in multilayered paper-based
microfluidic devices without mixers as well as the literature on staggered one- and two-faced
herringbone microfluidic mixers.?!s 3* * 4 The device itself is fabricated using a laser cutter to
etch the herringbone grooves into glass slides and sealing with double-sided adhesive to form the
microfluidic channel. The device design, dimensions, and characterization by optical profilometry
are provided in Appendix 3 (Figures A3.1 and A3.2). The number and depth of the herringbone
sets, as well as the height of the tape, were previously optimized and chosen for both efficient
mixing and consistency of the device.*> ** The staggered herringbone grooves in the top and
bottom faces of the channel were offset yielding an asymmetric pattern. This provides enhanced
mixing over herringbones in a single face or symmetric herringbones in two faces, and likely
results in four circular flows across the channel cross-section as previously described.’* To
establish fluid flow, reactants were placed as droplets on superomniphobic paper (contact angle ~
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165° for ~10 uL, Figure 4.1C) which displays extreme repellence to liquids with a wide range of
surface tension.>’** Moving the device toward the droplets until contact with the glass initiates

fast fluid flow (0.14 mL min™', 1 cm s™!) of the reactants into the channel due to capillarity.
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Figure 4.1 A. Schematic of device fabrication, B. Microscope image of lasered grooves, C. 10 pL droplet of water
on superomniphobic paper (contact angle 165°).

To illustrate the enhanced mixing in the herringbone device, aqueous droplets of blue and
yellow food dyes were mixed forming a green color. The pixel count for each color was measured
in ImageJ before and after the herringbones (Figure A3.3). Three device configurations were
evaluated: a control device with no herringbone grooves, a device with one slide with ablated
herringbone grooves, and one with two slides with herringbone grooves in an asymmetric pattern

(Figure 4.2, ESI videos ‘BY dye control’, ‘BY dye 1 side herringbone’, and ‘BY dye 2 sides
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Figure 4.2 Analysis of mixing blue and yellow dyes to form a green color with 0, 1, and 2 slides with herringbone
grooves. Images (top row) were taken just before and just after the herringbones.

herringbone’). In the absence of herringbone grooves, mixing only occurred at the interface of the
two colors (20% green pixels). The Reynolds (Re) and Peclet (Pe) numbers for our system are 0.98
and 490, respectively. This suggests flow in the devices is laminar, and mass transport is likely
mixed diffusive and convective. In fact, in the control device without herringbones, an 8 m long
channel would be required to fully mix the two colors.?! Partial mixing was achieved when one
channel wall contained herringbone grooves (52% green pixels), but for complete mixing in the
length of the herringbone grooves (3.3 cm), two faces with herringbone grooves were required
(100% green pixels). This result is in line with previous studies on improved mixing efficiencies
with multiple walls of herringbone grooves compared to a single set.>* 3* As the three sets of
herringbones deliver complete mixing, we anticipate most solvents and solvent mixtures would
also mix satisfactorily through the current design. The fabrication method is designed as such to

be able to tune the device to the application (i.e., choice of tape to define the channel height or
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number of herringbones). The speed and degree of mixing can be tuned with these parameters
depending on the miscibility and viscosity of the reagents and the application.

Manufacturing microfluidic devices with herringbone grooves in the top and bottom
channel walls is challenging using traditional micromachining methods. Typically, microfluidic
devices are made with a channel in one material, like PDMS, which is bonded to a base substrate,
like a glass coverslip, using plasma treatment. It can be challenging to make herringbone grooves
in PDMS since these devices typically require photolithography as a fabrication process.*"**? Our
proposed device is made of two glass slides bonded with double-sided adhesive. The herringbone
grooves are etched into each slide with a laser cutter, and the channel height and width are
controlled by the placement and height of double-sided adhesive. Our device features a channel
width of 3 mm and height of 50 um, representing a hydraulic diameter of 98 um. The use of wide
channels with small heights is fairly common in microfluidic devices, e.g. in channel flow cells
with electrochemical sensing.* Also, the flow and mixing of small sample volumes (ca. 40 pL) fit
the definition of a microfluidic device. Given the benefits of the fabrication method (fast, easy,
inexpensive), we envision these glass/tape herringbone devices as disposable mixers for point-of-
care applications.

As proof of concept to demonstrate the device scope, two representative chemical and
biological application reactions were chosen. First, the detection of Ni(Il) in the environment,
which is important due to the environmental abundance of Ni(Il) and potential health issues like
reduced lung function and cancer.*> A common colorimetric assay for Ni(II) detection is the
reaction with dimethylglyoxime (DMG) in ethanol:H>O (Figure A3.4).*¢%7 This reaction produces

a reddish-pink precipitate which is insoluble in water, as shown in Figure 3b (ESI video ‘Ni-DMG

herringbone’). Note, in the absence of the herringbones, no precipitate is observed (Figure 4.3A,
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Figure 4.3 Nickel (top droplet) mixing with DMG (bottom droplet) in a device without herringbone grooves (A.)
and with herringbone grooves (B.).

ESI video ‘Ni-DMG control’). Since the DMG is dissolved in ethanol, this reaction also

demonstrates that the device applicability for reactions in non-aqueous solvents, which are
commonplace in industry. Many microfluidic materials (polydimethylsiloxane, PDMS, paper) are
limited by incompatibility with non-aqueous solvents,'?> but with the herringbone device being
made out of glass, it is compatible with organic solvents as there were no visible adverse effects
like degradation or delamination.

The mixing device can also be used for biological assays such as the enzymatic reaction of
hydrogen peroxide (H202) and horseradish peroxidase (HRP), using o-dianisidine (OD) as a
colorimetric indicator (Figure A3.5). The reaction of HRP with H,O, is important for many
bioassays where HRP is a label.*® H,0; is turned over by the HRP, oxidizing the OD which turns

from colorless to dark brown (Figure 4.4A, ESI video ‘HRP herringbone’). Without the

herringbone grooves, mixing only occurs at the interface of the two liquids due to diffusion (Figure

4.4B, ESI video “HRP control’). To demonstrate that the herringbone device gives similar results

to traditional microfluidic devices and bulk solution reactions, Michaelis-Menten kinetics were
determined for this reaction using the micromixing device (Appendix 3.2, Figures A3.6 and A3.7).
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Figure 4.4 Reaction of hydrogen peroxide (top droplets) with o-dianisidine and horseradish peroxidase (bottom
droplet) in a device without herringbone grooves (A.) and with herringbone grooves (B.). The reagents are fully
mixed in B to produce to produce brown o-dianisidine. C. Lineweaver-Burk plot of the enzymatic turnover of
hydrogen peroxide.

In short, videos with various concentrations of H>O> were analyzed and the brown color intensity
was measured in ImagelJ over the course of each video (Figure A3.4). This yielded the reaction
rate, and its inverse was plotted against the inverse of H>O» concentration, generating a
Lineweaver-Burk plot (Figure 4.4C). Values for Ki, and kc.; were determined to be 0.119 mM and
7.61 s!, respectively, and are comparable to those found in the literature.*” The similarity in
measured values indicates the viability of this simple mixing system for carrying out kinetic

reactions. In addition, the herringbone device could easily be used for other biological applications,
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for example, investigating the binding kinetics between fluorescently tagged antibodies and
antigens without needing surface plasmon resonance measurements.>°

Previous herringbone devices have been fabricated using standard photolithography
methods and a SU-8 photoresist, forming the channel when PDMS is plasma-bonded to a glass
slip.?!-32 This method is time-intensive and expensive in comparison to the described approach of
laser ablating the glass slides and sealing with tape. Each device costs ~$0.40 and takes ~7 min to
make by hand. Since the design is printed from a CAD file, changing the design to prototype new
devices is fast and simple in comparison to making a new photoresist mold. Glass also has high
solvent stability compared to other common materials used to make microfluidic devices. For
example, PDMS swells in nonpolar solvents like hydrocarbons, toluene, and dichloromethane,’!
resulting in deformed channels and altered dimensions, which changes the fluid velocity and
mixing capacity as well as affecting any sensing elements. Typically, paper-based devices use wax
to form hydrophobic channels on the paper.>> Wax is not compatible with organic solvents, leaving
the device without any barriers to direct fluid flow. Conversely, glass is compatible with a wider
range of solvents,”! allowing this herringbone device to be used for a variety of reactions without

compromising the integrity of the device.

4.4 Conclusion

A new herringbone microfluidic mixer is presented that can achieve complete mixing of
small volumes over short times and distances. Crucially, these devices employ passive pumping
(capillary action) and are capable of transporting both aqueous and organic solvents which are
typically challenging to use in self-pumping devices. Laser cutting the asymmetric staggered
herringbone grooves into glass slides as the channel walls delivers a fast, simple, inexpensive, and
easily modifiable fabrication that has not been previously demonstrated as well as achieving fast
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flow rates and rapid mixing. The flow rate can easily be changed through altering the channel
height through the choice of double-sided tape thickness or number of tape layers (commercially
available tapes range from 50 to 230 um thicknesses).*? The degree of mixing can be simply altered
through the number of herringbone grooves, or the depth of the grooves (through the number of
lasering rasters).>>* >3 The device can be used for a range of biological and environmental
applications, including inorganic, organic, and enzymatic reactions. Furthermore, relevant data
like enzyme kinetics can be easily deduced from the device through colorimetric image analysis
and our devices are amenable to other microfluidic sensing formats such as fluorescence and
electrochemical detection. This device has great potential as a disposable mixer for point-of-care
applications. Future work will seek to expand the application of these devices to a wider range of
reactions in non-aqueous solvents, as well as to conduct finite element modeling of the device to
understand the mixing in a capillary flow-driven asymmetric staggered herringbone mixer and

optimize the device design.** >+ %
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CHAPTER 5: COLORIMETRIC PAPER-BASED ANALYTICAL DEVICE FOR PFOS
DETECTION

Per- and polyfluoroalkyl substances (PFAS) are a class of environmental contaminants of
emerging concern due to being highly persistent, bioaccumulative, ubiquitous, and potentially
toxic. Multiple instrument-based methods exist for sensitive and somewhat selective detection of
PFAS, but they suffer from high costs, laboratory equipment requirements, and the need for highly
trained lab personnel. Since PFAS can cause adverse human health impacts, there is a need for
fast, inexpensive, robust, and portable methods to detect PFAS outside the laboratory. This would
enable identification of concentrated pollution sources as well as monitor contamination. Here we
present a paper-based analytical device (PAD) for detection of perfluorooctane sulfonate (PFOS)
which is one of the most widespread PFAS. Based on a color change from the ion-pairing between
PFOS and methylene green, PFOS can be detected with the naked eye by measuring the diameter
of the purple circle that is formed by the ion pair. A limit of detection (LOD) of 10 ppm was
obtained. In this paper, we optimized the PAD and then evaluated it for interferences from
perfluorooctanoic acid (PFOA) and surfactants commonly found in environmental samples as well
as other potential co-existing ions. With the help of pretreatment and/or preconcentration steps,
this PAD can serve as a tool to identify areas of high PFOS contamination. This work will be
submitted for review to ACS ES&T Water pending analysis of real samples.! Josi Beck, my high

school research assistant, helped with most of the experiments.

5.1 Introduction

Per- and polyfluoroalkyl substances (PFAS) have become known as contaminants of

emerging concern.? The class includes over 5,000 different compounds that have a common fluoro-
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carbon backbone with sulfonic acid or carboxylic acid head groups. The unique properties of the
C-F bond produce water and oil resistance, which are beneficial in a variety of industries and
products: non-stick pans, cleaning products, aqueous film-forming foams (AFFF), and stain
repellents.> However, during the manufacture, use, and disposal of these products, PFAS are
released into the environment where they bioaccumulate.* > The same properties that make them
useful for industrial purposes unfortunately also make PFAS resistant to typical degradation
pathways like photolysis®, reductive defluorination,’” and biodegradation.® For this reason, PFAS
are known as “forever chemicals.” PFAS have spread all over the world with continuously
increasing concentrations —making their way into drinking water, surface water, soils, wildlife,
plants, and the atmosphere.”!> In humans, PFAS have been linked to a variety of adverse health
effects, including prostate and kidney cancer, immune effects, thyroid disease, and fetal
development effects.!> 1919 It is estimated that 54-83% of the US population is exposed to PFAS
contamination in their drinking water.?’ Thus, a rapid and cost-effective PFAS sensor is needed
for rapid at-home and on-site uses.

Perfluorooctane sulfonate (PFOS) and perfluorooctanoic acid (PFOA) are the two most
prevalent and thus widely studied PFAS. The United States Environmental Protection Agency
(U.S. EPA) has set a health advisory level for lifetime exposure of PFOS and/or PFOA at 70 parts
per trillion (ppt) in drinking water.?! Despite this guideline, PFOS and PFOA levels of up to 3000
times the lifetime advisory level have been reported in drinking water in Colorado, North Carolina,
and many other locations across the US.?%2>?* The current gold standard method to detect PFAS
in drinking water is the EPA Method 537, which can quantify up to 25 PFAS compounds in
drinking water. It calls for a polystyrene-divinylbenzene (SDVB) solid-phase extraction (SPE) step

to concentrate the sample followed by analysis with an LC-MS/MS fitted with a reverse-phase C-

84



18 column.?>2® While the method is sensitive and selective with limits of detection (LOD) ranging
0.71 — 2.8 ppt, it suffers from instrument and power requirements, costs of $300-$600 per sample,
and hours of analysis time.?’ This is not ideal for cost-effective and rapid detection of PFAS in
remote locations or for near real-time monitoring.

In recent years, efforts have focused on developing faster, less expensive, and more easily
usable sensors for PFAS detection that would enable more widespread sampling and testing for
common PFAS.?® ?° These include optical sensors based on small molecule complexation,
nanoparticles, molecularly imprinted polymers (MIPs), optical fibers, and immunosensors.?®
Sensors with detection by colorimetry are ideal for field-based applications as they do not require
much external instrumentation for detection. A color change can be quantified by the naked eye
(semi-quantitative) a smartphone, or portable UV-Vis. Small molecules like ethyl violet*® and
methylene blue®!' as well as modified nanoparticles*>* have been applied towards colorimetric
PFAS detection. Currently, these aqueous colorimetric reactions are performed as solution-based
assays in the lab, but this approach doesn’t allow for high-throughput and portable analysis.

The Naidu group in Australia has developed the astkCARE kit — the only test kit that is
currently commercially available for PFOA detection.’®” 3 The process to use the kit involves
adding a sample to the included reagents to perform liquid-liquid extraction, which purifies the
sample by eliminating interferences. Then, after the addition of ethyl violet which complexes with
the PFAS, a smartphone is used to read the color of the resulting ion pair. The smartphone
compares the color to a built-in calibration curve that provides results in minutes. While the method
is rather straightforward to use, there are still multiple steps involved, and running multiple

samples at once would require time and space.
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Paper-based analytical devices (PADs) have gained significant popularity in recent years
due to their low cost, ease of manufacture and disposal, and wide range of applications. For
environmental applications, heavy metals, pesticides, and particulate matter have been detected.>¢
The paper platform is small and light, making it easy to perform analyses outside the laboratory.
Colorimetric PADs in particular are ideal because analysis can be performed by the naked eye or
a smartphone, eliminating the need for expensive instrumentation.*” Here we present a colorimetric
PAD for PFOS detection. In addition to being easy to use, the device allows for fast, robust, and
quantitative detection of PFAS in aqueous environmental samples. While the LOD (10 ppm) of
the device is currently above the recommended level for drinking water (70 ppt),?! this device is

an important step towards detecting PFOS in the field without any instrumentation.

5.2 Materials and Methods
5.2.1 Chemicals and Materials

All solutions were prepared using deionized (DI) water from a Milli-Q system (Merck
Millipore Darmstadt, Germany, R 18.2 MQ cm™). Methylene green zinc chloride double salt
(MG), 3-(N,N-dimethyloctylammonio)propanesulfonate (§DAPS), 3-(decyldimethylammonio)-
propanesulfonate (10DAPS), sodium dodecyl sulfate (SDS), sodium dodecylbenzene sulfonate
(SDBS), and perfluorooctanoic acid (PFOA) sodium chloride, magnesium chloride, calcium
chloride, sodium nitrite, sodium fluoride, potassium phosphate monobasic, copper(Il) sulfate
pentahydrate, and nickel(Il) sulfate hexahydrate were acquired from Sigma-Aldrich (St. Louis,
MO, USA). Phosphoric acid and glacial acetic were obtained from EMD Millipore (St. Louis, MO,
USA). Hydrochloric acid, boric acid, sodium sulfate, sodium nitrate, sodium carbonate, and

lead(IT) nitrate were obtained from Fisher Scientific (Waltham, MA, USA). Iron(Il) sulfate
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heptahydrate and iron(III) chloride hexahydrate were obtained from Mallinckrodt (St. Louis, MO,
USA). Potassium perfluorooctanesulfonate (PFOS) was obtained from Synquest Laboratories
(Alachua, FL, USA). All chemicals were used without further purification. All PFOS solutions
were prepared in DI water unless otherwise noted.

Whatman Grade 4 filter paper was purchased from GE Healthcare UK Limited
(Buckinghamshire, U.K.). Universal 3M UNV84630 lamination (3 mil) was purchased from

Amazon.

5.2.2 Device Fabrication

Device fabrication has been described in detail previously.*® The devices were designed in
CorelDRAW software. A 60 mm circle was printed on Whatman Grade 4 filter paper using a
Xerox ColorQube 8570DN. The wax was melted into the paper using a hot plate at 150°C for 90s,
forming a three-dimensional hydrophobic barrier. A piece of aluminum (4 x 5 x 1/8”) was placed
on top of the filter paper to ensure the paper kept uniform contact with the hot plate. The paper
devices were dipped in a solution of methylene green (150 ppm in 0.7% hydrochloric acid + 1 g
KH>POys4) and then dried in an oven at 65°C for 20 min. A 2 mm sample inlet was cut out of
lamination sheets (3 mil) using an Epilog Zing CO2 laser cutter. The dried paper layers were
sandwiched between a top lamination sheet with a cut-out sample inlet (2 mm) and a full sheet on
the back. The paper devices were laminated at 230°C using a TruLam laminator (TL-320B). A
sample of PFOS or other sample solution (300 pL) was added to the sample inlet. After complete
device saturation (~15 min), the devices were scanned using a scanner (Xerox DocuMate 3220)

and saved as a JPEG.
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5.2.3 Image Analysis

Images were analyzed in ImageJ (NIH).>® A profile of each image was obtained using the
line profile function. This data was used to find the purple circle and calculate its diameter in R.*°
For experiments that evaluated the intensity of the purple color formed, the mean value was

obtained from the red, green, and blue color channels. Details are found in Appendix 6.

5.2.4 Reaction Stability

The ionic strength of'a 0.2 mM PFOS solution was adjusted with 0 — 2.0 M sodium chloride
(NaCl). The same device preparation as described above was used.

The effect of pH on the reaction was studied by preparing 0.2 mM PFOS in Britton
Robinson buffer at pHs ranging from 2 — 12. The buffer was prepared by mixing equal parts of 40
mM boric acid, 40 mM phosphoric acid, and 40 mM acetic acid. The pH of the buffer was adjusted
with 1 M NaOH. Devices were prepared according to the procedure described above and then

scanned after sample addition (300 puL).

5.2.5 Effects of surfactants and other ions

Perfluorooctanoic acid (PFOA), sodium dodecyl sulfate (SDS), sodium dodecylbenzene
sulfonate (SDBS), 3-(N,N-dimethyloctylammonio)-propanesulfonate (8DAPS), and 3-
(decyldimethylammonio)-propanesulfonate (10DAPS) were evaluated for interference with PFOS
detection. Solutions of 0.2 mM of each surfactant alone in water were tested as well as 1:1 solutions

of surfactant + PFOS (0.2 mM) in water.
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5.2.6 Signal Stability Study
Devices were fabricated as described above (60 mm circle). After the addition of 300 uL
PFOS (100 ppm), devices were scanned at multiple time points following the normal protocol. In

between scanning, devices were set on the benchtop at room temperature.

5.2.7 Device Storage Condition Study

Devices were fabricated as described above (45 mm circle). Light and temperature storage
conditions were evaluated over time: room temperature (25°C) vs fridge (4°C) vs freezer (-24°C)
and light vs dark. Devices were prepared as described above, up through the lamination step.
Devices kept in the dark were wrapped in aluminum foil and sealed in a Ziplock back. Devices
exposed to light were kept in Ziplock bags. At various time points (1 day, 3 days, 7 days, 1 month),
devices were removed and 150 pL of 200 ppm PFOS was added. The scanning procedure and

image analysis were followed as described above.

5.3 Results and Discussion

5.3.1 Assay Principle
PFAS form colored ion pairs with cationic dyes like methylene green (MGQG) that can be
optically quantified (Figure 5.1A). To perform the assay using a PAD, devices were fabricated by

printing a circle design on Whatman filter paper using a printer where the ink is formulated out of
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Figure 5.1 A. Structure of methylene green (MG). B. Structure of perfluorooctane sulfonate (PFOS).
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wax. When the paper is set on a hot plate, the wax penetrates the paper, forming a hydrophobic
barrier that directs and controls fluid flow. The paper is laminated (with a cut-out sample inlet) to
prevent sample evaporation and protect the device from humidity changes (Figure A6.1).

After reagent optimization with a spot test (Figure A6.2), the MG-PFOS reaction was
converted to a radial detection device. With the ion pairing of MG and PFOS, a purple circle forms,
the diameter of which can be measured using a ruler or calipers. In our studies, the devices were
scanned using a desktop scanner. Image analysis was performed in ImagelJ to obtain a line profile
of each image to objectively calculate the diameter of purple color formation (Figure A6.3). The
calibration curve shows the relationship between purple spot diameter and concentration of PFOS
(Figure 5.2). The curve is non-linear due to two factors: 1) evaporation at the sample inlet and 2)
mass transfer limitations of the device where analyte ions at the sample front are depleted (i.e.,
have formed an ion pair with methylene green) before reaching the outer edges of the device.*® A

visual limit of detection of 10 ppm was determined (Figure 5.2).

40 ¢ =

E [}
£30 =
= ¢
T )
£ 20 .
9]
A [}
810
%)

0 =

0 100 200 300 400 500

PFOS Concentration (ppm)
(.11 Btel- Ladelof [ 1
4 |
0 1 T 10 25 50 70 100 200 300 400 500

Figure 5.2 Calibration curve of spot diameter vs PFOS concentration (ppm). Each circle (60 mm in diameter) is
prepared with 150 ppm methylene green. After lamination, 300 uL of PFOS sample is added. Each point on the
plot spot represents 3 replicates and the error bars are one standard deviation around the mean.
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5.3.2 Reaction Stability

Effect of ionic strength

As the ion pairing between PFOS and MG is dependent on electrostatic interactions, the
effect of ionic strength was tested by preparing a 100 ppm solution of PFOS in various
concentrations of NaCl (0 — 2.0 M). Above 1.0 M NaCl, there was a significant decrease in spot
diameter—to the point where it is indistinguishable from the blank (Figure 5.3A, A6.4). This is
likely because the sodium and chloride ions interfere with the electrostatic interaction between
MG and PFOS. As seawater has a salt concentration of 0.5 M, detection of PFOS in seawater

would be possible without affecting the PFOS response. *!

Effect of pH

Solutions of 100 ppm PFOS were prepared in Britton-Robinson buffer (40 mM) at multiple
pHs in the range of 2 — 12. At pH <4 and pH > 8, the spot diameter was significantly decreased
(Figure 5.3B, A6.5). This should not be a problem in real samples as drinking water will be within
pH 6.5 — 8.5.%? Environmental samples can have pHs outside that range,* but the sample can be
neutralized to pH 7 with HC] or NaOH without impacting the assay. A test kit could include a

dried buffer to which the sample would be added, ensuring consistent pH for each analysis.>®
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Figure 5.3 A. Effect of increasing ionic strength on spot diameter. Ionic strength was adjusted by preparing 100
ppm PFOS in different concentrations of NaCl. Stars (*) indicate significant different between that ionic strength
and the control ([NaCl] = 0 M) (p <0.05, n = 3). B. Effect of increasing pH. Solutions of 100 ppm PFOS were
prepared in 40 mM Britton-Robinson buffer and pH was adjusted with 1 M NaOH. Stars (*) indicate significant
difference between the pH and the control (PFOS in water, pH 7) (p < 0.05, n= 3).

5.3.3 Effects of surfactants and other ions

Since methylene green is a cationic dye that can form ion pairs with other anionic
surfactants, the selectivity of the presented method was evaluated with solutions of only surfactant
and also 1:1 surfactant + PFOS. Perfluorooctanoic acid (PFOA), a fluorinated surfactant similar in
structure to PFOS, did not have a significant effect on PFOS detection (Figure 5.4). When tested
on its own, PFOA did not form a purple circle with methylene green on paper like PFOS does
(Figure A6.6). This is likely due to the difference in hydrophobicity between PFOA and PFOS:
PFOS is more hydrophobic (solubility in water = 570 mg L' for PFOS vs 4340 mg L for
PFOA*), so the immiscible ion pair with PFOS is retained on the paper and can be measured
whereas the less hydrophobic PFOA travels with the solvent front. In addition, the sulfonic acid
headgroup of PFOS is a stronger acid (pKa = 1.0) than the carboxylic acid headgroup of PFOA

(pKa = 1.30), so PFOS would form a stronger ion pair with methylene green.*> 4
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Other non-fluorinated surfactants had little interaction on their own. SDBS and SDS on
their own did produce a signal, but the circle did not have the same purple intensity as PFOS
(Figure A6.7). In the presence of PFOS combined with surfactant, a larger circle was produced (98
—142%) (Figure 5.4). 8DAPS, 10DAPS, SDBS, and SDS all have the same head group as PFOS.
Since the ion pairing between MG and PFOS is due to the sulfonic acid headgroup interacting with
the cationic dye, the presence of both the surfactant and PFOS increased the size of the purple
circle.*’ These surfactant interferences can be eliminated by adding excess barium to the sample

which can then be removed by cation exchange resin.*
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Figure 5.4 A. Effect of surfactant interference on PFOS detection. Aliquots of 0.2 mM PFOS (100 ppm) + 0.2
mM surfactant were added to 60 mm devices treated with 150 ppm methylene green. Stars (*) indicate a significant
difference between surfactant + PFOS and only PFOS (p < 0.05, n=3).

The impacts of other potentially co-existing substances on the detection of PFOS were also
studied. Nine common environmental cations and anions were tested both individually (20 mM)
and with PFOS (at 1x and 10x ratios). All results were compared to a control solution containing
only PFOS as well as a negative control of a blank of deionized water. The response of 0.2 mM
sulfate by itself was very similar to the response of only 0.2 mM PFOS (100 ppm), likely due to

the same complexation mechanism of the sulfonate headgroup and MG (Figure A6.8). Carbonate
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on its own also produced a purple response. Without the hydrophobic C-F tail, it is likely that
carbonate acts as a moderately strong base that can still form a purple complex with MG (Figure
A6.8). At 1:1 1on:PFOS (0.2 mM), there was a significant change in the diameter of the purple
circle in the presence of some of ions in the range of 88 — 109 % (Figure 5.5). At 10:1 ion:PFOS
(2.0 mM 1ion), the response was eliminated, and no purple circle appeared (Figure A6.8). While
this is concerning, the concentrations of ions tested were higher than expected or allowed in
environmental samples --- most ions are permitted at <1 mM.** Despite having an effect on PFOS
detection at high concentrations, the ions can be removed by a filter-based cation exchange

membrane.*®

. Only PFOS (0.2 mM)

1:1 PFOS:ion (0.2 mM)
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Figure 5.5 Effect of co-existing substances on PFOS detection. Aliquots of 0.2 mM PFOS (100 ppm) + 0.2 mM
ion were added to 60 mm devices treated with 150 ppm methylene green. Stars (*) indicate a significant difference
between ion + PFOS and only PFOS (p <0.05, n = 3).

Heavy metal contamination is common in environmental samples,®® so the effects of
Cu(Il), Fe(II), Fe(II), Ni(II), and Pb(II) on PFOS detection were studied (Figure A6.9). As iron is
commonly found in the environment, both Fe(Il) and Fe(Ill) were tested. At 1:1, there was not a
significant difference between iron + PFOS and only PFOS (Figure 5.6). All other heavy metal +
PFOS solutions had some decrease in signal due to interference from the heavy metal (50 — 95%,

depending on the metal). As with the other potentially co-existing ions above, the decrease in the
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Figure 5.6 Effect of heavy metals on PFOS detection. Aliquots of 0.2 mM PFOS + heavy metal (0.2 mM, 2.0
mM, 20 mM) were added to 60 mm devices. Stars (*) indicate a significant difference between heavy metal +
PFOS and only PFOS (p < 0.05, n=3).

size of the purple circle is likely from interference with the electrostatic interaction between PFOS
and MG. Fe(IlI) tends to form strong metal-organo complexes,* which would support why the
Fe(Ill) resulted in the smallest diameter. As with the other coexisting ions above, the
concentrations tested (0.2 mM, 2.0 mM, 20 mM) are higher than what is allowed in drinking
water.*? In environmental samples, higher concentrations could be found so the ratio of heavy
metal to PFOS is relevant.”® The effect of heavy metal interference can be removed by cation

exchange resin.’!

5.3.4 Signal Stability

The signal stability after the addition of PFOS was evaluated. In some instances, reading
the results might occur well after sample addition. Devices were prepared with a 100 ppm aliquot
(300 uL) of PFOS. After flow stopped, as indicated by a fully saturated circle (15 min), the devices
were scanned multiple times. In between scans, the devices were exposed to ambient light at room
temperature for up to 4 h. After 1 h, there was a significant decrease in the purple color intensity

(Figure 5.7A, S10). However, the spot diameter was consistent 4 h after the addition of PFOS
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despite the decrease in purple color intensity (Figure 5.7B). Still, it is recommended that results be

recorded as soon as possible after sample addition.
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Figure 5.7 Percent change in mean red value (A.) and spot diameter (B.) of purple circle over time after addition
of 100 ppm PFOS. Stars (*) indicate a significant different between the control (t = 0) and later time points (p <
0.05, n = 3). The mean red value of the purple circle was 154 at t = 0.

5.3.5 Device Storage Condition Stability Study

The stability of prepared devices was evaluated under different storage conditions: light vs
dark and room temperature vs fridge vs freezer over 1 month. Devices kept in the dark were
wrapped in aluminum foil and stored in a Ziplock bag at the different temperatures: freezer (-
24°C), fridge (4°C), room temperature (25°C). At each time point, devices were removed and an
aliquot of PFOS (200 ppm) was added. Under all conditions except RT dark, the intensity of the
purple circle (measured as mean red value) decreased significantly compared to the control (day
0, p <0.05) (Figure 5.8A). Despite the decreasing intensity over time, the diameter of the purple
circles remained constant under all conditions (Figure 5.8B). It is recommended to store the

devices in the dark (using a Mylar bag) to prevent degradation due to light and/or humidity.
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Figure 5.8 A. Percent change of the mean red value of the purple circle over time by different storage conditions.
The mean red value of the control on Day = 0 was 154. B. Spot diameter (200 ppm PFOS) over time. Stars (*)

indicate a significant different between that day and the control (day 0) for each condition by color (p < 0.05, n =
3). Conditions: freezer (-24°C), fridge (4°C), RT (room temperature, 25°C).

5.4 Conclusion

A paper-based analytical device has been presented for the detection of PFOS in simulated
environmental samples. This approach achieves similar detection limits (10 ppm) to other
colorimetric assays for PFOS in much less time (<15 min), cost (< $1), and user steps.>"3? To
improve the LOD and enable the measurement of ppb levels of PFOS, a sample preconcentration
step like SPE should be used.>® Fluoro-SPE, a technique developed for concentrating and
separating PFAS from environmental samples, can be used.’* With the addition of traditional and
fluoro-SPE, a 1000-fold sample enrichment can be obtained, lowering the LOD to 10 ppb. Each
of these SPE steps involves a vacuum pump and manifold which is not ideal for in-field analysis,
future work should focus on incorporating a concentration step into the PAD to maintain
portability. Future work will include testing real samples as well as optimizing the device
fabrication to include inkjet printing the methylene green on the paper. While the LOD is still
relatively high for detection of PFOS in drinking water samples, this method is a first step towards

a paper-based device for PFOS detection at heavily polluted military or industrial sites.
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CHAPTER 6: HIGH VOLUME RADIAL DETECTION PAPER-BASED DEVICE FOR
TRACE METAL ANALYSIS

Colorimetric microfluidic paper-based analytical devices (WPADs) are ideal for
environmental analysis because of benefits of low cost, portability, and instrument-free analysis.
However, a significant limitation of colorimetric uPADs is not being able to achieve low enough
limits of detection (LOD) to match government regulations without extensive sample pretreatment.
Current uPADs for heavy metal detection typically have LODs in the ppm range, but governmental
allowances for heavy metals in drinking water are in the ppb range. Furthermore, most uPADs
rely on measuring spot intensity to quantify analyte concentration. Radial devices offer fast
detection where a colored circle is measured to determine analyte concentration. Here we present
a new format for uPADs that combines a previously reported radial distance-based device for
heavy metals with a high-volume system to improve detection limits. Multiple layers of filter paper
and double-sided adhesive are stacked under the detection layer to accommodate a substantially
increased sample volume. With the new format, the LOD for radial detection of copper was
decreased by 2 orders of magnitude, to 5 ppb. This work has been submitted for publication in
ACS Sensors.' Josi Beck, my high school research assistant, helped with most of the experiments.
Our collaborators at Access Sensor Technologies, LLC., Kai Fuller and Thomas H. Reilly,

provided the Cu detection cards.

6.1 Introduction

Microfluidic paper-based analytical devices (WPADs) have become popular as point-of-
care and point-of-need devices with benefits of low cost, portability, ease of use, versatility, and

fast results. Initially developed by the Whitesides group in 2007, uPADs have been developed for
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a variety of analytes including environmental contaminants, medical diagnostics, foodborne
pathogens, and biological particles.® * Detection methods include colorimetry, fluorescence, or
electrochemistry.* > Colorimetry is often favored for fast on-site analysis because a color change
can be measured by the naked eye, or a smartphone can be used to aid in more quantitative analysis
reducing the need for equipment like a spectrometer or potentiostat.* ©

Colorimetric uPADs for heavy metals started as spot tests where a wax ring is printed on
filter paper and a colorimetric reagent that is specific to the analyte of interest is added. After
sample addition, changes in color hue and/or intensity can be measured.” While this is a simple
approach, there is subjectivity in determining changes in the color and intensity on the paper by
the user, even with help of a smartphone or scanner.® Changing the spot test to a distance-based
format where the sample flows along a channel in the paper makes quantification more objective.
In this format, the sample reacts with the colorimetric reagent and develops color until the analyte
is consumed. For quantification, the color length is measured, eliminating the need to differentiate
between minute differences in color hue or intensity.®!® A limitation of distance-based detection
is that analysis can take 30 min — 1 hr depending on the size of the device.® * -2 As the length of
the channel increases, the assay time will increase since the sample flow rate decreases with
distance traveled based on the Lucas-Washburn equation.'® Radial devices fix this issue, as the
sample flows radially outward in all directions at once. Results are achieved in <5-10 min.'* !

A major limitation of uPADs in general, and especially colorimetric devices, is that LODs
can be higher than levels found in samples.’ For example, heavy metals are allowed at only very
low concentrations (ppb range) in drinking water, so low LODs are desired.'® While uPADs

benefit from only needing small sample volumes (10 - 100 pL), this does not provide enough

analyte molecules to make a signal that is detectable by the naked eye, like a color change.®
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Increasing the sample capacity increases the moles of analyte that pass through the device and
should increase signal. There has been some work to increase the volume capacity of uPADs, but
those require an extra 3D-printed holder!” or take almost 10 hours to flow through the device.'®

uPADs are promising for on-site environmental analysis, especially for heavy metals. The
devices are light, portable, and disposable, eliminating the need to transport water samples back to
the lab for analysis by traditional instrumental analysis like atomic absorption spectroscopy (AAS)
or inductively coupled plasma (ICP) coupled with mass spectrometry (MS).!” 2° Kung et al.
recently covered the newest developments in uPADs for environmental analysis.?! Colorimetric
devices for heavy metals have achieved limits of detection of 0.11 — 100 ppm.® 2226 A radial uPAD
has been developed for different heavy metals (Cu, Fe, Zn, Cd, Mn).'*27 The diameter is measured
and correlated back to a calibration curve and thus the concentration of metal in the sample.'*
These cards have a limit of detection (LOD) of as low as 0.5 ppm, depending on the metal.

Here we demonstrate a new device format for the previously mentioned radial devices
(single-layer device) for heavy metal detection. The new device consists of multiple layers of paper
and tape (multi-layer device) to increase sample volume and reduce detection limits. The new
format was compared against the existing single-layer device radial detection uPADs. While the

assay time increased from 5 min to 1 hr, the LOD was decreased by 2 orders of magnitude, to 5

ppb.

6.2 Materials and Methods
6.2.1 Reagents

2-(N-morpholino)ethanesulfonic acid (MES), Zincon monosodium salt, and

tetraoctylammonium bromide were obtained from Sigma-Aldrich (St. Louis, MO, USA). Copper
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(IT) nitrate (Cu(NO3)2) was obtained from Mallinckrodt (St. Louis, MO, USA) and used without
further purification. Copper solutions were prepared in 150 mM MES buffer (pH 4.5) and used
immediately. Ultrapure water (18.2 MQ-cm) from a Mill-Q system was used to prepare solutions

(Merck Millipore, Darmstadt, Germany).

6.2.2 Device Fabrication

Single-layer radial detection uPADs were fabricated as previously described.!'* Briefly, 44
black rings were printed on an 8.5 x 11°° sheet of Whatman 4 filter paper (GE Healthcare Life
Sciences) with a Xerox ColorQube 8570 wax printer. The wax was melted through the depth of
the paper by placing the paper in a 150°C oven for 4 min. An Epson R280 inkjet printer was
modified to print a solution of 50 mM Zincon and 75 mM tetraoctylammonium bromide within
the 44 mm wax circles.!* The sheets of printed paper were laminated with 7 mil lamination sheets
(Oregon Laminations Co.) that have a 2 mm sample inlet cut out with a CO» laser cutter (Trotec
Speedy 100). Finished devices were cut into individual cards using the CO> laser cutter.

To modify the single-layer nPADs for the multi-layer configuration, the same process as
described was followed up until the lamination step. For the multi-layer devices, devices were
assembled as shown in Figures A7.1, A7.3, A7.4, or 6.2, layering pieces of filter paper or
superabsorbent material and double-sided adhesive (DSA, 467MP, 3M), depending on the
experiment. Devices were sealed by laminating the stack of paper and tape with 3 mil lamination
sheets (Universal 3M UNV84630) with a 2 mm sample inlet cut out of it and centered on the
reagent circle. An Eppendorf pipette was used to deliver the appropriate sample volume: 150 puL
for single layer cards and 1000 pL for the multi-layer cards. The volume for the single-layer cards

has been previously optimized.'
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6.3 Results and Discussion

In order to reduce the LOD of a uPAD, the chemistry of the device could be modified to
improve analyte:reagent interactions. Alternatively, to use existing cards, the form factor and/or
sample volume can be increased, which allows for more analyte molecules to react. First, the size
of the card was increased. While this did lower the LOD to 50 ppb, the form factor of an 8.5 x 11
in. sheet of paper is not conducive to field analysis. To increase the sample volume of a paper-
based device without significantly increasing the size of the device, various superabsorbent
materials were evaluated: Whatman 1 and Whatman 4 filter paper with absorbencies of ~ 27 and
35 uL cm?, respectively, and GelMax, Hexasorb, PIG, and Pride with absorbencies of 10 — 67 mL
cm? (data not shown). Devices were assembled by stacking a sheet of Whatman 4 filter paper
(which is normally used to fabricate the single layer radial devices) that had a wax ring printed on
it, double-sided adhesive, and then a square of superabsorbent material (Figure A7.1). The stack
was sealed by lamination with a 2 mm sample inlet cut out. Initial trials with water containing blue
dye were unsuccessful (Figure A7.2): once the dye reached the superabsorbent layer after flowing
through the filter paper, fluid flow slowed down drastically, and the dye collected between the
paper and the lamination. The flow rate in each of the materials was evaluated by timing how long
it takes blue-colored water to flow through each material. Whatman 4 filter paper (W4) had the
fastest flow rate, so this material was used in subsequent experiments (Figure 6.1). For clarity,

error bars have been removed from the plot but can be found in Figure A7.3.
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Figure 6.1 Evaluation of flow velocity in different materials. W1 = Whatman 1 filter paper, W4 = Whatman 4
filter paper. Each line is the average of 3 replicates. The same plot with error bars can be found in Figure A7.1.

In order to further increase the sample capacity, multiple pieces of W4 paper were stacked
under the detection layer (Figure A7.4A). The contact between the layers of W4 was poor and the
flow slowed down as more layers of paper were added (Figure A7.4B). Instead of simply stacking
the layers of paper, double-sided adhesive (DSA) can be used to connect the paper layers,
improving contact, but also forming a consistent gap. This gap between paper layers has been
shown to significantly increase the flow rate in the paper.'*> Multiple configurations of DSA were
evaluated (Figure A7.5, A7.6), with design 2 turning out the best: In addition to being the easiest
to assemble, the grate-like design of the DSA enhanced the contact between the W4 layers and
also increased flow to the lower layers of the device.

With the device configuration optimized (Figure 6.2), the multi-layer “high volume” device
was compared to the single-layer radial uPADs. Single-layer uPADs were fabricated for copper
detection.!* The top detection layer of just Zincon printed on paper was used to assemble the multi-
layer devices. To the single-layer devices, 150 pL of Cu?" was added and 1 mL was added to the

multi-layer devices. The devices were scanned after the flow stopped (5 min for single layer, 1 hr
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<— Lamination sheet with sample inlet
<— OnTarget® card

<«<— Double-sided adhesive

<— Whatman 4 filter paper

<— Double-sided adhesive

<«— Whatman 4 filter paper
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Figure 6.2 Scheme of device layers and assembly for multi-layer On-Target® cards.

for multi-layer), and the diameter of the blue circle was measured (Figure 6.3). With the new
device configuration, the multi-layer devices were able to detect Cu down to 5 ppb (Figure 6.4),
which is a significant improvement over the previous detection limit of 500 ppb (0.5 ppm). The
cards are still the size of a business card, which is better suited for in-field analysis. Despite a run
time of 1 hr, the sample preparation time is minimal as all the run time is passive. An external

preconcentration step is not necessary unless sub-ppb levels of detection are desired.

Single- | Not Not
layer collected collected
Multi-
layer

0 0.001 0.005 0.01 0.05 0.1 0.5 1 5 10 50
Copper Concentration (ppm)

Figure 6.3 A selection of single and multi-layer devices by Cu concentration. The visual limits of detection are
outlined in a red box. Sample addition volumes: 150 pL to single-layer, 1000 pL to multi-layer devices.
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Figure 6.4 Circle diameter vs Cu concentration for both multi and single layer devices. Each point represents the
average of 3 replicates, and the error bars are +1c around the mean. The left panel (A) shows the full calibration
curve (0 — 500 ppm) while the right panel (B.) shows just the low concentrations (0 — 100 ppb). Please note the
differences in units for the x-axis and scale on the y-axis.
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CHAPTER 7: CONCLUSIONS AND FUTURE DIRECTIONS

Paper-based sensors, or uPADs, offer many advantages for environmental analyses. Their
low cost, portability, disposability, and ability to be manufactured in bulk make pPADs ideal for
in-field analysis, especially in remote settings where instrumentation and power may not be
accessible or desired. While there has been significant progress in developing uPADs for many
environmental analytes,' there are still many challenges that need to be overcome for the devices
to be used regularly in the field.> The LODs of pPADs are often higher than regulatory limits or
concentrations commonly found in the environment. Also, developing a device that is specific for
one analyte without interference from other competing substances is challenging due to similar
complexation mechanisms. Adding extra steps to concentrate a sample or treating it to remove
interferences reduces the usability of the device in the field. The chapters in this thesis have
discussed the development of new uPADs as well as addressed some of those challenges.

The spatial distribution of pesticides has not been well studied in large orchard trees like
citrus trees. As the application of pesticides is critical for managing crop diseases, it is important
to study the spatial distribution with the trees. The commonly used method of water-sensitive
papers (WSP) is not ideal because it is difficult to use and will react to any source of water, in
addition to the pesticide. In Chapter 2, a novel method that uses a fluorescent dye and a paper
substrate was developed, compared to the previous method (WSP), and used to measure pesticide
application.® The use of the fluorescent dye allows the method to be used with (or even without)
any pesticide. Then in Chapter 3, the method was applied in a citrus grove to evaluate the spatial
distribution within citrus trees as applied by different equipment and under various application

settings.* In addition, the new method is easy to scale up to thousands of samples at a time, cheaper,
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and faster than the commonly used method of water-sensitive paper. We envision that the
fluorescent dye and paper-based method will be used in other crops to optimize pesticide
application, effectively improving crop yield and profits. The quantitative data obtained from the
field studies provide a scientific basis for designing an optimized pesticide application approach.

While my initial work with paper-based devices used static conditions (no flow), this limits
the potential applications. Fluid flow qualities in paper microfluidic devices — other than direction
— are difficult to manipulate as the fluid flow is dependent on the inherent pore structure of the
paper. In Chapter 4, a passive flow mixer was developed, where a staggered herringbone pattern
is rastered into a glass slide to induce chaotic mixing in a microfluidic channel.’ The device is
inexpensive to fabricate, disposable, and compatible with organic solvents. Mixing was
demonstrated and quantified by a few representative reactions. In Appendix 4, a similar capillary-
driven mixer was developed, using layers of laminated transparency film and the cross-sectional
overlap of two solutions to induce mixing.® The transparency-based device was used to detect
pesticide residues on the skin of fruits and vegetables based on an acetylcholinesterase inhibition
assay. This device has been developed further by other members of the lab into an at-home test for
COVID-19.’

My research interests expanded to developing uPADs for other environmental analytes.
For example, PFAS, or per- and polyfluoroalkyl substances, have arisen as environmental
contaminants of emerging concern. It is important to detect PFAS — especially in aqueous samples
— to monitor the spread of PFAS contamination.® Currently, PFAS detection relies on instrumental
analyses, which are not techniques easily accessible to the general public. In Chapter 5, I developed
a PAD for the detection of PFOS.° Although the LOD of the device (10 ppm) is higher than the

concentration allowed in water (70 ppt) (although higher concentrations can be expected),! it
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represents a first step towards fast, inexpensive, and accessible detection of PFOS using a uPAD.
We will continue optimizing the device to include PFOA detection as well as improve the device
fabrication (by inkjet printing the reagent!!') to improve consistency and reduce variability. In
addition, the image analysis process will be improved to determine the diameter of the purple circle
more accurately. To lower the LOD to the appropriate range (at least <10 ppb), the device shape
and size can be modified to accommodate a higher sample volume. Alternatively, a
preconcentration step like solid-phase extraction could be applied to concentrate a sample.'? !?

As with the PFOS PAD, the sensitivity and LODs of colorimetric uPADs in general hinder
their use in the real world. Environmental contaminants are often found at very low concentrations
in water (ppt — ppb range). Most PADs can accommodate sample volumes of 1 — 100 pL, but this
often does not provide enough analyte molecules to react with the reagent stored on the paper.
Other attempts to concentrate a sample require external instrumentation, extra user steps, and time,
adding complexity to the device. A new device fabrication was proposed in Chapter 6 which uses
an existing radial detection card for copper as the detection layer, and stacks of filter paper and
double-sided adhesive underneath.!* The device can hold a sample volume of 1 mL and potentially
even more with an increase of paper layers and/or device size. The detection limit for copper was
reduced from 100 ppb to 0.5 ppb, which is appropriate for testing copper contamination in drinking
water.!> Multiple samples can be run side-by-side with minimal user input aside from the sample
addition.

The aforementioned method of preconcentration using a multi-layer device is promising
over other methods like solid-phase extraction,'® membrane concentration,'? or heating,!” in that
the method does not have any power or instrument requirements. Even though the devices take up

to an hour to complete, the majority of analysis time is passive. After sample addition, the device
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can be left unmonitored for an hour and then checked for results. In addition, the uPAD is small
and light, so multiple analyses can be performed outside the laboratory at any location, provided

that the device can be protected from elements like wind and rain.

on-Target’
manganese T

2

Figure 7.1 Selection of radial detection cards for zinc, iron, manganese, and copper from Access Sensor
Technologies, LLC.

The multi-layer device fabrication is also straightforward to extend to radial detection cards
other than those for Cu. Access Sensor Technologies offers a suite of radial detection cards for
heavy metal detection (Figure 7.1).!® With the addition of the multi-layer preconcentration method,
the limit of detection of these cards can be lowered by three orders of magnitude, enabling
quantification of metals at levels that are common in drinking water.!> Currently, the dimensions
of the multi-layer device are designed to match the existing On-Target cards, but these can easily
be altered for other devices, either existing or new. A problem of the PFOS pPAD mentioned in
Chapter 5 is that the current LOD is too high to be relevant for drinking water. When the PFOS
uPAD was combined with the multi-layer preconcentration system, results were mixed. At a high
concentration (200 ppm PFOS), the diameter of the purple circle was much larger than that on the
single-layer device, as expected based on the results from Chapter 6 (Figure 7.2A). At a low

concentration (30 ppm PFOS), the purple circle is visible to the naked eye on the single-layer
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device; however, on the multi-layer device, the purple color is not intense enough to be visible
(Figure 7.2B). There are not enough PFOS molecules forming purple ion pairs with the MG to
overcome the baseline blue color. Further device and reagent optimization are necessary to

improve the response of the purple color at low PFOS concentrations.

A. 200 ppm B. 30 ppm
Single-layer
device
X
Multi-layer
device
6cm

Figure 7.2 Top: single layer devices (45 mm) treated with 150 ppm methylene green to which 150 uL. PFOS was
added (A. 200 ppm, B. 30 ppm). Bottom row: multi-layer devices (45 mm) treated with 150 ppm methylene
green. Layers of Whatman 4 and double-sided adhesive were stacked under the detection layer following Figure
6.2. 1 mL PFOS was added (A. 200 ppm, B. 30 ppm).

Overall, the work in this thesis has contributed to the development of pPADs for
environmental analysis, maintaining beneficial properties like low cost, ease of use, and
applicability while addressing the challenges of achieving relevant limits of detection. uPADs are
not meant to replace traditional instrumental analyses but instead offer alternative and/or
complementary analysis. The technologies presented in this dissertation look towards the idea of
the “citizen scientist” — a movement that has recently gained popularity as devices like uPADs and
other test kits have become accessible to the general public. Instead of a researcher or laboratory
technician making house calls to evaluate drinking water quality or sending a sample out for

analysis, anyone can use a {PAD to evaluate their water, providing peace of mind. Like the Flint,
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Michigan water crisis beginning in 2014, a uPAD for multiplex heavy metal analysis would have
been a great first step in identifying what kind of pollution was present instead of waiting for
months for government officials to step in.!” uPADs are a great opportunity to involve children
with the analysis, introducing them to science in their own homes. In addition to the individual
user, the data obtained from multiple homes across a region can be aggregated to potentially
identify sources of pollution. A smartphone app can easily achieve this, where the app is used to
take a picture of the uPAD, analyze, and upload the results with GPS coordinates to a central server
or cloud. The data is plotted on a map by an algorithm or the next eager graduate student.

The use of uPADs in the home extends beyond the United States. As mentioned in the
Introduction (Chapter 1), most water pollution occurs in resource-limited countries like Africa,
India, and Southeast Asia.?” 2! In these countries, where clean drinking water is not readily
available, a tool like a uPAD can help identify whether water is safe to drink or not with respect
to a certain analyte. While the uPAD will not magically clean up the water, it is a first step in
providing drinking water quality analysis where instrumental analysis is not achievable due to cost,
infrastructure, and personnel requirements.

Environmental research (monitoring and remediation) would also benefit from the use of
uPADs. For example, the 2015 Gold King Mine spill in Silverton, CO released 3 million gallons
of acid mine drainage into the Animas River, turning the river orange from the oxidation of
dissolved iron (Figure 7.3). The acid mine drainage contained heavy metals like lead, copper, zinc,
iron, and arsenic.??> While there were many samples collected and subsequently analyzed in the
lab, there was a delay in reporting resorts due to the turnaround time between sample collection,
transportation, preparation, and analysis.??> pPADs could have been used to monitor the progress

of the contamination on a daily or even hourly basis, as well as multiple sampling locations
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downstream from the spill. The analysis is much more complete with high temporal and spatial
resolution, as well as results in almost real time. Deploying even 100 cards at a time costs less than
a single lab analysis, and the use of a smartphone app to analyze the uPAD makes the entire process

much faster and less expensive than lab analysis.

53 ,g, 2 "'g‘x;‘r’?} £

Figure 7.3 2015 Gold King Mine Spill near Silverton, CO.

g N i

While the Gold King Mine spill was an obvious contamination event with the river turning
orange, water pollution is not necessarily visible. Heavy metals can be inconspicuously released
into the water through many other processes, as can PFAS. The ease of use, straightforward
analysis, and low cost make uPADs ideal for identifying hotspots of pollution, not necessarily in
drinking water. For example, high PFAS contamination has been found in ground and surface
water near wastewater treatment plants, firefighter training areas, landfill sites, and industrial
sites.?> After a hotspot has been identified, further analysis can be requested if needed, or at the
very least, a decision can be made regarding next steps, whether further action is needed or not.
With some more optimization, I believe the technologies that I developed for PFOS and heavy

metal detection have the ability to make a big impact on society and access to safe drinking water.
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The colorimetric platform has the potential to be expanded to an entire suite of common

contaminants in water.
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APPENDIX 1: SUPPLEMENTARY INFORMATION — FLUORESCENT DYE PAPER-
BASED METHOD FOR ASSESSMENT OF PESTICIDE COVERAGE ON LEAVES AND
TREES: A CITRUS GROVE CASE STUDY

1.1 Lightbox Fabrication

Pieces of black poly(methyl methacrylate) (PMMA) were cut with an Epilog Zing CO>
laser cutter to make a 10 x 10 cm box (Figure 2.1B). Pieces were glued together with general use
epoxy. The bottom PMMA piece had a 47 mm circle rastered into the center to ensure consistent
placement of the samplers. The top piece had a 1.7 cm circle cut out of it to fit the Raspberry Pi
camera (Raspberry Pi 3 Model B, Keyestudio 5 MP Camera). LED lights provided a consistent
light source inside the box. LEDs were purchased at the appropriate wavelength for the dye used.
For the red fluorescent dye (maximum absorption 550 nm), UV LED lights (Chanzon, 395 nm)
were used for excitation. To fit the LED lights, five circles were laser cut into each side (5 mm in
diameter), as well as eight circles around the camera in the top piece of PMMA. Two LEDs were
wired together in series, with 14 pairs wired in parallel for a total of 28 LEDs. The anodes and
cathodes of the LEDs were soldered to two strips of copper tape to eliminate excess wiring. One
wire of each pair was soldered to the “anode tape” and the other was soldered to the “cathode
tape.” The circuit was completed by wiring a rechargeable 9V battery to the LED lights in parallel.
The battery is located in a plastic holder with an on/off switch. A 9.2-ohm resistor was soldered to
the negative input of the battery to limit the current through the LED lights. Black electrical tape
was used to cover all exposed wire and copper tape. Holders for the camera and the Raspberry Pi
system were designed in Onshape and 3D printed using a Form 2: Stereolithography 3D Printer

(Formlabs) and were glued to the box with general use epoxy.
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Table A1.1 Weather data for benchmark experiment.

Date 10/17/2018
Temperature (°C) 31.3
Wind Speed (mph) 7.0
Wind Direction ESE

Humidity

70%

Heat Index

38.4

Time of Experiment

Il am- 1 pm

Table A1.2 Field study details

Date 2/14/2018 2/14/2018 | 2/15/2018 | 2/15/2018 5/9/2018 5/9/2018 5/10/2018 | 5/10/2018 10/16/2018 10/16/2018 | 10/18/2018 | 10/18/2019
Tree Age (yr)* ~1 ~3 ~1 ~3 1 ~3 ~1 ~3 ~1 ~3 ~1 ~3
Ae”as':) ?;;’””d Ground Ground Aerial Aerial Ground Ground Aerial Aerial Ground Ground Aerial Aerial
Sprayer Type Side Speed Airplane Airplane Side Speed Airplane Airplane Side Speed Airplane Airplane
Sprayer Name [ Newton Crounch | FM Cepling | Air Tractor | Air Tractor |Newton Crounch| FM Copling | Air Tractor | Air Tractor |Newton Crounch| FM Copling | Air Tractor | Air Tractor
TXR80049VK (3) W Flat Fan #15 | Flat Fan #15 | TXR80049VK (3) iy Flat Fan #15| Flat Fan #15 | TXR80049VK (3) i Flat Fan #15 | Flat Fan #15
Nozzle Type ) | 1xrao017vk (8)| P> C2° (18)) " (g5) @) |Txra0o17vk (6)| P2 C2 (18| (gg) ©®)  |TXRe0017vK (5)| DZC28 (18) (865) (86)
Application Rate 35 50 5 5 35 50 5 5 35 50 5 5
(gallons per acre)
Dye Yellow-green |Yellow-green|Yellow-green| Yellow-green Red Red Red Red Red Red Red Red
Dye c‘(’:;:ﬂr)“’at'“’" 1 1 1 i 1,500 1,500 4,300 4,300 1,500 1,500 4,300 4,300
Temperature (°C) 74.3 74.3 79.9 79.9 28.3 283 269 269 328 298 26.8 26.8
Wind Speed (mph) 6.0 6.0 3.0 3.0 5.0 50 5.0 5.0 10.8 11.3 6.9 6.9
Wind Direction ENE ENE SE SE ENE ENE ENE ENE ESE ESE ENE ENE
Humidity 83% 83% 60% 60% 55% 55% 63% 63% 62% 75% 88% 88%
Heat Index 76.6 76.6 81.2 812 288 288 28.1 28.1 398 356 307 30.7
Time of application 11:30 AM 11:30 AM 1:00 PM 1:00 PM 11:30 AM 11:30 AM 11:00 AM 11:00 AM 1:30 PM 10:30 AM 9:30 AM 9:30 AM

*at time of experiment

7
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Figure A1.1 Color intensity vs time of 3 different dyes.

Table A1.3 Comparison of percent coverage from filter paper method and WSP
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Filter Paper Method WSP

. Speed Pressure Standard o Standard o

Trial (mph) (psi) Average Deviation %RSD Average Deviation %oRSD
1 1 10 50.05% 4.00 8.00% 49.13% 3.45 7.02%
2 1 20 59.54% 4.36 7.32% 60.19% 2.84 4.72%
3 1 30 62.64% 1.66 2.65% 60.39% 3.92 6.49%
4 1 40 63.26% 4.27 6.74% 66.83% 3.87 5.79%
5 2 10 33.48% 1.42 4.24% 25.96% 2.86 11.02%
6 2 20 38.08% 2.21 5.80% 34.79% 2.40 6.91%
7 2 30 45.75% 2.87 6.28% 38.30% 2.19 5.72%
8 2 40 47.73% 2.35 4.92% 43.62% 2.97 6.80%
9 3 10 23.92% 2.79 11.67% 19.91% 3.11 15.60%
10 3 20 24.77% 3.32 13.42% 23.75% 1.11 4.67%
11 3 30 28.47% 3.44 12.09% 27.09% 1.63 6.03%
12 3 40 32.23% 0.93 2.90% 30.22% 1.60 5.29%
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Figure A1.2 Stain diameter vs droplet diameter of filters and water-sensitive paper.
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Figure A1.3 Average percent coverage vs gallons per acre (GPA) of the filter paper method (red) and water sensitive
paper (WSP) (blue). The nozzle speed is differentiated by symbol shape while the size of the point correlates to symbol
pressure. Each point represents the average of 5 replicates and the error bars are £16 around the mean.

1.2 Gallon per acre Calculation

The gallons per acre (GPA) was calculated with the following equation:

CPA = 5940 x GPM
 mphxW

where GPM is gallons per minute (capacity of one nozzle), mph is the speed of the nozzle in miles
per hour, and W is the width between the nozzles in inches. The DeVries Generation 4 Research
Track Sprayer (DeVries Manufacturing, Hollandale, MN) used to perform the benchmark
experiment is equipped with one TeeJet 8002EVS8 nozzle (Spraying Systems Co., Wheaton, IL).

The nozzle output (in GPM) for each pressure was determined and provided by Teelet.
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1.3 Field Study Overview
An analysis of variance (ANOVA) yielded significant variation among the application
groups, F (7,942) = 113.8, p < 2e-16. A post-hoc Tukey test showed a significant difference (p <

0.05) between multiple groups (Table A2.4).

Table A2.4 Average percent coverage and standard deviation of filters collected in the October
2018 field study. Filter samplers are grouped by application method, tree age, and side of leaf.
Each group is the average of 120 samplers.

A%}[)litcl:lot(iion Tree Age | Side of Leaf | Average ls)t;];:;gﬂ
Aerial Old Bottom 0.34% 0.99%
Aerial Oold Top 2.32% 3.53%
Aerial Young Bottom 0.94% 3.90%
Aerial Young Top 8.45% 10.49%
Ground Old Bottom 14.49% 24.64%
Ground Old Top 32.32% 32.76%
Ground Young Bottom 8.57% 18.41%
Ground Young Top 54.71% 34.51%
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Table A2.5 Results of post-hoc Tukey HSD. p < 0.05 indicates a significant difference.

Group 1 Group 2 Difference p-value
Aerial Old Top Aerial Old Bottom -2.1551 0.9638
Aerial Young Bottom Aerial Old Bottom 0.0698 1.0000
Aerial Young Top Aerial Old Bottom -8.6092 0.0006
Ground Old Bottom Aerial Old Bottom -23.1533 0.0000
Ground Old Top Aerial Old Bottom -31.6277 0.0000
Ground Young Bottom Aerial Old Bottom -4.4645 0.3489
Ground Young Top Aerial Old Bottom -38.2034 0.0000
Aerial Young Bottom Aerial Old Top 2.2249 0.9575
Aerial Young Top Aerial Old Top -6.4541 0.0324
Ground Old Bottom Aerial Old Top -20.9982 0.0000
Ground Old Top Aerial Old Top -29.4726 0.0000
Ground Young Bottom Aerial Old Top -2.3094 0.9476
Ground Young Top Aerial Old Top -36.0483 0.0000
Aerial Young Top Aerial Young Bottom -8.6790 0.0006
Ground Old Bottom Aerial Young Bottom -23.2231 0.0000
Ground Old Top Aerial Young Bottom -31.6975 0.0000
Ground Young Bottom Aerial Young Bottom -4.5343 0.3311
Ground Young Top Aerial Young Bottom -38.2732 0.0000
Ground Old Bottom Aerial Young Top -14.5441 0.0000
Ground Old Top Aerial Young Top -23.0185 0.0000
Ground Young Bottom Aerial Young Top 4.1447 0.4528
Ground Young Top Aerial Young Top -29.5943 0.0000
Ground Old Top Ground Old Bottom -8.4745 0.0008
Ground Young Bottom Ground Old Bottom 18.6887 0.0000
Ground Young Top Ground Old Bottom -15.0502 0.0000
Ground Young Bottom Ground Old Top 27.1632 0.0000
Ground Young Top Ground Old Top -6.5757 0.0263
Ground Young Top Ground Young Bottom -33.7389 0.0000
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1.4 Raspberry Pi Commands

The following commands were used to take pictures of the samples in the lightbox.

raspistill -p 0.5,0.5,0.5,0.5 -roi 0.25,0.25,0.5,0.5 -t 3000 -o /home/pi/CutralePictures/001.jpg

-p sets the preview window with x,y,w,h

-roi sets the region of interest

-t sets the time the preview window is open in milliseconds
-o sets the file path and file name

1.5 Python Script
The following code was used to analyze images of samples for percent coverage.

#Import the required packages
import glob

import math

import os

from os.path import isfile, join
import cv2

import numpy as np

from sklearn.cluster import KMeans

__author  ="mridula@colostate.edu"

#Set folder and starting file names

images_folder = "G55"

#reading first file for kmeans clustering

first_file ="G55 260.jpg"

first image = cv2.imread(images folder + "/" + first file)

first image = cv2.cvtColor(first_image, cv2.COLOR_BGR2RGB)

#number of clusters
num_clusters = 3

image for clustering = first image.reshape((first image.shape[0] * first image.shape[1], 3))
#represent as row*column,channel number

clt=KMeans(n_clusters=num_ clusters) #cluster number

clt.fit(image for clustering)

#finding cluster enters
clusters = clt.cluster centers
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print(clusters)

#filtering out black and white as we are concentrating only on colored components of images
flatten = [item for sublist in clusters for item in sublist]

print(min(flatten))

colors_of interest = [row for row in clusters if ((min(flatten) < row[0] < 254) and (min(flatten) <
row[1] < 254) and (min(flatten) < row[2] < 254))]

#creating a list of (R,G,B) values of colors
color_list = sorted(list(list(math.floor(float(x)) for x in color.astype("uint8").tolist()) for color in
colors_of interest),reverse=True)

print(color_list)
with open("csv_files/percentage coverage file.csv", 'w+') as f:
f.write('image name,sample(no. of pixels) ,backgroud (no. of
pixels),sample percentage coverge,particle count,background percentage\n')
for file in glob.glob(images folder+"/*.jpg"):
original img = cv2.imread(file)
original img = cv2.cvtColor(original img,cv2.COLOR BGR2RGB)
resized image = cv2.resize(original img, (400, 400))
#hsv format of image
img_hsv = cv2.cvtColor(resized image, cv2.COLOR RGB2HSV)

hsv_sample = cv2.cvtColor(np.uint8([[color list[0]]]), cv2.COLOR RGB2HSV)
hsv_background = cv2.cvtColor(np.uint8([[color list[1]]]), cv2.COLOR RGB2HSV)

#defining lower and upper limit for sample color for the purpose of masking (yellow color spots)
lowerLimit_sample = (int(hsv_sample[0][0][0] - 10), 100, 20)
upperLimit sample = (int(hsv_sample[0][0][0] + 10), 255, 255)

#defining lower and upper limit for background color for the purpose of masking (green)
lowerLimit_background = (int(hsv_background[0][0][0] - 10), 100, 20)
upperLimit background = (int(hsv_background[0][0][0] + 10), 255, 255)

#creating mask for sample
mask sample = cv2.inRange(img_hsv, lowerLimit sample, upperLimit sample)
output_sample = cv2.bitwise and(resized image, resized image, mask=mask sample)

#creating mask for background

mask background = cv2.inRange(img_hsv, lowerLimit background,
upperLimit background)

output background = cv2.bitwise and(resized image, resized image,
mask=mask background)

#masking background, so as to count number of non-zero pixels left that define the sample
sample count = np.count_nonzero(output_sample)
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background count = np.count_nonzero(output background)

#using pixel count for both background and sample, calculating the percentage of pixels
belonging to the sample
sample percentage = (sample count*100)/(sample count+background count)
gray sample = cv2.cvtColor(output_sample, cv2.COLOR_BGR2GRAY)

_, contours, = cv2.findContours(gray sample, cv2.RETR LIST,
cv2.CHAIN_ APPROX SIMPLE)
particle_count = sum(cv2.contourArea(cnt) > 0.5 for cnt in contours)

#writing into a file
print('{0},{1},{2},{3},{4},{5} \n'.format(file.split("\\")[ 1], sample count,

background count,sample percentage,particle count,100-sample percentage ))
fowrite('{0},{1},{2},{3},{4},{5} \n".format(file.split("\\")[ 1], sample count,

background count,round(sample percentage,2),particle count,round(100-sample percentage,2

)
f.close()
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APPENDIX 2: SUPPLEMENTARY INFORMATION — HIGH SPATIAL RESOLUTION
FLUORESCENCE IMAGERY FOR OPTIMIZED PEST MANAGEMENT WITHIN A
CITRUS GROVE

Table A2.1 Field study details.

Date 10/16/2018 10/16/2018 10/18/2018 10/18/2019 4/17/2019 4/17/2019
Tree Age (yr)* ~1 ~3 ~1 ~3 ~1 ~3
Aerial/Ground Spray Ground Ground Aerial Aerial Ground Ground
Sprayer Type Side Speed Airplane Airplane Side Speed
Sprayer Name Newton Crounch | FM Copling Air Tractor Air Tractor Newton Crounch | FM Copling
Nozzle Type (#) $§§ggg??¥§ Eg; D3-C25 (18) |Flat Fan #15 (86) |Flat Fan #15 (86) $§;ggg:g¥§ Eg; D3-C25 (18)
il s : 5 : o
Dye Red Red Red Red Red Red
Dye Concentration (g/L) 1.5 1.5 4.3 4.3 3.12 2.8
Temperature (°C) 32.8 29.8 26.8 26.8 29.2 281
Wind Speed (mph) 10.5 11.3 6.9 6.9 5.0 4.0
Wind Direction ESE ESE ENE ENE ESE ESE
Humidity 62% 75% 88% 88% 54% 55%
Heat Index 39.8 35.6 30.7 30.7 30.6 28.9
Time of application 1:30 PM 10:30 AM 9:30 AM 9:30 AM 2:00 PM 12:30 PM
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Figure A2.1 Box and whisker plot showing percent coverage of all samples from Field Study 1 (n = 1020
samplers), grouped by application type (aerial vs ground application), age of tree (young vs old), side of leaf (top
vs bottom). Stars (*) indicate a significant difference (p < 0.05, n = 120) between the two groups connected by the
line. No significant difference is indicated by “nd.”
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Table A2.2 Comparison of percent coverage between top and bottom of leaf from Field Study 1 (October 2018), sorted by application
type and tree age.

Top of Leaf Bottom of Leaf
Mvve | Age | Depth | Height | Ave | SeDev | ave | supen | gl AT

Aerial Young Inner Lower 3.76 9.01 0.09 0.17 42.24

Aerial Young Inner Middle 6.47 11.94 0.11 0.25 61.35

Aerial Young Inner Upper 10.26 7.19 0.24 0.43 42.83 46.66 +
Aerial Young | Outer Lower 9.31 9.97 0.08 0.16 123.42 43.86
Aerial Young Outer Middle 12.03 10.80 1.58 6.19 7.62

Aerial Young Outer Upper 8.52 12.44 3.44 6.73 2.48
Ground Old Inner Lower 14.29 21.42 1.60 2.39 8.92
Ground Oold Inner Middle 20.74 22.59 0.59 0.62 35.33

Ground Old Inner Upper 19.39 24.83 10.27 1591 1.89 8.87 +
Ground old Outer | Lower | 3699 | 3397 | 11.54 | 23.15 3.21 13.25
Ground Oold Outer Middle 55.29 36.91 19.88 25.76 2.78

Ground Old Outer Upper 46.32 34.05 42.44 32.58 1.09

Ground Young Inner Lower 15.56 14.68 1.57 1.35 9.89

Ground Young Inner Middle 40.01 30.58 2.74 5.80 14.62

Ground Young Inner Upper 64.82 27.43 6.13 5.10 10.57 9134377
Ground Young Outer Lower 50.65 33.71 6.34 19.25 7.99

Ground Young Outer Middle 77.23 27.21 8.95 15.25 8.63

Ground Young Outer Upper 78.06 25.18 25.36 32.35 3.08
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Table A2.3 Comparison of percent coverage between aerial and ground application from Field Study 1 (October 2018), sorted by side of leaf.

Aerial Application Ag)li(i)cu;;ﬁ)n
S;ieaﬁf irge: Cl;l:];)tll)ly (I/:Iaelil(g)lll)z Avg. St. Dev. Avg. St. Dev. (GroﬁﬁtcljoArerial) Avlg).etSt.
Top Old Inner Lower 0.67 0.92 14.29 21.42 21.28
Top Oold Inner Middle 1.33 2.08 20.74 22.59 15.57
Top Oold Inner Upper 1.69 2.17 19.39 24.83 11.50
Top Oold Outer Lower 2.59 2.82 36.99 33.97 14.31
Top Oold Outer Middle 3.54 4.50 55.29 36.91 15.60
Top Old Outer Upper 4.02 5.52 46.32 34.05 11.53
10.62 +5.26
Top Young Inner Lower 3.76 9.01 15.56 14.68 4.13
Top Young Inner Middle 6.47 11.94 40.01 30.58 6.19
Top Young Inner Upper 10.26 7.19 64.82 27.43 6.32
Top Young Outer Lower 9.31 9.97 50.65 33.71 5.44
Top Young Outer Middle 12.03 10.80 77.23 27.21 6.42
Top Young Outer Upper 8.52 12.44 78.06 25.18 9.16
Bottom Old Inner Lower 0.15 0.32 1.60 2.39 10.96
Bottom Old Inner Middle 0.09 0.13 0.59 0.62 6.78
Bottom Old Inner Upper 0.14 0.18 10.27 1591 73.98
Bottom Old Outer Lower 0.13 0.24 11.54 23.15 86.49
Bottom Old Outer Middle 0.56 1.81 19.88 25.76 35.38
Bottom Old Outer Upper 0.93 1.40 42.44 32.58 45.42 35.44 +
Bottom | Young Inner Lower 0.09 0.17 1.57 1.35 17.65 30.38
Bottom Young Inner Middle 0.11 0.25 2.74 5.80 25.96
Bottom Young Inner Upper 0.24 0.43 6.13 5.10 25.60
Bottom Young Outer Lower 0.08 0.16 6.34 19.25 84.03
Bottom Young Outer Middle 1.58 6.19 8.95 15.25 5.67
Bottom Young Outer Upper 3.44 6.73 25.36 32.35 7.37
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Field Study 1: Aerial Application
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Figure A2.2 Bar graph of percent coverage of dye on top (orange) and bottom (blue) of leaves from Field Study
1: aerial application, divided into locations within young and old trees. Each bar is the average of 20 samplers, and
the error bars represent £1o around the mean. Stars (*) indicate a significant difference (p < 0.05, n = 20) between
the two groups connected by the line (p < 0.05).
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Figure A2.3 2D density plot of percent coverage of dye on bottom (left) and top (right) of leaves from Field Study
1: aerial application. Each plot is divided into 6 sampling locations. Each cell corresponds to one sampler, for a
total of 20 samplers per location. The percent coverage is represented by a color scale, from 0% (yellow) to 50%
coverage (blue). The white cells are missing samplers.

135



Table A2.4 Comparison of percent coverage between outer and inner canopy from Field Study 1
(October 2018) as applied by ground tractor and sorted by tree age.

Inner Canopy Outer Canopy
Tree Side of | Canopy Factor Avg. £ St.
Age | Leaf | Height | AV® | St-Dev. | Avg. | St.Dev. |y ier/inner) Dev.
Old Top Lower | 1429 | 21.42 | 36.99 | 33.97 2.59
Old Top Middle | 20.74 | 22.59 | 5529 | 3691 2.67
Old To Upper 2.39
p pp 19.39 24.83 46.32 34.05 81+ 1241
Old Bottom | Lower 1.60 2.39 11.54 23.15 7.20
Old Bottom | Middle 0.59 0.62 19.88 25.76 33.86
Old | Bottom | Upper | 10.27 1591 4244 | 32.58 4.13
Young Top Lower | 15.56 14.68 50.65 33.71 3.26
Young | Top Middle | 40.01 30.58 | 77.23 | 27.21 1.93
Youn To Upper 1.20
g P pp 64.82 27.43 78.06 25.18 2974117
Young | Bottom Lower 1.57 1.35 6.34 19.25 4.03
Young | Bottom | Middle 2.74 5.80 8.95 15.25 3.27
Young | Bottom | Upper 6.13 5.10 2536 | 32.35 4.14
- Field Study 1: Ground Application
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Figure A2.4 Bar graph of percent coverage of dye on top (orange) and bottom (blue) of leaves from Field Study
1: ground application, divided into locations within young and old trees. Each bar is the average of 20 samplers,
and the error bars represent +1c around the mean. Stars (*) indicate a significant difference (p < 0.05, n = 20)
between the two groups connected by the line.
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Concentration (ug cm2)

Field Study 1: Aerial Application

Field Study 1: Ground Application

Field Study 2: Ground Application
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Figure A2.5 Correlation plots of pesticide amount vs percent area for Field Study 1 (October 2018) and Field
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Study 2 (April 2019). n = 510 samplers per application group.
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Figure A2.6 Comparison of Field Study 1 (Oct 2018) and 2 (Apr 2019) in young (A) and old (B) trees. For the
young trees, the application rate was decreased from 35 GPA to 20 GPA during Field Study 2. For the old trees,
the application rate was increased from 50 GPA to 90 GPA during Field Study 2. The tops of the leaves are the
orange bars while the bottom of the leaves are the blue bars. Each bar is the average of 20 samplers, and the error
bars represent =1c around the mean. Stars (*) indicate a significant difference between field studies at that location

in the tree (p < 0.05, n = 20).
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Table A2.5 Comparison of Field Study 1 and Field Study 2 for the young trees with insecticide and dye applied by a side sprayer
(ground application).

Field Study 1 Field Study 2
(Oct ’18 — 35 GPA) (Apr ’19 —20 GPA)

]:ge: SiLd(;‘f’f Cl;‘:];’tll’ly %‘32}:{ Avg. | St.Dev. | %RSD | Avg. | StDev. | %RSD | OF;jK’;r) AVI’C’)":V“.St'
Young Top Inner Lower 14.29 21.42 149.90 3.39 9.03 266.72 4.22
Young Top Inner Middle 20.74 22.59 108.90 5.71 15.28 267.44 3.63
Young Top Inner Upper 19.39 24.83 128.05 | 21.73 31.54 145.14 0.89 5344131
Young Top Outer Lower 36.99 33.97 91.83 21.01 36.23 172.48 1.76
Young Top Outer Middle 55.29 36.91 66.75 25.71 32.34 125.77 2.15
Young Top Outer Upper 46.32 34.05 73.51 33.58 36.97 110.10 1.38
Young Bottom Inner Lower 1.60 2.39 148.87 0.57 0.99 174.54 2.83
Young Bottom Inner Middle 0.59 0.62 104.79 2.07 6.20 300.05 0.28
Young Bottom Inner Upper 10.27 1591 154.88 2.45 8.48 345.75 4.19 .
Young Bottom Outer Lower 11.54 23.15 200.60 1.02 1.64 160.04 11.28
Young | Bottom Outer Middle 19.88 25.76 129.57 1.91 2.92 153.25 10.43
Young | Bottom Outer Upper 42.44 32.58 76.76 7.06 19.83 280.71 6.01
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Table A2.6 Comparison of Field Study 1 and Field Study 2 for the old trees with the insecticide and dye applied by a speed sprayer
(ground application).

Field Study 1 Field Study 2

(Oct 18 — 50 GPA) (Apr ’19 — 90 GPA)
rl{;r;: S;(‘ieea(f)f C];l:[;)tll)ly (I:-Iaer;(g)ll:f Avg. St. Dev. | %RSD Avg. St. Dev. | %RSD ( :;rc/t((;z t) é:vlg)e:f,
old Top Inner Lower | 15.56 14.68 9437 | 57.01 36.34 63.74 3.66
old Top Inner Middle | 40.01 30.58 76.44 | 61.41 38.88 63.30 1.53
old Top Inner Upper | 6482 | 27.43 4231 | 78.80 18.68 23.71 1.22 1.62 +
old Top Outer Lower | 50.65 33.71 66.55 | 64.97 35.37 54.44 1.28 1.02
old Top Outer Middle | 77.23 27.21 3523 | 8320 | 3331 40.04 1.08
old Top Outer Upper | 78.06 | 25.18 3226 | 7274 | 39.63 54.48 0.93
Old | Bottom | Inner Lower 1.57 1.35 85.89 | 43.81 29.35 66.99 27.85
Old | Bottom | Inner Middle | 2.74 5.80 211.98 | 51.11 37.10 72.59 18.67
Old | Bottom | Inner Upper 6.13 5.10 83.11 | 61.86 | 31.12 50.30 10.09 1231 +
Old | Bottom | Outer Lower 6.34 19.25 303.84 | 43.40 38.07 87.71 6.85 9.25
Old | Bottom | Outer Middle | 8.95 15.25 17039 | 66.75 33.10 49.58 7.46
Old | Bottom | Outer Upper | 2536 | 3235 127.55 | 74.03 32.19 43.48 2.92
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APPENDIX 3: SUPPLEMENTARY INFORMATION — DESIGN AND APPLICATION OF A
SELF-PUMPING MICROFLUIDIC STAGGERED HERRINGBONE MIXER

Figure A3.1 Schematic of herringbone grooves design overlaid with design for tape channels, made in
CorelDraw and fabricated into glass and tape with an Epilog Zing laser cutter.

Rpv: 175.33 pm Rq: 44.012 pm Ra: 38.147 um Roc: 753!
LA w
+/

500 1000 1500 2000 pm

Figure A3.2 Optical profilometer data of the herringbone grooves.
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A3.1 ImageJ Analysis

To evaluate the degree of mixing, a still image of the blue and yellow dye reaction was
analyzed. A rectangle before the herringbone and after the herringbone was selected for analysis
(Figure A3.3). Briefly, the color threshold function in Image] (Image > Adjust = Color

Threshold) was used to isolate each color (blue, yellow, and green). The number of thresholded

Figure A3.3 Image] analysis regions, marked by red boxes, to evaluate degree of mixing before and after
herringbone grooves for 3 devices: A. 0 slides with herringbone grooves (straight channel) B. 1 slide with
herringbone grooves, 1 slide without grooves C. 2 slides with mirrored herringbone grooves.
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pixels was counted for each color in the rectangle before and after the herringbones (Analyze =

Histogram) and converted to a percent of the total number of pixels in the rectangle.
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Figure A3.4 Reaction of nickel (Ni) and dimethylglyoxime (DMG).
Reduced Peroxidase Oxidized
H,O, + o-dianisidine ——— =  o-dianisidine
(colorless) (brown)

Figure A3.5 Reaction of hydrogen peroxide, o-dianisidine, and hydrogen peroxidase.

A3.2 Determining Michaelis-Menten Constants

To determine Michaelis-Menten constants of the enzymatic reaction, videos of the reaction
were analyzed. First, the videos were spliced into frames using Adapter. A rectangle right after the
herringbone grooves was analyzed for the average red, green, and blue (RGB) pixel values (Figure
A3.6). The color change was measured by calculating the Euclidean distance between the RGB
values of just the channel (baseline) and the RGB values of the channel with product to give a
graph of distance in RGB space vs. time for each substrate concentration (Figure A3.7). The
reaction rate for each concentration was determined by taking the slope of the linear portion of
each curve. The average color intensity was converted to substrate concentration using a
calibration curve. The calibration curve was generated by plotting maximum color intensity vs.
known substrate concentration and plotting a linear regression line. From this, a graph of reaction

rate (mmol s') vs H2O, concentration was generated. Vmax and K values were calculated by
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generating a Lineweaver-Burk plot. 1/[S] was plotted vs. 1/v and the inverse x- and y-intercepts

were obtained.

Figure A3.6 Image] analysis regions of the reaction of hydrogen peroxide (top droplet) with hydrogen
peroxide and o-dianisidine (bottom droplet).
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Figure A3.7 Graph of Euclidean distance in RGB space vs time for each substrate (hydrogen peroxide)
concentration (mM).
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APPENDIX 4: PUMP-FREE MICROFLUIDIC RAPID MIXER COMBINED WITH A
PAPER-BASED CHANNEL

Capillary forces are commonly employed to transport fluids in pump-free microfluidic
platforms such as paper-based microfluidics. However, since paper is a porous material consisting
of nonuniform cellulose fibers, it has some limitations in performing stable flow functions like
mixing. Here we developed a pump-free microfluidic device that enables rapid mixing by
combining paper and plastic. The device was fabricated by laminating transparency film and
double-sided adhesive and is composed of an overlapping inlet ending in a paper-based reaction
area. The mixing performance of the developed device was confirmed experimentally using
aqueous dyes and pH indicators. In addition, the absolute mixing index was evaluated by
numerically calculating the concentration field across the microfluidic channels. To demonstrate
the utility of the new approach, the detection of an organophosphate pesticide was carried out using
a colorimetric enzymatic inhibition assay. The developed device and a smartphone application
were used to detect organophosphate pesticide on food samples, demonstrating the potential for
on-site analysis. This work was published in ACS Sensors.! Dr. Ilhoon Jang developed the mixing
device and performed the numerical modeling. Dr. Daniel Blascke Carrdo and I developed and
performed the organophosphate detection reaction. I also assisted with the initial pH mixing
experiment as well as the editing of the manuscript.

A4.1 Introduction

Microfluidic devices that use capillary action to drive flow in a microchannel have attracted
attention as on-site analytical devices because they do not require an external pump system.? Paper
is a well-known material used to fabricate microfluidic channels and reaction areas in capillary-
driven microfluidic devices, also called microfluidic paper-based analytical devices (WPADs).3
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In these devices, colorimetric or electrochemical detection of analytes occurs when a fluid flows
through the paper layer, driven by capillary forces, into a reaction area.®” While paper has shown
great potential as a substrate for analytical devices, flow is based on the inherent pore structure of
the specific paper and therefore can be difficult to control. For example, sample evaporation and
paper swelling can occur, resulting in unexpected changes in flow.!%!3 In addition, the mixing
performance of single-layer uPADs cannot be manipulated by changing the flow rate or diffusion
coefficient due to the mechanical dispersion characteristics of the paper.'*

Rapid mixing in a microfluidic platform is important for many applications like complex
chemical reactions, drug delivery, and nucleic acid synthesis, among others.!> '® However, the
implementation of rapid mixing has been a challenge because the flow within microfluidic
channels is laminar, and mixing is only achieved by diffusion at the fluid interface. Various
methods have been used to enhance mixing and can be categorized as active and passive
micromixers.!” ¥ Active micromixers employ an external force such as pressure, temperature, or
acoustic waves to achieve high mixing performance. Passive mixers improve mixing performance
by increasing the interface area of the different liquids or by manipulating the laminar flow within
the microchannel using serpentine or herringbone structures. Passive mixing systems also have the
advantage of not requiring external equipment for mixing. Various active and passive mixing
systems have also been applied to improve mixing performance in pPADs.'* > 2* Among these
mixing systems, the lamination method, where overlapping channels increase the interface area of
two fluids, has shown promise to significantly improve mixing performance.

The concept of laminating layers to form microfluidic channels was first introduced in
2001, for low-cost rapid prototyping of microfluidic channels.?! In the lamination method, the

channel geometry of each layer was formed before aligning and bonding with each other. Different
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22,23 acrylic sheets,>* glass slides,?® paper,?® and transparency

materials, such as polyester film,
film,?”> 2 have been bonded by double-sided adhesive (DSA), ethylene-vinyl acetate, oxygen
plasma, or toner. The availability of various materials implies that the channel characteristics can
be adjusted by changing the top and bottom layers covering the microchannel. In addition, the
channel height can be adjusted by changing the thickness and number of DSA layers. Another
feature of the lamination method is that multi-layered channels can be fabricated simply by
stacking each layer. Although the lamination method has some advantages, it has seldomly been
used for making microfluidic channels due to the low resolution of the channel geometry and the
possibility of leakage between layers in pressure-driven devices.?’ However, capillary-driven
devices that employ pressure drop on the fluid front decrease in pressure within the channel, and
the pressure gradient along the channel decreases as flow distance increases.’® Therefore,
lamination-based channels can be employed in capillary-driven devices without worrying about
leakage due to pressure.

Organophosphate pesticides (OPs) are the most commonly used insecticides worldwide,
making up over 35 % of the applied insecticides in the US.*! However, since the toxicity of OPs
is related to several health conditions such as neurotoxicity,>? infertility,** Alzheimer’s disease,>*
Parkinson’s disease,>® and cancer,’® the ingestion of food contaminated by OPs presents a potential
risk to human health.>’*° Therefore, the development of an on-site OP analysis platform is
essential for food safety. Traditional analytical techniques such as high-performance liquid
chromatography (HPLC), gas chromatography (GC), and capillary electrophoresis (CE) have been
applied to evaluate the presence of OPs in food samples.**#?> Although traditional techniques can
sensitively detect OPs, they are not suitable for field-based analysis because of the need for trained

analysts and expensive equipment in a centralized laboratory.** Enzymatic reactions are popular
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for the rapid detection of OPs, due to their sensitivity and selectivity.** Recent studies using uPADs
have shown acetylcholinesterase (AChE) activity can be used for OP detection based on AChE
inhibition.**’ In these studies, each uPAD used different channel geometries to mix the AChE
and OP in the device. Despite successful OP detection (6 nmol L™ limit of detection),* mixing in
previous studies was not efficient or rapid because it occurred in a single-layer paper-based
channel.

In this study, we report a new, highly efficient, pump-free microfluidic mixer and
demonstrate its use for the analysis of OPs on food samples. The passive mixer was fabricated by
laminating transparency film and double-sided adhesive to form overlapping inlets, with
colorimetric detection realized on a paper layer. First, we confirmed the mixing performance of
the developed capillary-driven microfluidic device with dyed fluids and a pH indicator. The
absolute mixing index in the mixing devices was numerically calculated. Then, we used the mixer
for the determination of OPs using a colorimetric acetylcholinesterase inhibition assay.*® %
Different concentrations of one OP (malathion) were measured by analyzing the color of the mixed
eluent collected on paper. Finally, we demonstrated OP detection on food samples (apple,

cucumber, and tomato) and analysis with a smartphone application to show the potential as an on-

site device.

A4.2 Materials and Methods
A4.2.1 Materials

Ultrapure water (R >18.2 MQ cm at 25 °C, Milli-Q, Millipore) or methanol (HPLC grade)
were used for preparing all solutions. Blue dye (erioglaucine, 800 pmol L), yellow dye

(tartrazine, 1870 umol L), phenol red (10 mmol L!, pH 4), and sodium hydroxide (10 mmol L™,
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pH 12) solutions were used for the mixing performance experiments. The organophosphate
pesticide solution was prepared in an aqueous methanol solution (70 % v/v MeOH: H20) with
different concentrations of malathion (>98.0 %) ranging from 0.001 to 5 pmol L.
Acetylcholinesterase from Electrophorus electricus (electric eel) was used as an enzyme. The
acetylcholinesterase solution was prepared in tris(hydroxymethyl)aminomethane/potassium
chloride (Tris-KC1) buffer (20 mmol L', pH 7.4) + 10 % (m/v) bovine serum albumin (BSA) at
200 U mL™". The indicator solution was prepared with indoxyl acetate (>98.0 %) in methanol at
100 pmol L', All chemicals were purchased from Sigma Aldrich (St. Louis, Missouri), except as
noted above. The prepared solutions were stored at —20 °C and brought to 25 °C for 30 minutes
before the experiment. The malathion insect spray concentrate (Spectracide) and food samples
such as apple, cucumber, and tomato were purchased from a local grocery market in Fort Collins,

CO, USA 1 day before the spray experiment.

A4.2.2 Device Fabrication

Figure A4.1a shows the developed capillary-driven microfluidic mixer consisting of two
inlets, two microfluidic channels, and one outlet connected to a fan-shaped paper layer. The mixing
device composed of 5 layers was fabricated by laminating transparency film (PP2500, 3M) and
double-sided adhesive (467MP, 3M), as shown in Figure A4.1b and 1c. The top and bottom layers
of transparency (light grey) cover the channel area, while the middle layers of transparency and
tape define the channel geometry and height. Two inlet channels are formed in the 2™ and 4"
layers out of tape and separated with transparency film (3™ layer, light grey). Two different

geometries of the 3™ layer form a side-by-side inlet or overlapping inlet channels. These are
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Figure A4.1 Schematics of the capillary-driven microfluidic mixer. (a) Assembled mixing device. The geometry
of double-sided adhesives and transparency films for (b) overlapping inlet and (c) side-by-side inlet channels.
Layers 1, 3, and 5 consist of transparency film (light grey) while layers 2 and 4 are made of double-sided adhesive
(dark grey). The red circle indicates the different geometry of each channel type. (d) Cross-sectional view along
the a-a’ line in Figure A4.1a.

distinguished by whether a third layer exists in the main channel after the junction area or not, as
marked with red circles in Figure A4.1b and c. For both geometries, the inlet channel has a height
of 65 um which is formed with one layer of DSA, and the main channel is 230 um tall which
includes 100 um of height from one layer of transparency film with two layers of DSA. All
channels are 3 mm wide. Chromatography paper (Grade 1 CHR, Whatman) was used to fabricate
the fan-shaped paper which has a 9.5 mm radius with 180 degrees. The fan-shaped paper also has
a rectangular area (3 mm x 1 mm) at the center of the half-circle which is inserted at the outlet of
the mixing device after assembling the DSA and transparency film layers. All channel areas and
fan-shaped paper were designed using design software (CoreIDRAW X4, Corel) and cut using a

laser cutter (Zing 10000, Epilog Laser).

A4.2.3 Numerical Analysis Method
Numerical analysis was performed using in-house MATLAB code. The main channel
region with a 3 mm width, 6 mm length, and 0.23 mm height was generated with 200,000
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hexahedral meshes. We used the first-order forward discretization in the time and x-direction and
the second-order central discretization in the y-direction and z-direction to obtain the finite
difference equation. The time interval for the calculation was 0.001 s and the total flow time was
30 s. A constant concentration, zero-gradient, and zero-flux were used to represent inlet, outlet,
and wall boundary conditions, respectively. We set all regions of interest to zero concentration

initially and applied boundary conditions such as side-by-side inlet and overlapping inlet.

A4.2.4 Acetylcholinesterase Inhibition Assay

The concentrations and volumes of the indoxyl acetate solution, the concentration of the
acetylcholinesterase solution, and reaction time were previously optimized. The fan-shaped paper
was prepared by dropcasting 20 puL of indoxyl acetate solution (25 pmol L™ in methanol) onto the
paper and placing it in the fridge for 10 min to dry the methanol before inserting in the device. For
the assay, 15 uL of the acetylcholinesterase solution and 15 pL of water: methanol solution (70:30
v/v), pesticide solution (malathion), or sample solution were pipetted on the device inlet areas.

After 15 min of reaction, a picture of the fan-shaped paper was taken using a smartphone camera.

A4.2.5 Image Analysis

The images of the fan-shaped papers were taken using a smartphone camera under
laboratory conditions. To analyze the images, we evaluated which color channel presented the best
correlation vs malathion concentration. The entire area of each fan-shaped paper was averaged
after splitting the image into the red, blue, green, and gray color components using ImagelJ software
(NIH). The intensity values of each color component range from 0 to 255. The red channel was

selected for the analysis since it had the best correlation with the malathion concentration. Finally,
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the normalized intensities were calculated based on the mean red intensity of the blank paper

(221.86). Details are described in Appendix 5.1.

A4.2.6 Malathion Determination in Food Samples

To simulate the presence of pesticides on food samples, a malathion insect spray
concentrate (Spectracide) solution was sprayed on apples, cucumbers, and tomatoes using a spray
chamber (Devries Generation 4 Research Track Sprayer, Hollandale, MN, USA) equipped with a
Teelet 8002EVS8 spray nozzle (Glendale Heights, IL, USA). Details are described in Appendix
AS5.4. The sprayed malathion on apples, cucumbers, and tomatoes was extracted from a total of
nine different samples using a “paste, peel off, solubilize” procedure similarly as described by
Jiang et al.>® The adhesive tape (Scotch, 3M) with 12 x 12 cm was pasted in the peel of the food.

After then, the tape was peeled off and solubilize in water: methanol solution (70:30 v/v).

A4.2.7 Smartphone Application

The smartphone application was developed for an iPhone 11 Pro through Xcode (Apple).
The first step is to capture or load an image from the library. We prepared the images of the fan-
shaped paper by cutting out the outer area of the paper so that the application can recognize the
fan-shaped area. The color analysis steps consisted of image select, image analysis, and display
results. The application splits the original image into the red, green, and blue color channels and
calculated the grayscale values (R + G + B /3). Each color component was displayed on the
smartphone screen after averaging over the paper area. Finally, the pesticide concentration was

calculated based on the calibration curve.
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A4.3 Results and Discussion
A4.3.1 Mixing Experiments

A capillary-driven microfluidic mixer consisting of two inlets, two microfluidic channels,
and one outlet connected to a fan-shaped paper layer was fabricated from transparency film and
double-sided adhesive (DSA) (Figure A4.1). The inlet and main channels have heights of 65 and
230 um, respectively, and surface tension acts to transport the fluid from the inlet through the
device. In the capillary-driven mixer system, which consists of a closed channel, the two fluids
should enter the main channel area at the same time to ensure mixing. If one fluid enters the main
channel before the other, air is trapped between the two fluids, causing the second fluid to stop at
the inlet channel. An abrupt change in channel geometry has been used to halt the flow in capillary-
driven microfluidic channels in a concept called a trigger valve.’! This geometry can be used to
simultaneously release multiple fluids into the downstream channel.*? Since our device has a large
height difference between the inlet and main channels, the inlet channel worked as a simultaneous
inflow system. Therefore, even though each fluid was injected manually, two fluids can flow

simultaneously without air trapping problems (Figure A4.2).

fan-shaped
paper

Figure A4.2 Sequential images after injecting blue and yellow dyes on each inlet of the mixer device. The blue
dye (a) flows first and (b) stops at the junction until (c) the yellow dye arrives. (d) Finally, both fluids meet each
other and flow the main channel. The flow time between (a) and (d) was about 1 s.

After the fluid front reaches the fan-shaped paper at the outlet, the paper layer acts as a
capillary pump to sustain flow. Since the fan-shaped paper can provide a constant flow to its
upstream, as introduced previously,>*¢ flow in the main channel is maintained as the fluid wets

the paper layer. The constant flow rate implies that the mixer can continuously mix the two fluids
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without interfering with mixing performance. Alternatively, the outlet of the main channel can be
considered a reservoir for supplying fluid to the fan-shaped paper. This configuration enables the
fast wetting of the paper because the flow length from the source to the end of the paper is short.
The total flow time to wet a paper was about 40 s which is much shorter than the paper-based
mixer (5 min) developed by Kang et al. with a similar length and geometry.>’

Mixing of the two fluids occurs at their interface in the main channel. To increase the
interface area'” '* between the two solutions, we devised a method of fabricating overlapping inlet
channels by laminating DSA and transparent films. The method also provides the ability to define
the channel geometry during the cutting process as well as easily constructing multi-layer
geometries through lamination. The overlapping inlet channels are separated using transparency
film in the center (Figure A4. 1d) and are connected to the main channel without interference with
each other. Two inlet channels placed in different vertical positions establish a long interface
between the two solutions while maintaining a short mixing distance in the horizontal direction,
resulting in rapid mixing.

To confirm the mixing performance of the overlapping inlet channels, we compared the
mixing flow of overlapping inlet channels to side-by-side inlet channels. The dimensions of the
two channel types are the same; just the inlet geometry was changed. The side-by-side inlet channel
was fabricated by replacing the 3rd layer (transparency film) with a different design. Aqueous
droplets of blue and yellow dye (15 puL) were placed at the entrance of the inlet channels (Figure
A4.3a). Since the two fluids are mixed in the main channel and flow into the fan-shaped paper for
both configurations, we can confirm the mixing performance by comparing colors in the main
channel and fan-shaped paper. As shown in Figure A4.3a, mixing only occurs at the interface of

the blue and yellow dye in the side-by-side inlet channel (i). In contrast, the overlapping inlet
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Figure A4.3 Images of mixing experiment for (a) blue and yellow dye and (b) phenol red (pH 4) and sodium
hydroxide (pH 12) solutions. All images were captured right after the fan-shaped paper was fully wetted. (c)
Concentration fields of a cross-sectional plane along the main channel. Concentrations are represented with colors.
(d) Absolute mixing index (AMI) plot along the distance from the junction. In Figure A4.3b, side-by-side inlet
and overlapped inlet channel marked by i) and ii), respectively.

channel (i1) mixes completely, producing a green color in the entire area of the main channel and
fan-shaped paper. To further prove mixing is occurring, phenol red and sodium hydroxide
solutions were used to demonstrate a simple chemical reaction (Figure A4.3b). Like the dye
experiments, the overlapping inlet channel shows a much higher mixing performance than the side-
by-side inlet channel, resulting in a uniform color change in both the main channel and paper layer.
Interestingly, uniform green and pink colors appeared immediately at the main channel entrance
along the entire channel width for both mixing experiments. This demonstrates that the long

interface formed by the overlapping inlets dramatically improves mixing performance.

A4.3.2 Numerical Analysis of Mixing Performance

The quantitative mixing performance of the laminated devices was compared by
performing a numerical simulation for each device. To describe the concentration fields in the
main channel, we used the following three-dimensional convection-diffusion (C-D) equation:

09/ ot = D(0%0/ dy? + 0%@/ 0z%) — U 09/ dx (1)
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where @ is concentration, t is time, D is diffusivity, and U is flow velocity in the x-direction.’® The
C-D equation has previously been used to describe the mixing flow in microfluidic channels.'*
The main channel geometry of the actual mixing device is 6 mm long, 3 mm wide, and 0.23 mm
tall. Velocity and diffusivity in the C-D equation were obtained from the phenol red/sodium
hydroxide experiments. Details of numerical simulation are described in Appendix 5.2. Figure
A4.3c¢ shows the simulated concentration fields of cross-sectional views of the side-by-side inlet
(1) and overlapping inlet (i1) channels. The 0 mm plane represents the inlet conditions formed for
each geometry. Although the occupied area of each fluid is the same at the inlet, the concentration
field develops differently as the fluid moves downstream. This is because the overlapping inlet
channel has a long interfacial length as well as a short mixing distance. We calculated an absolute
mixing index (AMI) that indicates the mixing performance with values from 0 (perfect mixing) to
1 (non-mixing). Details of the AMI are described in Appendix A5.3. Figure A4.3d shows the AMI
variation vs distance from the junction for two mixing channels. At the inlet area (0 mm), both
channels have an AMI value of 1 (no mixing). However, the AMI values of the overlapping inlet
channel decrease rapidly as distance increases, unlike the side-by-side inlet channel. For example,
at 3 mm from the inlet, the AMI of the overlapping inlet channel is less than 0.15, while the side-
by-side inlet channel still has a value greater than 0.9. Since the AMIs were calculated based on
the phenol red/sodium hydroxide experiments, the AMI result does not indicate the absolute
performance of the mixer. The mixing result will vary with the flow characteristics such as the
diffusivity and velocity. However, the results of the mixing experiments and numerical simulations
show that the mixing device consisting of the overlapping inlet can mix the two fluids extremely

fast in a short distance and transport it to the fan-shaped paper without using an external pump.
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A4.3.3 Pesticide Determination

The developed capillary-driven microfluidic mixer was used for the determination of
organophosphate pesticides (OPs) through a colorimetric enzymatic inhibition assay.*>>% ¢ We
employed acetylcholinesterase as the enzyme and indoxyl acetate as the indicator.®! ©> The
indicator is converted into a blue product in a reaction catalyzed by the enzyme. The presence of
OPs inhibits the activity of the enzyme, causing decreased blue product formation which correlates
to the concentration of OPs. To implement the colorimetric OP analysis in the capillary-driven
mixing device, OP sample (malathion) and enzyme solutions are mixed in the overlapping inlet
channel and then react with the indoxyl acetate indicator infused on the fan-shaped paper to form
a blue product. In this assay, the fan-shaped paper functions as a capillary pump as well as the
reaction area. The fan-shaped paper was completely wetted by the mixed solution within 1 min,
and the color change of the fan-shaped paper was analyzed 15 min after the droplets were
introduced to the device. All experiments were carried out with a new mixing device because the
flow characteristics can change after the channel is wet.

Figure A4.4 shows the results of OP determination using the capillary-driven microfluidic
mixer. We used nine different concentrations of the malathion ranging from 0 to 5.00 umol L.
Figure A4.4a presents the images of the fan-shaped paper for all malathion concentrations. Since
malathion inhibits acetylcholinesterase, the blue color intensity decreases as the concentration of
malathion increases. In addition, the blue product is distributed uniformly on the paper due to the
rapid and complete mixing of malathion and enzyme solutions. The degree of inhibition could also
be affected by the incubation time between the malathion and the enzyme.®® In our mixing device,
the incubation time was about 6s before reaching the paper. The incubation time can be adjusted

by changing the length of the main channel or the shape of the paper layer. Since the changes in
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channel and paper size can affect the distribution of the blue product, the volume of each solution

should be optimized before performing the analysis.
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Figure A4.4 (a) Images of the fan-shaped paper for all evaluated concentrations of malathion. All images were taken
15 minutes after the droplets were introduced to the device. (b) Plot of the remaining enzyme activity versus
malathion concentration and the dose-response graph to determine the ICso value. (c) Normalized red intensity values
with respect to malathion concentration ranging from 0 to 5 pmol L. The inset shows the enlarged range of
malathion concentration from 0.1 to 0.5 umol L', The calibration curve is y = —42.27(+1.82) x + 42.82(+0.46)
with an R2 of 0.9875. All data points and error bars show the averages and standard deviations of 3 repeated
experimental results, respectively.

To demonstrate an application of the capillary-driven mixer using the enzymatic inhibition
assay, the concentration of malathion responsible for 50% inhibition of the enzymatic activity
(ICs0) was determined.®* The ICso value was based on the remaining activity values listed in Table
S1 in the Supporting Information. The remaining enzymatic activity was calculated using the
normalized mean red intensity of the entire fan-shaped paper. Figure A4.4b shows the dose-
response plot used to determine the ICso value for the inhibition of acetylcholinesterase activity by
malathion. The remaining activity follows the ICso curve with R?> = 0.9581. The obtained ICso
value was 0.22 £ 0.06 pmol L', which is within the literature values (0.05 — 25 pmol L!) reported
for acetylcholinesterase inhibition by malathion.%>*® This result demonstrates the potential
application of the capillary-driven microfluidic mixer for the determination of OPs. Next, the

normalized red intensity vs malathion concentration was plotted to evaluate the calibration curve.
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While the full evaluated range did not have a linear fit (Figure A4.4c), an acceptable linear
calibration curve was obtained using the concentration range from 10 to 500 nmol L™!. The limit
of quantification (LOQ) was 10 nmol L™!, which was determined based on the linear range of the
calibration curve. Below 10 nmol L}, the response, although detectable, was non-linear. The
obtained results were comparable to previous pesticide sensors using paper that showed the LOD

of 6 nmol L%

A4.3.4 Demonstration of Field-Based Organophosphate Detection

Finally, the developed method was applied to determine malathion on apples, cucumbers,
and tomatoes. Samples were sprayed with malathion, and a “paste, peel off, solubilize” procedure
using adhesive tape was used to extract the OP from the peel of the samples as shown in Figure
A4.52.°° The “paste and peel off” procedure allows pesticides to be easily extracted from the
surface of the vegetable and fruit peels due to the sticky and flexible feature of the adhesive tape.
The advantages of using this procedure are adhesive tape is an inexpensive and accessible material,

the extraction procedure is fast, and the procedure can be performed outside of laboratories by
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Figure A4.5 (a) Schematics of the “paste, peel off, solubilize” method used for extracting pesticides from food
samples such as apple, cucumber, and tomato. The solubilized solution was used as a sample solution. (b) Captured
image of the smartphone screen indicating the color analysis results and pesticide concentration. (c) Malathion
concentrations measured from the food samples. All data and error bar show the averages and standard deviations
of 3 different experimental results, respectively.
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anyone. To confirm the lack of interference from the adhesive tape in the colorimetric enzymatic
inhibition assay, a control experiment was performed, and it was confirmed that there is no
significant interference from the tape (Appendix AS.5, Figure AS.5).

Food samples sprayed with malathion were subjected to the extraction procedure using
adhesive tape and the colorimetric enzymatic inhibition assay using the capillary-driven
microfluidic mixer was performed. The color change of fan-shaped paper was analyzed using a
developed smartphone application for iPhone. Since the smartphone application contained the
color analysis function with a calibration curve, the concentration of malathion could be
determined without using a computer (Figure A4.5b). Although the smartphone application
displayed all color components of the image, it used only the red intensity to determine the
pesticide concentration. Figure A4.5¢ and Table A4.1 present the determined concentration of
malathion in each food sample (apple, cucumber, and tomato). The concentration of solubilized
samples was determined using the color of the fan-shaped paper and calibration curve (Figure
A4.4c). The measured concentration indicates the concentration of extract solution by adhesive
tape, and the concentration per unit area of the peel was calculated based on the area of adhesive
tape used for the extraction process. The converted mass-to-area ratio of the malathion on the apple
was 9.24 ng cm™ (calculated by the molar mass of malathion, 330 g mol™!) which was lower than

the literature value of 28.8 ng cm™ confirmed to be sufficient for actual applications.>°

Table A4.1 Results of malathion determination on the food sample.

Measured Concentration per
Food concentration unit area

[umol L] [nmol cm™]
Apple 0.20+0.05 0.028 +0.007
Cucumber  0.26+0.03 0.036 +£0.004
Tomato 026+0.12 0.036 £0.017
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Although all samples were exposed to the same experimental conditions, the pesticide on
the apple was ~20% lower than the cucumber and tomato. Also, the standard deviation for the
tomato is relatively large compared to others. This could be caused by differences in food sample
smoothness, shell thickness, or the nonuniformity of pesticide spraying.’® Also, large sampling
could help to improve the standard deviation. Improvement in the extraction process might
increase the performance of on-site pesticide analysis, allowing the accurate determination of food
safety. However, we confirmed that the extraction process, as well as a smartphone application,
have been successfully utilized with a colorimetric enzymatic inhibition assay in the mixer device
for the pesticide determination of food samples for the first time. This result shows that our method

has potential as an on-site device.

A4.4 Conclusion

In this work, we reported a capillary-driven microfluidic mixer for the analysis of
organophosphate pesticides (OPs). All the functions of the device, such as mixing, sample
transport, and analysis, were developed in consideration of an environment where the use of
equipment is limited. We employed simple paper, transparency film, and double-sided adhesive to
fabricate mixing devices, resulting in increased accessibility at low cost. The developed device
was fabricated by laminating transparency film and double-sided adhesive and consisted of an
overlapping inlet geometry. A fan-shaped paper was used at the end of the microfluidic channel to
maintain upstream flow and to provide a reaction/detection area. The mixing performance was
confirmed by comparing the overlapping inlet to a side-by-side inlet experimentally as well as
numerically. Combining the lamination-based and paper-based channel allows for stable flow

functions such as rapid mixing as well as a decreased wetting time of the paper layer. After that,
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we used the developed device to analyze OPs by a colorimetric acetylcholinesterase inhibition
assay. The pesticide determination was evaluated using the ICso curve and a linear calibration
curve was obtained ranging from 10 to 500 nmol L-!. Finally, OP determination in food samples
was successfully performed using the pump-free rapid mixer, a “paste, peel off, solubilize”

extraction procedure, and a smartphone application.
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APPENDIX 5: SUPPLEMENTARY INFORMATION — PUMP-FREE MICROFLUIDIC
RAPID MIXER COMBINED WITH A PAPER-BASED CHANNEL

AS5.1 Image analysis

The red channel was selected for further analysis since it had the best correlation with the
malathion concentration. The normalized intensities were calculated based on the mean red
intensity of the blank paper (221.86) as follows:

Normalized Mean Intensity = Mean Intensity of Blank — Mean Intensity of Sample (Eq. A5.1)
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Figure AS.1 Mean intensity values of (a) red, (b) green, (c) blue, and (d) gray color channels for the various
concentrations of malathion (0.01 — 1 pM). All data and error bar indicate the averages and standard deviations
of 3 replicates.

Finally, we assumed the 0 uM concentration has 100% remaining activity and calculated

the remaining activity (%RA) using normalized mean intensity as follows:

Normalized Mean Intensity of Sample

%RA =

x 100 (Eq. A5.2)

Normalized Mean Intensity of 0 uM

168



All values of normalized red intensity and remaining activity are shown in Table AS5.1. The dose-
response graph, that represents the remaining activity versus the logarithm of pesticide
concentration, was applied to determine the concentration of malathion responsible for the
inhibition of 50% of the enzymatic activity (IC50). The calibration curve was obtained through

GraphPad Prism 8 software.

‘Table AS.1 Analysis results ot captured 1mages tor ditterent concentrations ot malathion.

Concentration

[uM] Normalized red intensity Remaining activity [%]
0 59.48+0.3 100.0 + 0.52
0.001 50.8+ 0.6 90.2 +£1.08
0.01 399+1.1 72.5+2.18
0.05 37.7+£0.8 69.5+0.89
0.1 348+2.0 63.3 £3.07
0.25 27.8+0.2 52.3+£0.67
0.5 193+0.2 37.6 £2.58
1 13.8+3.4 30.0 £4.84
5 3.6+2.5 10.1£4.13

A5.2 Obtaining the constant for the numerical analysis

To express the mixing performance of real devices, we calculated the mean velocity and
mixing diffusivity of the pH indicator experiment and used them as a mean velocity (U) and
diffusivity (D) in Eq 1, respectively. First, the velocity in the main channel was calculated by
analyzing the wetting area of the fan-shaped paper that was connected to the outlet and worked as
a pump to draw the fluid through the channel. For the wetting area analysis, we utilized the
overlapping inlet result that shows the wetting area much more clearly. Figure A5.2a and b show
the variation in the wetting area over time in the fan-shaped paper of the pH indicator experiment.
After the mixed fluid begins to flow into the fan-shaped paper layer, the wetting area increases
linearly with a rate of 2.9 mm?® s™! ranging from 5 s to 35 s of flow time. Since the wetting area
represents the volume of fluid within a paper layer, we considered the paper height (0.16 mm) and

porosity (0.68) to determine the flow rate (0.316 mm? s™') and the mean velocity (U, 0.46 mm s™)
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at the outlet of the main channel. Next, the mixing diffusivity was calculated by analyzing the
interdiffusion width which increases in the streamwise direction.
The interdiffusion width () in a 2-dimensional microfluidic channel can be analytically

estimated by assuming constant mixing diffusivity and mean velocity as follows:!™

o~yxD/U (Eq. AS5.3)

where x is the distance from the inlet junction where both fluids meet. We used the side-by-side
inlet result after assuming a 2-dimensional flow to determine the mixing diffusivity (Figure A5.2c).
Figure A5.2d shows the analysis results of the interdiffusion width after the junction area of the
side-by-side inlet channel. We confirmed that the square of interdiffusion width increases linearly
with respect to distance, as shown in Eq. A5.3. However, we couldn't calculate the mixing
diffusivity directly using Eq. AS5.3, even knowing the relationship between distance and
interdiffusion width as well as the mean velocity. Therefore, we performed an iterative method to
determine the mixing diffusivity (D, 0.00135 mm?s™') which shows the same numerical results as

the experimental results.
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Figure A5.2 (a) Images of fan-shaped paper connected to the main channel, showing the increasing wetting area
with time. (b) Wetting area analysis data for every second, measured until the paper is completely wet. (c)
Enlarged image for analyzing the interdiffusion width of the side-by-side inlet channel. The image was captured
after the fan-shaped paper completely wetted. (d) Variation plot of the interdiffusion width square with respect
to distance from the junction.

A5.3. Absolute mixing index (AMI)

To quantify the mixing performance along the channel, we calculated an Absolute mixing index
(AMI) on cross-sectional planes along the main channel. Since the concentration value of each
node ranges from 0 to 1, we applied concentration values directly to calculate the AMIs. AMI is
calculated by comparing the standard deviation of concentrations to the mean concentration at the

same plane as follows:

1
- \/ﬁzﬁ"zl(ci— <Cc>)?

c> <C>

AMI = — (Eq. AS.4)
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where o is the standard deviation of the concentrations, C; is the local concentration, < C > is the
average of the concentrations, and N is the total number of pixels on the interested plane.*
A5.4 Pesticide spraying in the food samples

All food samples were marked 'x' on the upper side and then placed along the spray line on
the spray chamber platform, 100 cm from the nozzle (Figure AS5.3). The nozzle sprayed the
malathion solution (3 tablespoons per gallon of water) with 30 psi, traveling at 2 mph. After
spraying pesticide once, the food samples were left inside the spray chamber to dry for 10 min
(Figure AS5.4). Finally, the food samples were taken from the spray chamber and stored

individually prior to analysis.

Figure A5.3 Apples, cucumbers, and tomatoes placed in the spray chamber.

_— )

Figure AS5.4 Food samples after pesticide spraying. (a) apple, (b) cucumber, and (c) tomato.

A5.5 Confirming the interference of the adhesive tape
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We employed a “paste, peel off, solubilize” procedure to extract pesticides similarly as
described by Jiang et al.” Since the peeled-off tape is solubilized in the sample solution, the impact
of the tape on the colorimetric acetylcholinesterase assay should be evaluated. For a control
experiment, two sample solutions of water: methanol (70:30 v/v) were prepared, and the adhesive
tape (Scotch, 3M) of the same size (12x12 mm) as used in the food experiment was solubilized in
one solution. Each sample solution was analyzed using the capillary-driven microfluidic mixer.
The obtained results were compared using the #-Student unpaired test (Figure AS5.5). There was no

difference in mean red intensity using the tape.

=2}
o
1

I
e

N
o
1

Normalized Mean Red Intensity
o

Control Tape

Figure AS5.5 Control experiment to evaluate the effect of the tape constituents in the colorimetric
acetylcholinesterase assay (n =3, p <0.05).
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APPENDIX 6: SUPPLEMENTARY INFORMATION — COLORIMETRIC PAPER-BASED
ANALYTICAL DEVICE FOR PFOS DETECTION

—

1em

Top view Top view

paper wax barrier

1. Wax print design on |“ | 2. Heat paper to melt B

filter paper Side view wax into paper Side view

Figure A6.1 Device fabrication schematic.
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Figure A6.2 Spot test calibration curve of PFOS detection by methylene green (top). Calibration curve of color
change as measured by Euclidean distance vs PFOS concentration (bottom). The Euclidean distance was calculated
by the change in color between blue and purple in red-green-blue (RGB) color space. The data points are the
average of 3 replicates for each PFOS concentration and the associated error bars are + 1 standard deviation (1 o)
around the mean.
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Figure A6.3 Sample Image] profile. The dashed horizontal lines correspond to the signal threshold that was
determined for each profile by 3*standard deviation of the baseline. The dashed vertical lines are the maximum
increase (on the left side) or maximum decrease (on the right side) to find a point to start looking for a continuous
increase (or decrease) in grey value. The solid vertical lines represent where the purple color starts and ends.

blank 0.05
lonic Concentrat[on (M)

Figure A6.4 Representative device pictures of increasing ionic strength with 100 ppm PFOS. Tonic strength was
adjusted by changing the NaCl concentration.

blank PFOS
pH

Figure A6.5 Representative device pictures of 100 ppm PFOS prepared in 40 mM Britton Robinson buffer. The
pH of each solution was adjusted with 1 M NaOH.
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Figure A6.6 Representative device pictures of W4 filter paper prepared with 150 ppm methylene green. An
aliquot (300 uL) of PFOA prepared in water was added to each device.

only
surfactant
(no PFOS)

1:1 surfactant:
PFOS

8DAPS 10DAPS PFOA SDBS SDS

blank only PFOS
(0.2 mM)
Figure A6.7 Representative device pictures of surfactant interference study. Top row: only 0.2 mM surfactant

prepared in water was added to each device. Second row: 0.2 mM surfactant + 0.2 mM PFOS. Bottom row: blank
and only PFOS (100 ppm = 0.2 mM). 300 pL were added to each device (60 mm).
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151
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CaCl, K0,  MgCl, Na,CO; NaSO,  NaCl NaF  NaNO, NaNO;

blank only PFOS
(0.2 mM)

Figure A6.8 Representative device pictures of common ion interferences. Top row: 20 mM (100x) ion prepared
in water was added to each device. Second row: 0.2 mM (1x) + 0.2 mM PFOS. Third row: 2.0 mM (10x) + 0.2
mM PFOS. Bottom row: blank and just PFOS (0.2 mM = 100 ppm). 300 pL were added to each device.

10x
(no PFOS)

1:1
metal:PFOS

10:1
metal:PFOS

only PFOS
(0.2 mM)

100:1
metal:PFOS

Cu(Ill)  Fe(Il) Fe(IIl) Ni(I)  Pb(II)

Figure A6.9 Representative device pictures of heavy metal interferences. Top row: just 2 mM (10x) heavy
metal prepared in water was added to each device. Second row: 0.2 mM (1x) + 0.2 mM PFOS. Third row: 2.0
mM (10x) + 0.2 mM PFOS. Bottom row: 20.0 mM (100x) + 0.2 mM PFOS. Right panel: blank and just PFOS
(0.2 mM = 100 ppm). 300 pL were added to each device.

178



blank 0 1hr

2 hr 3hr 4 hr

Time after PFOS addition

Figure A6.10 Representative device pictures of signal stability after PFOS (100 ppm) addition.

ImageJ Macro

imageTitle=getTitle();

run("Split Channels");
selectWindow(imageTitle+" (green)");
close();

selectWindow(imageTitle+" (blue)");
close();

selectWindow(imageTitle+" (red)");

run("Specify...", "width=1000 height=30 x=0 y=470");

run("Clear Results");
profile = getProfile();
for (i=0; i<profile.length; i++)
setResult("Value", i, profile[i]);
updateResults;
for (i=0; i<profile.length; i++)
setResult("Label", i, imageTitle);
updateResults;

// Plot profile

Plot.create("Profile", "X", "Value", profile);
selectWindow("Profile");
close();

run("Read and Write Excel", "stack results");
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APPENDIX 7: SUPPLEMENTARY INFORMATION - HIGH VOLUME RADIAL
DETECTION PAPER-BASED DEVICE FOR TRACE METAL ANALYSIS

<«+— Lamination sheet with sample inlet

_____________ «<—— OnTarget® card

<— Adhesive layer

— Superabsorbent layer

<— Lamination sheet

Figure A7.1 Scheme of device configuration with superabsorbent material underneath the radial detection layer.
The detection layer and superabsorbent layer are connected with double-sided adhesive. The entire stack of paper
is sealed with a lamination sheet.

Figure A7.2 Example of devices with superabsorbent materials as the backing, following device scheme in Figure
A7.1.
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Figure A7.3 Evaluation of flow velocity in different materials. W1 = Whatman 1 filter paper, W4 = Whatman 4
filter paper. Each line is the average of 3 replicates and the shading represents +1c around the mean.

A.
Detection layer DSA W4 *123,4

B. Front of device G Back of device

1 layer 4 layer 3 layer 2 layer 1 layer

4 layer 3 layer 2 layer

Figure A7.4 A. Device scheme of stacking multiple layers of Whatman 4 (W4) filter paper underneath the
detection layer. B. Evaluation of multiple layers of W4 with the addition of blue dye.
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DSA
Design 1 Design 2

DSA W4 — Wz

Design 3 Design 4

Figure A7.5 Scheme of device configuration with Whatman 4 (W4) filter paper and double-sided adhesive (DSA)
layers. The entire stack of paper and tape is sealed with lamination sheet, with a sample inlet cut out of it.

Regular — no DSA
in between paper

Design 2

Figure A7.6 Evaluation of different shapes of double-sided adhesive (DSA) following the device scheme in
Figure A7.5 with the addition of blue colored water.
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